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Abstract 

 

DNA compaction is a universal requirement across the three domains of life. 

The proteins responsible for DNA compaction in archaea and eukaryotes are 

structurally distinct from those found in bacteria. Archaea and eukaryotes share a 

conserved protein fold for DNA compaction: the histone fold. This implies that the 

nucleosome, which is the fundamental building block of eukaryotic chromatin, 

evolved before the archaeal and eukaryotic domains of life separated. Despite their 

low sequence homology, recent structural studies indicate that the canonical 

nucleosome core can be formed by archaeal histones. However, the archaeal 

nucleosome might assemble into a continuous, solenoid-like, fibre called a 

‘hypernucleosome’, which is unlike the discrete, regularly-spaced, nucleosomes 

formed in eukaryotes.  

I have used a combination of single molecule approaches (magnetic 

tweezers and total internal reflection fluorescence microscopy) to investigate the 

mechanics of DNA binding, wrapping and compaction by the abundant histone 

protein (‘A3’) from the hyperthermophilic archaeon, Methanocaldococcus 

jannaschii. I have found that assembly of the histones on the DNA is concentration 

dependent, and that the stability under moderate load of the resulting fibre is 

improved by increasing histone concentration. I have found that negative 

supercoiling also confers stability to the hypernucleosome structure, and that the 

chromatin fibre shows a sharp buckling transition between positive and negative 

supercoiling regimes. Furthermore, I have demonstrated that the hypernucleosome 

can be disrupted by force, within the physiological range, with the fibre reverting to 

the worm-like chain model for naked DNA under sufficient load. I also propose a 

model for the force-extension of archaeal chromatin based upon these 

observations. Significantly, I have proposed a binding mechanism that may enable 

processing enzymes to access the DNA by shunting or displacing nucleosomes, 

without the need for active chromatin remodelling proteins - which have not yet 

been identified or characterised in the archaeal domain. 
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Impact Statement 

 

All lifeforms need a mechanism to compact the DNA into the cell. In the tree 

of life, the emergence of histones as a DNA compaction mechanisms predates the 

separation of the archaeal and eukaryotic domains. As an ancestral relative to the 

eukaryotic domain, archaea represent a modern day iteration of ancient 

evolutionary history. Understanding the shared features of these two domains can 

help to inform the molecular mechanisms underlying the function of higher order 

organisms.  

To better understand chromatin in complex, higher level organisms (e.g. 

humans), it can be valuable to understand the role of histone proteins in a simpler 

model organism (e.g. archaea). In eukaryotes, histone tails hold many of the 

regulatory sites for post translational modifications and protein-protein or protein-

DNA interactions. Archaeal histones, such as A3 (the focus of this thesis), 

generally do not incorporate these extended, unfolded tails. Histone tails are 

essential in all eukaryotes, so their absence in archaea is of particular interest.  

In eukaryotes, the assembly of histones into nucleosomes and chromatin 

arrays is a tightly regulated process, requiring ATP-driven enzymes to direct their 

function. To date, such assembly or remodelling proteins have not been identified 

or characterised in archaea. Understanding the mechanisms by which archaeal 

histones can assemble onto DNA, and the properties of subsequently formed 

structures in comparison to eukaryotic chromatin might generate novel insights into 

the chromatin assembly process in eukaryotes. Additionally, chromatin does not 

exist in isolation. Histone proteins can act to mediate the interaction of other DNA 

processing enzymes, and therefore can also affect transcription, replication and 

repair – vital cellular processes in all cellular lifeforms. 

Studying the properties of an archaeal histone allows the mechanics and 

regulation of histone binding to be separated – a feat that cannot be achieved with 

eukaryotic histones. Single-molecule in vitro research methods simplify the 

biological system by isolating pure interacting components (in this case, only DNA 

and A3). By removing any additional proteins which may interact with the DNA or 

histones and hence influence their properties, I can be certain that observed effects 

can be directly attributed to A3.  
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As a basic research project, the outcomes of the research presented in this 

thesis are beneficial particularly to the growing academic community focused on 

archaeal histones.  

I have demonstrated that chromatin formed by A3 is fundamentally different 

to that of eukaryotic homologues, with novel and distinct force-extension properties. 

Furthermore, my work has established a fluorescent labelling protocol for archaeal 

histones, which opens the door for future research into the assembly of archaeal 

chromatin at the single molecule level.  
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In this thesis I present research into the biophysical properties of chromatin 

from the archaeon Methanocaldococcus jannaschii (M. jannaschii), which I have 

studied at the single molecule level using magnetic tweezers and total internal 

fluorescence reflection microscopy. 

To appreciate the importance of this work to both biologists and physicists 

alike, I provide a broad and comprehensive introduction to the establishment of 

archaea as a recognised domain of life, DNA structure and the concepts of genome 

organisation, before moving on to compare and contrast genome architecture 

across the 3 domains of life. I then introduce aspects of biophysics relevant to the 

work, and the single molecule field in general and discuss the value of single 

molecule techniques in probing biophysical interactions. Subsequently, I briefly 

outline the current knowledge regarding the biophysical properties of DNA, and 

chromatin from both eukaryotes and archaea, finally framing the research 

objectives of my project in this context. 

 

1.1 Bacteria, archaea and eukaryotes 

All lifeforms can be grouped based upon their evolutionary lineages. Early 

divisions of organisms into a tree of life were based upon observable phenotypic 

characteristics, separating animals and plants, single and multicellular organisms. 

In 1977 Carl Woese and George Fox (Woese and Fox 1977) revolutionised this 

idea, using the 16S and 18S ribosomal RNA sequence to describe the differences 

between organisms. This approach maintained the separation of bacteria and 

eukaryotes, but also established the idea of a third domain, archaea (then 

archaebacteria), distinct from both of the other domains. Woese and Fox noted that 

the groups were phenotypically diverse, i.e. the differences were not related to their 

respective environmental niches, and that the groups were most likely rooted in a 

common ancestor which had evolved into the defined domains. Archaea were the 

smallest of the identified domains – at that time only consisting of methanogenic 

organisms. Woese and Fox speculated that there was a significant number of 

undiscovered archaea at that time, and this has proved to be true, with archaeal 

phylogeny and taxonomy constituting active areas of research today. The hunt for 

new and ever more diverse archaea goes on. The recent discovery (Spang et al. 
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2015) and now culturing (Imachi et al. 2020) of Asgard archaea - thought to be the 

closest archaeal lineage to eukaryotes - has provoked intense debate regarding the 

tree of life (Spang et al. 2015; Di Giulio 2020; Adam et al. 2017; Eme et al. 2017; 

Da Cunha et al. 2018). In the 3-domain model, the last eury-archaeal common 

ancestor (LEACA) would have undergone divergent evolution into the two domains 

we know today, but importantly, would not have belonged to either domain (Figure 

1.1).  

The 3-domain model was contested by a 2-domain ‘eocyte’ model first 

proposed in 1984 by James Lake (Lake et al. 1984) whereby eukaryotes arise as a 

branch rooted within the archaeal domain, instead of as their own distinct branch 

as delineated in the 3-domain theory. The 2-domain model suggests that LEACA 

was, in fact, an archaeon. While the 3-domain theory is widely accepted there 

remains some controversy about the validity of either theory, due to the blurring of 

the division between archaea and eukaryotes (Archibald 2008; T. A. Williams et al. 

2013; Forterre 2013; Cox et al. 2008; Doolittle 2020; Di Giulio 2020; Eme et al. 

2017). 

 Advances in DNA sequencing technology has enabled significant progress 

to be made in comparative genomics, which has become the primary methodology 

for phylogenetics and the establishment of archaeal evolution. Despite this 

progress, there remains significant difficulty in establishing divergent relationships 

between ancient species. 

 

 

Figure 1.1: Models for the tree of life. 

In the 3-domain theory, archaea and eukaryotes branch separately from a last 
eury-archaeal common ancestor (LEACA). In the 2-domain model, eukaryotes are 
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a distinct branch from within the archaeal domain, with the LEACA coming directly 
from the archaeal domain. 

 

Some proteins, conserved in function but not in protein sequence, indicate 

the division of archaea from bacteria and eukaryotes. One such example is the 

multi-subunit DNA dependent RNA polymerase, which exists in all domains of life, 

suggesting common ancestral evolution of the polymerase (Huet et al. 1983; 

Langer et al. 1995). However, there is significant divergence between the domains. 

For instance, in both bacteria and archaea, there is only one RNA polymerase for 

all transcription, whereas all eukaryotes have multiple different DNA-dependent 

RNA polymerase variants. Bacterial polymerases have 5 universally conserved 

subunits, and a number of auxiliary sigma factors which specify gene expression. 

Archaeal RNA polymerase has homologues for nearly all (~ 12) subunits in RNA 

polymerase II (the most similar polymerase in eukaryotes (Zillig, Stetter, and 

Janekovic 1979)), as well as some additional lineage specific subunits. Structurally 

and mechanistically, the archaeal polymerase is more similar to the eukaryotic 

polymerases than bacterial polymerases (Werner 2007). In addition – like 

eukaryotes – the archaeal transcription machinery has basal transcription factors 

which are critical for transcription initiation, as well as additional factors that can 

regulate the different stages of transcription, or levels of gene expression 

(Fouqueau, Blombach, and Werner 2017; Fouqueau et al. 2018; Blombach et al. 

2015). 

Another contrast between the domains can be seen in the arrangement of 

the genes within the genome. Archaeal genes are arranged into operons – a 

bacteria-like arrangement (Ermolaeva, White, and Salzberg 2001; Wolf et al. 2001) 

– and these genes can be passed horizontally between prokaryotes (Rivera et al. 

1998). Nevertheless, analysis of the first archaeal genome (M. jannaschii (Bult et 

al. 1996)), demonstrated that the sequence of archaeal DNA was more similar to 

that of eukaryotes, suggesting a closer ancestral relationship between archaea and 

eukaryotes than archaea and bacteria. 
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1.2 DNA structure  

DNA is a key component of the central dogma of molecular biology (Crick 

1970), which describes the unidirectional flow of information in biological systems: 

from DNA, to RNA and then into protein (Figure 1.2). 

DNA is fundamental as it is the molecule that carries the hereditary genetic 

information required for life, in all living organisms, across all domains of life. In this 

way DNA acts as the source code for life. The DNA base sequence must be 

available for transcription into RNA, as well as for replication, which is vital for cell 

division and the next generation of the organism. Besides the intrinsic information 

carried in the sequence, the structure and mechanical properties of the DNA 

polymer, and its association with a wide variety of binding proteins (like histones) 

are crucial for its function in the cell. 

 

 

Figure 1.2: Central dogma of molecular biology 

Information flow in a biological system comes from the DNA, which is transcribed 
into RNA, some of which is translated into protein. DNA is also maintained through 
replication. 
 

The 3-dimensional structure of DNA was solved by Watson and Crick 

(Watson and Crick 1953) based on the diffraction patterns observed by Rosalind 

Franklin and Raymond Gosling (Franklin and Gosling 1953; Klug 1968). The 

structure has two-strands arranged in a double helix. The sequence of bases – 

which constitute the genetic code – are buried in the centre of the helix. A 

phosphate-sugar backbone of each strand forms a continuous, covalently bound 

structure forming the outside of the helix. The strands are complementary and 

antiparallel to each other, with bases pairing to their cognate partner: cytosine (C) 

to guanine (G), and adenine (A) to thymine (T).  
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Figure 1.3: DNA base pairing 

DNA bases pair to cognate partners: cytosine to guanine and thymine to adenine. 
The CG pair has 3 hydrogen bonds, and the AT pair has 2 hydrogen bonds.  

 

The ability to recover from aberrant mutations and preserve the DNA base 

sequence over time – known as genome stability – is vital for cellular survival. The 

bases are of particular interest in this regard as they constitute the genetic 

sequence of the DNA. Specific pairing of the DNA bases allows for a degree of 

redundancy: due to the double stranded nature of DNA, damage to one strand can 

be repaired by making the correct base pair with the undamaged ‘template’ strand. 

Damage resulting from nicks to the DNA backbone is also minimised by base 

pairing as the strands are held together by hydrogen bonds between the base 

pairs. Two hydrogen bonds are formed between A and T, and three hydrogen 

bonds between C and G. In this way, the two strands can be separated given 

sufficient energy to overcome the hydrogen bonding and base stacking 

interactions. However, under most physiological conditions the strands are paired 

and the bases are consequently protected from damage. Energy is required to 

separate the strands in order to access the bases, and can take in a variety of 

forms. In vivo, this energy generally comprises chemical energy from ATP 

hydrolysis, mediated by enzymes, which permit strand separation in highly directed 
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processes such as transcription (the copying of DNA to RNA), replication (the 

copying of DNA for cellular reproduction), or for repair. Heat (kinetic energy) is 

used as a quick and easy substitute for chemical energy to separate the strands in 

many in vitro experimental processes. 

 The geometry of B-form DNA, the predominant form of DNA in vivo, is well 

characterised (Figure 1.4). The base pairs stack on top of each other, with each 

pair slightly offset from the pair below to give a staircase of bases: 34 ° offset per 

base pair. The bases are separated along the backbone by a distance of 3.4 Å 

(rise). A complete turn of the DNA backbone is achieved over a distance of 

10.5 base pairs (bp), or 3.4 nm (helical pitch). 

 

 

Figure 1.4: Geometry of the DNA double helix 

B-form double stranded DNA has a rise of 3.4 Å per base pair, and a pitch of 
10.5 bp, or 34 Å. The two DNA backbones are offset from the helical axis, giving a 
minor groove of 12 Å and a major groove of 22 Å. Bases are horizontally offset by 
34 °. 
 

 The phosphate-sugar backbone is also important with regards to the 

function of DNA. The primary unit of DNA, nucleotides, are formed of phosphate-

sugars coupled to a base. The hydroxyl group on the 3’ carbon of the sugar, 

deoxyribose, covalently bonds to the phosphate group on the 5’ carbon of the 

neighbouring nucleotide, in order to polymerise. This generates a chain of 
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nucleotides, with a phosphate group attached to the 5’ carbon on one end, and a 

hydroxyl group attached to the 3’ carbon at the other end. The backbone is thus 

directional, and can be processed starting at the 5’ end (5’ to 3’) or at the 3’ end (3’ 

to 5’). Processing the DNA sequence in the 5’ to 3’ direction is known as ‘sense’. 

Hence, the ‘antisense’ sequence of either strand runs 3’ to 5’. This directionality is 

important for DNA metabolism as proteins can associate with the DNA and are able 

to orient themselves on sequences to carry out their particular functions.  

 

 

Figure 1.5: DNA polymerisation reaction 

Nucleotides are composed of a base, deoxyribose sugar and a phosphate group. 
The hydroxyl (-OH) group on the 3’ carbon of one nucleotide undergoes a 
condensation reaction with the phosphate group on the 5’ carbon of another 
nucleotide, in a polymerisation reaction. Water is formed as a by-product of the 
reaction. 
 

The two strands of DNA are not directly opposite each other in the double 

helix, causing two grooves to be formed between the DNA backbones: a major and 

minor groove. The width of the major groove (22 Å) is bigger than the width of the 

minor groove (12 Å). This difference allows for more specificity of DNA binding 

proteins: proteins which need to interact with the bases typically bind to the major 

groove, as it is wider and the bases are more readily accessible (Pabo and Sauer 

1984). 

 The structure of DNA has several natural variations (A-DNA, B-DNA, Z-

DNA) and alternative base pairings are allowed in some specific cases (such as 

Hoogsteen (Hoogsteen 1963) and wobble (Crick 1966) base pairs) depending on 

the environmental conditions. For brevity only the B-form of DNA with Watson-Crick 

base pairing is described here.  
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DNA in the cell is a long molecule, stretching out orders of magnitude beyond 

its ‘persistence length’. Persistence length is the length over which the direction of 

the DNA polymer is no longer correlated. From the persistence length, we can 

make the assumption that at physiological temperature DNA will collapse into a 

globule without external input to provide structure, which can be provided by DNA 

binding proteins. Without load, the double helix structure is maintained, although 

the linear macro structure is not. 

DNA is a long molecule. The length of the DNA molecule in the cell is 

necessitated by the inherent requirement that DNA must encode all of the genes 

required for cellular function. Non-coding regions of the genome join these genes 

together, offering binding sites for proteins, transcription factors, chromatin 

remodellers and other regulators. Each chromosome is produced from just one 

double stranded DNA (dsDNA) molecule. Eukaryotic cells typically contain multiple 

linear chromosomes. Prokaryotes can utilise either linear or circular chromosomes. 

Extra chromosomal elements (ECE, DNA which is not part of the main 

chromosome of an organism) can be found in both prokaryotes and eukaryotes, 

and are typically circular. Examples of extra chromosomal DNA include plasmids 

and mitochondrial DNA. As ECE are composed of DNA, it can be assumed that 

general DNA binding proteins, such as histones, will bind to ECE in the same way 

as to the main chromosome, unless separated by an intracellular boundary such as 

the mitochondrial membrane. 

The organism used in this work, M. jannaschii, has a single large circular 

chromosome of 1.66 Mbp. In addition, two circular ECE constitute the rest of the 

genomic material: the large ECE (58 kbp, 45 protein coding regions), and the small 

ECE (16.5 kbp, 12 protein coding regions) (Bult et al. 1996). As the organism is a 

prokaryote, there are no intracellular boundaries, and the ECE can be considered 

as accessible for histone binding. 

 

1.3 Principles of genome organisation 

Across all domains of life, there are key principles of genome organisation. 

Understanding these underlying principles is vital when considering the functional 

role of chromatin proteins in genome packaging.  
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First and foremost, the packaging must impart some significant reduction in 

end to end length of the linear DNA molecule to condense the DNA molecule into 

the confines of the cell, either through bending, wrapping, looping or other 

gathering mechanism. Secondly, packing must be dynamic enough to allow DNA 

processing for transcription, replication or repair. There should also an element of 

order or regulation, with the cell able to control exposure of relevant parts of DNA 

when required, for example at different stages of the cell cycle, or in response to 

changes in environmental conditions. Finally, genome stability is essential: the 

DNA base sequence must be protected from damage in order to prevent random 

mutation that has potential for gene silencing, misregulation or dysfunction. 

 Regardless of cell size, genome size, or environmental niche, DNA must be 

packaged into either into the nucleus of the cell (in eukaryotes), or the nucleoid (in 

prokaryotes). In human cells, the genomic material (3200 Mbp (Lander et al. 2001; 

Venter et al. 2001)) would extend around 2 metres end to end in the B-form of 

DNA. This length has to be compacted into the nucleus of each cell, approximately 

6 µm in diameter, depending on intracellular morphology. The same holds true for 

other organisms. For instance, M. jannaschii has a genome of 1.66 Mbp (Bult et al. 

1996), which would measure ~ 0.5 cm end-to-end if linear and B-form in structure, 

though this is maintained as a closed circle. The diameter of the irregularly round 

(coccus) M. jannaschii cell is approximately 1 µm (Malandrin, Huber, and 

Bernander 1999), with the nucleoid being smaller still. Importantly, M. jannaschii is 

has a polyploid genome, and maintains up to 5 genome equivalents worth of DNA 

in the stationary growth phase, and up to 15 genome equivalents of DNA in the 

exponential phase (Malandrin, Huber, and Bernander 1999) – further emphasising 

the need for ordered genome packaging. Note that ‘genome equivalents’ do not 

necessarily indicate full copies of the genome. 

Genome stability is achieved on several levels. The DNA structure itself aids 

base protection by virtue of pairing of the bases in the centre of the helix, 

preventing aberrant interactions which could mutate the sequence. Cells from all 

domains also have repair enzymes at their disposal, which are able to scan for 

DNA damage and make directed repairs to the DNA sequence. Repair of damage, 

especially in higher eukaryotes, is vital. Reduced function of repair enzymes has 

implications for disease prevention. In humans, it is well established that mutations 

to the DNA sequence can have catastrophic effects. For example single point 
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mutations to the β-globin chain of haemoglobin can cause the disease sickle cell 

anaemia, while single point mutation to the gene encoding CFTR protein can cause 

cystic fibrosis. Mutations to the DNA sequence can accumulate over time, which 

can also lead to disease (e.g. cancer). Well defined checkpoints for inheritance of 

the genetic material ensure that genome stability is maintained between 

generations, and that incorrect DNA sequences are not passed on to the daughter 

cells. 

DNA topology comprises the tertiary structure of DNA in 3D space - though 

twisting and bending along the helical axis. Manipulation of DNA topology is also 

universally used as a mechanism to manage genome organisation. DNA 

supercoiling can induce a wide array of tertiary structures upon the DNA. 

Helicases, gyrases and topoisomerases are capable of adding, removing and 

regulating the supercoil of an organism’s genome in order to maintain a preferred 

intracellular topology. All organisms possess proteins that can maintain or change 

the amount of supercoil in the DNA. These proteins are used as a course of their 

normal cellular function.  

The genomes of mesophilic organisms (including mesophilic archaea) have 

a net negative supercoil state (Pettijohn and Pfenninger 1980; Wang 1987, 1969), 

that is to say the DNA is underwound and relatively easy to open for processing. 

Hyperthermophiles, typically archaea, maintain a net positive supercoil state which 

is thought to confer additional genomic stability at high temperatures (Bouthier De 

La Tour et al. 1990; Forterre, Bergerat, and Lopez-Garcia 1996; López-García and 

Forterre 1997). Additional enzymes, unique to thermophiles (reverse gyrases), are 

required to maintain positively supercoiled genomes. 

In conclusion, genome organisation in vivo is typically achieved through a 

combination of protein-mediated packaging and manipulation of DNA topology in 

order to compact the genome. A multitude of specialised structural proteins are 

able to provide different architectural properties, while enzymes can manipulate 

protein placement on the DNA, DNA site exposure and supercoiling. 
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1.4 Chromatin in the 3 domains 

Proteins provide architectural structure to the genomes of all organisms. 

While ‘chromatin’ has historically been used to refer specifically to the DNA-protein 

complex formed in eukaryotic nuclei, the term has become more widely used to 

describe the analogous complexes found in the other domains as well.  

In bacteria, chromatin proteins typically take DNA bending and bridging 

roles to fold the genome into the nucleoid. Eukaryotes primarily use histone 

proteins for genome organisation (though other chromosome architecture proteins 

are also used). Archaea demonstrate a seemingly hybrid approach, using both 

histones and bending and bridging proteins. Bona fide histone proteins have not 

been identified in bacteria. To understand the role of archaeal histones in DNA 

compaction, I first introduce bacterial and eukaryotic chromatin proteins, then 

describe our current understanding of archaeal genome packaging. 

 

1.4.1 Bacterial chromatin   

Bacteria use DNA bending and bridging proteins to generate dynamic 

genome architecture (Figure 1.6). These proteins are collectively known as 

Nucleoid Associated Proteins (NAPs). Most research into bacterial genome 

organisation has been carried out in Escherichia coli (E. coli), as the most 

commonly used bacterial model organism. In E. coli and other closely related rod 

shaped bacteria, at least 12 different NAPs have been identified, each of which 

have a unique role in structuring the DNA within the nucleoid. Expression of NAPs 

is regulated across the cell cycle, with abundance of some increased in exponential 

phase and others in stationary phase (Azam et al. 1999). Additional mechanisms, 

such as molecular crowding and DNA supercoiling provide further genomic 

compaction to maintain the bacterial chromosome at a size smaller than that of the 

dimensions of the cell. Not all bacteria express all of the NAPs described below, 

though all must rely on some method for genome compaction and organisation. 
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Figure 1.6: Cartoon of bacterial chromatin 

Bacteria contain a range of DNA bending and bridging proteins that can act alone, 
or in combination with others to confer topology and constrain DNA in the nucleoid. 
This cartoon is highly schematic, and does not represent a single organism’s 
packaging strategy. 
 

In contrast to the nucleus in eukaryotic cells, the bacterial nucleoid is not an 

organelle defined by a lipid membrane. Instead, DNA binding proteins are used to 

delineate the DNA from the rest of the contents of the cytoplasm, and to tether the 

nucleoid to the inner cell membrane. The physical organisation and architecture of 

the chromosome is important for gene regulation and chromosome segregation 

during cell division, in prokaryotes and eukaryotes alike. The bacterial chromosome 

is able to form an ordered structure, with genomic loci consistently positioned within 

the cell (Wiggins et al. 2010). Despite the lack of a lipid membrane, the nucleoid 

does not spread to fill the whole volume of the cell, and the boundary of the 

nucleoid is instead maintained by architectural proteins.  

One of the most important NAPs is H-NS (Histone-like Nucleoid Structuring 

protein). H-NS is thought to be essential in defining the boundary of domains within 

the nucleoid (Dame 2005; Dorman 2004; Rimsky 2004). Additionally, H-NS has a 

general role in regulating gene expression, repressing of up to 10 % of all genes in 

the E. coli genome (Hommais et al. 2001). This repression is reliant on H-NS and 

RNA polymerase binding to DNA at overlapping AT-rich sites at gene promoters. 

H-NS has two DNA binding modes, forming either nucleoprotein filaments along a 

DNA strand, or bridging between two different DNA strands. DNA interactions with 

the linker region of H-NS between the N and C termini mediate switching between 

these two modes (Gao et al. 2017). Homologues of H-NS in other bacterial species 
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show poor sequence conservation, but are able to carry out the same functions. H-

NS is thus able to provide two of the key principles of genome organisation: 

compaction by DNA bridging, and regulation of gene expression by filament 

formation. 

Structure of the bacterial genome is also mediated by proteins that are able 

to induce sharp bends in the DNA, folding the genomic material into the nucleoid. 

Integration Host Factor (IHF) and the Factor for inversion stimulation (Fis) are such 

examples. IHF is able to induce severe bends in the DNA (160 °) which aids DNA 

compaction. Additionally, IHF is important for integration of spacer DNA in CRISPR 

sequences. Fis is able to induce bends of 50-90 ° in DNA (Hancock et al. 2016) 

allowing for the DNA to be folded into a concertina within the nucleoid. Fis can also 

bind at crosses in the DNA backbone, and is thought to use this ability to stabilise 

plectonemes formed by supercoiling of the bacterial genome. In addition to 

providing genome architecture, Fis also acts at gene promoters to facilitate RNA 

polymerase recruitment. Fis is one of the most abundant E. coli chromatin proteins 

during exponential growth, but is significantly depleted in stationary phase (Bradley 

et al. 2007). Regulation of Fis expression over the duration of the cell cycle 

demonstrates that Fis performs another of the key functions of genome 

organisation: bending the DNA to reduce end-to-end length. 

In contrast to the bacterial chromatin proteins above, Structural 

Maintenance of the Chromosome (SMC) proteins utilise ATP-mediated DNA 

looping to provide genome architecture. SMC proteins are universally conserved, 

though both bacterial and archaeal SMC proteins are relatively primitive in 

comparison their eukaryotic counterparts. In bacteria, SMC proteins form simple 

homo-dimeric complexes, instead of heterodimeric complexes (Hirano 2002; Melby 

et al. 1998). Bacteria generally exploit a single SMC protein homolog (MukB) 

(Soppa 2001), which is responsible for both chromosome compaction and for 

securing duplicate copies of the chromosome together prior to chromosome 

segregation in cell replication. Across the 3 domains, SMC complexes are 

composed of long coiled coil domains, with a hinge domain at one end, and a head 

at the other. Opening of either the hinge or head allows for DNA to be admitted into 

the centre of the protein complex. 

Due to the complex and varied nature of bacterial chromatin, only a select 

few examples are described here. These proteins demonstrate some of the 
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different functional strategies for implementing the principles of genome 

organisation in bacteria. 

 

1.4.2 Eukaryotic chromatin  

Histone proteins in eukaryotes make up approximately half of the proteins 

(by mass) in the nucleus, and are well studied with regard to genome organisation. 

Histones are small, positively charged globular proteins composed of a core 

histone fold dimerization motif, of three α helices joined by two loops, with 

disordered extensions (‘tails’) on either end. The α helices provide a dimer 

interface, while the loops at each end form DNA interacting regions. Positively 

charged surface residues are exposed in the dimeric form, to interact with the 

negatively charged phosphates that form part of the DNA backbone.  

In all eukaryotes, histones H2A and H2B, and H3 and H4 assemble into 

specific heterodimers. Interestingly, these four histones are highly conserved 

across all phyla, even the most primitive eukaryotes. The histone dimers follow a 

well-defined assembly pathway on DNA: two copies of H3-H4 heterodimers 

associate with the DNA to form a ‘tetrasome’, followed by addition of a pair of H2A-

H2B heterodimers to complete the octameric nucleosome. The nucleosome can be 

locked in place by the addition of an H1 monomer (the ‘linker histone’), which 

bridges the DNA strand as it enters and exits the nucleosome. The dyad is the 

central DNA base pair in the middle of the structure. An axis passing through this 

base pair, and the crossing of the linker DNA upon entry and exit of the 

nucleosome is known as the dyad axis. The nucleosome is the primary repeating 

unit of compaction in eukaryotic chromatin, providing compaction for 147 bp of 

DNA (Kornberg 1974; Luger et al. 1997). 
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Figure 1.7: Nucleosome structure 

DNA wraps 1.7 times around the histone octamer, following a left handed helical 
ramp. Two H2A-H2B dimers (pink) assemble first, followed by two H3-H4 dimers 
(purple). PDB: 1AOI (Luger et al. 1997), figure made in PyMol. 
 

In vivo, nucleosome assembly is mediated by chaperones, such as 

Chromatin Assembly Factor 1 (CAF1) and NAP1 (Nucleosome Assembly Protein 1, 

not to be confused with NAPs – Nucleoid Associated Proteins in bacteria) (Ito et al. 

1996). To assemble the nucleosome, CAF1 associates with a H3-H4 dimer, with 

post translational modifications (PTM) retained from disassembled nucleosomes 

(Verreault et al. 1996). NAP1 assembles H2A-H2B dimers, and adds these to the 

nucleosome. NAP1 also assists with other elements of histone regulation, not just 

nucleosome assembly: NAP1 can facilitate nucleosome sliding on DNA (Park et al. 

2005); and when acting alongside CBP/p300, NAP1 facilitates nucleosome eviction 

at gene promoters (Sharma and Nyborg 2008). In vitro reconstitution of the 

nucleosome can be achieved using salt gradient dialysis, which screens charges 

on the proteins to allow the nucleosome to form in an energetically favourable way, 

or by chaperone assisted assembly using purified NAP1. 
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Figure 1.8: Cartoon of eukaryotic chromatin 

Chromatin in eukaryotes is formed of histone proteins assembling into 
nucleosomes. Nucleosomes can assemble into fibres of varied structure, and these 
are further arranged into larger domains, which are generally regulated together. 
Not to scale. 
 

In eukaryotes, most of the genomic DNA is packaged into nucleosomes 

(Figure 1.8). Nucleosomes are spaced regularly across the genome, with a 

preference for binding at some DNA sequences over others (Lowary and Widom 

1998; Kaplan et al. 2010). Nucleosome assembly in low salt conditions give a 

‘beads-on-a-string’ arrangement (A. L. Olins and Olins 1974; D. E. Olins and Olins 

2003; Germond et al. 1975), with discrete nucleosomes separated by exposed 

stretches of linker DNA. The distance between nucleosomes - the nucleosomal 

repeat length (NRL) - differs between organisms, between cell types within the 

same organism (Valouev et al. 2011), and even within individual chromosomes 

(Gilbert and Allan 2001). Nucleosome positioning sequences show an innate 

propensity for bending and twisting, both of which are induced by nucleosome 

formation (Drew and Travers 1985). The wrapping of DNA around a nucleosome 

induces 1 turn of negative supercoil to the DNA, reducing the net supercoil state 

(Germond et al. 1975; Benham 1979). The ‘601’ or ‘Widom’ sequence (Figure 1.9) 

is a well-defined synthetic sequence used to direct assembly of nucleosomes to 

particular locations on DNA, which is of particular use for specifically placing 
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nucleosomes in vitro (Lowary and Widom 1998). The distribution of nucleosomes is 

thus partly dictated by the underlying DNA base sequence. 

 

CGGGATCCTAATGACCAAGGAAAGCATGATTCTTCACACCGAGTTCATCCCTTATGTGATGGACCCTATACGCGGC

CGCCCTGGAGAATCCCGGTGCCGAGGCCGCTCAATTGGTCGTAGACAGCTCTAGCACCGCTTAAACGCACGTACGC

GCTGTCCCCCGCGTTTTAACCGCCAAGGGGATTACTCCCTAGTCTCCAGGCACGTGTCAGATATATACATCCTGTG

CATGTATTGAACAGCGACCTTGCCGGTGCCAGTCGGATAGTGTTCCGAGCTCCC 

 

Figure 1.9: ‘Widom’ or ‘601’ sequence 

The ‘Widom’ or ‘601’ DNA sequence was identified by Lowary and Widom as a 
sequence that can be used to position eukaryotic nucleosomes (Lowary and 
Widom 1998). Sequence shown 5’ to 3’. 

 

Once placed on DNA, nucleosomes are stably positioned. It is important to 

note that while their positioning is stable, nucleosomes are inherently dynamic 

structures, and constantly fluctuate to enable access to sites located in the 

nucleosomal DNA (Widom 1998; Luger 2003). Access to the DNA sequence 

protected by the nucleosome is mediated in several ways: through changes in the 

chemistry of the nucleosome by post translational modifications (PTM); changes to 

nucleosome position assisted by other factors (chromatin remodellers); or by 

nucleosome breathing. Nucleosome breathing refers to the transient dissociation 

and re-binding of the ends of the nucleosome-wrapped portions of DNA (Polach 

and Widom 1995; Anderson and Widom 2000; G. Li and Widom 2004; G. Li et al. 

2005). 

Nucleosomes must be re-positioned dynamically, so that the DNA can be 

accessed appropriately for processing. PTM and chromatin remodelling provide a 

directed mechanism for manipulation of chromatin architecture. Histone tails extend 

from the nucleosome core particle. Their exposure allows modifying enzymes to 

place a range of PTM (acetylation, methylation, phosphorylation, ubiquitylation, 

among other less well characterised marks) on the tails, changing the interaction of 

the histone with DNA, or with remodelling complexes. Each PTM can be added or 

removed by particular enzyme types, such as histone acetyltransferases which add 

acetyl groups, and histone deacetylases which remove acetyl moieties in order to 

change the local instruction. Simply put, these PTM provide an additional tier of 

regulation for DNA metabolism, causing histones to be more tightly bound (by 

enabling higher affinity interactions with the DNA) or less tightly bound (through 

shielding charges on the histone tails). PTM are also recognised by chromatin 
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remodellers, which alter the local arrangement of nucleosomes, in order to provide 

or prevent access to the base sequence. 

Histone variants are able to adapt the nucleosome for particular functions. 

For example CENP-A is the centromere specific histone replacing H3 in the 

nucleosome, which facilitates kinetochore formation for sister chromatid pairing 

during metaphase. CENP-A is vital for faithful chromosome segregation during cell 

division, hence correct localisation and function of these nucleosomes is essential 

for cell viability (Kalitsis et al. 2003; Dalal et al. 2007). CENP-A nucleosomes are 

able to form different structures, varying with the cell cycle to allow centromere and 

kinetochore formation during mitosis, but not during growth phases (Bui et al. 

2012).  

Nucleosomes do not exist in isolation: they can interact to form higher order 

structure. Nucleosome stacking interactions are mediated by the acidic patch on 

H2A, which interacts with the basic H4 tail (Kalashnikova et al. 2013; Chen et al. 

2017; Luger et al. 1997). An essential variant of H2A, H2A.Z, is more acidic in the 

patch region, and can promote nucleosome stacking to form denser chromatin than 

H2A (Fan et al. 2002, 2004). Another variant, H2A.Bbd has a much weaker acidic 

patch on the tail, so is less able to facilitate stacking interactions with H4. H2A.Bbd 

is depleted in highly condensed, inactive chromatin found in the Barr body (the 

sequestered, inactive X chromosome in female cells).  

These examples demonstrate the importance of chromatin density 

regulation: correct chromatin fibre formation is vital for correct gene expression and 

organism development. The H4 tail domain is also critical for correct chromatin 

density regulation: acetylation (Tse and Hansen 1997; Robinson et al. 2008; 

Allahverdi et al. 2011) or H4 tail removal (Fletcher and Hansen 1995) both prevent 

chromatin condensation. Nucleosome stacking interactions enable 

mononucleosomes to form oligomeric chromatin fibres of varied structures, 

dependent on the NRL and the presence or absence of the linker histone H1 

(Robinson and Rhodes 2006; Routh, Sandin, and Rhodes 2008; Meng, Andresen, 

and Van Noort 2015). Both the linker length and presence of H1 can alter the angle 

of the DNA as it enters and leaves the nucleosome, which affects interactions with 

the next nucleosome in a nucleosome array.  

The formation of particular higher order chromatin structures has come 

under scrutiny in the last decade. The traditional chromatin model suggested that 
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nucleosomes initially assemble into the beads-on-a-string arrangement, which 

could then stack upon each other, forming a structure known as the ‘1-start helix’. 

This continuous fibre could then form a superhelical structure observed as a 30 nm 

solenoid fibre, which could be subsequently looped and folded into the metaphase 

chromosome (Finch and Klug 1976; Robinson et al. 2006). A second model 

proposed a ‘2-start helix’, whereby nucleosomes could form 2 stacks of 

nucleosomes, which would then wrap upon itself into a solenoid (Woodcock, Frado, 

and Rattner 1984; Weintraub, Worcel, and Alberts 1976; Worcel and Benyajati 

1977; Schalch et al. 2005) (Figure 1.10). Initial evidence for the former, observed 

by electron microscopy led to the widespread acknowledgement of the ‘1-start 

helix’ model. More recent data has suggested that this might be an overly simplified 

understanding of chromatin architecture, and that instead nucleosomes may form a 

number of different structures. Indeed, it has also been proposed that the 30 nm 

fibre itself is an in vitro artefact not seen in vivo (Joti et al. 2012; Maeshima et al. 

2014; Ou et al. 2017). In vitro experiments typically use synthetic sequences, and 

tend to compare longer and shorter NRL, with the 601 sequence contained within 

each repeat to specify the nucleosome position.  

While this can be useful in demonstrating some concepts, the structures 

studied in vitro are not necessarily those found naturally in the native chromatin 

environment where the base sequence is heterogeneous, and where ATP-driven 

chromatin remodelling enzymes can alter the placement of nucleosomes and their 

interactions with one another. Furthermore, in Saccharomyces cerevisiae, the most 

common NRL is between 188 and 196 bp (Widom 2001), which is generally 

considered a ‘long’ NRL in these in vitro assays.  

In a single in vitro study, Routh et al. demonstrated that chromatin can form 

a variety of structures dependent on the NRL and presence of the linker histone. 

With a shorter NRL (~167 bp), nucleosomes were shown to form two-start zig-zag 

stacks: adjacent nucleosomes contribute to alternating nucleosome stacks to form 

2 parallel fibres joined by DNA. Addition of H5 (a variant of H1 found in chicken 

erythrocytes), causes this ladder to spiral into a narrow 21 nm fibre. Longer 

nucleosome repeat lengths (197 bp) with H5 added, formed highly compacted 34 

nm fibres as observed by EM (Routh, Sandin, and Rhodes 2008). Given the 

heterogeneity in the outcome of these experiments, along with the abundance of 
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evidence for multiple structures of the chromatin fibre, it is becoming ever more 

apparent that there might not be a single chromatin fibre structure formed in vivo. 

 

 

Figure 1.10: 1-start and 2-start nucleosome stacking arrangements 

Nucleosomes (shown as purple discs) can stack on top of each other to form larger 
fibres. Proposed structures have either a single stack ‘1-start’ or an alternating ‘2-
start’ arrangement. 
 

Histones are not the only architectural proteins in eukaryotes. Histone-

depleted metaphase chromosomes reveal that the structure of the chromosome 

can be maintained by abundant non-histone structural proteins (Adolph, Cheng, 

and Laemmli 1977; Paulson and Laemmli 1977). As mentioned, SMC proteins are 

found across the 3 domains, and these play a vital role in compacting the 

eukaryotic genome by loop formation. SMC proteins in eukaryotes are more varied 

than in bacteria, forming heterodimeric instead of homodimeric complexes. 

Cohesins and condensins are able to generate large DNA loops at the expense of 

ATP. These are vital for sister chromatid cohesion during cell division, but also for 

chromatin condensation, and likely play a major role in gene regulation. 

 

1.4.3 Archaeal chromatin 

Archaea are very diverse at the subcellular level, with fundamental 

differences in biology between the different phyla. Histone-like proteins containing 

the core histone fold (three α helices joined by two loops) have been found in most 

archaeal phyla (Henneman et al. 2018). Alongside histones, all archaea have an 

array of architectural chromatin proteins that enable them to maintain the nucleoid 

structure, like bacteria.  
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 The pervasiveness of histones throughout the archaeal domain suggests 

that histones must have arisen early in evolutionary time, before the separation of 

archaea and eukaryotes. However, this is not as simple as it seems: many 

archaeal species have no histones, and histones were initially thought to be 

confined to the Methanococcales order. The prevalence and similarity of histones 

among archaea and eukaryotes suggests that they arose prior to the separation of 

the two domains, and would have been found in the LEACA. Subsequent gene loss 

events - most likely, multiple different events - have caused some archaea to not 

retain their histone genes (Henneman et al. 2018). Meanwhile, some archaeal 

species have up to 10 histone genes, suggesting that gene duplication is also 

common (Henneman et al. 2018). Homologues of the linker histone (H1) have not 

been identified in any archaea to date. Diversity in archaeal histone genes might 

argue for the 2-domain evolutionary theory, whereby eukaryotes evolved after 

establishment of early archaeal organisms. As not all archaea have histones, and 

some archaea have more histone genes than others, it cannot be generalised how 

the histone genes are organised into operons, or within archaeal genomes more 

widely. 

Archaeal histones remain relatively understudied when compared to their 

eukaryotic counterparts. As expected of the diverse archaeal domain, their histones 

have some interesting, and unique characteristics. For instance, archaeal histones 

typically do not have extended histone tails and instead are composed simply of 

the core histone fold. Nevertheless, there are a few examples of histones with C-

terminal extensions (W.-T. Li et al. 2000; Henneman et al. 2018). This raises a 

number of fundamental questions regarding the regulation of archaeal chromatin. 

Without histone tails to receive PTM, how is regulation of histone placement 

achieved? Can archaeal histones interact with each other to form higher order 

structure? Are there remodelling proteins in archaea?  

Histones in archaea are known to form homodimers and heterodimers in 

solution. These have the ability to bind and bend DNA (Bailey et al. 2002; 

Sandman et al. 1990). Methanothermus fervidus has often been used as model 

system for biochemical characterisation of archaeal histones (Sandman et al. 1990; 

Starich et al. 1996; Pereira and Reeve 1998, 1999; Soares et al. 1998; Decanniere 

et al. 2000). In M. fervidus, the two histone variants (HMfA and HMfB) are 

expressed at different levels over the course of the cell cycle (Marc et al. 2002; 
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Sandman et al. 1994). The current understanding is that archaeal histone proteins 

are not post translationally modified. 

Digestion of archaeal chromatin with micrococcal nuclease (MNase), which 

is only able to digest unprotected DNA, reveals a ‘ladder’ comprising different 

lengths of protected DNA. Archaeal histones are able to protect variable stretches 

of DNA, from a minimum of 30 bp up to over 450 bp (Maruyama et al. 2013; Ofer 

2018). Based on this, an alternative to the beads-on-a-string model was proposed 

for the structure of archaeal chromatin (Maruyama et al. 2013). It was hypothesised 

that archaeal histones can form extended nucleosome structures, known as a 

‘hypernucleosome’, whereby addition of dimers would extend the 

hypernucleosome, potentially indefinitely. The crystallisation of an archaeal histone 

hexamer bound to 88 bp DNA in a left handed ramp provided further support for 

this model (Mattiroli et al. 2017). 

 

 

Figure 1.11: Hypernucleosome structural model 

Archaeal histones are thought to form hypernucleosomes: a continuous solenoid 
fibre. Structure modelled from 4 repeating units of PDB structure 5T5K (Mattiroli et 
al. 2017). The 5T5K structure is composed of 88 bp DNA and 3 histone dimers. 
Repeat of the 5T5K structure are coloured in sky, cyan, teal and blue, with DNA 
shown as black wire. Note DNA has a right-handed helix, while histones form a left-
handed helical ramp. 

 

This hypernucleosome structure showed striking similarity with the 

eukaryotic nucleosome (Luger et al. 1997), with the two structures nearly 

superimposable. Based on modelling of the hypernucleosome structure, if the 
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hexamer was extended in the same geometry to a longer hypernucleosome 

structure (by addition of histone dimers to either end) no steric hindrance was 

observed (Figure 1.11). In the eukaryotic nucleosome, steric hindrance is a key 

driver in the discrete octameric size of the nucleosome. Mattiroli et al. went on to 

demonstrate that this continuous solenoid structure could be disrupted by mutation 

of a single glycine residue. Conservation of the glycine residue across several 

archaeal species indicates that this position requires a small amino acid side chain. 

It is thought that a larger amino acid sidechain would prohibit stable 

hypernucleosome formation by hindering nucleosome stacking. The same ladder 

formation following MNase digestion has been observed with histones from M. 

jannaschii, for both native and reconstituted chromatin from either A3 (30 bp 

ladder) or MJ1647 (60 bp ladder) alone (Ofer 2018), strongly indicating that the 

same structure would be formed in this organism.  

Interestingly, E. coli can be supplemented with archaeal histone genes 

(HMfA and HMfB from Methanothermus fervidus) (Rojec et al. 2019). In this 

experiment by Rojec et al, the archaeal histones are able to confer the same 

protection patterning without significant detriment to E. coli growth. The ability to 

bind the E. coli genome is, in itself, unremarkable: archaeal histones are known to 

bind to DNA unassisted, without the need for loading proteins (Xie and Reeve 

2004). When the protected DNA sequences are mapped back onto the E. coli 

genome, a pattern of protection emerges: the histones are depleted at 

transcriptional start sites, and at AT-rich regions of the genome. This is important 

as it enables the DNA to be compacted while maintaining the cells ability to access 

the DNA sequences where transcription can be initiated. 

Additionally, Rojec et al. found that in the stationary growth phase, M. 

fervidus histones showed preference for enrichment at sequences with dyad 

symmetry, in accordance with other studies (Hocher et al. 2019; Nalabothula et al. 

2013). This indicates that the sequence preference is intrinsic to the charge 

distribution on the histone surface. The sequence preference was less strong in the 

exponential phase, possibly due to increased transcriptional activity during 

exponential growth.  

It has previously been shown that archaeal histones have a sequence 

preference for phased helical repeats of AA/TT/AT/TA and CC/GG/CG/GC 

(Nalabothula et al. 2013; Bailey et al. 2002, 2000). Sequences with this nucleotide 
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pattern have a greater intrinsic propensity to bend, which can facilitate wrapping of 

the DNA around the histone proteins. However, this sequence is a binding 

preference, rather than an absolute requirement for DNA binding. Recent 

sequencing data did not conclusively find a binding motif for M. jannaschii histones 

(Ofer 2018). 

While there have been some putative homologues of chromatin remodellers 

from the SWI/SNF family identified from the archaeal genomes, these have not 

been characterised experimentally, and chaperones are not required for function in 

vitro (M. jannaschii MJ1493, (Flaus et al. 2006)). The E. coli knock-in experiment 

by Rojec et al. also suggests that a lack of identified remodellers and chaperons is 

not indicative of a missing link yet to be identified: bacteria have evolved without 

any required chromatin remodellers or chaperones, and the successful addition of 

histones into this system suggests that it would be feasible that archaea would 

manage under the same principles. 

  

 

Figure 1.12: Cartoon of archaeal chromatin 

Archaeal chromatin uses a combination of bacteria-like DNA bending and bridging 
proteins, alongside histones which can form hypernucleosomes of variable length. 

 

Archaea have abundant DNA binding proteins, other than histones, that are 

able to provide chromatin architecture (Figure 1.12). Generally these bind DNA 

non-specifically, and can be involved in higher order structure formation. An 

example of such proteins is Alba, which can form nucleoprotein filaments, or bridge 

strands depending on the DNA-protein stoichiometry (Laurens et al. 2012). 
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Crenarchaea, one of the earliest identified phyla of archaea, have a multitude of 

well characterised architectural protein families: Sul7d, Cren7, Sso10a, as well as 

Alba (Acetylation Lowers Binding Affinity) and Alba2. Alba has been shown to be 

post-translationally modified by acetylation of the protein, and this is understood to 

reduce the affinity of the protein for the DNA. Interestingly, Alba family proteins 

have been found in eukaryotes too (Goyal et al. 2016). Homologues of the bacterial 

architecture protein HU have been found in archaea (Stein and Searcy 1978; 

Searcy and Delange 1980; Searcy and Stein 1980). Another example, MC1, found 

in Methanosarcina thermophila, is known to protect the DNA from thermal 

denaturation (Chartier, Laine, and Sautiere 1988). Interestingly, MC1 is structurally 

unrelated to other DNA binding proteins (Loth, Landon, and Paquet 2015). These 

proteins demonstrate the complex nature of archaeal chromatin architecture. 

In this thesis, M. jannaschii, is used as a model system. M. jannaschii is a 

hyperthermophilic archaeon, found on ‘white smoker’ hydrothermal vents in the 

deep sea (~ 2600 m), with a high temperature (48-94 °C), high pressure (200 atm), 

and moderate salinity (sea water) environmental niche (Jones et al. 1983). M. 

jannaschii has a positively supercoiled genome, which encodes 5 histone variants: 

A1, A2, A3, A4 and MJ1647 (Bult et al. 1996) (Figure 1.13). 

 

 

Figure 1.13: Alignment of archaeal histone protein sequences 

Sequence alignment of histone protein sequences from Thermococcus 
kodakarensis (Tko), Methanothermus fervidus (Mfe) and Methanocaldococcus 
jannaschii (Mja). The sequences are not well conserved in sequence, but are 
predicted to have similar structure: the histone fold of 3 α-helices (α1, α2, α3) 
joined by short loops. MJ1647 is unusual as unlike nearly all other archaeal 
histones, it has a C-terminal extension. Arrow marks location of critical glycine 
residue G16 (Mattiroli et al. 2017). 
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A1-A4 are highly conserved in amino acid sequence with just a few residues 

different, while MJ1647 is a divergent histone and has a C-terminal extension (W.-

T. Li et al. 2000). Of these genes, 4 are located on the main chromosome (A1: 

MJ0168, A2: MJ0932, A3: MJ1258, MJ1647: MJ1647), while the other is located on 

the large ECE (A4: MJECL29). A1-A4 are each 67 amino acid in length, and only 

contain the core histone fold. These histones are most similar to H3 in eukaryotes, 

but only have ~30 % sequence identity at the protein level, despite the well 

conserved structure. MJ1647 is divergent in sequence from the other histones in M. 

jannaschii. MJ1647 and histones from other archaea have been shown to form 

tetramers on DNA, binding 60 bp minimally (Ofer 2018; Bailey et al. 2000; Marc et 

al. 2002; Maruyama et al. 2013; Pereira et al. 1997).  

Using electrophoretic mobility shift assays (EMSAs) on both 30 bp and 

60 bp DNA templates, Ofer demonstrated that A3 preferentially forms dimers in 

solution and is able to bind just 30 bp DNA segments, while MJ1647 has a minimal 

binding site of 60 bp (Figure 1.14).  

 

 

Figure 1.14: A3 and MJ1647 gel shift assay 
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A3 and MJ1647 electrophoretic mobility shift assays (EMSAs) on native 7 % (w/v) 
polyacrylamide gel with 30 bp (top) and 60 bp (bottom), reproduced from the PhD 
thesis of Sapir Ofer (Ofer 2018). Addition of A3 protein to 30 bp labelled probe DNA 
generates one complex which is separated from the free probe DNA by 
electrophoresis. In the same assay with MJ1647 and 30 bp probe, a fuzzy band is 
formed indicating the interaction is unstable. Addition of A3 protein to 60 bp 
labelled probe DNA generates two complexes form sequentially with increasing A3 
concentration (A3-DNA complex I and A3-DNA complex II). In the parallel assay 
with 60 bp probe DNA and MJ1647, a single complex is formed (MJ1647-DNA 
complex), which is causes a band shift to a similar electrophoretic mobility as that 
of A3-DNA complex II. No equivalent to A3-DNA complex I is formed with MJ1647. 
Note, Ofer uses the initial concentration of the protein (1 µL of which is added to 
the 20 µL assay volume), rather than final protein concentration in the assay. 
 

Despite the in vitro assays indicating that MJ1647 forms a tetramer in 

solution, an x-ray crystallographic structure has been solved in a dimeric 

conformation (Ofer 2018). This revealed a highly structured C-terminal domain, 

with an unknown fold – a distinct contrast to the unfolded, unstructured tails of 

eukaryotic histones. While the tetramerisation mechanism is not clear from this 

structure, Ofer speculated that potential mechanism might involve strand swapping 

in the C-terminal domain, which would cause the DNA-interacting portions of the 

histones to be found on opposing sides of the structure. Further experimentation 

has shown that MJ1647 is able to bridge two different strands of DNA, bringing 

them together in both ensemble pulldown assay and observed by atomic force 

microscopy (AFM) (Ofer 2018).  

All of the histones in M. jannaschii have been shown to be effective 

transcriptional repressors in vitro (Ofer 2018; Wilkinson, Ouhammouch, and 

Geiduschek 2010). MJ1647 prohibits pre-initiation complex formation, in a 

mechanism that is dependent on the presence of the tail domain, while A3 does not 

preclude pre-initiation complex formation at the transcriptional start site, but does 

introduce a barrier to transcription, potentially at the elongation phase (Ofer 2018).  

 

1.5 Single molecule techniques 

For a comprehensive understanding of all aspects of biological systems, the 

boundaries of scientific disciplines must be explored. The blurred boundary 

between biology and chemistry (biochemistry) has been investigated in terms of 

biochemical interactions: chemical bonds between the atoms, molecules or 
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complexes that make up biological matter. In a similar vein, biophysics is the 

understanding of biological systems through the lens of physics: the forces, work 

and energy used or required by the system. Biophysicists use quantitative methods 

to probe the physical properties of biological matter, across all levels; from tissues 

to cells, and down to single molecules interacting with each other. Mathematical 

and statistical models of biological processes to describe mechanical processes 

that the system undergoes can be built upon these empirical biophysical 

observations. Bridging the gap between disciplines in this way gives a greater 

depth of understanding, and allows for complementary interdisciplinary research 

with novel aims and objectives.  

To understand how biophysical properties are characterised at the single 

molecule level, I offer an introduction to single molecule spectroscopy and 

summarise the most common force spectroscopy methods.  

 

1.5.1 Why use single molecule force spectroscopy techniques? 

There are a number of reasons for choosing single molecule techniques to 

probe biological samples. Single molecule assays can be used to complement and 

enhance the knowledge gained from bulk assays, by resolving heterogeneity within 

conventional ensemble experiments and to directly observe fundamental 

mechanism, like the stepwise movement and force produced by myosin on actin 

(Veigel et al. 2002, 1999, 2003), kinesin along microtubules (Svoboda et al. 1993; 

Svoboda and Block 1994b), or rotary movement of the F1 ATP synthase (Noji et al. 

1997). Single molecule assays are able to provide high spatial (nanometre) and 

temporal (millisecond) resolution, which enables us to directly observe and track 

individual molecules. By observing a statistically significant number of molecular 

events, data can be analysed to check for heterogeneity. Sometimes, sub-groups 

of the main population can be identified, which can give unexpected and novel 

insight into the underlying mechanism. Such insights allow us to resolve conflicting 

mechanistic theories, and also study phenomena that are simply inaccessible to 

bulk methods. In this thesis I have used a combination of single molecule 

approaches to probe the mechanical properties of individual DNA molecules – 

which would have been very difficult to achieve in any other way. 
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Most single molecule techniques use solution based assays that mimic 

physiological conditions as closely as possible, and allow the time-course or 

sequence of events in a molecular mechanism to be observed directly. In vitro 

assays use purified components (proteins and DNA) in a buffered salt-solution to 

ensure the observations result from specific interactions. Other phenomena, which 

may be present in a crude extract or in vivo systems, are minimised. By following 

the time-course of molecular interactions it is possible to identify stochastic events 

and reaction intermediates that might not otherwise be resolved: binding, 

unbinding, step-wise movements or structural rearrangements can all be extracted 

from the data and, in principle, their amplitudes and kinetics can be measured 

directly.  

The main advantage of a well-designed in vitro assay over static, structural 

techniques like x-ray crystallography or electron microscopy is that dynamic 

information is preserved. To obtain a comprehensive mechanistic understanding it 

is best to combine high-resolution structural information with the dynamic, 

mechanistic insights provided by single molecule, solution-based studies. 

Single molecule force spectroscopy (SMFS) techniques are unique in giving 

insight into the forces that are applied, or overcome within a biological system. The 

most common SMFS techniques are optical tweezers (OT), magnetic tweezers 

(MT) and atomic force microscopy (AFM). Force spectroscopy methods typically 

act in one of two modes: ‘force-clamp’ or ‘displacement-clamp’. In the ‘force-clamp’ 

regime a set force is maintained over time, whereas in ‘displacement-clamp’ regime 

position is maintained while the force is allowed to vary. Aside from these two basic 

modes, either force or displacement might be changed in a controlled manner 

during the course of an experiment, either at a constant velocity (a ‘ramp’), as a 

sinusoidal function, or as a stepwise change.  

Because the force produced by both OT and AFM is strongly dependent on 

deflection of either the optically trapped particle, or the AFM cantilever, any length 

change of the molecule being studied will cause the particle to move, or cantilever 

to bend, thereby changing the applied force. Therefore, a feedback loop must be 

used to constantly measure and correct the force by adjusting the position of the 

optical trap or AFM cantilever. Here, magnetic tweezers offer a distinct advantage 

because magnetic force decays on a length-scale of millimetres (orders of 
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magnitude greater than molecular length scales) so they operate inherently in 

force-clamp mode. 

Measuring the distribution of event durations allows reaction kinetics to be 

measured. Making observations of molecules held at different fixed-forces, enables 

the force-dependence of the reaction step to be deduced. Both of these giving 

insights into the energetics of the system. Pulling a molecule at a constant force 

over time can also give step-size information: commonly used for measuring the 

step sizes of myosins as they walk along actin, or for kinesin and dynein walking 

along microtubules. This allows the kinetics, step sizes and processivity of 

biological processes to be examined in minute detail.  

 Application of a stepwise change in force or a more slowly-changing force 

ramp, can cause disruption of structural states or allow equilibrium force-extension 

properties of a molecule to be measured. These techniques are important because 

they allow us to characterise the mechanical properties of DNA and transient 

compacted states caused, for instance, by histone binding and wrapping. 

 

1.5.2 Optical tweezers 

The basic principle of an optical trap is to have a high power laser beam, 

focussed through an objective lens to a highly focussed point, which has a strong 

electric gradient at the focal point. The beam intensity profile in most optical traps is 

Gaussian, with a stronger intensity at the centre of the beam, compared to the 

fringes. Micro-sized particles which have a higher refractive index than the 

surrounding medium (e.g. glass or polystyrene beads in aqueous solution) become 

trapped in the laser focal point at the centre of the beam. The refraction of light 

through the particle, away from the centre of the laser beam, causes a change in 

the momentum of the light passing through the bead. The bead undergoes a 

restoring force equal and opposite to the change in momentum of the light. 

Because of the Gaussian intensity profile of the beam, this restoring force is 

proportional to the distance from the centre of the laser beam: the further the bead 

is displaced from the centre of the trap, the greater the change in momentum, and 

hence the larger the restoring force back towards the centre. Movement of the 

bead can be through movement of the laser focal point, or by external force upon 
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the bead (for example a force exerted by stepping of a tethered biological 

molecule). Typically the restoring force is in the picoNewton range, which is ideal 

for the study of single molecules. The movement of the bead in x, y directions can 

be projected onto a quadrant photodiode for nanometre precision displacement 

measurement, and extremely high sampling rate - in the microsecond range.  

Optical tweezers can have multiple different arrangements, with single or 

multiple trap arrangements possible for more tailored control of the sample. 

Generally, a high-powered infrared beam is preferred to minimise damage to 

biological samples. Because of the geometry of the force applied with an optical 

trap, the technique is incredibly sensitive to movement in the x, y plane –

perpendicular to the direction of the laser. However, it is more difficult to measure 

forces and displacements along the z-axis (parallel to the light propagation). Also, 

experimental throughput is frustratingly low because only a single molecule can be 

held in the trap and manipulated at any one time. 

Optical tweezers are able to apply both displacement-clamp and force-

clamp style experiments. A force or displacement ramp can be applied by moving 

the trap away from the fixed point at a set rate with the molecule tethered to 

another bead held in a separate trap or micropipette. The force-clamp regime is 

harder to maintain, and requires use of a digital feedback loop to ensure that the 

applied force is maintained. As the system is based on manipulation of light and a 

photodiode, optical tweezers have very high temporal resolution, and the force 

applied through the trap can be very rapidly altered to suit experimental needs.  

Most optical traps cannot be used to apply torque to tethered molecules, as 

the beads cannot be torsionally constrained in the trap. Advances in technology 

now mean that DNA supercoiling can be achieved with an optical trap: using either 

an Angular Optical Trap (AOT) (Forth et al. 2008; Deufel et al. 2007), or optical 

DNA supercoiling (King et al. 2019). In an AOT, polarised light can be used to turn 

birefringent particles in the trap. Optical DNA supercoiling exploits the intrinsic 

properties of DNA to unwind under force when not torsionally constrained. With this 

technique, torsionally constrained DNA is stretched in the optical trap until the 

torsional constraint between biotin and streptavidin breaks. At this point, the DNA is 

able to release energy stored as twist, inducing negative supercoiling when the 

tension is relaxed, and the torsional constraining bonds are restored. Until very 

recently, these techniques have not been applied to chromatin (Le et al. 2019). 
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1.5.3 Magnetic tweezers 

Magnetic tweezers are a mechanical technique, whereby a 

superparamagnetic bead (referred to as ‘magnetic bead’) is tethered to the 

functionalised microscope cover slip surface by a single molecule – in the case of 

my project, DNA. Magnets apply an external force on the magnetic bead, thus 

enabling manipulation of the tethered molecule (Figure 1.15). The 

superparamagnetic particles within the beads align their magnetic moment with the 

magnetic field, which gives a net magnetisation of the magnetic bead, known as 

the ‘easy axis’. The applied force is in the direction of gradient of the magnetic field. 

In all cases, the strength of the field is dependent on the distance between the 

magnet and the magnetic bead: the closer the bead to the magnet, the stronger the 

effective force applied. 

 The main advantages of magnetic tweezers over other SMFS techniques 

are the ability to apply torque to the molecule of interest, and the ability to 

manipulate a group of molecules in parallel. With this project, applying a known 

degree of torque to the DNA is critical if the effect of DNA supercoiling is to be 

explored. Enzymatic approaches to add supercoil could be used, however these 

are much more difficult to apply a known number of turns to DNA. In order to 

generate statistically significant results, study of a large enough number of 

molecules is vital. Being able to make observations on a whole field of view at once 

improves the throughput of single molecule experiments, yielding results more 

rapidly than other techniques such as optical tweezers. 
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Figure 1.15: Principles of Magnetic Tweezers 

The net force acting on the bead (F, black arrow) is in the direction of the force 
gradient, here perpendicular to the force lines (grey). The magnetic moment of the 
bead (white arrow) aligns with the magnetic field, thus the bead cannot rotate freely 
in the field. Not to scale. 
 

There are several variants of magnetic tweezers, which can be useful for 

different styles of experiment. These are typified by their magnet arrangement. 

Magnetic tweezers microscopes can use a single magnet, though pairs of bar 

magnets, a toroidal magnet or electromagnets are typically used to give more 

complexity to the system, and hence allow for more nuanced experiments. While 

magnetic tweezers microscopes are typically built to apply the pulling force in the z 

plane, a so-called ‘longitudinal’ arrangement, magnets can also be arranged in a 

transverse configuration, providing a pulling force upon the sample in the x, y 

plane. As the beads are sufficiently large to be seen with a simple inverted light 

microscope (typically 1-3 µm), the magnetic tweezers apparatus can be easily 

constructed around an existing microscope. The various different magnetic 

tweezers configurations are detailed in Chapter 4. 

 

1.5.4 Atomic force microscopy 

Atomic force microscopy is a technique which uses a probe to directly 

interact with the surface of the sample. The sample (either dry, or in solution) is 

mounted onto atomically-flat mica substrate. The cantilever tip of the probe is 

brought into contact with the sample. The cantilever bends slightly upon contact, 

deflecting a laser beam (pointed at the top of the cantilever) onto a photodiode, 

which sends the signal to the detector. Passing the cantilever tip over a raised 

surface deflects the tip, and a hence results in a change in the position of the laser 

on the photodiode. 

There are several modes of action for an atomic force microscope: contact 

‘scanning’ mode and tapping mode. In the scanning mode, the tip of the cantilever 

is dragged across the sample surface, scanning from one side of the sample to 

another in a series of lines, to build up a topographical image of the sample 

surface. This can be used to image the contours of the sample surface at high 

resolution (sub-nanometre resolution). In tapping mode, instead of dragging the tip 
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across the sample, the tip is rapidly oscillated by a piezoelectric element, tapping 

the sample surface intermittently to determine the spot-height upon each 

oscillation. This can prevent the sample from interacting significantly with the tip of 

the cantilever, and is particularly useful for samples in solution (i.e. biological 

samples).  

AFM has been used to image a wide array of biological interactions, 

including DNA digestion by DNase (Bezanilla et al. 1994) and bacterial 

transcription (Kasas et al. 1997). The main limitation of AFM for biological 

interactions is the imaging speed. Slow imaging speeds mean that dynamic 

processes cannot be captured by AFM. New developments in AFM technology 

have resulted in high speed AFM (Ando, Uchihashi, and Fukuma 2008), which can 

scan a sample surface at around 10-20 frames per second (previously AFM scans 

would take 30 seconds or more, particularly for higher resolution images). High 

speed AFM has been used to observe the dynamic movements of both canonical 

(Miyagi, Ando, and Lyubchenko 2011) and CENP-A containing centromeric 

nucleosomes (Stumme-Diers et al. 2018). The advent of this rapid scanning 

technology enables both structural and dynamic information to be gathered, leading 

to greater insights into the protein function in vivo.  

AFM can also be used for force spectroscopy. In this mode, the cantilever 

tip is approached to the surface and allowed to interact. As the tip is retracted, the 

retraction of the tip generates force upon the molecule it is interacting with. As the 

tip is retracted, the deflection of the laser is measured, and the force applied to the 

molecule can be calculated – this is a ‘force-displacement’ force spectroscopy 

method. An electronic feedback mechanism can be used to operate the AFM in a 

‘force-clamp mode’, where a stable force is maintained. In the force-displacement 

mode, AFM is commonly used for protein unfolding measurements, where the 

unfolding of the protein results in a characteristic ‘saw-tooth’ force-extension 

diagram, as different parts of the protein are extended (Carrion-Vazquez et al. 

1999). 
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1.6 Biophysical properties of chromatin 

In order to appreciate the complexities of the mechanics of DNA as a 

polymer, here I outline the biophysical characteristics of DNA alone, introducing the 

worm-like chain model and exploring the response of the DNA duplex to torsional 

stress. I then expand into a review of the current literature in the field of biophysical 

properties of chromatin in both eukaryotes and archaea, which gives context as to 

the status quo at the time of writing. 

 

1.6.1 Force-extension properties of DNA 

DNA is the prototypical biological polymer: a long linear molecule composed 

of many nucleotides. DNA can be described using mechanical properties such as 

stiffness, tensile strength, and elasticity. The mechanical properties of DNA have 

been probed at the single molecule level for decades. Generally, the physical 

properties of DNA are considered under 2 regimes: under load (force extension), 

and under torsion (DNA supercoiling).  

dsDNA and ssDNA extend differently under load, due to the intramolecular 

interactions occurring within their structures (Figure 1.16). dsDNA initially extends 

easily under force, as the weak intramolecular interactions that cause DNA to self-

associate and collapse are overcome. Once these forces are overcome, more load 

is required to extend the DNA, now elongating the structure to its natural contour 

length. Contour length is the length of the DNA, determined by the number of base 

pairs, if the DNA was in B-form. This length is easily estimated using the number of 

base pairs in the molecule and the rise per base pair (0.34 nm). To extend DNA 

beyond this length requires significant force, such that a near-asymptotic 

relationship is derived: below 65 pN, force cannot extend the DNA beyond its 

contour length. Around 65 pN, DNA undergoes an overstretching transition: the 

bonds and base stacking interactions holding the DNA duplex together along its 

axis are broken, and the molecule extends significantly to 1.7 times the length 

contour length. 

This extension behaviour is dependent on the DNA being free to rotate, with 

no torsional constraint upon the molecule. When the DNA is torsionally 
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constrained, the force barrier for duplex melting shifts: the duplex melts at lower 

forces when the DNA is underwound (Léger et al. 1999; Allemand et al. 1998). 

 

 

Figure 1.16: Force-extension of DNA 

dsDNA and ssDNA extend differently under load. dsDNA (red markers) extends 
according to the inextensible WLC model (black dashed line, Equation 1.1). Figure 
from Bustamante et al (Bustamante et al. 2000). 
 

The extension of DNA up to its contour length is described mathematically 

by the inextensible worm-like chain model (WLC) (Equation 1.1). The WLC models 

DNA as a continuous, semi-flexible rod, which is inflexible over short length scales, 

but flexible over long distances. The extensible WLC describes DNA extension 

beyond the strand separation transition, and makes use of an additional parameter 

which describes the stretch modulus of DNA (Odijk 1995). For the work in this 

thesis, as forces applied to the DNA do not exceed 40 pN, the inextensible WLC 

can be used. 
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The inextensible WLC equation (Bustamante et al. 1994) describes DNA 

extension, where: 𝐹 is the force; 𝑙𝑝 is the persistence length of DNA (typically 50 

nm (Taylor and Hagerman 1990)); 𝑘𝐵 is the Boltzmann constant; the temperature 𝑇 

is measured in Kelvin; 𝑥 is the measured DNA length; and 𝑙𝑐 is the contour length 

of the DNA molecule. 
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The contour length, 𝑙𝑐, is determined by the length in base pairs of the DNA 

molecule, while the persistence length, 𝑙𝑝, is determined by the interactions of 

cations in solution with the phosphate backbone of the DNA molecule. The 

persistent length is hence dependent on salt concentration of the reaction buffer, 

and can vary between sample preparations that use different buffers. The 

persistence length can vary between 46 nm in 1 M NaCl, and 58 nm in 25 mM 

NaCl (Wenner et al. 2002). The force applied by the magnet pair, 𝐹, is set by their 

height above the sample, providing the magnetic tweezers are calibrated prior to 

the experiment, and contour length is determined theoretically from the length in 

base pairs of the DNA tether. The thermal energy (𝑘𝐵𝑇) is assumed as 

4.114 pN·nm, based on an estimated sample temperature of 298 K. The observed 

length of tethered DNA molecule (𝑥) can be directly measured as the height of the 

magnetic bead above the flow-cell surface (Figure 1.17). 

 

 

Figure 1.17: dsDNA extension schematic with magnetic tweezers 

As the permanent magnet pair is moved closer to the sample, the force on the 
magnetic bead increases. Under no magnetic force (only gravity), the magnetic 
bead falls to the surface of the flow-cell. At very low forces (0.1 pN) DNA can 
extend to 60 % of the contour length. DNA extends to near-contour length without 
further extension at moderate to high forces (5-10 pN, 50-60 pN), until the dsDNA 
to ssDNA transition at 65 pN, above which the elastic properties of DNA are that of 
ssDNA. Not to scale. 
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1.6.2 Biophysical properties of supercoiled DNA 

DNA supercoiling is defined by two parameters: twist and writhe, and 

expressed in terms of linking number, where linking number is simply the total of 

these parameters (Equation 1.2). Linking number (𝐿𝑘) is a topological constant: it 

stays the same unless the torsional constraint is released, for example by breaking 

the DNA backbone (Figure 1.18). 

 

 𝐿𝑘 = 𝑇𝑤 + 𝑊𝑟  Equation 1.2 

 

Twist (𝑇𝑤) is the number turns of the backbone around the central helical 

axis, which for a relaxed and unconstrained DNA molecule is simply the number of 

base pairs divided by the helical pitch (10.5 bp per turn). Writhe (𝑊𝑟) is the number 

of times the DNA backbone crosses itself, and is more difficult to determine 

empirically. Importantly, for DNA that has topological constraint, the linking number 

can only be changed from its relaxed value by breaking the DNA backbone, adding 

the desired supercoils and re-joining the ends to maintain the torsional constraint. 

The process of breaking and reforming covalent bonds requires energy input. In 

vivo, this active process is achieved by ATP consuming enzymes. 

 

 

Figure 1.18: DNA topology changes with addition of supercoil 
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Torsionally constrained linear DNA can absorb supercoil by tightening the DNA 
double helix (𝑻𝒘 +1), or by the backbone bending upon itself in writhe (𝑾𝒓 +0.5). 
Plectonemes can ‘grow’ to absorb more turns of the DNA as writhe (𝑾𝒓 +1). In a 
closed circle conformation, supercoil also changes DNA topology. 

 

In order to use a measure of linking number independent of DNA length, 

and thus enable comparison of different DNA molecules, linking number can be 

expressed unit-free in terms of 𝜎: 

 

 𝜎 =
∆𝐿𝑘

𝐿𝑘0
  Equation 1.3 

 

Supercoil can be expressed independent of DNA length by finding the ratio 

of the change in linking number over the linking number of relaxed, unconstrained 

DNA where 𝐿𝑘0 is simply equal to the twist in the relaxed molecule. In Equation 1.3, 

the change of linking number, ∆𝐿𝑘, is calculated as 𝐿𝑘 − 𝐿𝑘0, i.e. relative to the 

linking number of the relaxed molecule, 𝐿𝑘0. In the magnetic tweezers microscope 

the supercoil state of the molecule, and hence linking number, can be controlled by 

rotating the magnet pair. The DNA is assumed to be initially relaxed in the 

experiment.  

The effect of supercoiling on observed DNA length is dependent on the 

force applied to extend the DNA. At low forces (< 0.5 pN) if positive supercoil is 

added to the DNA, initially the additional turns are absorbed by the DNA duplex as 

twist. Above a critical point, the DNA undergoes a buckling transition, and 

additional torsional energy is stored as writhe in plectonemes, rather than twist. At 

precisely the buckling point, storing energy as twist or writhe is equally favourable. 

At these low forces, the rotation-extension plot (also referred to as a ‘hat’ curve, 

Figure 1.19) is symmetrical, and a similar regime of twist, buckling transition and 

writhe, is observed for both negative and positive superhelical density values.  

At forces above 0.5 pN but below 3 pN, the response becomes asymmetric, 

and displays behaviour characteristic of the chiral nature of the DNA molecule. 

Negatively supercoiled DNA cannot favourably form plectonemes under this load, 

and instead forms non-B form structures, including bubbles and cruciforms. Above 

3 pN, extension remains constant under a very wide range of superhelical 

densities. 
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Figure 1.19: DNA rotation-extension response  

Under low forces (0.3 pN) extension of the DNA decreases symmetrically with 
increase in |𝜎|, due to plectoneme formation. At 1.3 pN the response is 
asymmetric, with plectoneme formation only under positive supercoil regime. 
Above 3 pN, DNA extension is not reduced by plectoneme formation. Figure from 
Strick et al (Strick et al. 1996). 
 

In functional terms, changing the linking number can have implications for 

cellular activity. Reducing the linking number (negative supercoil) can cause DNA 

melting and strand separation, exposing the DNA bases for processing. This can 

be useful to facilitate DNA strand opening for a variety of processes including 

replication, transcription and repair. Excess negative supercoil can be detrimental 

as the bases are likely to be exposed, allowing opportunity for damage to the DNA, 

or for aberrant processing. On the other hand, addition of supercoil (positive 

supercoil) results in tightening of the DNA duplex, and plectoneme formation (loops 

of DNA intertwined by twisting), which can be protective of the DNA base pairs and 

reduce the observed end to end length as the DNA is doubled over and twisted 

upon itself. Excessive positive supercoil can result in sharp bending of the DNA 

backbone, base flipping and denaturation under torsional stress (Irobalieva et al. 

2015). Either extreme is damaging, and goes against the protective principles of 

genome organisation. 

A natural step from understanding the physical properties of DNA is to 

explore the properties of chromatin. Nucleosomes can be reconstituted onto DNA 

with salt gradient dialysis or NAP1 assembly proteins. The 601 (or ‘Widom’) 

nucleosome positioning sequence is easily used to generate an experimental 
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platform of consistent single molecules for experiments into the biophysical 

properties. The 601 sequence is composed of a 147 bp ‘601-core’ sequence which 

wraps the histone octomer, and a further 135 bp which act as a nucleosome free 

linker region (Lowary and Widom 1998). The 601 sequence has higher histone 

affinity than other DNA sequences (Lowary and Widom 1998), nevertheless, 

nucleosomes formed on this sequence have been shown to be mechanically 

disrupted at the same force as native yeast nucleosomes, and hence make a 

suitable platform for single molecule assays (Hermans et al. 2017). 

 

1.6.3 Force-extension response of eukaryotic chromatin 

Chromatin unfolding in eukaryotes has been characterised extensively by 

optical (Bennink, Leuba, et al. 2001; Cui and Bustamante 2000; Brower-Toland et 

al. 2002; Mihardja et al. 2006) and magnetic tweezers (Kruithof et al. 2009; Meng, 

Andresen, and Van Noort 2015; Kaczmarczyk et al. 2020). As for bulk assays and 

structural studies, single molecule assays have shown that the composition of 

native chromatin can be heterogeneous (Cui and Bustamante 2000). 

The force-extension of chromatin can be considered as a process with two 

key transitions resulting in the observed DNA extension. The first transition occurs 

at approximately 3 pN, followed by a second transition above 10 pN. Given that 

DNA is wrapped 1.7 times around the nucleosome, this first transition was 

determined to be the progressive unwrapping of the DNA from the nucleosome, 

while the second transition is the release of the remaining DNA. 

This first transition – partial unwrapping of the nucleosome – is reversible as 

the DNA is still associated with the nucleosome core (Cui and Bustamante 2000; 

Kruithof and Van Noort 2009). The second transition is associated with the histone 

octomer being released from the DNA. This second transition results in a more 

sudden observed DNA extension, associated with release of around 75 bp DNA 

from the nucleosome. The second transition is not reversible in vitro (Cui and 

Bustamante 2000) as the histone proteins are no longer associated with the DNA, 

resulting in hysteresis between the extension and relaxation curves of the force-

extension diagram. This phenomenon is to be expected: eukaryotic nucleosomes 

require loading proteins or salt gradients in order to assemble upon the DNA. 
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 The same transitions in DNA extension from bound nucleosomes can be 

captured using either mononucleosomes (Mihardja et al. 2006), a synthetic 

nucleosome array generated using the 601 nucleosome positioning sequence 

(Meng, Andresen, and Van Noort 2015), or native chromatin. Importantly, due to 

regular positioning of nucleosomes in the synthetic array, each nucleosome is able 

to undergo this process together (Meng, Andresen, and Van Noort 2015). The 

repeated sequence amplifies the signal from the low force transition. Using this 

strategy, the force required to undergo the first transition has been determined as 

3.5 pN. Each nucleosome in a nucleosome array undergoes the second transition 

separately, such that simply counting the number of release events can be used as 

a proxy from the initial number of nucleosomes in the array (Meng, Andresen, and 

Van Noort 2015). 

 Due to these transitions in chromatin structure, the force-extension diagram 

of chromatin cannot be described by the worm-like chain model - although loss of 

all bound nucleosomes returns the extension properties to the WLC. Meng et al 

have formed a statistical mechanics model for chromatin extension – dependent 

upon the number of nucleosomes in the chromatin array – which describes the 

extension of eukaryotic chromatin (Meng, Andresen, and Van Noort 2015). 

Particularly in more recent literature (Meng, Andresen, and Van Noort 2015; 

Kaczmarczyk et al. 2020), single molecule techniques have been directed at 

addressing the questions over nucleosome array structure: 1-start or 2-start fibres. 

Experiments on nucleosome arrays (generated using either native chromatin or 

chromatin reconstituted on the 601 nucleosome positioning sequence) have shown 

that short (167 bp) and long (197 bp) NRL chromatin structures have similar - but 

not the same - extension properties under load (Meng, Andresen, and Van Noort 

2015). While this is useful characterisation of chromatin in vitro, it is still not clear 

how this reflects the true nature of native chromatin structures, which can have 

varied linker DNA lengths. 

 

1.6.4 Eukaryotic chromatin under torsional stress 

Typically, DNA follows a left-handed ramp around the histone octomer, 

tracing a line of electrostatic and hydrogen bonds around the circumference of the 
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nucleosome. Though this high degree of DNA curvature is energetically 

unfavourable when unbound, the bent duplex DNA is maintained by the highly 

charged side chains on the histone proteins which provide strong interaction 

surfaces between the protein and DNA. The bent DNA structure and tight 

association with the histone octomer occludes other DNA binding proteins from 

interacting with DNA.  

DNA supercoiling affects the way in which the proteins can interact with the 

DNA, by altering the structure of the DNA helix. In this sense, chromatin is no 

different. It has been posited that nucleosomes might be destabilised by positive 

supercoil – as is generated ahead of RNA polymerase during transcription (Clark 

and Felsenfeld 1992). Similarly, negative supercoil facilitates nucleosome 

assembly behind the polymerase (Teves, Weber, and Henikoff 2014). This 

provides a torque-mediated system for nucleosome removal and replacement 

which will allow transcription to proceed through chromatin. The influence of 

torsional stress upon chromatin might be a major influence in chromatin dynamics 

for a wide range of cellular process, including transcription, replication and DNA 

repair.  

Single molecule techniques have been used to characterise the response of 

chromatin to torsion. Typically, the effect of torsion on chromatin is characterised in 

the low force regime (~ 0.5 pN) as this where DNA length change is greatest, and 

with the simplest understanding of DNA structure and topology (as described in 

Section 1.6.2). MT has been used to describe the effect of DNA supercoiling on the 

nucleosome assembly process (Vlijm et al. 2012, 2015, 2017), on established 

nucleosome arrays (Kaczmarczyk et al. 2020), and on braided chromatin fibres 

under the influence of topoisomerase II (Le et al. 2019).  

Torque modulates nucleosome stability, such that torque applied to the end 

of a DNA molecule results in a reduction in the force required to disassemble the 

nucleosome (Sheinin et al. 2013). Nucleosome arrays are able to absorb excess 

turns to the end of the DNA, while maintaining the length of the chromatin array 

(Bancaud et al. 2006; Kaczmarczyk et al. 2020). This enables chromatin to act as a 

buffer against DNA supercoiling, which might be particularly pertinent in response 

to DNA supercoiling enzymes found in the nucleus. The classical resolution of 

supercoil generated by enzyme processing along DNA is the twin-supercoiled 

domain model, whereby a polymerase generates positive supercoiling ahead of 
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enzyme, and negative supercoiled DNA behind the enzyme (Wu et al. 1988; Liu 

and Wang 1987). 

The supercoil state of DNA influences the chirality of subsequently formed 

nucleosomes (Bancaud et al. 2007; Vlijm et al. 2017). It has been shown that 

nucleosome assembly on negatively supercoiled DNA results in a left-shift in the 

peak of the rotation-extension response, which is attributed to a left-handed wrap of 

the DNA around the nucleosome (Vlijm et al. 2017). On positively supercoiled DNA, 

a right-shift in the peak of the curve is observed, which is attributed to formation of 

a right-handed nucleosome (Vlijm et al. 2017; Bancaud et al. 2007). Formation of 

right-handed nucleosomes is mediated by changes in the H3-H4 dimer interface 

(Vlijm et al. 2015), however it is not clear whether such structures have 

physiological relevance. 

 

1.6.5 Archaeal chromatin under mechanical stress 

To date, there have been no published work exploring the biophysical 

properties of histone-based chromatin in archaea. This presents an exciting 

opportunity for novel research. Given the biochemical and structural understanding 

of archaeal histones, one can speculate that the biophysical properties of archaeal 

chromatin may differ significantly to the eukaryotic counterpart, however, these 

distinctions remain undefined. 

During the course of my PhD, it has become apparent another research 

group is working towards similar objectives with histones from M. fervidus and 

other archaeal species (Henneman et al. 2018). This group have previously 

published work on the non-histone archaeal chromatin proteins (Sso10a1 and 

Sso10a2), showing that at low protein concentrations (10-100 nM) these proteins 

induce DNA bending in order to reduce the end-to-end length of the DNA. At higher 

concentrations (> 0.5 µM), Sso10a1 proteins form dimers, hence bridging DNA 

strands and providing further compaction (Driessen et al. 2016). At high 

concentrations, Sso10a2 forms a filament, which confers a highly extended state 

and an increased stiffness (i.e. persistence length) to the DNA (Driessen et al. 

2016). While these properties are exciting as these are non-histone chromatin 



Chapter 1 Introduction 

68 

 

proteins they are do not directly inform about the mechanical properties of histone-

based chromatin in archaea. 

 

1.7 Project context and aims 

The biochemical basis of this project is dependent on the early biochemical 

characterisation of histones in archaea which established the formation of stable 

histone dimers in solution, and which readily bind DNA without assistance by 

chaperones. The later conclusions of Wilkinson et al (Wilkinson, Ouhammouch, 

and Geiduschek 2010), and Sapir Ofer (Ofer 2018), alongside other unpublished 

data in the Werner lab, go further into the biological role of A3 as a histone protein 

in M. jannaschii. From these, I know that A3 positioning across the genome is not 

random, and can act as a hindrance to transcription (Ofer 2018; Wilkinson, 

Ouhammouch, and Geiduschek 2010). This information is incomplete with regards 

to histone-histone interactions, and has not directly investigated the presence or 

biophysical properties of the hypernucleosome structure in M. jannaschii. 

 As no published work has characterised the biophysical archaeal chromatin 

using single molecule force spectroscopy, the biophysical basis of the project lies in 

comparison to known properties of chromatin in eukaryotes. Single molecule 

research into archaeal chromatin is appealing for the exceptionally simple in vitro 

model, consisting of the pure components: only DNA and histones. These 

components are known to interact with one another unassisted.  

Particularly with M. jannaschii, over other archaeal models, single molecule 

experiments build upon prior knowledge, using an in vitro system which has been 

demonstrated to work well in bulk assays, with the ability to extend these assays 

into an in vitro transcription assay, already established in the Werner lab. Adding 

biophysical knowledge to this body of work will give a fuller picture of how histones 

are able to provide structure to the genome in archaea, and could potentially allow 

for extension of the work into understanding the role of histones in transcription, 

and hence gene regulation and expression. 
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1.7.1 Project aims 

The overarching objectives of this thesis are to define the biophysical 

properties of archaeal chromatin under physiological forces, and to provide further 

evidence for hypernucleosome formation in M. jannaschii. Specifically, I aim to 

investigate the complex formed by A3 and DNA and characterise: 

 Kinetics of chromatin assembly (Chapter 4) 

 Force-extension properties of archaeal chromatin (Chapter 4) 

 Effect of DNA supercoiling on archaeal chromatin extension (Chapter 5) 

 Effect of DNA supercoiling on archaeal chromatin stability (Chapter 5) 
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In this chapter, standard procedures are described briefly, followed by a full 

description of specific biochemical methods used in the project. The detailed, single 

molecule methods, including flow-cell construction, technical microscopy details 

and data analysis pipeline for magnetic tweezers and TIRFM are presented in a 

separate, Single Molecule Methods chapter because the methods and instrument 

development involved significant work that was conducted during the early phase 

of my research project (Chapter 3). 

 

2.1 Standard procedures 

2.1.1 E. coli transformation and growth 

30 µL E. coli competent cells (Subcloning Efficiency (Invitrogen) or 

Rosetta™ 2 DE3 pLysS (Novagen)) were thawed on ice for 30 minutes. 1-5 ng of 

the required plasmid DNA was added to the cells, and allowed to mix for a further 

20 minutes on ice. Cells were heatshocked in a heat block at 42 °C for 45 seconds, 

then immediately returned to ice for 2 minutes. 500 µL SOC media was added to 

the heatshocked cells, and recovery at 37 °C in a 180 rpm shaking incubator was 

permitted for 45 minutes. 50 µL transformed cells were plated onto pre-warmed LB 

agar plates prepared with the required antibiotic (100 µg/mL ampicillin, 34 µg/mL 

chloramphenicol depending on vector) and grown overnight (~16 hours) at 37 °C.  

Visible individual colonies were picked from the LB agar plate using the end 

of a sterile 10 µL pipette tip. The whole tip was dropped into 5 mL LB media with 

the appropriate antibiotic and incubated at 37 °C in a 180 rpm in a shaking 

incubator for a further 7 hours, until visible growth in solution.  

For small preparations (Qiagen Mini Prep kit), cells were harvested from the 

5 mL culture. For larger preparations, (Qiagen Midi Prep kit or protein expression) 

1 mL of the 5 mL culture was used to inoculate 200 mL LB media with the 

appropriate antibiotic. The 200 mL culture was incubated overnight at 37 °C at 

180 rpm in a shaking incubator. 

 



Chapter 2. Biochemical Methods 

 

73 

 

2.1.2 Ethanol precipitation 

DNA samples were concentrated by ethanol precipitation, to improve yield 

at later stages of the DNA tether construction process.  

To the known volume of DNA sample, 0.1 sample volumes of 3 M sodium 

acetate (Sigma Aldrich) was added; 3 sample volumes of ice cold 99 % (v/v) 

ethanol were added, and the mixture incubated for a minimum of 30 minutes on 

ice. The sample was centrifuged at 16000 g for 30 minutes in a chilled centrifuge at 

4 °C. The supernatant was removed and discarded, taking care to not disturb the 

small white pellet. The pellet was washed twice with 200 µL ice cold 70 % (v/v) 

ethanol, and centrifuged at 16000 g for 15 minutes at 4 °C. The supernatant was 

removed and pellet allowed to air dry for 15 minutes at room temperature. Finally, 

the pellet was gently resuspended in a small volume of TE buffer. 

 

2.1.3 Agarose-TAE gel electrophoresis 

Agarose gels were prepared at 1 % (w/v) using TopVision agarose (Thermo 

Fisher Scientific) and 40 mL TAE buffer. The mixture was microwaved until the 

agarose powder was dissolved, and allowed to cool until warm (but not hot) to the 

touch. GelRed Nucleic Acid Stain (Biotium) was added to the cooled (but not yet 

set) gel solution and swirled to mix, if required, to a final dilution of 1:10000, as per 

the manufacturer’s instructions. The solution was poured into a suitable mould, with 

well imprint, and allowed to set for 30 minutes, or until completely set. The gel was 

placed into a gel tank and completely covered with TAE buffer. Samples were 

mixed with GelPilot 5 X loading dye (Qiagen) and loaded into the wells in the gel. 

The sample was separated by electrophoresis at 120 V for 60 minutes, to achieve 

full separation of bands. A DNA ladder (Hyperladder 1 kbp, Bioline) was used 

alongside samples to ensure bands on the gel had the expected molecular weight. 

 

2.1.4 Low-UV agarose gel electrophoresis 

To prevent DNA damage, and facilitate production of high quality DNA 

tethers for MT, a low-UV gel extraction protocol was followed. First, a 1 % (w/v) 

agarose-TAE gel was prepared without a stain. The gel was loaded with a ladder, a 



Chapter 2. Biochemical Methods 

 

74 

 

reference lane containing a small amount of the sample, and an empty lane. The 

remainder of the sample was loaded into lanes on the other side of the gel. For 

large sample volumes, the wells on the unstained portion of the gel were taped 

together to make a larger total well volume. 

The sample was separated by electrophoresis at 120 V for 60 minutes, then 

the reference lane and ladder were separated from the rest of the gel, along the 

length of the empty lane. The reference sample part of the gel was stained or 

30 minutes in GelRed nucleic acid stain (Biotium), prepared at 1:10000 dilution 

from stock in TAE buffer. The DNA was visualised on a UV light box, and the 

location of the band for excision was marked with a notch to the gel. The complete 

gel was reassembled, and the corresponding band was excised from the unstained 

portion of the gel without exposure to the UV light, using the notch as a guide 

(Figure 2.1). The excised band was placed in a 1.5 mL tube, ready for extraction.  

The unstained gel was then stained with GelRed Nucleic Acid Stain 

(Biotium), and imaged to ensure that the complete and complete DNA band was 

extracted. DNA was then purified from the excised gel section using QIAquick Gel 

Extraction kit (Qiagen), following the manufacturer’s microcentrifuge protocol.  

 

 

Figure 2.1: Schematic of low UV-gel extraction procedure. 

An agarose gel prepared without a nucleic acid dye is loaded with sample, with an 
empty lane separating a reference lane from the rest of the sample. The sample is 
separated by electrophoresis at 120 V for 60 minutes to separate the DNA. The gel 
is cut along the empty lane and the reference lane is stained. A UV light box is 
used to locate the appropriate band in the reference lane and mark this visually 
with a notch. The gel is reassembled and the band is excised from the unstained 
portion of the gel  
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2.1.5 SDS-PAGE 

14 % (w/v) SDS PAGE gels were prepared (Table 2.1), topped with 6 % 

(w/v) stacking gel (Table 2.2) to enable formation of tight bands in the resolving gel. 

Gels were prepared to 0.75 mm thickness, for Bio-Rad mini-protean gel 

electrophoresis system. Gels were stored at 4 °C for up to 2 weeks before use.  

 

3.2 mL H2O 

3.5 mL 40 % (w/v) Acrylamide:Bis-acrylamide 

3.3 mL SDS-PA Gel - Resolving buffer 

100 µL 10 % (w/v) Ammonium persulfate 

10 µL TEMED 

Table 2.1: 14 % (w/v) Resolving gel mix 

 

3.0 mL H2O 

500 µL 40 % (w/v) Acrylamide:Bis-acrylamide 

1.5 mL SDS-PA Gel - Stacking buffer 

500 µL 10 % (w/v) Ammonium persulfate 

50 µL TEMED 

Table 2.2: 6 % (w/v) Stacking gel mix 

 

Small volumes of samples (20 µL) were prepared for analysis by SDS PAGE 

by addition of 5 µL 4 X denaturing loading dye and boiling at 95 °C for 5 minutes to 

denature proteins. Samples were cooled on ice and centrifuged briefly 

(approximately 5 seconds) at 17000 g in a room temperature centrifuge to collect 

the sample at the bottom of the tube, and to sediment large protein aggregates. 

Small volumes of samples (typically 5 µL) were loaded into the wells of the gel, 

alongside a protein ladder (Bio-Rad Broad Range Standards) to determine size of 

the proteins in the sample. 

Samples were separated by electrophoresis at 180 V for 10 minutes, then at 

200 V for a further 35 minutes, or until the bromophenol blue in the dye front had 

migrated to the very bottom of the gel. Gels were removed from the glass plates 

and stained with InstantBlue® Coomassie Stain (Expedeon), then imaged using a 

Typhoon FLA 9500 (GE Healthcare). 
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2.2 DNA tether preparation for magnetic tweezers 

2.2.1 Construct design 

To produce coilable DNA for Magnetic Tweezers (MT) assays, the DNA 

must be torsionally constrained by multiple attachments at either end, with the DNA 

free from single strand breaks. The approach used was to generate labelled 

‘handles’ by PCR, and a central unlabelled DNA fragment from digestion of a 

plasmid. 

 

 

Figure 2.2: DNA tether preparation schematic for magnetic tweezers 

DNA handles were generated by labelling-PCR. Handle DNA labelled with biotin 
and digoxygenin was ligated to a central, unlabelled DNA fragment which was 
generated by miniprep of the pGEM-rpo5 plasmid. 
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The plasmid sequence is derived from commercial vector pGEM-T-Easy 

(Promega) with an insert containing part of the genomic sequence of 

Methanocaldococcus jannaschii. It has previously been shown that in native 

chromatin A3 binds to this sequence, and the sequence has been used in in vitro 

biochemical assays (Ofer 2018). Preparation of the long, unlabelled central 

fragment from a plasmid ensures high fidelity in DNA replication, high yield, and is 

both efficient and reproducible. 

  The handles are derived from the same plasmid backbone (pGEM-T-Easy, 

circularised, from Sapir Ofer UCL), and the PCR products digested with 

corresponding enzymes, to generate complimentary sticky ends.  

 The three DNA fragments are ligated together to generate a single DNA 

molecule, with differentially labelled ends. These ends allow the DNA molecule to 

be tethered in the flow-cell in a unidirectional manner: the biotin-labelled end binds 

specifically to streptavidin coated magnetic beads, while the digoxygenin labelled 

end of the DNA will only bind to anti-digoxygenin on the functionalised flow-cell 

surface.  

 

2.2.2 Labelled handle preparation 

Orthogonal DNA ‘handles’ containing either biotin-16-dUTP (Jena 

Bioscience) or digoxygenin-11-dUTP (Roche) were synthesised by PCR, using low 

fidelity Taq polymerase (Sigma Aldrich) to incorporate the labelled nucleotides at T-

sites of the PCR product (Table 2.3, Table 2.4).  

An 8:1 molar ratio of unlabelled dTTP: labelled-dUTP was used to ensure 

adequate supply of labelled nucleotides for multi-site labelling of the product. A 

multi-labelled product is important for generating a strongly tethered DNA molecule 

in the MT flow-cell. Strength of tethering is determined by the number and strength 

of interactions between the labelled DNA tether and the bead or functionalised 

surface. I estimate that over the length of the DNA after digestion (biotin handle: 

952 bp, digoxygenin handle: 923 bp), each handle should, theoretically, have more 

than 20 labelled nucleotides incorporated. Unlabelled dTTP was included in the 

reaction mixture to prevent stalling of the polymerase due to limited nucleotide 

availability at poly-T sequences, and for increased efficiency of downstream 
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restriction digestion of the DNA, where T-bases are required for restriction 

enzymes recognition sequences. 

A large number of PCR cycles was performed to generate a high yield of 

product DNA for later stages of tether production. Both handles were produced with 

the same thermocycler protocol, in a Bio-Rad T100 thermocycler (Table 2.5). 

Success of the PCR reaction was verified by agarose-TAE gel electrophoresis. The 

handles were designed to be visually different sizes on a gel after PCR, in order to 

validate their correct production. The biotin-labelled handle should yield a product 

of 1111 bp, while the digoxygenin-labelled handle will yield a 1282 bp product. 

Ethanol precipitation of DNA from the PCR reaction was used to increase 

the concentration of the DNA for digestion, and to remove unused dNTPs, primers 

and buffer salts. 

 

5 µL 10 X Taq Buffer 

4 µL 25 mM MgCl2 

1 µL 7 ng/µL pGEM-T Easy 

1 µL 10 mM Primer: AEC 1 

1 µL 10 mM Primer: AEC 3 

4 µL 2 mM dNTP Mix 

1 µL 1 mM Biotin-16-dUTP 

32 µL H2O 

1 µL Taq Polymerase (5 U/µL) 

Table 2.3: PCR reaction mixture for biotin-labelled handle 

 

5 µL 10 X Taq Buffer 

4 µL 25 mM MgCl2 

1 µL 7 ng/µL pGEM-T Easy 

1 µL 10 mM Primer: AEC 2 

1 µL 10 mM Primer: AEC 5 

4 µL 2 mM dNTP Mix 

1 µL 1 mM Digoxygenin-11-dUTP 

32 µL H2O 

1 µL Taq Polymerase (5 U/µL) 

Table 2.4: PCR reaction mixture for digoxigenin labelled handle 
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95 °C 3 minutes 

  

95 °C 30 seconds 
x 60 

Cycles 
65 °C 30 seconds 

72 °C 70 seconds 

  

72 °C 5 minutes 

Table 2.5: Thermocycler protocol for 1 kbp DNA handles 

 

The multiply-labelled PCR products were digested with restriction enzymes 

to produce 4 bp overhanging sticky ends. A long digestion period was used to 

ensure the digestion ran to completion. High fidelity enzymes with low star activity 

were used to ensure that the DNA was not aberrantly digested during this time.  

The biotin-labelled handle was digested with Nco1-HF (NEB) (Table 2.6), 

and the digoxygenin-labelled handle with Not1-HF (NEB) (Table 2.7) at 37 °C for 

3 hours. Restriction enzymes were denatured at 80 °C for 10 minutes at the end of 

the digestion period. A visible change in length of the DNA product yielded 952 bp 

(biotin handle) and 923 bp (digoxygenin handle) after digestion.  

 

1 µg Biotin Handle DNA 

5 µL 10 X NEB Cutsmart Buffer 

0.8 µL NcoI-HF (20 units/µL) 

To 50 µL H2O 

Table 2.6: Digestion reaction for biotin-labelled handle 

 

1 µg Digoxygenin Handle DNA 

5 µL 10 X NEB Cutsmart Buffer 

0.8 µL NotI-HF (20 units/µL) 

To 50 µL H2O 

Table 2.7: Digestion reaction for digoxygenin labelled handle 

 

After digestion, the appropriate DNA fragment, of ~950 bp in length was 

purified by gel extraction using a low-UV method, and QIAquick Gel Extraction kit 
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(Qiagen) following the manufacturer’s microcentrifuge protocol, including the 

additional wash step with 500 µL QG buffer (Qiagen), and 5 minute wait after PE 

buffer wash to improve quality of DNA recovered. DNA was eluted from the column 

with 40 µL EB buffer (Qiagen), followed by a second elution spin with a further 

30 µL EB buffer to increase the amount of DNA recovered from the spin column. 

 

 

Figure 2.3: Labelled DNA handle PCR and digestion 

1 % (w/v) Agarose gel showing PCR products for biotin-labelled handle (1), 
digoxygenin labelled handle (2), and digestion products for the biotin-labelled 
handle (3) and digoxygenin labelled handle (4). 5 µL of each sample was loaded 
with 1.25 µL 4 X loading dye.  
 

2.2.3 Unlabelled central fragment preparation 

An unlabelled central DNA fragment was prepared from high copy number 

plasmid pGEM-T-Easy (Promega) containing a 5.5 kbp insert from RNA 

polymerase operon of Methanocaldococcus jannaschii (hence referred to as 

‘pGEM-rpo5’, kindly provided by Sapir Ofer, UCL), encoding subunits Rpo2’, 

Rpo2’’, Rpo5, and part of Rpo1’. This section of the M. jannaschii genome was 

identified using MNase-seq as having significant histone occupancy (Ofer 2018), 

and hence provides a DNA template to which it is known A3 will bind in 

experimental in vitro assays. 

pGEM-rpo5 was amplified in E. coli DH5α (Subcloning Efficiency, 

Invitrogen), cultured in 50 mL LB media to OD600 0.8. Cells were harvested at 
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4000 g for 8 minutes at 4 °C. Plasmid DNA was extracted from the cell pellet using 

QIAprep Spin QIAprep Midiprep Kit (Qiagen) according to kit instructions.  

pGEM-rpo5 DNA was digested with NcoI-HF (NEB) and NotI-HF (NEB) 

simultaneously (Table 2.8) to produce 4 bp sticky ends, complimentary to the biotin 

handle and digoxygenin handle sticky ends respectively. The digestion at 37 °C for 

3 hours was carried out in Bio-Rad T100 thermocycler. The enzymes were 

denatured at 80 °C for 10 minutes at the end of the digestion period.  

 

1.5 µg pGEM-rpo5 DNA 

5 µL 10 X NEB Cutsmart Buffer 

0.5 µL Nco1-HF (20 units/µL) 

0.5 µL NotI-HF (20 units/µL) 

To 50 µL H2O 

Table 2.8: Digestion reaction for unlabelled central fragment 

 

The digested DNA samples were separated by electrophoresis on 0.8 % 

(w/v) TopVision agarose (Thermo Fisher Scientific) gel for 50 minutes at 200 V. All 

digested DNA fragments were excised from the gel using a low UV exposure 

method. DNA was purified from the excised gel section using QIAquick Gel 

Extraction kit (Qiagen) following the manufacturer’s microcentrifuge protocol. 

 

2.2.4 Ligation of construct 

DNA handles were ligated to the central DNA fragment using the 

complimentary sticky ends produced by the restriction enzymes. This resulted in a 

7.5 kbp construct with 1 kbp biotin-labelled DNA at one end, 1 kbp digoxygenin-

labelled DNA at the other, and a central 5.5 kbp unlabelled region (Figure 2.4). 

Ligation of the three parts of the DNA tether was found to be best carried out in 

small volumes, with T4 ligase from New England Biolabs. The ligation reaction was 

carried out at 22 °C for 3 hours.  
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230 ng Biotin Handle DNA 

230 ng Digoxygenin Handle DNA 

100 ng Central Fragment DNA 

2 µL 10 X T4 Ligase buffer (NEB) 

1 µL T4 Ligase 400,000 U/mL (NEB) 

To 20 µL H2O 

Table 2.9: Ligation reaction for magnetic tweezers construct 

 

 

Figure 2.4: DNA fragments before and after ligation reaction 

1 % (w/v) Agarose gel of gel extracted, digested biotin-labelled handle (1, H1Δ), 
digoxygenin-labelled handle (2, H2Δ), and central fragment (3, C), and the 
products of the ligation reaction (4, L). Note the formation of a handle dimers 
(2 kbp) and central fragment dimers (>10 kbp) in lane 4. 

 

Bi-products of the ligation reaction included handle dimers (band at 2 kbp), 

as the handle sequences are able to self-anneal. Likewise, the central fragment is 

able to self-anneal using the engineered sticky ends, producing products larger 

than 7.5 kbp. No further purification of the tethers was carried out at this stage due 

to the low yield of the reaction. The additional products are not necessary to 

remove as neither handle dimers, nor products containing only one handle are able 

to bind both the magnetic bead and the surface, rendering them invisible to the 

magnetic tweezers microscope. Double length DNA tethers are easily identified in 

the data, were screened out in the processing of MT data. 
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2.2.5 Validation of DNA tethers 

In order to validate the DNA tethers, several control experiments were 

carried out. To verify that the DNA handles are able to bind specifically to their 

partner molecule (streptavidin or anti-digoxigenin), an electrophoretic mobility shift 

assay (EMSA) was used to demonstrate that a complex was formed when the 

appropriate binding partner was added. In separate reaction tubes, ~ 160 ng of 

each labelled handle DNA was incubated at room temperature for 20 minutes 

either with 1.5 µg streptavidin (Sigma Aldrich) or 1.5 µg anti-digoxygenin. 

 

  1 2 3 4 5 6 

170 ng Biotin handle       

160 ng Digoxygenin handle       

1.5 µg Streptavidin       

1.5 µg Anti-digoxygenin       

To 20 µL H2O       

Table 2.10. Reaction mixture for PCR labelling validation 

 

10 µL of each reaction were loaded onto a 1 % (w/v) agarose gel with 2.5 µL 

4 X loading buffer. Sample was separated by electrophoresis for 50 minutes at 

200 V in TAE buffer, and post stained for 30 minutes in 50 mL GelRed nucleic acid 

stain (Biotium), prepared to 10000 X dilution of the stock, as per manufacturer’s 

instructions. The DNA tether validation is shown in Figure 2.5.  
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Figure 2.5: Verification of label incorporation and substrate interactions 

DNA labelling was verified by separating complexes on 1 % (w/v) agarose gel. 
Biotin-labelled handle DNA was mixed with either streptavidin or anti-digoxygenin. 
The biotin-labelled DNA interacts specifically with streptavidin, causing the band to 
become a diffuse smear. The digoxygenin-labelled DNA was mixed with 
streptavidin and anti-digoxygenin. Digoxygenin-labelled DNA is able to interact 
specifically with anti-digoxygenin, resulting in a smeared diffuse band of DNA, and 
aggregation in the well of the gel. 
 

Interaction of the labelled handle with the appropriate substrate is evidenced 

by the band migrating to a higher molecular weight, which is seen in Figure 2.5. 

The biotin-labelled handle is able interact with streptavidin, but not with anti-

digoxygenin, showing that the biotin-UTP nucleotides have been incorporated into 

the PCR product, and that these labels interact specifically. Similarly, the 

digoxygenin-labelled handle is able to interact with anti-digoxygenin but not with 

streptavidin, again showing incorporation and specificity. 

In this assay, the bands become diffuse and show a wide distribution of 

molecular weights upon binding. The number of labels introduced to the sequence 

is reliant on random incorporation of the labelled nucleotide by Taq polymerase, so 

some DNA molecules contain more labelled nucleotides than others. These will 

migrate in approximately the same band when not bound to the partner molecule 

due to the small size of the label, whereas binding to the much larger substrate 

molecule gives a disperse distribution of complex weights due to the heterogeneity 

in labelling, which can be observed on the gel (Figure 2.5). 
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2.3 DNA tether preparation for TIRFM 

2.3.1 Construct design 

Lambda DNA, native to the E. coli lambda bacteriophage is 48.5 kbp in 

length, with 12 bp overhangs at either end. In order to prepare labelled DNA for 

TIRF microscopy, an approach was chosen that would be efficient in minimising 

DNA handling, as the long linear lambda DNA is easily damaged by excess 

pipetting. With this tether construct, as for magnetic tweezers DNA tethers, the 

DNA must be able to specifically and stably interact with the surface of the flow-

cell. 

In this preparation, the DNA ends were not orthogonally labelled, hence this 

construct is not unidirectional, and the resulting tethers in TIRF experiments cannot 

be used to localise specific parts of the sequence: the DNA could be in either 

orientation. Labelling using this method also means that both ends of the DNA can 

bind to the streptavidin coated surface, which increases the probability of each 

DNA molecule interacting with the surface. However, the dual end labelling also 

permits DNA loops to form, if both ends of the same molecule bind to the 

streptavidin coated surface.  

 

2.3.2 Klenow fragment fill in of lambda DNA ends 

To incorporate multiple labelled nucleotides at the ends of the lambda DNA, 

Klenow DNA polymerase was used. Klenow fragments, derived from DNA 

polymerase I, have 5’ to 3’ DNA polymerase activity and can be used to fill in 5’ 

overhangs at the end of DNA. Klenow fragments are also able to incorporate 

labelled nucleotides, so this functionality was used to incorporate biotin-labelled 

nucleotides at C and T sites in both overhanging ends, resulting in 7 and 5 biotin 

labels at either end (Figure 2.6). Both biotin-dCTP and biotin-dUTP were used in 

the reaction to increase the number of labels. 
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5’-GGGCGGCGACCT... ...GGGCGGCGACCU-3’ 

3’-CCCGCCGCUGGA... ...CCCGCCGCTGGA-5’ 

Figure 2.6: Lambda end labelling 

12 bp overhangs at the end of lambda DNA are filled in with Klenow polymerase. 
Biotin-labelled nucleotides (dCTP and dUTP) are incorporated, marked in red. 
 

As lambda DNA overhanging ends are complimentary, there is a tendency 

of the DNA to self-anneal, forming closed circles with no ends available for Klenow 

activity. To reduce this effect, a DNA melting step was included to separate the 

overhanging ends immediately prior to Klenow polymerase addition to the reaction. 

DNA and NEB Buffer 2 (NEB) were heated to 65 °C for strand separation. The 

remaining components of the reaction mix were added (Table 2.11), and the 

Klenow fill in reaction was allowed to run for 45 minutes at 25 °C.  

 

25 µL NEB Buffer 2 

5 µL 0.5 µg/µL lambda DNA 

2 µL 1 mM Biotin-16-dCTP 

2 µL  1 mM Digoxygenin-11-dUTP 

1 µL 2 mM dGTP 

1 µL  2 mM dATP 

0.5 µL  Klenow (5000 U/µL) 

Table 2.11: Klenow fill in reaction mix 

 

A second melting step at to 65 °C for 10 minutes was used to linearize any 

remaining self-annealed DNA molecules. The reaction was cooled to 25 °C and a 

further 0.5 µL Klenow (5000 U/µL) was added, and incubated at 25 °C for 

45 minutes to push the reaction to completion. The reaction was terminated by 

denaturation at 75 °C for 10 minutes. 

 

2.3.3 Purification of labelled lambda DNA 

The labelled lambda DNA was purified from unlabelled DNA using a 

modified protocol for a bead-based pulldown kit: QIAEX II Gel Extraction Kit 

(Qiagen). The 37 µL Klenow fill in reaction mix was diluted with 150 µL PB buffer 
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(Qiagen) and 100 µL nuclease free H2O. QIAEX II beads were resuspended by 

vortexing for 30 seconds, and 10 µL of the bead suspension was added to the 

diluted Klenow fill in reaction. The beads were allowed to bind the DNA for 

30 minutes at room temperature, on a tube rotator to prevent bead sedimentation. 

 The beads were pelleted by centrifugation at 16000 g for 30 seconds in a 

room temperature centrifuge, and the supernatant was removed and discarded. 

The pellet was gently washed 5 times with 200 µL PE buffer (Qiagen), taking care 

not to disturb the pellet. In the final wash, the beads were resuspended by gentle 

tapping of the tube, and the mixture was centrifuged at 16000 g for 30 seconds 

again, at room temperature. The supernatant was removed, and the bead pellet 

allowed to dry for 15 minutes at room temperature to remove any remaining 

ethanol from the beads.  

 The bead pellet was resuspended by gentle tapping in 30 µL TE buffer, and 

heated to 50 °C for 10 minutes to release the DNA from the beads. Beads were 

pelleted for the final time by centrifugation at 16000 g for 30 seconds at room 

temperature, and the supernatant, containing the labelled lambda DNA transferred 

to a clean tube, ready for use. 

 

2.4 A3 protein preparation 

A3 was prepared following a protocol from Sapir Ofer, and is in part 

described previously (Zander et al. 2017; Ofer 2018). All measurements of A3 

concentration were taken as monomer (not dimer) protein concentration. 

 

2.4.1 A3 expression 

The gene for histone A3 from Methanocaldococcus jannaschii in a pET21a+ 

vector (pET21a+A3, from Sapir Ofer, UCL) was used to transform E. coli Rosetta™ 

2 DE3 pLysS cells (Novagen) by heatshock. A single colony was picked from the 

plate, and grown to 200 mL starter culture overnight prior to expression of the 

histone protein, in LB media supplemented with 100 µg/mL ampicillin and 34 µg/mL 

chloramphenicol. 
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5 L of autoclaved high yield expression media (Moore et al. 1993) was 

inoculated with starter culture: 20 mL into each 2 L flask containing 1 L media, 

100 µg/mL ampicillin and 34 µg/mL chloramphenicol. The culture was grown to 

OD600 0.58, and induced with isopropyl β-D-1-thiogalactopyranoside (IPTG) to final 

concentration 1 mM, and grown for a further 3 hours, to OD600 0.96. Cell pellets 

were harvested by centrifugation at 4000 g for 20 minutes in a 4 °C chilled 

centrifuge. The supernatant was discarded and the cell pellet was transferred to a 

50 mL screw-cap tube and frozen at - 20 °C overnight. 

1 mL samples were taken immediately prior to induction, and at 1 hour 

intervals after induction for expression analysis by SDS PAGE. Cells from these 

samples were kept on ice, and harvested by centrifugation at 17000 g for 5 minutes 

at 4 °C, and resuspended in 100 µL N100 buffer (Figure 2.8). 

 

 

Figure 2.7: Growth curve for E. coli over-producing recombinant A3 

A3-expressing E. coli cell density at 600 nm was measured hourly. Pre-induction 
time points are marked in blue, post-induction time points in red.  
 

2.4.2 A3 crude purification 

The cell pellet was thawed on ice and resuspended in 30 mL N100 buffer 

with 20 µL DNaseI (2500 U/mL, Sigma-Aldrich) and 20 µL RNaseA (10 mg/mL, 

Sigma-Aldrich) and 2 EDTA-free proteinase inhibitor cocktail tablets (Roche), and 

vortexed until homogenous. Cells were lysed for 20 minutes by ultrasonication and 

cell debris removed by centrifugation at 12000 g at 4 °C for 30 minutes. A 50 µL 

sample of supernatant was retained for gels and the remaining supernatant was 

heat treated in 1.5 mL aliquots at 65 °C for 30 minutes, to denature native E. coli 
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proteins. Protein aggregates were removed from by centrifugation at 17000 g at 

4 °C for 30 minutes. The supernatant was transferred into a clean tube and 50 µL 

sample kept for SDS PAGE analysis. Finally, the supernatant was syringe filtered 

to 0.20 µm (MiniSart, Sartorius). 

 

 

Figure 2.8: A3 production and crude purification 

SDS PAGE of E. coli protein production before (0h) and after (1h, 2h, 3h) A3 
protein production was induced with IPTG. A3 is resolved in the lowest band of the 
gel. After sonication, the lysate was centrifuged to remove cell debris. A3 can be 
found in both the pellet (resuspended in N100 buffer) (P) and supernatant (S/N). 
The sonicated supernatant was heat treated, and centrifuged. A3 is found in both 
the supernatant (S/N) and pellet (P) of heat treated sample. Samples were diluted 
10 X in N100 buffer, mixed with 4 X loading dye then heated to 95 °C for 5 minutes. 
2 µL final volume of each sample was loaded on the 14 % (w/v) SDS 
polyacrylamide gel. 
 

Cell pellets collected after ultrasonication and heat treatment were 

resuspended in 30 mL N100 buffer and 1 mL N100 buffer respectively. 50 µL of 

each was retained for SDS PAGE analysis to confirm A3 has been correctly 

purified into the soluble fraction. Samples of protein expression (pre-induction, 1h-, 
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2h-, 3h-post induction) and crude purification stages were analysed on 14 % (w/v) 

SDS PAGE gel (Figure 2.8). 

 

2.4.3 A3 purification by heparin affinity 

A HiTrap Heparin HP 1 mL column (GE healthcare) was equilibrated with 

low salt N100 buffer, and the filtered supernatant (approximately 30 mL) was 

loaded by injection. The column was washed with 10 column volumes N100 to 

remove unbound proteins. Proteins with strong positive charges, such as DNA 

binding histones, are bound to the heparin column. Proteins were eluted using a 

linear gradient from low salt N100 to high salt N1000 over 15 column volumes. Salt 

gradient elution screens charges on the heparin resin, allowing protein elution. The 

column was further washed with 5 column volumes of N1000 buffer to ensure 

elution. All fractions were initially retained. Bradford protein assay was used to 

identify fractions from the gradient elution containing protein, and these were 

analysed on 14 % (w/v) SDS polyacrylamide gels, to be certain of A3 presence.  

 

 

Figure 2.9: Chromatogram of A3 purification by heparin column 

Protein eluted from the column between fractions 28 and 34. These were 
separated by SDS PAGE to determine A3 content. 
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Figure 2.10: A3 fractions from heparin column 

SDS PAGE of fractions from heparin column elution: input to the column (In), flow 
through (FT), and fractions 27 to 35 are shown after separation on 14 % (v/v) SDS 
polyacrylamide gel.  

 

Fractions containing A3 (fractions 32 and 33) were pooled and loaded into 

Slide-a-Lyzer dialysis cassettes (3.5K MWCO, 0.5-3 mL, Thermo Fisher Scientific). 

The sample was dialysed stepwise first into S500 buffer, then into S100 buffer, 

both pH 5.0. This dialysis reduces salt concentration in the sample and ensures A3 

is below its isoelectric point, ready for purification by cation exchange. The dialysed 

sample was recovered from the dialysis tubing and syringe filtered to 0.20 µm 

(MiniSart, Sartorius). 

 

2.4.4 A3 purification by cation exchange 

5 mL HiTrap SP FF cation exchange column (GE Healthcare) was 

equilibrated with S100 buffer. The dialysed and filtered protein sample was applied 

to column by injection and washed with 2 CV S100 buffer. Protein was eluted with 

35 mL linear salt gradient from S100 (100 mM NaCl) to S1000 (1 M NaCl). Small 

fractions of 0.6 mL were collected to aid separation of proteins with similar 

properties eluting together. All fractions were assayed for protein using Bradford 
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reagent, and A3-containing fractions were analysed on 14 % (v/v) SDS 

polyacrylamide denaturing gels.  

 

 

Figure 2.11: Elution profile of A3 from cation exchange column 

Protein eluted from the column between fractions 45 and 70. These were 
separated by SDS PAGE to determine A3 content. 
 

 

Figure 2.12: A3 fractions from cation exchange column 

SDS PAGE of fractions from cation exchange column elution: input to the column 
(In), flow through (FT), and even numbered fractions 30 to 70 are shown after 
separation on 14 % (w/v) SDS polyacrylamide gel. 
 
 

Following SDS PAGE analysis, fractions containing A3 without significant 

contamination from other proteins (fractions 60-65), were pooled and dialysed into 

N250 buffer in Slide-a-Lyzer dialysis cassettes (3.5K MWCO, 0.5-3 mL, Thermo 

Fisher Scientific) overnight. Finally, A3 concentration was tested by Qubit Protein 

Assay (see Section 2.7), then aliquoted and stored at 40 µM at -80 °C. 
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2.4.5 A3 purification by size exclusion chromatography 

For single molecule experiments, 1.5 mL of protein was further purified by 

size exclusion chromatography. This sample was filtered with 0.2 µm syringe filter 

(MiniSart, Sartorius) and 500 µL aliquots were applied to N250-equilibrated 

Superose 12 (10/300) GL column (GE Healthcare). A3 was eluted in N250 buffer 

(Figure 2.13), and A3 continuing fractions, as determined by SDS PAGE, were 

pooled (fractions 21-23) (Figure 2.14).  

 

 

Figure 2.13: Elution profile of A3 from gel filtration column 

Protein eluted from the column between fractions 21 and 30. These were 
separated by SDS PAGE to determine A3 content. 
 

  

Figure 2.14: A3 fractions from gel filtration column 

SDS PAGE of fractions from gel filtration elution: input to the column (In), flow 
through (FT), and fractions 19 to 28 are shown after separation on 14 % (w/v) SDS 
polyacrylamide gel. 
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Throughout the purification, A3 enriched samples show a strong band at 

approximately 7 kDa, the expected weight of the A3 monomer, but also a 

secondary, weaker band at 14 kDa, which corresponds to a heat and SDS resistant 

A3 dimer. Evidence for the identity of the 14 kDa band can be found in the SDS-

PAGE gel after gel filtration: proteins of 14 kDa sizes should elute from the column 

quicker than 7 kDa monomeric A3, however, a 14 kDa band can still be observed in 

fractions containing the 7 kDa A3 proteins. 

 

2.5 A3-C9A-L38C mutant preparation 

2.5.1 Construct design 

To fluorescently label A3 using thiol chemistry, a cysteine residue was 

required at a location which would not inhibit histone dimer formation. Fluorescent 

labels are typically added to the tails of eukaryotic histones, however A3 does not 

have a suitable tail domain to insert a fluorescent label. A position within the core 

histone fold was located by aligning a predicted structure of A3 (Kelley et al. 2015) 

with the structure of H4 (from 1AOI, (Luger et al. 1997)) which has been labelled 

efficiently within the histone fold at by mutating E63 to cysteine (Gruszka et al. 

2019). The residue in A3 which aligned with E63 in H4 was selected for mutation to 

place a cysteine residue (L38). A native cysteine residue in A3 (C9) was mutated to 

a small, unreactive alanine residue in order to ensure labelling occurred specifically 

and at only the correct site.  

 

 

Figure 2.15: A3-C9A-L38C labelling site  
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A3-C9A-L38C (teal) had point mutations introduced at C9 (blue) and L38 (cyan). 
L38 in A3-C9A-L38C corresponds to the known mutant site E63 (black) in the H4 
monomer (grey). The A3-C9A-L38C model and H4 structure show close structural 
homology (overlay). Monomer model of A3-C9A-L38C was generated using 
Phyre2 (Kelley et al. 2015).  
 

 The A3 gene sequence containing both C9A and L38C mutations (A3-C9A-

L38C) was commercially synthesised and inserted into a pET21a+ vector 

(Genewiz), ready for protein expression. Commercial synthesis was extremely time 

and cost effective (2-week turnaround for £177).  

 

2.5.2 A3-C9A-L38C expression 

E. coli Rosetta™ 2 DE3 pLysS cells (Novagen) was transformed by 

heatshock with pET21a+A3-C9A-L38C. A colony from the LB-agar plate was 

picked into 200 mL starter culture overnight with 100 µg/mL ampicillin and 

34 µg/mL chloramphenicol, prior to large scale protein expression. A3-C9A-L38C 

was expressed in 5 L of LB media with 100 µg/mL ampicillin and 34 µg/mL 

chloramphenicol. Protein expression was induced with 1 mM IPTG when cell 

density reached OD600 0.7. A3-C9A-L38C was expressed for a further 2 hours to 

cell density above OD600 1.0. Cells were harvested at OD600 1.04 by centrifugation 

at 4000 g for 30 minutes (Beckman Coulter JLA-8.100 rotor). Cell pellets were 

transferred into a 50 mL screw-cap tube and stored at - 20 °C overnight. 

1 mL samples were taken immediately prior to induction with IPTG, and at 

1 hour and 2 hours after induction. Cells from these samples were kept on ice, and 

harvested by centrifugation at 17000 g for 5 minutes at 4 °C, and resuspended in 

100 µL N100 buffer (see Figure 2.17). 
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Figure 2.16: Growth curve for E. coli over-producing recombinant A3-C9A-L38C 

A3-C9A-L38C-expressing E. coli cell density at 600 nm was measured hourly. Pre-
induction time points are marked in blue, post-induction time points in red.  
 

2.5.3 A3-C9A-L38C crude purification 

A3-C9A-L38C was purified according to a similar protocol as wild type A3. 

Cell pellets were thawed on ice, and resuspended in 35 mL N100 buffer. To aid 

purification, the cells were supplemented with 15 µL DNaseI (2500 U/mL, Sigma-

Aldrich) and 15 µL RNaseA (10 mg/mL, Sigma-Aldrich) and 2 EDTA-free 

proteinase inhibitor cocktail tablets (Roche), and vortexed until homogenous. Cells 

were lysed by ultrasonication for 30 minutes on ice, in 20 second pulses at 100 Hz. 

Cell debris was removed from the lysate by centrifugation at 8000 g (Eppendorf 

5810R) at 4 °C for 20 minutes. A 50 µL sample of supernatant was retained for gels 

and the remaining supernatant was heat treated in 1.5 mL aliquots at 65 °C for 

30 minutes, to denature native E. coli proteins. Protein aggregates were removed 

from by centrifugation at 17000 g at 4 °C for 30 minutes. The supernatant was 

transferred into a clean tube and 50 µL sample kept for SDS PAGE analysis (see 

Figure 2.17). Finally, the supernatant was syringe filtered to 0.45 µm (MiniSart, 

Sartorius). 

 

 

Figure 2.17: A3-C9A-L38C production and crude purification 

SDS PAGE of E. coli protein expression before (0h) and after (1h, 2h) A3-C9A-
L38C expression induction with IPTG. A3 is resolved in the lowest band of the 
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14 % (w/v) SDS polyacrylamide gel. After sonication, the lysate was centrifuged to 
remove cell debris. A3-C9A-L38C can be found in both the pellet (resuspended in 
N100 buffer) (P) and supernatant (S/N). The sonicated supernatant was heat 
treated, and centrifuged. A3 is found primarily in the supernatant (S/N) and pellet 
(P) of heat treated sample. Samples were diluted 10 X in N100 buffer, mixed with 
appropriate volume 4 X loading dye then heated to 95 °C for 5 minutes. 3 µL final 
volume of each sample was loaded on the gel. 
 

The cell pellet from cell lysis was resuspended in 20 mL N100 buffer. Cell 

pellet from heat treatment was resuspended in 1 mL N100 buffer. Both were 

retained for SDS PAGE analysis (Figure 2.17). 

 

2.5.4 A3-C9A-L38C purification by heparin affinity column 

A3-C9A-L38C enriched lysate (35 mL) was loaded onto a 1 mL HiTrap 

Heparin HP 1 mL column (GE healthcare), which had been pre-equilibrated with 

low salt N100 buffer. The column was washed with 10 column volumes N100 buffer 

to remove unbound proteins. A3-C9A-L38C was eluted from the column with a 

linear gradient from low salt N100 to high salt N1000 over 15 column volumes. The 

column was further washed with 5 column volumes of N1000 buffer to ensure 

elution. All fractions were initially retained, and subjected to Bradford Assay to 

confirm protein content.  

 

 

Figure 2.18: Chromatogram of A3-C9A-L38C elution from heparin column 

Protein eluted from the column between fractions 35 and 45. These were run on 
SDS PAGE to determine A3-C9A-L38C content. 
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Figure 2.19: A3-C9A-L38C fractions from 1 mL heparin column 

SDS PAGE of fractions from heparin column elution: input to the column (In), flow 
through (FT), and fractions 34 to 45 are shown after separation on 14 % (w/v) SDS 
polyacrylamide gel. 
 

Fractions containing protein were run on 14 % (w/v) SDS polyacrylamide gel 

to determine A3-C9A-L38C containing fractions (Figure 2.19). A3-C9A-L38C 

containing fractions (fractions 40 to 43) were pooled and loaded into SnakeSkin™ 

dialysis tubing (3.5k MWCO, 16 mm diameter, Thermo Scientific). The sample was 

dialysed stepwise overnight, first S500 buffer, then into S100 buffer, both pH 5.0 to 

reduce NaCl content, and transfer the protein in to a MES-based buffer for cation 

exchange. The dialysed sample was recovered from the dialysis tubing and syringe 

filtered to 0.20 µm (MiniSart, Sartorius). 

 

2.5.5 A3-C9A-L38C purification by cation exchange 

To further purify A3-C9A-L38C, 5 mL HiTrap SP FF cation exchange column 

(GE Healthcare) was equilibrated with S100 buffer. The dialysed and filtered 

protein sample (6 mL) was applied to column by injection and washed with 2 CV 

S100 buffer. Protein was eluted with 35 mL linear salt gradient from S100 into 

S1000 Figure 2.20). Small fractions of 0.6 mL were collected to aid separation of 

proteins with similar properties eluting together.  
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Figure 2.20: Elution profile of A3-C9A-L38C from cation exchange column 

Protein eluted from the column between fractions 45 and 70. These were 
separated by SDS PAGE to determine A3-C9A-L38C content. 
 

 

Figure 2.21: A3-C9A-L38C fractions from cation exchange column 

SDS PAGE of fractions from cation exchange elution: input to the column (In), flow 
through (FT), and fractions 45 to 70 are shown after separation on 14 % (w/v) SDS 
polyacrylamide gel. 
 

Bradford assay was used to determine protein containing fractions, and 

these fractions were run on 14 % (w/v) SDS polyacrylamide gels to determine A3-

C9A-L38C presence (Figure 2.21).  

Fractions containing A3-C9A-L38C, as determined by mass spectrometry 

(fractions 60-70, see Section 2.5.6) were pooled, and protein concentration 

quantified by Qubit Protein Assay (see Section 2.7). A3-C9A-L38C concentration 

was determined as 119.3 µM (monomer concentration). A3-C9A-L38C was diluted 

in N250 buffer and stored in aliquots of 40 µL at 40 µM.  
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2.5.6 A3-C9A-L38C validation by mass spectrometry 

To ensure the protein was correctly purified, fractions 49 and 63 from the 

cation exchange column were sent for analysis by mass spectrometry by the in-

house Proteomics group (Peter Faull, Proteomic STP, Francis Crick Institute). 

Fractions 49, and 63 were separated by SDS PAGE (see Figure 2.33), alongside 

the column input, and the MDCC labelled- A3-C9A-L38C (see Section 2.8) 

Bands from the gel were excised and digested with trypsin, following the 

standard protocol used by the Proteomics STP, and analysed with a Q-Exactive 

instrument. Raw data was analysed using MaxQuant v1.6.0.13, against the 2019 

SwissProt M. jannaschii and E. coli protein databases. A3-C9A-L38C mutant was 

also added to the search database. Further analysis was performed using Perseus 

v1.4.0.2.  

 

 

Figure 2.22: Mass spectrometry A3-C9A-L38C peptide mapping 

Peptides from trypsin digest of A3-C9A-L38C were detected by mass spectrometry 
and mapped back to the A3-C9A-L38C protein sequence. Both mutations (C9A and 
L38C) were confirmed by mass spectrometry. 
 

The band in fraction 63 of Figure 2.21 (corresponding to the protein in the 

lowest band of the ‘Input’ lane of the gel) was identified as A3-C9A-L38C, and both 

mutations (C9A and L38C) were validated.  

The higher molecular weight protein in fraction 49 of Figure 2.21 

(corresponding to the protein in the second lowest band of the ‘Input’ lane of the 

gel) was identified as a mix of HUa and HUb from E. coli (9.5 kDa and 9.2 kDa 

respectively). As HU is a bacterial chromatin protein with similar size, charge and 

DNA binding ability, it is not surprising that these proteins can be purified using the 

same methodology 
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2.6 MJ1647 protein preparation 

MJ1647 was prepared towards the beginning of the project, with the 

intention to carry out compare and contrast experiments with A3. This would have 

made this project more of a continuation of the project carried out by Sapir Ofer 

(Ofer 2018). However, I decided not to pursue MJ1647 characterisation, focussing 

instead on a full understanding of A3 mechanics. 

 

2.6.1 MJ1647 expression 

MJ1647 was purified following a similar protocol to A3. A pET21a+ vector 

(pET21a+MJ1647, from Sapir Ofer, UCL) was used to transform E. coli Rosetta™ 2 

DE3 pLysS cells (Novagen) by heatshock. A colony was picked from the plate, and 

grown to 200 mL starter culture overnight prior to expression of the histone protein, 

in LB media supplemented with 100 µg/mL ampicillin and 34 µg/mL 

chloramphenicol. 5 L of autoclaved high yield expression media (Moore et al. 1993) 

was inoculated with 20 mL starter culture into each 2 L flask containing 1 L media, 

100 µg/mL ampicillin and 34 µg/mL chloramphenicol. The culture was grown to 

OD600 0.72 then induced with 1mM IPTG, and grown for a further 3 hours, to OD600 

1.92 (Figure 2.23). Cell pellets were harvested by centrifugation at 4000 g for 

20 minutes at 4 °C, transferred to a 50 mL screw-cap tube and frozen at - 20 °C 

overnight. MJ1647-expressing cells were able to grow to a much higher cell density 

than A3 or A3-C9A-L38C expressing cells. 

1 mL samples were taken immediately prior to induction, and at 1 hour 

intervals after induction for expression analysis by SDS PAGE. Cells from these 

samples were kept on ice, and harvested by centrifugation at 16000 g for 5 minutes 

at 4 °C, and resuspended in 100 µL N100 buffer (Figure 2.24). 
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Figure 2.23: Growth curve for E. coli over-producing recombinant MJ1647 

MJ1647-expressing E. coli optical density at 600 nm was measured hourly. Pre-
induction time points are marked in blue, post-induction time points in red.  
 

2.6.2 MJ1647 crude purification 

Cell pellet from MJ1647 expression was resuspended in 35 mL N100 buffer, 

supplemented with 20 µL DNaseI (2500 U/mL, Sigma-Aldrich) and 20 µL RNaseA 

(10 mg/mL, Sigma-Aldrich) and 2 EDTA-free proteinase inhibitor cocktail tablets 

(Roche), and vortexed until homogenous. Cells were lysed for 30 minutes by 

ultrasonication and cell debris removed by centrifugation at 12000 g (Eppendorf 

5810R) at 4 °C for 30 minutes. A 50 µL sample of supernatant was retained for gels 

and the remaining supernatant was heat treated in 1.5 mL aliquots at 65 °C for 

30 minutes, to denature native E. coli proteins.  

Protein aggregates were removed from by centrifugation at 17000 g at 4 °C 

for 30 minutes. The supernatant was transferred into a clean tube and 50 µL 

sample kept for SDS PAGE analysis. The supernatant was syringe filtered to 

0.20 µm (MiniSart, Sartorius). 

Cell pellets from centrifugation after ultrasonication and heat treatment were 

resuspended in 30 mL N100 buffer and 1 mL N100 buffer respectively. 50 µL of 

each was retained for SDS PAGE analysis to confirm MJ1647 had been correctly 

purified into the soluble fraction. Samples of protein expression (pre-induction, 1h-, 

2h-, 3h-post induction) and crude purification stages were analysed on 14 % (w/v) 

SDS polyacrylamide gel (Figure 2.24). 
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Figure 2.24: MJ1647 production and crude purification 

SDS PAGE of E. coli protein expression before (0h) and after (1h, 2h, 3h) MJ1647 
expression induction with IPTG. MJ1647 is resolved at 11 kDa. After sonication, the 
lysate was centrifuged to remove cell debris. MJ1647 can be found in both the 
pellet (resuspended in N100 buffer) (P) and supernatant (S/N). The sonicated 
supernatant was heat treated, and centrifuged (supernatant (S/N) and pellet 
(P)).Samples for this gel were diluted 10 X in N100 buffer, mixed with appropriate 
volume 4 X loading dye then heated to 95 °C for 5 minutes. 2 µL final volume of 
each sample was loaded on the 14 % (w/v) SDS polyacrylamide gel. 
 

2.6.3 MJ1647 purification by heparin affinity column 

The cleared, filtered lysate (35 mL) was loaded on to a 1 mL heparin column 

pre-equilibrated with N100 buffer. Unbound proteins were removed by washing with 

10 column volumes N100 buffer. A linear salt gradient over 15 column volumes 

was used to elute MJ1647 from the heparin column, from N100 to N1000 buffer 

(Figure 2.25).  

Elution fractions were subjected to Bradford assay to determine protein-

containing fractions for SDS PAGE analysis (Figure 2.26). MJ1647-containing 

fractions (fractions 42 to 45) were pooled and dialysed stepwise into S500 buffer, 

the S100 buffer using SnakeSkin™ dialysis tubing (3.5k MWCO, 16 mm diameter, 

Thermo Scientific). 
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Figure 2.25: Elution profile of MJ1647 from 1 mL heparin column 

Protein eluted from the column between fractions 39 and 50. These were run on 
SDS PAGE to determine MJ1647 content. 
 

 

Figure 2.26: MJ1647 fractions from 1 mL heparin column 

SDS PAGE of fractions from heparin column elution: input to the column (In), flow 
through (FT), and fractions 38, 40, 42, 43, 44, 45, 46, 47, 48 and 50 are shown 
after separation on 14 % (w/v) SDS polyacrylamide gel. 
 

2.6.4 MJ1647 purification by cation exchange 

Dialysed MJ1647 in S100 buffer was recovered from dialysis tubing, filtered 

to 0.45 µm (MiniSart, Sartorius), and loaded onto a 5 mL HiTrap SP FF cation 

exchange column (GE Healthcare) pre-equilibrated with S100 buffer. The column 

was washed with 5 mL S100 buffer to remove unbound proteins. A 35 mL linear 

salt gradient from 100 mM to 1 M NaCl was used to elute MJ1647 from the column, 
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using buffers S100 and S1000 (Figure 2.27). Fractions were assessed for protein 

content with a Bradford assay, and protein containing fractions were analysed by 

SDS PAGE for MJ1647 content. Fractions containing MJ1647 (fractions 58 to 68) 

were pooled, and dialysed overnight into N250 buffer using Slide-a-Lyzer dialysis 

cassettes (3.5K MWCO, 0.5-3 mL, Thermo Fisher Scientific). Protein concentration 

was measured using Qubit fluorimeter. 

 

 

Figure 2.27: Elution profile of MJ1647 from cation exchange column 

Protein eluted from the column between fractions 46 and 70. These were 
separated by SDS PAGE to determine MJ1647 content. 
 

 

Figure 2.28: MJ1647 fractions from cation exchange 

SDS PAGE of fractions from cation exchange elution: input to the column (In), flow 
through (FT), and even numbered fractions from 38 to 78 are shown after 
separation on 14 % (w/v) SDS polyacrylamide gel. 
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2.6.5 MJ1647 purification by size exclusion chromatography 

In preparation for single molecule experiments, MJ1647 was further purified 

by gel filtration. The highly concentrated MJ1647 protein was filtered with 0.2 µm 

syringe filter (MiniSart®, Sartorius) and 500 µL aliquots were applied to N250-

equilibrated Superose 12 (10/300) GL column (GE Healthcare). MJ1647 was eluted 

in N250 buffer (Figure 2.29) and samples from fractions with a peak on the elution 

profile were separated by SDS PAGE to determine MJ1647 content (Figure 2.30). 

Fractions containing a high proportion of MJ1647 (fractions 17 to 19) were pooled, 

aliquoted and stored at - 80 °C.  

 

 

Figure 2.29: Elution profile of MJ1647 from gel filtration column 

Protein eluted from the column between fractions 16 and 30. These were 
separated by SDS PAGE to determine MJ1647 content. 
 

 

Figure 2.30: MJ1647 fractions from gel filtration column 
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SDS PAGE of fractions from gel filtration elution: input to the column (In), flow 
through (FT), and fractions 15 to 25 are shown after separation on 14 % (w/v) SDS 
polyacrylamide gel. 
 

2.7 Quantification of protein concentration  

For A3, A3-C9A-L38C and MJ1647, the concentration of the purified protein 

is difficult to establish. Concentration for all proteins used in this thesis are given at 

monomer concentration, to avoid any ambiguity with regard to the oligomeric state. 

Due to the small number of aromatic amino acid residues (tyrosine, tryptophan and 

phenylalanine) within the proteins spectroscopic methods have a low accuracy 

when determining protein concentration. Absorbance spectroscopy at 280 nm 

relies on the protein having a relatively high extinction coefficient in order to 

calculate the concentration of protein using the Beer Lambert Law (see Figure 

2.35). Absorbance at 215 nm, which corresponds to absorbance of light by the 

amide backbone of the protein, is highly dependent on knowing that the protein is 

pure. 

Other quantitative methods, such as the Bradford-Lowry protein assay 

require comparison to a protein standard with similar biochemical characteristics. 

Both the Bradford Assay and Coomassie staining of SDS PAGE gels work on the 

same principles: the dye molecule is able to stably bind to the protein complex. 

However, histone concentration is known to be unreliably estimated by the 

Bradford assay, and bovine serum albumen (BSA) is not a good standard in this 

case due to having vastly dissimilar amino acid composition. Hence, this method 

was not used for quantification of protein concentration. Coomassie staining of an 

SDS PAGE gel is also unreliable for quantification, as A3 has many lysine and 

arginine residues, so is preferentially bound by Coomassie brilliant blue dye, 

compared to other proteins. 

Amino Acid Analysis, to quantify the composition of a known volume of 

sample, for example by mass spectrometry, is an effective method, but was not 

available in house.  

With these typical quantification methods unavailable due to the properties 

of the histone proteins, a fluorescence based method using a Qubit 2.0 

spectrometer (Life Technologies, Thermo Fisher) was used to quantify histone 
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concentration. The Qubit Protein Assay (Life Technologies, Thermo Fisher) uses a 

fluorescence reporter to non-specifically bind protein. Proteins of all sizes and 

biochemical compositions are bound by the reporter molecule comparably, and 

thus a wider range of protein can be quantified using this method, including 

histones. Quantification using the Qubit Protein Assay is quick, easy, and 

repeatable, and was used to verify protein concentration following purification.  

 

2.8 A3-C9A-L38C labelling with fluorophores 

Labelling of the thiol group of the inserted cysteine residue requires to a 

reactive group, such as a maleimide, to form a covalent bond between the protein 

and fluorescent dye (Figure 2.31).  

For single molecule imaging, a bright and stable fluorophore is required, 

with sufficiently good tolerance to photobleaching to enable imaging of single 

molecules for tens of seconds. The fluorescent dyes were also chosen to fit 

constraints of the TIRF microscope: the fluorophore must be excitable by either 

488 nm, 532 nm or 650 nm lasers. Ideally, the chosen fluorophore would not 

overlap with the emission (570 nm) spectrum of Sytox Orange, a nucleic acid 

intercalator used to visualise the tethered DNA, in order to allow 2 colour imaging. 

Initial experiments with MDCC (Diethylamino-3-((((2-Maleimidyl) ethyl) 

amino) carbonyl) coumarin), a maleimide derivative of coumarin, was used to test 

the principle of thiol labelling with a maleimide dye. Subsequently other 

fluorophores already held in stock in the lab were also tested. These dyes were 

chosen for their better suitability for single molecule imaging. 

  

 

Figure 2.31: Maleimide chemistry reaction schematic 
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The thiol group (-SH) on a protein (P) (e.g. from a cysteine residue) reacts with the 
double bond of the maleimide group on the dye to form a covalent bond between 
the dye and protein. 
 

2.8.1 Labelling reaction 

A simple labelling reaction was initially used to test the labelling principle. 

Two separate reactions, with a 2-fold and 4-fold excess of MDCC, were used to 

ensure an adequate supply of free dye in the solution for the reaction to run to 

completion. The reaction was incubated at room temperature for 1 hour, on a tube 

rotator (16 rpm) to ensure solution mixing. Tubes were wrapped with foil to prevent 

photon activation of the dye during the incubation period. 

 

2.4 µL 20 mM MDCC  

200 µL 119 µM A3-C9A-L38C 

Table 2.12: A3-C9A-L38C 2-fold excess labelling reaction 

 

4.8 µL 20 mM MDCC  

200 µL 119 µM A3-C9A-L38C 

Table 2.13: A3-C9A-L38C 4-fold excess labelling reaction 

 

A control experiment, using 200 µL N250 buffer in place of the A3-C9A-

L38C sample was used. As coumarin-derived dyes display a large change in 

absorption upon binding to a protein, the reaction was tracked by absorbance at 

430 nm, the MDCC excitation maximum using a Nanodrop 2000 

spectrophotometer (Figure 2.32).  
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Figure 2.32: A3-C9A-L38C labelling reaction absorbance at 430 nm 

Absorbance at 430 nm, correlating to MDCC labelled protein, was measured using 
a Nanodrop 2000 spectrophotometer for the 4-fold MDCC excess reaction. The 
readings were normalised by deducting the absorbance of the buffer control 
sample. 
 

Labelling of A3-C9A-L38C was further confirmed by SDS PAGE analysis of 

the sample: labelled and unlabelled A3-C9A-L38C were loaded onto a 14 % (w/v) 

SDS polyacrylamide denaturing gel. The gel was run at 200 V for 45 minutes, and 

imaged with Typhoon FLA 9500 (GE Healthcare) at both 680 nm (for Coomassie 

stained proteins) and at 488 nm (close to the 482 nm peak for MDCC emission). 

 

 

Figure 2.33: A3-C9A-L38C labelling with MDCC 

A3-C9A-L38C, both unlabelled (1) and labelled with MDCC (2) with MDCC on a 
14 % (w/v) SDS polyacrylamide gel, and imaged at 680 nm for Coomassie Brilliant 
blue stained proteins, and at 488 nm for MDCC emission. MDCC emission 
localised to the same band as A3-C9A-L38C demonstrating successful labelling of 
A3-C9A-L38C. 

 

A3-C9A-L38C labelling was also attempted with dyes suitable for single 

molecule imaging (Cy3, Cy3B, rhodamine derivative tetramethylrhodamine-5-
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iodoacetamide dihydroiodide (5-TMRIA), and AlexaFluor 546). These reactions 

were prepared according to the same reaction protocol, with 4-fold excess dye. 

Two of the dyes (5’TMRIA and Cy3B) were from old, pre-diluted lab stocks, hence 

their poor labelling reactivity is likely to be due to these factors. 

 

2.8.2 Purification by spin column 

A3-C9A-L38C was separated from the unbound maleimide dyes using spin 

clean-up columns. Using these columns, the small molecules of the unbound dye 

will interact with the pores in the resin, becoming trapped and progressing slowly 

through the matrix. The larger protein is unable to interact with the small pores, and 

hence passes rapidly through the resin, eluting quickly from the column. For all 

labelling reactions, the same purification protocol was followed.  

Illustra Minispin G-25 columns (GE Healthcare) were vortexed to resuspend 

the resin, then centrifuged at 2000 g for 1 minute (Heraeus Biofuge Pico) to remove 

the storage buffer. 250 µL HPLC grade H2O was added to the top of the resin to 

rehydrate the column. The column was vortexed to resuspend, then centrifuged at 

380 g for 10 seconds. The column was placed into a clean 1.5 mL tube and the 

labelling reaction was applied carefully to the top of the resin, taking care not to 

disturb the surface. The column was then centrifuged at 380 g for 8 seconds 

(Heraeus Biofuge Pico), and this flow through termed ‘elution 1’.  

The column was placed into a clean 1.5 mL tube and 200 µL N250 buffer 

was applied to the top of the resin. This was again centrifuged for 8 seconds at 

380 g, with the elution labelled ‘elution 2’.  

The column was placed into a clean 1.5 mL tube and 200 µL N250 buffer 

was applied to the top of the resin. This was centrifuged for 10 seconds at 750 g, to 

remove remaining solution from the column, with the elution labelled ‘elution 3’.  

To validate the labelling of A3-C9A-L38C, a fluorescent SDS PAGE assay 

was used. 10 µL of each elution from the spin column purification labelled as 1, 2, 3 

for each dye) was loaded onto an 8–16 % (w/v) Criterion™ TGX™ Precast protein 

gel (26 well, Bio-Rad). The gel was imaged with Amersham Imager 600 on 

colorimetric settings, and using the 520 nm light source with Cy3 filter.  
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Figure 2.34: A3-C9A-L38C labelling verification 

Unlabelled A3-C9A-L38C (In) was label with several dyes (Cy3, Cy3B, rhodamine 
derivative tetramethylrhodamine-5-iodoacetamide dihydroiodide (5-TMRIA), and 
AlexaFluor 546). Protein and dye were separated by gel electrophoresis on 8–16 % 
(w/v) Criterion™ TGX™ Precast protein gel. Each labelling reaction was purified by 
spin column with 3 elutions (1, 2, 3) as described in the main text. 
 

2.9 Electrophoretic mobility shift assay 

Histone binding to DNA can be assessed quickly in an electrophoretic 

mobility shift assay (EMSA). Nucleic acids migrate faster in the gel than protein-

nucleic acid complexes, due to the bigger size and less negative charge of the 

complex formed upon binding slowing migration in the gel. Previous work has 

established that A3 is able to minimally bind 30 bp sections of DNA (Ofer 2018), 

and that this DNA length corresponds to binding of a single A3 dimer. 

Single stranded 30 bp oligonucleotides were annealed to provide double 

stranded DNA (dsDNA) templates for histone binding. The forward primer (AEC-44) 

was labelled with Cy3 fluorophore to track the mobility of the complex in the assay. 

An excess of unlabelled reverse primer (AEC-45) was used to ensure labelled 

primers were annealed into dsDNA. 

 

2.5 µL 10 µM AEC-44 primer 

5 µL 10 µM AEC-45 primer 

5 µL Annealing buffer 

12.5 µL Nuclease Free H2O 

Table 2.14: DNA annealing reaction mix for EMSA 
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The DNA was annealed by heating in a thermocycler to 95 °C for 5 minutes, 

followed by cooling with a temperature gradient from 95 °C to 25 °C, over 60 

minutes. 

 For the EMSA binding reaction, the DNA concentration was maintained, and 

the concentration of histone increased to demonstrate concentration dependent 

binding. A range of A3 histone concentrations (initial concentration from 1 µM to 

10 µM) were prepared. N0 and N1000 buffers were combined to give a final 

concentration of 200 mM NaCl in the reaction. 

 

1 µL A3 protein 

0.1 µL 20 mg/mL BSA 

1 µL 1 µM annealed DNA 

4.44 µL N1000 buffer 

3.56 µL N0 buffer 

9.9 µL Nuclease Free H2O 

Table 2.15: A3-DNA binding EMSA reaction 

 

2.625 mL 40 % (w/v) Acrylamide:Bis-acrylamide 

2.5 mL 10X TG buffer 

0.9 mL 50 % (v/v) glycerol 

18 µL 0.5 M DTT 

150 µL 10 % (w/v) Ammonium persulfate 

15 µL TEMED 

9.75 mL H2O 

Table 2.16: 7 % (w/v) native Tris-glycine gel mix for EMSA 

 

The A3-DNA binding reaction was prepared on ice, then incubated at 75 °C 

for 5 minutes in a heat block. A native loading dye was added and 10 µL of each 

reaction was run on a native 7 % (w/v) tris-glycine gel (Table 2.16) at 100 V for 

45 minutes. Cy3 labelled DNA was visualised by imaging with Typhoon FLA 9500 

(GE Healthcare). 
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2.10 A3-DNA kinetics by fluorescence anisotropy 

Fluorescence anisotropy was carried out with assistance from Simone 

Kunzelmann in the Crick Structural Biology STP facility. 

Prior to making fluorescence anisotropy measurements, the protein 

concentration was measured from the absorbance of the protein at 280 nm, using a 

UV/VIS spectrophotometer (V550, Jasco). 

 

 

Figure 2.35: A3 absorbance spectrum 

 

The measured absorbance of the A3 sample at 280 nm was 0.32. Using the 

Beer-Lambert Law (𝐴 = 𝜉𝑐𝑙), with an assumed molar absorbance coefficient (𝜉) of 

1490 M-1·cm-1 for A3 (inferred from the single tyrosine residue), and length 1 cm. 

A3 concentration was determined to be 215 µM.  

Fluorescence anisotropy was then measured using a spectrofluorometer 

(FP-8500, Jasco) with a water-cooled Peltier thermocell (ETC815, Jasco) set to 

20 °C. For fluorescence anisotropy experiments, two ssDNA oligomers (AEC-33, 

AEC-34) were annealed according to the protocol described in Section 2.9. This 

generated a dsDNA molecule of 30 bp in length, with a single tetrachlorofluorescein 

label. Unlabelled wild type A3 stock was used throughout the experiment to 

generate a concentration series. 

A preliminary experiment (Table 2.17) was carried out to ensure that a 

change in fluorescence anisotropy would be observed. For this experiment 100 uL 

of 50 nM of the tetrachlorofluorescein labelled dsDNA (prepared in N250 buffer 

from the 40 µM stock) was used as the starting solution in a quartz cuvette. 
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Volume A3 

(µL) 

Total added 

volume (µL) 

Final [A3] 

(µM) 

Final [DNA] 

(µM) 
Anisotropy 

0.00 0.00 0.00 0.0500 0.098 

*1.00 *1.00 0.99 0.0495 0.099 

0.47 1.47 1.09 0.0493 0.107 

4.70 6.17 10.56 0.0471 0.123 

4.70 10.87 19.23 0.0451 0.125 

Table 2.17: Preliminary fluorescence anisotropy reaction mix.  

Stock concentration of A3 was 215 µM throughout, except for the first A3 addition 
(marked by *), which used 10 µM A3 stock to avoid small pipetting volumes.  
 

A finer titration of A3 was then carried out (0.2 µM – 50 µM A3, Table 2.18), 

forming the main experiment. In this experiment, 100 uL of 50 nM DNA in N250 

buffer was also used as the starting solution.  

 

Volume A3 

(µL) 

Total added 

(µL) 

Final [A3] 

(µM) 

Final [DNA] 

(µM) 

0.0 0.0 0.00 0.0500 

*0.5 *0.5 0.21 0.0497 

*1.0 *1.5 0.64 0.0493 

*2.0 *3.5 1.45 0.0483 

*4.0 *7.5 3.00 0.0465 

*4.0 *11.5 4.43 0.0448 

1.0 1.0 6.31 0.0444 

1.0 2.0 8.15 0.0441 

2.0 4.0 11.73 0.0433 

2.0 6.0 15.19 0.0426 

4.0 10.0 21.77 0.0412 

4.0 14.0 27.92 0.0398 

8.0 22.0 39.13 0.0375 

8.0 30.0 49.08 0.0353 

Table 2.18: Fluorescence anisotropy titration 

Stock concentration of A3 was 43 µM throughout for the first A3 additions in the 
titration (marked by *). Later additions of A3 in the titration used 215 µM A3 stock. 

 

Results of the fluorescence anisotropy experiments were analysed by 

Simone Kunzelmann in GraphPad Prism, and are presented in Chapter 4. 
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2.11 Protein sequences 

Protein Sequence 

A3 
MAELPVAPCVRILKKAGAQRVSEAAGKYFAEALEEIALEIARKSVDLAKHAKRKT

VKVEDVKAALRG 

A3-C9A-L38C 
MAELPVAPAVRILKKAGAQRVSEAAGKYFAEALEEIACEIARKSVDLAKHAKRKT

VKVEDVKAALRG 

MJ1647 
MLPKATVKRIMKQHTDFNISAEAVDELCNMLEEIIKITTEVAEQNARKEGRKTIK

ARDIKQCDDERLKRKIMELSERTDKMPILIKEMLNVITSEL 

Table 2.19: Protein sequences 

 

2.12 Oligo sequences 

All oligos were purchased desalted from IDT, and prepared to 100 µM in 

nuclease free water. Oligos with fluorescent labels (Cy3, Tet), or of 60 bp or longer 

were ordered with HPLC purification for fluorescence anisotropy or EMSA. [TET] 

indicates a tetrachlorofluorescein label, used for fluorescence anisotropy.  

 

Name Direction Sequence (5’ to 3’) 

AEC-1 Rv CACACAGGAAACAGCTATGACCA 

AEC-2 Rv TAGGCCACCACTTCAAGAACTC 

AEC-3 Fw CTTTTACTTTCACCAGCGTTTCTG 

AEC-5 Fw AAGAAAGCGAAAGGAGCGG 

AEC-33 Fw [TET]CATACTGGTTCCAAAGCATGAAATAGTTCCAA 

AEC-34 Rv TTGGAACTATTTCATGCTTTGGAACCAGTATG 

AEC-44 Fw [CY3]GGTCACAGACCACATACTGGTTCCAAAGCA 

AEC-45 Rv TGCTTTGGAACCAGTATGTGGTCTGTGACC 

AEC-46 Fw 
[CY3]GGTCACAGACCACATACTGGTTCCAAAGCATGAAATAGTTCCA

AAAGAAGAAGTTGAGGA 

AEC-47 Rv 
TCCTCAACTTCTTCTTTTGGAACTATTTCATGCTTTGGAACCAGTATG

TGGTCTGTGACC 

AEC-48 Fw 
[CY3]GGTCACAGACCACATACTGGTTCCAAAGCATGAAATAGTTCCA

AAAGAAGAAGTTGAGGAGATTTTGAAGAGATACAATATAAAGATTCA 

AEC-49 Rv 
TGAATCTTTATATTGTATCTCTTCAAAATCTCCTCAACTTCTTCTTTT

GGAACTATTTCATGCTTTGGAACCAGTATGTGGTCTGTGACC 

AEC-50 Fw GGTCACAGACCACATACTGGTTCCAAAGCA 

AEC-51 Fw 
GGTCACAGACCACATACTGGTTCCAAAGCATGAAATAGTTCCAAAAGA

AGAAGTTGAGGA 

AEC-52 Fw 
GGTCACAGACCACATACTGGTTCCAAAGCATGAAATAGTTCCAAAAGA

AGAAGTTGAGGAGATTTTGAAGAGATACAATATAAAGATTCA 

Table 2.20: Oligo list 
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2.13 Plasmid list 

Plasmid Usage Source 

pGEM-T-Easy 

(circularised) 
MT handle template Sapir Ofer, UCL 

pGEM-rpo5 MT central template Sapir Ofer, UCL 

pET21a+A3 A3 expression Sapir Ofer, UCL 

pET21a+MJ1647 MJ1647 expression Sapir Ofer, UCL 

pET21a+A3-C9A-L38C A3-C9A-L38C expression Genewiz 

Table 2.21: Plasmid list 

 

2.14 Media list 

Media and Buffers marked with * were prepared by Media Preparation 

Science Technology Platform at the Francis Crick Institute. All media was 

autoclaved before use. 

 

Media Composition 

LB Media* 10 g/L tryptone, 5 g/L yeast extract, 10 g/L NaCl 

LB Agar* 10 g/L tryptone, 5 g/L yeast extract, 10 g/L NaCl, 15 g/L agar 

High Yield 

Bacterial 

Expression 

Media 

20 g/L tryptone, 15 g/L Yeast Extract, 8 g/L NaCl, 2 g/L disodium 

phosphate, 1 g/L dipotassium phosphate, 8 mL/L glycerol 

SOC media* 
20 g/L tryptone, 5 g/L Yeast Extract, 10mM NaCl, 2.5 mM KCl, 10 

mM MgSO4, 10 mM MgCl2,  20 mM glucose. 

Table 2.22: Media list 
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2.15 Buffers 

All buffers for protein purification were filtered (0.45 µm filter, Whatmann) 

under vacuum prior to use. Buffers for single molecule experiments were filtered to 

0.20 µm (MiniSart, Sartorius) before addition to flow-cells.  

Early decisions on buffer conditions for protein purification and working 

experimental conditions were taken based on the existing data available to me, 

primarily in the form of Sapir Ofer’s PhD thesis (Ofer 2018).  

 

Buffer Composition 

SDS-PA Gel - 

Resolving 

1.125 M Tris base, 0.3 % (w/v) sodium dodecyl sulfate (SDS). 

Adjust pH to 8.8 with 4 M HCl. 

SDS-PA Gel - 

Stacking 

0.5 M Tris base, 0.4 % (w/v) sodium dodecyl sulfate (SDS). 

Adjust pH to 6.8 with 4 M HCl. 

10X SDS-PA 

Running 

250 mM Tris base, 1.9 M glycine, 1 % (w/v) sodium dodecyl 

sulfate (SDS) 

4X Loading 200 mM Tris-HCl, 8 % (w/v) SDS, 400 mM DTT, 6 mM 

Bromophenol Blue, 32 % (v/v) glycerol 

10X TG 2.5 M Tris, 1.9 M glycine 

Annealing  10 mM Tris pH 7.4, 1 mM MgCl2, 100 mM NaCl 

NEB Buffer 2 50 mM NaCl, 10 mM Tris-HCl pH 8.0, 10 mM MgCl2, 1 mM DTT 

N0 25 mM Tris-HCl pH 8.0, 10 mM MgCl2, 1 mM TCEP 

N100 100 mM NaCl, 25 mM Tris-HCl pH 8.0, 10 mM MgCl2, 1 mM TCEP 

N250 250 mM NaCl, 25 mM Tris-HCl pH 8.0, 10 mM MgCl2, 1 mM TCEP 

N1000 1 M NaCl, 25 mM Tris-HCl pH 8.0, 10 mM MgCl2, 1 mM TCEP 

S100 100 mM NaCl, 25 mM MES pH 6.0, 1 mM TCEP 

S500 500 mM NaCl, 25 mM MES pH 6.0, 1 mM TCEP 

S1000 1 M NaCl, 25 mM MES pH 6.0, 1 mM TCEP 

TAE* 40 mM Tris, 20 mM Glacial Acetic Acid, 1mM EDTA 

TE  10 mM Tris pH 8.0, 200 mM NaCl, 1 mM EDTA 

Table 2.23: Buffer list 
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I joined the Francis Crick Institute at the NIMR, Mill Hill site, and helped to 

move the Molloy Lab to the Francis Crick Institute building in central London. This 

gave me the opportunity, early in my PhD, to construct the magnetic tweezers and 

multi-laser TIRF microscope from component parts. I also helped to dismantle and 

reinstall the JPK Atomic Force Microscope and rebuild the optical tweezers 

microscope.  

In this chapter I give a brief literature overview of various designs of 

magnetic tweezers before describing the instrument that I constructed for my PhD 

research. I describe the software used to control the equipment, collect data from 

various sensors (including the camera), and the down-stream data analysis 

pipeline. I also describe the experimental protocols that I used to test the 

mechanical properties of DNA and protein-DNA complexes. Finally, I describe the 

TIRF microscope used for fluorescence-based assays, and the corresponding 

analysis.  

The work described herein was conducted by myself, except where I 

acknowledge specifically in the text where I received help and assistance from 

other lab members: Dr Gregory Mashanov, Dr Nicholas Bell or Dr Justin Molloy. 

 

3.1 Magnetic tweezers: potential configurations 

There are many potential configurations of the magnetic tweezers 

apparatus, which confer their own experimental advantages or limitations. To 

design and build a suitable microscope, I evaluated of the possible configurations 

of MT. My initial hypotheses were that, due to the lack of chromatin remodellers, 

the structure of chromatin in M. jannaschii must be regulated by a mechanism 

intrinsic to the chromatin itself. To this end, experimental priorities during the 

microscope design phase were to investigate the force-extension properties of 

archaeal chromatin, and to understand the role of DNA supercoiling in chromatin 

formation. The magnetic tweezers device used in this study should, therefore, allow 

both tension and torque to be applied to DNA molecule while DNA length is 

measured, and protein concentration or solution composition are varied. Ideally, 

multiple DNA molecules should be studied simultaneously to enable high 

throughput data collection and analysis 
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3.1.1 Conventional magnetic tweezers 

Using a pair of bar magnets (~3 x 3 x 3 mm3), held in opposing polar 

orientations, and separated by about 1 mm, a near constant force over a relatively 

large area (300 x 300 µm2) can be produced at the microscope objective plane 

(Figure 3.1). Force can be adjusted over a range of 0.01 to ~10 pN by moving the 

magnets towards the sample plane. This arrangement is generally considered 

‘conventional’ magnetic tweezers.  

The strength of the magnetic field is dependent on the spacing of the 

magnet pair, with a stronger force achievable with magnets close together or even 

touching. In this set up, it can be considered that all magnetic beads in the field of 

view (FoV) are under the same force. This allows multiple independent single 

molecules to be observed in parallel, significantly increasing throughput of 

experiments. In order to observe the magnetic beads with the light microscope, the 

sample can be illuminated by conventional bright-field optics using a low numerical 

aperture condenser so the incident light passes through the gap between the 

magnets. A magnetic tweezers set up with a small gap requires intense, flat-field 

illumination over the field of the view, which is unperturbed by the presence of the 

magnets either side of the beam of light. This illumination is often achieved using 

an LED or laser light source instead of a conventional halogen light. Alternatively, 

the sample can be illuminated from below (i.e. episcopic illumination), if the 

magnets are extremely close together, or touching. 

Movement of the magnet pair towards the sample increases the force 

exponentially. Magnets can be mounted on motorised linear actuators to finely 

control magnet position, and hence applied force. Often, these actuator devices are 

programmable, facilitating repeatable changes in applied force. 

The magnetic field produced by the magnets holds the magnetic moment of 

the superparamagnetic bead in a fixed orientation as the easy axis of the bead 

aligns with the magnetic lines of force. Rotation of the magnets causes the 

magnetic field to rotate, thereby turning the beads, along with any associated DNA 

molecule (Figure 3.1). If the tethering dsDNA molecule is torsionally constrained at 

both ends, then it will experience a torque force and each rotation will result in a 
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change in the DNA linking number. However, if the DNA molecule is tethered via a 

single covalent bond, or one of the strands is nicked, then free-rotation about the 

single bond means that torque is no longer transferred to the rest of the molecule. 

For dsDNA, rotation of the magnetic field will cause either loss or gain of 

supercoiling, hence the number and direction of the applied turns directly correlates 

to the change in DNA linking number. Motorised control of magnet rotation enables 

the user to easily programme a protocol, giving better repeatability. This is the 

simplest configuration which would enable testing of both of the early investigatory 

aims: to understand the force-extension properties of archaeal chromatin, and 

explore the role of DNA supercoiling in chromatin formation. 

 

 

Figure 3.1: Conventional magnetic tweezers cartoon 

In conventional magnetic tweezers, force is applied by a pair of fixed permanent 
magnets. The easy axis of the superparamagnetic bead, attached to a single 
dsDNA molecule, aligns with the magnetic field. Strength of the field can be 
increased by moving the magnets closer together, and/or closer to the bead (i.e. 
downward in the cartoon). In addition, the pair of magnets can be rotated 
(illustrated by the arrow above) to apply torque to the tethered molecule. Note the 
cartoon is not drawn to scale: the magnets would be ~ 5 mm across, and 1-10 cm 
above the sample, while the dsDNA molecule would be ~ 2 µm long, and the bead 
1 µm in diameter. So the magnets are ~ 1000-fold further from the sample than 
shown in this cartoon. Hence, the magnetic field strength at the sample plane is 
constant along x, y and z axes, relative to the size of the bead. 
 

3.1.2 Freely orbiting magnetic tweezers 

Freely orbiting magnetic tweezers (FOMT) (Lipfert et al. 2011), use a ring or 

toroidal magnet to apply a force along the z axis, with the field aligned vertically 
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through the centre of the ring magnet (Figure 3.2). FOMT allows the free rotation of 

the bead and tethered molecule about the z axis, while the DNA is held under 

tension by the vertical magnetic fore exerted on the bead. FOMT can therefore be 

used to directly observe the change in linking number of DNA caused, for example, 

by protein binding. To observe bead rotation, a smaller non-magnetic bead can be 

attached to the side of the magnetic bead for tracking purposes. Due to the hole in 

the middle of the toroidal magnet, illumination of the sample can be from above or 

below. As the FOMT configuration does not permit DNA supercoiling (by definition 

the magnetic bead is freely orbiting), this was not a viable configuration for my 

magnetic tweezers apparatus.  

 

 

Figure 3.2: Freely orbiting magnetic tweezers cartoon 

A ring magnet is used in FOMT to provide a pulling force. The easy axis of the 
bead is oriented towards the centre of the ring, allowing the bead to rotate freely 
about the vertical axis in the magnetic field. A small additional, non-magnetic bead 
(blue) stuck to the magnetic bead (grey) is optionally used for tracking bead 
rotation. Not to scale. 
 

3.1.3 Magnetic torque tweezers 

Magnetic torque tweezers (MTT) use generally the same principle as FOMT 

to apply force in the z direction. However, an additional bar magnet is added to the 

side of the toroidal magnet, with the bar magnet in the opposite polar orientation to 

the ring (Figure 3.3, (Lipfert et al. 2014)). Due to the perturbation of the magnetic 

field by the bar magnet, the easy axis of the magnetic bead aligns at an angle, and 

rotation of the magnet assembly can be used to apply torsion to the tethered 
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molecule. As the strength of the toroidal magnet exceeds the strength of the bar 

magnet, the force vector remains in the z direction. By using a weak bar magnet, 

rotation of the bead is not fully constrained, and the bead is able to fluctuate in 

position due to thermal motion, with amplitude, depending on the angular trap 

stiffness (defined by the bar magnet strength). Fluctuations in angular orientation 

can be measured by tracking the position of a small non-magnetic tracking bead 

fixed to the magnetic bead (as for the FOMT described earlier). 

 

 

Figure 3.3: Magnetic torque tweezers cartoon 

As with FOMT, MTT uses a ring magnet to provide the pulling force. An additional 
side magnet attached in the opposing polar orientation produces a weak bias to the 
magnetic field causing the bead’s easy axis to align at an angle to vertical axis of 
the ring magnet, allowing torque to be measured, as well as applied. A small 
additional, non-magnetic bead (blue) stuck to the magnetic bead (grey) is used for 
tracking applied torque. Not to scale. 
 

MTT does permit DNA supercoiling, and also enables tracking of the torque 

applied to the DNA. However, for experimental purposes, this configuration poses 

several initial challenges for a newcomer to the field: the experiment requires 

multiple beads, in the correct distribution (i.e. one magnetic and one non-magnetic 

particle for each individual DNA molecule), coupled with particle tracking and 

downstream analysis. In addition, due to the nature of the magnetic field with 

FOMT, many set ups in this configuration only track a single molecule at a time, to 

ensure the bead is directly centred under the magnet. In preliminary trials, I found 

the maximum vertical force exerted by toroidal magnets was limited to around 2 pN 

– insufficient for some of the experiments I wanted to perform. 
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3.1.4 Electromagnetic torque tweezers 

Use of electromagnet coils has been used to configure electromagnetic 

torque tweezers (eMTT). With electromagnetic tweezers, force and torque can be 

applied independent of one another. The force is applied through a permanent 

magnet in the FOMT configuration, while an additional magnetic field is used to 

apply torque to the tethered molecule. Two pairs of Helmholtz coils make up the 

electromagnet (Figure 3.4). Applying an alternating current out-of-phase to these 

two pairs (such that one pair is activated, then the other) a rotating field can be 

achieved (Janssen et al. 2012). The field can be rapidly rotated in this way. The 

angular stiffness of the electromagnetic trap can be modulated by increasing the 

current through the electromagnetic coils. This is the main advantage over a MTT 

set up with permanent magnets, where the strength of the torsional trap is set by 

the bar magnet attached to the toroidal magnet.  

 

 

Figure 3.4: Electromagnetic torque tweezers cartoon 

Based on the FOMT setup, 4 additional electromagnet coils (gold-coloured rings) 
are arranged around the centred permanent magnet. An alternating current 
activates opposing pairs of coils to create a rotating magnetic field, which holds the 
magnetic moment of the magnetic bead in an angular trap. Increasing the strength 
of the magnetic field from the electromagnets increases the angular trap strength. 
Not to scale. 
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This arrangement has certain limitations, stemming from the use of 

electromagnet coils. For the electromagnetic field to be sufficient large, the size of 

the coils on an eMTT set up is large (~ 15 cm diameter) compared to that of the 

permanent magnets in the MTT setup (~ 1.5 cm diameter). In addition, running a 

current through the wire which makes up the coils causes heating of the 

electromagnet, and such setups should be fitted with a failsafe to prevent 

overheating - in the case of Janssen and Lipfert et al (Janssen et al. 2012), a circuit 

protector disengages the electromagnets when the temperature exceeds 60 °C. 

Even small fluctuations in temperature over time can cause changes in behaviour 

of biological samples. A set up such as this should also have a temperature 

controlled sample chamber, in order to ensure the effects of heating from the 

electromagnets do not adversely affect the measurements taken. 

 

3.1.5 Transverse magnetic tweezers 

Transverse magnetic tweezers apply the magnetic force in the x,y plane, so 

tethered molecules are stretched in the plane of the microscope coverslip. This has 

a significant advantage over longitudinal magnetic tweezers configurations, as it 

enables MT to be coupled with other microscopy techniques, such as 

epifluorescence or total internal reflection fluorescence microscopy (TIRFM) 

(Schwarz et al. 2013). Concurrent observations can be made using both 

techniques in parallel, allowing even greater interrogation of molecular interactions 

(Cross, Brown, and Baumann 2016).  

 

 

Figure 3.5: Transverse magnetic tweezers cartoon 
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In transverse MT, the magnets are positioned to provide the magnetic force in the 
x,y plane. A magnet pair is used to provide the force, but a ring or toroidal magnet 
could also be used. Multiple geometries can be used for this configuration. 
A. DNA is tethered directly to the coverslip, and pulled transversely at a small angle 
by the magnets.  
B. A large non-magnetic microsphere with a functionalised surface (blue) is used to 
tether the DNA off the coverslip surface. The DNA is held parallel to the coverslip 
by the magnetic bead (grey), which allows manipulation by the magnets. 
 

While the coupling of magnetic tweezers and fluorescence microscopy gives 

an advantage for probing location dependent protein binding, supercoiling DNA 

with this arrangement would be challenging. Hence, transverse MT would not be 

suitable for my planned experiments. 

 

3.2 Magnetic tweezers microscope: hardware 

I decided to build a MT microscope that has the ability to switch easily 

between two modes of operation: one that can produce controlled bead rotation, 

and another that allows force to be changed on a rapid timescale. This would allow 

the microscope to be used for a wide range of applications, and to perform all of 

the mechanical tests that I envisioned for my studies of DNA-histone interactions. 

Around the main body of the microscope are two pivoting magnet arms. 

These are directly fixed to the air table in order to minimise mechanical noise from 

the motorised movement of components attached to the arms. One arm assembly 

has a fast vertical translator device that allows rapid changes in force to be applied 

(e.g. for force-extension experiments), while the other arm has a stepper motor and 

drive belt system so that a pair of magnets can be rotated to enable DNA 

supercoiling capability. In addition to MT, this microscope has a multi-laser TIRF 

optical arrangement, which is also described below.  

 

3.2.1 Microscope body, camera and illumination 

The custom-built magnetic tweezers setup is built around a Nikon Eclipse 

TE2000-U inverted microscope. A 60 x 0.85 NA Plan Fluor air objective lens 

(Nikon) is mounted on a piezo objective focusing device (P721, PIFoc, Physik 

Instrumente). The coarse focus of the microscope is through the main microscope 
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body focus wheel, while fine-focussing is achieved using an amplifier/servo 

controller (E-665, PIFoc, Physik Instrumente). Initial focus is established by manual 

adjustment of the focus wheel, at the middle of the PIFoc focus range. This allows 

sufficient movement (+/- 50 µm) in either direction by computer control during the 

course of an experiment.  

The experimental sample consists of a microscope flow-cell (described 

below) that is mounted onto the stage. Stage position can be manipulated in 2D by 

a custom-built piezo-translator system (SLC-1740, stick-slip, linear actuators with 

MCS-3D closed-loop controller; SmarAct, GmbH). This was used to locate 

channels in the flow-cell, and to move the sample to find a new FoV between 

experiments. The range of movement was +/- 25 mm in both x and y directions and 

the built-in position sensors gave nanometre position-sensing and stability. 

The CMOS camera (DMK 33GX249e, The Imaging Source) used for MT 

has square pixels of 5.86 x 5.86 µm. 1920 x 1200 pixel resolution gives a FoV of 

the sample 118 x 188 µm2 in size. The calibration of pixel size is outlined in Section 

3.4.1. The full FoV can be captured at up to 48 fps, however by confining the FoV 

to a much smaller area (480 x 128 px2), it is possible to capture images from the 

camera at a much faster rate – up to 350 fps. The CMOS camera allows electronic 

exposure shuttering, that is independent of frame-rate. This means that each frame 

can be a brief snap-shot of ~ 1 ms exposure, so image motion-blurring is 

minimised. This is very important for video image analysis and correct 

measurement of bead thermal motion. Bright field illumination of the MT sample is 

provided from above by 630 nm LED (ThorLabs).  

 

3.2.2 Magnet control: rotation arm 

Two 5 x 5 x 5 mm3 neodymium magnets (Supermagnete) were mounted on 

a 1.5 cm diameter non-magnetic washer, with 2 mm spacing. The 2 mm spacing is 

sufficient to allow illumination via a standard Nikon, long working distance 

condenser. The relatively narrow magnet separation allows forces up to 5 pN to be 

generated using 1 µm magnetic beads (MyOne Streptavidin C1 Dynabeads, 

Thermo Fisher Scientific). For stronger forces, a 1 mm magnet gap can be used to 

reach forces up to 35 pN with 2.8 µm magnetic beads (M270 Streptavidin 
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Dynabeads, Thermo Fisher Scientific). Central alignment of the magnets becomes 

critical with the smaller gap as the magnets must not perturb the light path when 

they are being rotated. The magnets were mounted with opposing poles directed 

towards the sample. The washer was then mounted into the aluminium rotation 

arm. 

 

Figure 3.6: MT rotation arm 

The aluminium rotation arm uses a stepper motor coupled to a belt (not shown) to 
drive rotation of the magnet pair. The magnets are positioned directly above the 
sample contained in the flow-cell, and in line with the objectives lens of the 
microscope so the magnets do not obscure the light path.  
  

The rotation arm uses a belt-coupled stepper motor to rotate the mounted 

magnets. Belt coupling of the motor reduces vibrations and extraneous magnetic 

fields close to the sample. Rotation of the magnet pair by the motor was under the 

control of an Arduino device. The arm was constructed by the mechanical 

workshop at the National Institute for Medical Research (now superseded by the 

Francis Crick Institute) for an early iteration of this microscope, built by Algirdas 

Toleikis (Toleikis, Webb, and Molloy 2018; Toleikis 2015). An early version of the 

stepper-motor drive electronics caused heating of the motor and arm assembly (by 

about 1 °C at the sample region), which caused substantial drift in the flow-cell 

position. To minimise this problem, heatsinks were added to the upper side of the 

arm in order to dissipate heat away from the sample during use. A later version of 

the stepper motor drive electronics allowed dynamic control of drive current to 

prevent heating. 

The whole arm assembly is mounted on a rotating swivel, which allows the 

magnets to be swung into position above the sample for experiments or moved out 

of the way when the magnets are not required (e.g. when the sample is changed or 

the other magnet arm is in use). The rotation arm is also mounted on a tri-axial 

micromanipulator, which is used to centre the magnets over the sample, giving a 

constant magnetic field over the FoV. Once the magnets are centred, control of 



Chapter 3. Single Molecule Methods 

 

131 

 

arm height and magnet rotation is entirely digital, facilitated by the in-house 

software. 

 

Figure 3.7: MT microscope diagram: rotation arm 

See text for details about microscope hardware. 
 

 The vertical position of the arm is set by a stepper-motor actuator (ZFS13, 

13 mm travel, ThorLabs), which is driven by a stepper motor controller (KST101 

Kinesis K-Cube, ThorLabs). This controller can receive inputs locally from the user 

(for example to set the lowest magnet position at the beginning of the experiment) 

or from a digital source via ActiveX control of ThorLab’s APT software, incorporated 

into the in-house microscope software (described below). Programmable digital 

input was used during experiments to give highly repeatable sequences of 

movement of the magnets. Vertical movement of the arm reaches a maximum 

velocity of 3 mm/s. As the velocity of the motor is set in mm/s, force is applied 

exponentially as the magnets approach the sample, according to the inverse 

square law of the force-distance relationship of the magnets. 

 

3.2.3 Magnet control: force-extension arm 

With the force-extension arm, DNA supercoiling is not possible, and rapid 

change in force is prioritised. Two 5 x 5 x 5 mm gold plated neodymium magnets 

(Supermagnete) are mounted on a piezo actuator (SLC 1730, stick-slip linear 

positioner and MCS-3D closed loop controller), with 1 mm spacing between the 
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magnets. The lowest position of the magnets above the flow-cell is set first using a 

mechanical micromanipulator, then by fine adjustment with the piezo actuator using 

the manual controls on the MCS-3D controller (which also controls the x,y position 

of the stage). The magnets are positioned so they are fractionally above the flow-

cell (~ 150 µm), but not touching. To ensure the light path is not obscured by the 

magnets and that they are correctly centred over the sample, their lateral position is 

adjusted using a 3-axis micromanipulator. 

 During experiments, magnet height above the flow-cell, and hence force, is 

controlled digitally via user keyboard input or programming within the custom 

microscope software. The piezo actuator allows for rapid movement of the magnets 

(up to 32 mm/s), allowing force to be changed much more rapidly than the rotation 

arm assembly (described previously). 

 

 

Figure 3.8: MT microscope diagram: force-extension arm 

See text for details about microscope hardware. 
 

Like the rotation arm, the force-extension arm is mounted on a swivel-

mount, which enables the arm to be swung into position above the sample or 

moved out of the way when the other arm is in use. The magnet mounting stub is 

interchangeable, so different magnet configurations with 1 mm spacing, 2 mm 

spacing, or a ring-magnet for FOMT can be inserted allowing different experiments 

to be performed. 
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3.2.4 TIRF laser alignment 

For maximum functionality, the microscope is also equipped with 5 lasers at 

different wavelengths for TIRF microscopy (405 nm, 488 nm, 532 nm, 561 nm and 

650 nm) (Figure 3.9). The lasers are aligned along the same axis, using a series of 

adjustable kinematic mirrors and dichroic filters. The coaxially-aligned lasers are 

then directed through an acousto-optical tuneable filter (AOTF) entering at close to 

the Bragg angle (approximately 1.5 ° offset from normal incidence). The AOTF 

device filters the laser light, ensuring only the selected wavelengths are directed to 

the microscope. The device can be used to modulate each of the lasers separately 

or together using the acousto-optic effect. The first-order diffracted beam from the 

AOTF is directed through a rudimentary beam expander: a convex lens, then 

though a pinhole, and finally through a second convex lens. This arrangement 

ensures that light that is not well-aligned with the beam axis will be stopped at the 

pinhole (i.e. anything other than the 1st order diffracted beam).  

From here, light passes via a periscope arrangement into the microscope to 

illuminate the sample in TIRF. The TIRF angle is altered by adjusting two 

piezoelectric inertia actuators (PIAK10, ThorLabs), fitted to the final mirror mount 

on the top of the periscope assembly, which is conjugate with the microscope 

object plane. This actuator is controlled with a TIM101 piezo inertia actuator 

controller (ThorLabs). 
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Figure 3.9: TIRF laser alignment schematic 

Lasers for TIRF microscopy are aligned using a series of mirrors and dichroic 
filters. An acousto-optical tunable filter directs the first order beam through a beam 
expander to the microscope. 
 

 

Figure 3.10: TIRF laser alignment 

A photograph of the mirrors and AOTF used to align laser beams for TIRF. 
 

To perform TIRF imaging, a high numerical aperture objective lens (100 x 

1.45 NA Apo TIRF oil immersion, Nikon), is used and relevant dichroic mirror and 

emission filter rotated into position using the fluorescence filter wheel. Images from 

the TIRF system are captured by an Andor camera, and separate in-house 

software written by Gregory Mashanov. 
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 Theoretically, both TIRF and MT functions of the microscopes can be used 

simultaneously. However, because the magnetic beads have strong auto-

fluorescence, and the DNA molecule is tethered directly under the bead, the DNA 

and any associated proteins can only be observed clearly when solution flow is 

applied. For this reason, the TIRF imaging work that I present later in the thesis 

was conducted on a different, but virtually identical, microscope system (built by 

Justin Molloy) with the main difference being that it uses a Hamamatsu CMOS 

Flash 4.0 camera system. This microscope is described briefly in Section 3.6.1. 

 

3.3 Magnetic tweezers: software 

3.3.1 Microscope control software 

The microscope control software was written in-house using Borland C++, 

with the assistance of Gregory Mashanov. The software enables control of nearly 

all aspects of the microscope.  

The software enables full control of camera settings for image acquisition, 

including frame size, frame rate, gain, and exposure time. Image save settings are 

also directed here: first to the buffer and then to the solid state drive, with the ability 

to save only a subset of the images (for example 1 from every 20 frames). Videos 

are recorded in a proprietary format: GMV, which retains metadata about the 

recording conditions in the file header. GMV files can be opened directly in other 

software written by Gregory Mashanov, or imported into ImageJ for processing or 

conversion to TIFF files using ImageJ plugins written by Justin Molloy. However, it 

is important to remember that saving video files for post-processing results in 

storage of extremely large data files – particularly for long records. The software 

thus has the ability to truncate files to a set number of frames (typically 1000), or to 

split the record into multiple files with a maximum number of frames. These 

measures ensure that the recorded files are not unreasonably large. Split 

recordings can be later concatenated for analysis, if required.  

When the camera is running, the bead tracking algorithm runs in real time, 

updating bead centre position and bead width (along x and y axes) measurements 

for up to 200 beads in every frame. As the tracking algorithm is rapid, the 

coordinates can be saved to a binary file (proprietary GMB format) which is 



Chapter 3. Single Molecule Methods 

 

136 

 

significantly smaller than the corresponding video file. The tracking algorithm runs 

in real time during the recording so in practice only the GMB file is retained for 

further analysis. In fact, video data was only recorded on rare occasions simply to 

validate the tracking procedure or calibrate the camera’s pixel size. The GMB file 

format, and its use in the analysis pipeline is described below in Section 3.5.1. 

The microscope control software also reads-in text files that contain macro 

commands that are to be executed by the Arduino microcontroller. This enables 

control of both the piezo focussing device, and rotation of the magnets on the 

rotation arm. The Arduino programme is described below in Section 3.3.2. 

Control of the height of the rotation arm, via the ThorLabs ZFS13 motor and 

KST101 controller, is also through the microscope control software. ThorLabs APT 

ActiveX control panel is used to control these components, and is integrated into 

the main microscope software. This control panel enables the magnet height to be 

set with micron precision, and allows the user to set a series of movements for the 

arm, directing magnet height, dwell time at each height, movement velocity 

(maximum and minimum) and acceleration of the motor. The protocol can also be 

executed repeatedly, with several cycles of the movement series. These 

parameters are all imported from a comma separated value (CSV) file into the 

microscope control programme. 

 

 

Figure 3.11: Typical input for movement of magnet arms 
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Movement of the rotation arm can be programmed using digital input processed by 
ThorLabs APT ActiveX controller. CSV file input directs the cycle number (rows 1, 
20), the type of instruction (move or cycle) (A), move number (B), movement 
distance of the magnet arm in mm (C), minimum movement velocity in mm/s (D), 
acceleration in mm/s2 (E), maximum movement velocity in mm/s (F), dwell time 
from the beginning of each step in milliseconds (G), return to start height (true / 
false) (H) and whether the movement is absolute or relative to the previous step 
(absolute = true, relative =false) (I). 
 

 The height of the force extension arm (and hence force applied through the 

corresponding magnet pair) is controlled similarly. Movement of this arm is 

executed through the SmarAct controller and piezo actuator, instead of the 

ThorLabs components. To preserve the similarity between the two devices, the 

ThorLabs software is mimicked on screen, and the CSV file input for the SmarAct 

devices follow the same structure. The piezo actuator has a higher maximum 

velocity than the ThorLabs motor, so is able to move the magnets far more rapidly. 

To allow the same protocol to be executed on either device, the microscope control 

software uses the ‘minimum velocity’ column of the CSV file to set the movement 

speed for the SmarAct piezo whereas the ThorLabs device, more intuitively, uses 

the ‘maximum velocity’ column (see columns D and F of Figure 1.10). The 

ThorLabs device is able to overrule minimum velocity values which exceed its 

maximum (3 mm/s).  

 Stage movement is not controlled digitally through the software, though the 

position of the stage is reported back and written to file upon saving. Enabling the 

software to control stage position would be trivial, however this is currently not 

required as the function is provided by the joystick on the SmarAct MCS-3D 

controller. 

 

3.3.2 Arduino code 

The Arduino code was developed in collaboration with Dr Nicholas Bell, a 

postdoctoral fellow in the lab. Input to the Arduino is a simple string in a text file, 

delimited by commas. 

First communication to the Arduino is established through the serial port of 

the PC, and a quick test protocol is run, which ensures that connection is 

established correctly. A number of basic commands are used, consisting of a letter 
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followed by a number. These commands can have 2 distinct functions: to control 

the piezo focussing device, or to control magnet rotation. 

 The piezo focussing device is programmed to follow one of 2 commands: ‘V’ 

or ‘Z’, followed by the number of cycles for each procedure. Both commands 

translate the objective lens, moving it closer to the sample to mimic the movement 

of the bead, and hence allow calibration of magnet height. ‘V’ delivers a triangle 

wave over ~7.5 µm range, while ‘Z’ gives series of steps of the objective lens over 

a 7 µm range. Both can be later used to construct a lookup table for magnetic bead 

z-displacement calibration. Typically only one cycle of either lookup table is 

required. The bead image should be focused with the piezo focussing device in the 

centre of its range before commencing the protocol. 

 To rotate the magnets, both the number of rotations and the speed of 

magnet rotation can be set. Speed of rotation is set with the ‘S’ command, followed 

by the number of steps of the stepper motor per second. As the stepper motor 

takes 800 steps for a complete revolution, 800 steps per second gives one rotation 

the magnets per second. The magnets can be rotated in either the positive or 

negative directions, with respect to DNA supercoiling. As DNA is a right-handed 

helical molecule, rotating one end in the clockwise direction adds positive supercoil, 

while anti-clockwise rotation of the magnets confers negative supercoils. Positive 

and negative turns can be applied to the DNA using the ‘P’ and ‘N’ commands 

respectively, followed by the number of turns.  

 In addition, a wait (‘W’) command, counted in seconds, can be invoked to 

delay the onset of the next command.  

For a typical DNA supercoiling experiment, the full command string might 

be: 

 

s800,v1,w3,p40,w5,n80,w5,p40 

Figure 3.12: Typical string input for Arduino  

 

This protocol would read that the magnet rotation speed is set to 800 steps 

(1 revolution) per second. The objective lens is translated vertically in a triangle 

wave to generate a look up table, followed by a 3 second wait. The DNA is then 

supercoiled with 40 positive turns, followed by a 5 second wait. Then, 80 negative 

turns are applied (taking the total number of turns to -40), followed by a 5 second 
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wait. Finally, the magnets are rotated by 40 positive turns, restoring the DNA to 0 

applied turns. 

 The Arduino protocol cannot be aborted once started as the number of 

supercoils applied to the DNA would be difficult to determine, and the experiment 

would need to be restarted. It can take many minutes for the DNA tethers to 

rotationally relax to their nominally-zero resting value. Each step taken by the 

magnet-rotation stepper motor is recorded by a separate interface board and read-

back to the PC so that the exact angular position of the magnets is recorded with 

each video frame dataset. Likewise, positions measured by the PIFoc controller 

and the SmarAct 3D controller are read back to the PC and recorded with each 

video frame data set. 

 

3.3.3 Bead tracking algorithm 

Conceptually, the bead tracking algorithm is relatively simple. Prior to 

beginning the recording, beads are first located using ‘detect beads’ function, which 

passes a Gaussian mask over the image scaled to the size of the region of interest 

(ROI), looking for areas of the image which fit the profile of the mask, as defined by 

the full width at half maximum. ROIs are centred on the Gaussian mask, i.e. with 

the bead in the centre of the ROI. Once the beads detection protocol is complete, 

the tracking algorithm runs on every frame.  

To track the bead centre, a strip (typically 7 pixels wide) is taken through 

centre of the ROI in both the x and y directions. The intensity of the image along 

the strip is recorded, and the steepest positive and negative gradients are found. 

The bead edges are determined as the point where the steepest intensity gradients 

cross the background intensity level (Figure 3.13). The bead centre, calculated 

from the mid-point between the bead edges, is determined in both in x and y. The 

ROI is then re-centred around the bead centre coordinates. 4 data points are 

recorded for each bead for every frame: the bead edge values in both x and y (x1, 

x2, y1, y2). 

As the tracking algorithm uses the first diffraction ring of the bead, rather 

than the bead in focus, bead ‘width’ here is proportional to the distance between 

the measured bead edges in our tracking algorithm, rather than a direct 
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measurement of bead size. It should also be noted that particularly diffuse bead 

images are not well tracked by the tracking algorithm, as the edges of the bead are 

less well defined. In addition, for bead images where there is an inflection in 

intensity in the centre of the bead (such as image 1 of Figure 3.13), tracking can be 

lost due to the steep intensity gradients of the central bright spot. The bead tracking 

algorithm is also unable to track beads which are not spatially well separated 

because of overlapping diffraction fringes entering the analytical ROI. The ideal 

bead images for this tracking algorithm lie between images 2 and 3 of Figure 3.13.  

 

 

Figure 3.13: Bead width is determined from the light intensity profile 

The bead image (1-4) changes with distance of the bead from the slide surface, 
which can be mimicked by translating the objective lens. Intensity of the bead 
image through the centre of the ROI can be plotted as distance from the ROI edge 
(µm) against intensity. Each image is taken with 2 µm change in objective height, 
over a total range of 6 µm.  

 

During recording, the bead tracking algorithm is limited in the software to 

200 beads per FoV. The region of interest of each bead is indexed, and this 

indexing remains constant throughout each recording. Data from beads where 

tracking is lost during the course of the recording are typically discarded - these are 

easily identifiable in the data analysis phase.  
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3.4 Magnetic tweezers: calibration 

Before beginning experiments, the microscope must be calibrated. The force 

produced by the magnet pair must be empirically calibrated whenever the magnets 

on the setup are changed. Once calibrated, and the force-distance relationship is 

known, the magnets are simply set to their lowest point as a known fiducial starting 

value (~ 20 µm from the slide surface) at the beginning of each experiment. The 

bead-tracking algorithm that is used to determine the x, y and z coordinates of each 

bead must also be calibrated, by first measuring the x, y pixel calibration then by 

determining the transfer function between bead width (which is known from the 

pixel calibration) and bead height. The transfer function, called the z-displacement 

calibration, must be experimentally determined because it is a complex relationship 

that depends upon how the bead image changes shape as a function of bead 

movement along the z-axis (i.e. microscope focus). 

 

3.4.1 Camera: pixel size calibration 

The pixel size of the camera was calibrated using a graticule. The graticule 

used has a known line spacing of 100 µm, with 10 µm sub divisions. To calibrate 

the pixel size, I took images of the graticule in both the x and y directions. In 

ImageJ, I used the line measure tool to measure the number of pixels along the line 

over the 100 µm known distance. Size of the pixels was calculated by simply 

dividing the known size of the graticule divisions by the number of pixels.  

In the x direction, the 100 µm distance requires 1023 px. This gives a pixel 

size of 97.75 nm/px. In the y direction, the same distance covers 1025 px, giving a 

pixel size of 97.56 nm/px. The DMK 33GX249e camera has 1920 x 1200 px 
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resolution which, at 98 nm/px in both x and y, equates to a FoV size of 

118 x 188 µm. 

 

 

Figure 3.14: Pixel calibration with graticule 

Number of pixels over a 100 µm range was used to calculate the pixel size in 
nanometres using a graticule. Red line shows the measurement made: 1023 pixels 
in x, and 1025 pixels in y. 
 

3.4.2 Z-displacement calibration 

At the start of each experiment, a look-up table is generated by translating 

the objective lens through a known movement in the z direction using the Arduino 

and PIFoc devices. During experimental recordings, the objective lens is held at a 

fixed distance from the flow cell surface, while the bead moves inside the flow. To 

mimic this, and hence calibrate the z-displacement of the bead, the bead is held at 

maximum DNA extension (i.e. the magnets are positioned close to the specimen) 

to reduce Brownian motion of the bead and the objective lens is translated through 

a known range. As the objective lens is translated, the bead image changes (refer 

to Figure 3.13 for example bead images and bead width profiles). An example of 

the (uncalibrated) the change in measured DNA extension as the as the objective 

lens is translated is shown in Figure 3.15. 
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Figure 3.15: Z-height calibration raw data 

The objective lens is translated by the Arduino through a triangle wave with 7.5 µm 
amplitude (black). Raw bead width data (red) must be scaled to match the known 
translation of the objective lens. 
 

From this z-calibration data, a scaling factor is determined by plotting the 

bead width against the known translation of the objective. The gradient of the linear 

fit to this plot (Figure 3.16) is the scaling factor used to transform bead width into z-

displacement in microns.  

 

  

Figure 3.16: Finding the Z-height calibration scalar value 

Objective lens height is be plotted against bead width data (red), and fitted by a line 
(black). The gradient of the fitted line is the scaling value needed to convert bead 
width into z-displacement of the magnetic bead. Fit: 𝑦 = 2.18𝑥 − 0.05. 
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To verify that the scaling of the bead width data is now z-displacement in 

microns, the z displacement and objective lens height can be plotted on the same 

axis, as in Figure 3.15: now the two traces are matched (Figure 3.17). 

  

 

Figure 3.17: Typical Z-height calibration by look up table 

Once transformed by the scaling value, the displacement of the tracked bead (red) 
matches the translation of the objective lens (black). 
 

The bead width vs. z-height relationship is somewhat non-linear for large 

displacements, but over a moderate range (~10 µm) the relationship is 

approximately linear. The global linear correction is applied to all data points, for all 

beads within the dataset. The change in bead width is directly proportional to the 

height of the bead above the surface of the microscope slide, and thus the length of 

the DNA tether can be determined from the bead width.  

Over the range of the DNA tether length (~2 µm) used in my experiments, 

the relationship between bead height and bead width is linear. The only proviso is 

that the initial microscope focus offset (i.e. the nominal zero set point in Figure 

3.17) must be carefully adjusted to ensure one works within the linear range. If the 

calibration data did not show a linear relationship the focus was adjusted and the z-

displacement calibration was performed again. 
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Figure 3.18: Objective height and Z-displacement are directly correlated 

Objective lens height and z-displacement (after correction) are correlated (black 
line) over a large range. Fit: 𝑦 = 1𝑥 − 0.05 
 

As the bead width is determined by interpolation, this method to establish 

DNA tether length from bead width gives subpixel resolution. When benchmarked 

against other bead tracking algorithms (work by Dr Nicholas Bell, data not shown), 

the bead tracking strategy showed comparable accuracy to the more intensive 

bead tracking methods, such as using a look up table and the radial profile of the 

bead (Van Loenhout et al. 2012). This was particularly the at low force ranges used 

in this work (<10 pN) where thermal noise dominates fluctuations in bead position. 

 

3.4.3 Force calibration methods 

Following the microscope build, the force applied by the magnets was 

calibrated and corroborated extensively. I have used 3 methods to characterise the 

magnetic force based upon the equipartition theorem of thermal motion; variance in 

bead displacement; power spectral density (PSD) analysis; and integral of the 

power spectral density. 

All methods are based on analysis of the beads’ thermal motion: as force 

increases, the lateral variation in position (in x and y) decreases (Figure 3.19). For 

each method, a magnet movement protocol was executed which moved the 

magnets from 50 mm above the flow-cell (low force) to 0.2 mm above the flow-cell 

(high force) in a step-wise manner, holding the magnets stationary at a series of 
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intermediate positions. Data points acquired during the movement of the magnet 

arm were discarded to prevent transient motor noise and associated vibrations 

from affecting the measurements.  

 

 

Figure 3.19: Typical force calibration protocol 

Magnets were moved closer to the flow-cell surface (from 50 mm to 0.2 mm) and 
DNA extension was recorded at each step. 502 data points per force step, 36 fps. 
 

 

Figure 3.20: Variation in lateral bead position changes with force 

At very low force (0.2 pN, red) the bead moves laterally over a wide range. As force 
increases, this range is constrained. Minimum force 0.2 pN, maximum force 9.3 pN, 
502 data points per force step, 36 fps. Same data as Figure 3.19. 
 

 The equipartition of energy theorem allows the restoring force acting on the 

bead to be computed by modelling the bead and associated DNA tether as an 
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inverted pendulum (Figure 3.21) (Strick et al. 1996), with lateral variation in the 

bead position causing a small corresponding change in z-displacement. 

 

 

Figure 3.21: DNA can be modelled as an inverted pendulum 

DNA is modelled as an inverted pendulum when using the equipartition theorem to 
calculate the force applied to the DNA by MT. 
 

The force can be calculated from the equipartition theorem (Equation 3.1) using the 

variation in 𝑥 (or 𝑦 position) knowing the length of the DNA tether (i.e. the length of 

the pendulum). 

 

 𝐹 =
𝑘𝐵𝑇𝑙 

(𝛿𝑥)2
 Equation 3.1 

 

Where 𝑘𝐵𝑇 is the thermal energy driving Brownian motion of the bead 

(4.114 pN·nm at 25 °C), 𝑙 is the empirically measured DNA tether length, and (δ𝑥)2 

is the variance in the motion of the bead in the x direction, calculated from the bead 

centre coordinates at a set magnet height. 
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Figure 3.22: Distribution of X position of the bead 

X-position of the bead has a Gaussian distribution around the central bead position. 
As force is increased from 0.05 pN to 2.99 pN, the standard deviation in bead x 
position is decreased from 0.36 µm to 0.08 µm. All graphs calculated from 82800 
data points at 246 fps. Histograms have 40 bins, with bin size 0.05 µm. Force was 
calculated using the equipartition theorem. 

 

Another method of force calibration uses power spectral density (PSD) 

analysis of the tethered bead. To calculate the power spectral density of the data, a 

fast Fourier transform was applied to the x, y and z data.  

Conceptually, this method uses the viscous drag of the bead moving in 

water to determine the force. The viscous drag on a bead in water produces a 

Lorentzian-type roll off in amplitude, with increasing frequency (Figure 3.23), which 

can be fitted with 

 𝑓(𝑥) = 𝐴 (
𝑓𝑐

𝑓𝑐+𝑥
)

2

+ 𝐴𝑓  Equation 3.2 

 

With amplitude 𝐴, corner frequency 𝑓𝑐, and noise floor 𝐴𝑓. Corner frequency 

(also known as “cut off” or “roll off” frequency) is given by 

 

 𝑓𝑐 =
𝜅

2𝜋𝛾
  Equation 3.3 

 
Where 𝜅 is the stiffness of the trap created by the magnetic field, and 𝛾 is 

the viscous drag on the bead. The trap stiffness and viscous drag can be 

calculated using two additional relationships: 
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 𝜅 =
𝐹

𝑙
  Equation 3.4 

 

 𝛾 = 6𝜋𝜂𝑟ℎ  Equation 3.5 

 

Where 𝐹 is the applied force, 𝑙 is the tether length, 𝜂 is the viscosity of the 

buffer (taken to equal the viscosity of water), 𝑟 is the radius of the magnetic bead, 

and ℎ is the Faxén’s Law correction applied to account for additional drag due to 

the proximity of the bead to the surface. Using these identities, and the empirically 

derived 𝑓𝑐, we can calculate force: 

 

 𝐹 = 2𝜋𝑓𝑐𝛾𝑙  Equation 3.6 

 

In my analysis, the power spectrum (Figure 3.23) was computed by fast 

Fourier transform, using a moving window of 2048 data points. The power 

spectrum was then fitted with a Lorentzian equation (Equation 3.2) to determine the 

corner frequency. The value for the viscosity of the buffer, 𝜂, was assumed to be 

close to the viscosity of water at 22 °C (~ 0.001 N·s·m-2), while the radius, 𝑟, of the 

magnetic bead was 0.5 µm. Using the bead radius and DNA tether length of 

1.87 µm (based on the length in base pairs of the central part of the construct used 

for magnetic tweezers experiments), the Faxén’s Law correction, ℎ, was taken as 

1.2 (Svoboda and Block 1994a). From Equation 3.5, the viscous drag on the beads 

in my experiment can hence be calculated as 1x10-8 N·s·m. With this value, force 

can be calculated using empirical measurements of 𝑓𝑐 and 𝑙 for a given magnet 

height.  

As an example, we see that for the middle trace in Figure 3.23 (0.49 pN, 

X position data) when 𝑓𝑐 is 2.7 Hz and tether length (𝑙) is 1.8 µm, then magnet force 

(𝐹) is calculated as 0.31 pN. This is smaller than the value found using the 

equipartition theorem. Some reasons for this discrepancy are suggested below in 

the comparison of force calibration methods. A full exploration of force calibration 

through spectral analysis was carried out by Te Velthuis et al (Te Velthuis et al. 

2010).  
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The third method used to calibrate magnetic force uses the integral of the 

PSD, which is equal to the lateral variance in the bead’s position, as related by 

Parseval’s theorem which states that the sum of the function (in this case equal to 

the variance in bead position) is equal to the integral of the Fourier transform of the 

function (in this case, the Lorentzian fit to the data, given by Equation 3.2). This can 

be simplified using the above equations to:  

 

 𝐹 = √
4𝑘𝐵𝑇𝛾𝑙2 

𝐴
  Equation 3.7 

 

Knowing the viscous drag on the bead, and the empirical measurements of 

DNA tether length and the amplitude of the Lorentzian fit at 0 Hz (extrapolated from 

the dataset), I can directly calculate the force.  

The force determined from these calculations can be directly compared from 

a single dataset. While these should all give very similar results, there are some 

factors that must be taken into consideration when comparing the equations.  
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Figure 3.23: Force calibration by power spectral density analysis  

The PSD can be fitted with Equation 3.2 (black lines). Light blue to dark blue: 
forces 0.05 pN, 0.18 pN, 0.49 pN, 1.25 pN, 2.99 pN. DNA length 5500 bp. Beads: 1 
µm MyOne C1 streptavidin-coated Dynabeads. Each graph uses 82800 data points 
at 246 fps. The fast Fourier transform was calculated over a moving window size of 
2048 data points, and fit lines (black) use Equation 3.2. Force was calculated from 
the x position data, using the equipartition theorem. Same data used in Figure 3.22. 
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Figure 3.24: Comparison of force calibration methods 

Force was calibrated from the same dataset using 3 different methods. 
Equipartition of energy theorem in red, power spectral density analysis in blue, and 
the integral of the power spectrum in purple. Data collected at 246 fps, with 5500 
data points per force step. Note this is based upon different data to Figure 3.19 and 
Figure 3.22. 

 

Each superparamagnetic bead has an anisotropic axis, which aligns to the 

polar magnetic field. Due to the easy axis of the magnetic particles within the bead, 

the bead has different degrees of freedom in the x and y directions: aligning with 

(Figure 3.25A) or perpendicular to (Figure 3.25B) the magnetic bead respectively. 

This causes the force calculated from the x and y variations to be different unless a 

correction term is included to adjust for the effective difference in tether length and 

additional freedom of rotation in y (i.e. orthogonal to the magnetic field lines in the 

plane of the bead). 

 

 

Figure 3.25: Degrees of freedom of the magnetic bead in x and y 
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When the anisotropic axis of the bead aligns with the magnetic field, the bead 
remains aligned with the field without additional rotation, giving the lateral 
position (δ𝑥). The bead position orthogonal to the field has an additional degree of 
freedom as the bead can move around its tethering point. Both the pendulum 
motion and additional degree of freedom contribute to δ𝑦. Adapted from Te 
Velthuis et al (Te Velthuis et al. 2010). 

 

The different methods also treat instrumentation noise differently. An 

increase in the white noise affects the PSD, resulting in the amplitude (𝐴) and 

corner frequency (𝑓𝑐) of the PSD function remaining constant while the noise floor 

(𝐴𝑓) increases. For force calculations using Equation 3.1 or Equation 3.7, this 

means the force estimate decreases significantly. Significant peaks in the PSD, 

such as from systematic electronic oscillations or mechanical vibrations will be 

evident in the power spectrum and will affect the Lorentzian fit, potentially causing 

either over- or under-estimates of force. Examples of peaks in the power spectrum 

can be seen in the z-position data of Figure 3.23. Peaks in the power spectrum at 

60 Hz and 75 Hz can be observed, which affects the Lorentzian fit for the lower 

force traces (0.18 pN).  

PSD derived methods require a high frame rate to resolve high frequency 

components of the noise in the power spectrum, and hence produce accurate 

estimates of the amplitude and corner frequency. These methods are limited by the 

sampling frequency of the camera and as such the highest available frame rate 

should be used. In our setup, the highest frame rate requires a small FoV, limiting 

the number of beads that can be measured to only 2 beads: a fiducial and a DNA 

tethered bead.  

For simplicity, most groups working with magnetic tweezers use the 

equipartition theorem and measurement of bead positional variance to establish the 

force of their microscope setup. Due to the ease and speed of the method, I also 

chose to use the equipartition theorem method to routinely calibrate the set up.  

 

3.4.4 Force calibration 

To calibrate the magnetic force, the force-distance relationship of the 

magnets was determined. For each known magnet height above the surface of the 

flow-cell, force was calculated using the equipartition theorem. ‘0 mm’ magnet 
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height was defined as the point where the magnets came into contact with the flow-

cell. I calculated force from DNA length and variation in x position of the bead 

(Table 3.1). Using this data, the relationship between force and magnet height can 

be determined. This was achieved by fitting an exponential to the data. The gap 

between the pair of magnets affects the force applied to the magnetic bead (Figure 

3.26 and Figure 3.27). 

 

Magnet Height 
(mm) 

DNA Length 
(µm) 

X variation 
(nm2) 

Force 
(pN) 

5.00 1.45 24190.60 0.25 

4.00 1.65 15528.70 0.44 

3.50 1.73 9328.01 0.76 

3.25 1.75 9860.81 0.73 

3.00 1.78 7021.53 1.04 

2.75 1.80 6349.97 1.17 

2.50 1.82 5407.71 1.39 

2.25 1.84 4669.46 1.62 

2.00 1.86 4124.69 1.85 

1.75 1.88 3229.54 2.39 

1.50 1.89 2946.91 2.64 

1.25 1.92 2232.44 3.54 

1.00 1.94 1805.30 4.42 

0.80 1.96 1394.54 5.77 

0.60 1.98 1357.66 6.01 

0.40 2.01 1177.95 7.01 

0.20 2.00 1074.09 7.66 

Table 3.1: Force calibration typical data 

Force is calculated from DNA length and variation in x position of the bead, for 
each given magnet height above the flow-cell surface. Data shown graphically in 
Figure 3.19. 
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Figure 3.26: Typical force calibration with 1 µm beads 

Using data from Figure 3.19, the force-distance relationship for a magnet pair with 
a 1 mm gap was determined to give a maximum force of 9.3441 pN when using 
1 µm beads (Dynabeads MyOne C1 Streptavidin, Invitrogen). 
 

 

Figure 3.27: Typical force calibration with 2.8 µm beads 

The force-distance relationship for a magnet pair with a 1 mm gap was determined 
to give a maximum force of 29.637 pN when using 2.8 µm beads (Dynabeads 
M270 Streptavidin, Invitrogen). 

 

The force-magnet height plot (Figure 3.26) was fitted with an exponential in 

the form: 
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 𝑓(𝑥) =  𝑦0 + 𝐴 ∙ 𝑒−𝑥 𝜏⁄   Equation 3.8 

 

Here, 𝑦0 is the offset of the magnets from the flow-cell surface, in my 

analysis this was considered to be 0. 𝐴 is the maximum force that can be exerted 

by the magnet configuration, and would be achieved when the magnets are at the 

closest possible point to the flow-cell. The rate of change of force with distance 

exponential is described by 𝜏. The fit function in my analysis software uses inverse 

tau (1 𝜏⁄ ) as a parameter, rather than 𝜏 itself. 

 

3.5 Magnetic tweezers: data analysis 

All data analysis was carried out in Igor Pro 8.04 (Wavemetrics) software. 

Prior to analysing the data, all tethers had a fiducial correction applied to correct fro 

mechanical drift (described in section 3.5.3), and DNA tethers were validated to 

ensure they fit the expected characteristics of single DNA molecules (described in 

section 3.5.4). 

 

3.5.1 GMB file format 

Igor Pro 8 (Wavemetrics) was used to analyse GMB data files which were 

outputted from the microscope control software. The GMB file format, developed in-

house by Dr Gregory Mashanov consists of a header (containing universal 

variables which apply to all beads in the recording), followed by the bead 

coordinate data from the tracking algorithm.   

To load the data, first, the GMB file header is read into Igor Pro 8. Data 

recorded in the header is universal for all beads in the dataset. There are 88 bytes 

of data in the header.  

The first 28 bytes, (int32), come from values derived from the camera 

settings: exposure time (µs), frame time (µs), and the position of the subsection of 

the sensor used (X position, width, Y position and height), and frame size. The 

position and size of the recorded region are not used in this analysis, as the bead 

position data is not dependent on the size of the FoV.  
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The next 8 bytes (float) are the pixel calibration values for the camera (in 

nanometres per pixel), for both x and y directions. These are followed by 12 bytes 

(int16) of further settings, unused in my analysis. These are legacy parameters 

relating to laser power and sample illumination left over from the use of the file 

format for TIRF microscopy for which the file format was initially constructed.  

The next 20 bytes (int32) relate to values read back from the various 

sensors: x and y position of the stage, height of the force-extension arm (all from 

the SmarAct MCS 3-D controller), position of the piezo focussing device on the 

objective lens, and number of rotations of the magnets on the rotation arm (from 

the Arduino). A further 8 bytes (int32) carry the ROI size (in px2) and the number of 

beads in the recording.  

The final 12 bytes (float) hold the number of frames per second, the readout 

from the ThorLabs actuator defining height of the rotation arm, and one unused 

parameter. 

The main body of the GMB file holds the bead coordinate data in blocks of 4 

for each bead at each time point (x1, x2, y1, y2). To read this into the analysis 

software, data for each bead is placed into a temporary buffer array. X and Y 

position are computed from the data by finding the centre of the two x or y bead 

edge values. The z position is calculated by finding the average of both the X and Y 

positions, then multiplying this by the scaling factor determined from the Z-

displacement calibration (determined in Section 3.4.2).  

 In Igor Pro, a 3D data array is then constructed. In this array, the first 

dimension (rows of the table) refers to the frame number, and the second 

dimension (columns) holds the x, y, and z values, in that order. The third dimension 

allows subsequent beads to be stored in the same array, like pages of a book. 

 

3.5.2 Igor Pro 8: analysis interface 

Over the course of my PhD, I have developed the graphical user interface 

(GUI) to meet the needs of my data analysis. Many of the actions in Igor Pro 8 can 

be accessed via the menus, however the command line (Figure 3.28, bottom 

panel) can be used to access more complex functions. All of the graphs and 

displayed options in my GUI are written in the procedure window (not shown) and   
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Figure 3.28: Data analysis user interface in Igor Pro 

See main text for full description of user interface for data analysis.  
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called as required from the command line, buttons or checkboxes. Igor Pro utilises 

its own coding language, which has many basic functions pre-programmed.  

Once the data from the GMB file is read into Igor Pro, it is disconnected 

from the GMB file. This means that manipulations to the data in Igor Pro do not 

affect the recorded file, and the raw data can always be reloaded into the analysis 

software to start over. The raw data is also stored in the 3D array throughout. 

When data for a single bead is in use, the x, y and z data are put into a separate 

1D arrays. The 1D arrays are easier to work with and allow all functions in Igor Pro 

to be applied (which is not the case for multi-dimensional arrays). 

The GUI (Figure 3.28) initially displays the data for the bead with index 0. 

On the main graph (Graph0, top left), the universal parameters are displayed 

(objective lens height (blue), magnet height (black), magnet rotations (red line, 

top)). These do not change when the data for another bead is shown. The red 

dataset is the z displacement, while the dark and light green traces are x and y 

position data respectively. These 3 traces change when a different bead is 

selected. By default none of these 3 traces is smoothed before displaying. The 

smoothed z data (80 point binomial smoothing) is append on top of the red z data 

to aid the user’s interpretation of the data. All of the traces displayed on this graph 

are offset to be viewed at the same time. Magnet height (in mm, black line, 2nd from 

top) and magnet rotations (in ‘Turns’, red line, top) are scaled in y (by 0.001 and 

0.1 respectively) to be displayed on the same axes as the other data. 

Key functions are also accessed from the options panel in Graph0. The 

workspace can be completely reset, and all previous data and analysis removed 

using the ‘Initialise’ button. Clicking ‘NextBead’ on the user interface cycles through 

the indexed beads and updates the displayed graphs. Holding the control key when 

clicking ‘NextBead’ cycles the beads in reverse order. Other buttons on the Graph0 

option panel allow for the workspace to be reset to the original layout (‘Replot’), 

scaled to fit all data (‘Autoscale’), or for new files to be loaded while keeping the 

existing data available (‘LoadFile’).  

Clicking either of the ‘SmarActZ’ or ‘ThorLabZ’ buttons toggles the magnet 

height trace (black) to display the magnet height data from the force-extension arm 

or rotation arm respectively. In most cases only one of the magnet arms will be 

used in an experiment. 
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The fiducial bead is selected with the ‘Fiducial’ button, and the z data for all 

beads is corrected by toggling the ‘Fid-subtract’ checkbox. ‘KillBead’ marks data to 

be discarded, and removes the particular bead from the indexed bead list. As the 

GMB file is disconnected, the data can always be recovered later.  

 ‘Chop’ and ‘Stats’ write the template for these functions to the command 

line history (shown in bottom panel of Figure 3.28). The ‘Chop’ function is used to 

chop out the data points where there is significant motor noise, for example, in a 

force-extension protocol. The data points are replaced with ‘nan’ values, and can 

be applied to any of the traces independently. This helps to remove data which 

would affect the analysis process. Erroneously removed data can be restored by 

clicking through the ‘NextBead’ to reload the raw data for the bead from the 3D 

array. The ‘Stats’ function computes the required statistics (force, DNA extension 

and x variance) for the magnet height calibration. The data is then plotted in the 

‘MagnetCalibration’ graph (Figure 3.28, top right corner), and fitted with an 

exponential, as described in Section 3.4.3. 

By placing the cursors onto the data in Graph0, additional datasets are 

calculated and displayed for the data between the cursors. The cursor information 

panel below Graph0 displays the coordinates of the positions of the cursors, in both 

points, and appropriate units, as well as the difference between their positions (ΔX, 

ΔY). 

Placing cursors onto the x or y traces computes both the x vs y scatter plot 

(Graph1), and, if ‘FFT’ is selected in the option panel, the PSD functions (Graph2). 

Placing the cursors on the z trace computes the force-extension plot (Graph4). 

Both Graph2 and Graph4 can be further modified by selecting the checkboxes 

‘FFT+’ or ‘WLC’. These check boxes instruct Igor Pro to calculate the PSD function 

over a moving window of 2048 data points (‘FFT+’) for Graph2, or to fit the WLC 

model to the data in Graph4. Using any of these checkboxes (‘FFT’, ‘FFT+’ or 

‘WLC) increases the amount of time needed to plot the graphs by a few seconds, 

as the processes are comparatively computationally intensive. In other datasets, 

where the DNA is supercoiled, the DNA extension-rotation plot (Graph3, not 

shown, see Figure 3.31 for example) can be visualised by placing the cursors on 

the magnet rotation trace of Graph0.  

The ‘Store’ button, and neighbouring checkboxes (‘FFTs’, ‘Rots’ and ‘FExt’), 

allow the user to place the cursors and store the relevant data series for later use. 
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A few buttons are pre-set to display the stored data in a new panel: ‘Rots’ will plot 

all stored rotation data; ‘PSDs’ will plot the stored power spectrum data; and 

‘Graph’ will plot the stored force-extension data. 

 

3.5.3 Fiducial correction 

In order to correct for any drift in the measurements over the course of a 

recording, each record has a global correction applied, relative to a 1 µm silica 

bead fixed to the nitrocellulose coated coverslip. The fiducial beads are tracked in 

real time with the same tracking algorithm as the magnetic beads.  

 As we know that the fiducial bead remains fixed on the coverslip surface 

throughout, displacement of the position of this bead is the result of drift or noise. 

The data can be corrected passing a 10-point median filter over the z-displacement 

of the fiducial bead. This smoothed fiducial data was then subtracted from the data 

for each DNA tethered bead in the recording, to correct any mechanical noise and 

drift affecting measurement of the sample. To restore data to the uncorrected 

values, the ‘Fid-subtract’ checkbox in the GUI can be used. The fiducial correction 

data will be stored in the background and can be applied at any time. 

To ensure the correct DNA length measurement, the z-displacement data 

was also offset to assume that the lowest possible bead position is on the surface 

of the flow-cell. Under no applied force, the magnetic beads fall to the surface. The 

average and standard deviation of bead position in the z direction was measured 

for 5 seconds with no force. This data was used to establish a baseline. A global 

correction was applied to data for each bead, to set the surface position (i.e. 0 µm 

DNA extension) to 1.96 times the standard deviation (the 95th percentile). This 

correction accounts for beads diffusing against the hard, reflecting boundary of the 

coverslip. 

Note that once the fiducial correction is applied, the Z-displacement 

calibration will no longer align with the objective lens height. This is because the 

refractive index of the silica fiducial bead and the magnetic beads are not the 

same. 
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3.5.4 DNA tether validation 

Following fiducial correction and z-height calibration, each bead of every 

recording underwent a screening process prior to data analysis. In order to validate 

DNA tethered beads, all spatially separate beads, including fiducials in the FoV 

were initially tracked. If the Z-displacement calibration was not linear, the record 

was discarded, focus adjusted and the calibration run again.  

For all experiments, a force-extension protocol was used to ensure that the 

DNA tethers had the expected characteristic force-extension response by fitting to 

the WLC model (Equation 3.9). Individual beads which did not fit the expected 

profile (contour length, 𝑙0, 1870 ± 300 nm; persistence length, 𝑙𝑝, 50 ± 5 nm) were 

discarded from further analysis. If most beads in a FoV did not fit the expected 

extension profile, a new FoV was selected. A typical FoV had approximately 30 

DNA tethered beads which fit the force-extension profile. 

 

 𝐹 =
𝑘𝐵𝑇

4𝑙𝑝
∙ (

1−𝑙

𝑙0
)

−2

−
𝑘𝐵𝑇

4𝑙𝑝
+

𝑘𝐵𝑇𝑙

𝑙𝑝𝑙0
 Equation 3.9 

 

If the subsequent experiment required DNA supercoiling, a rotation-

extension protocol was also performed at 0.5 pN. DNA tethers that did not show 

any length change were discarded as they were not torsionally constrained (i.e. the 

dsDNA was either nicked or tethered via a single bond). Multiply tethered beads 

were also discarded at this stage. If few DNA tethered beads in a FoV showed the 

expected response, another FoV was selected to improve experimental throughput. 

A typical FoV had approximately 25 DNA tethered beads fitting the expected 

rotation-extension profile. All DNA tethered beads were validated prior to 

commencing the main experimental protocol. This decision process is summarised 

in a flowchart (Figure 3.29). 
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Figure 3.29: DNA tether validation flowchart 

DNA tethers were validated according to this thought process, to ensure 
homogeneity of the samples, and that they fitted the characteristic DNA properties. 
 

3.5.5 DNA force-extension analysis 

To validate the DNA tethers, a protocol was run on either the force-

extension or DNA supercoiling arm – whichever was appropriate for the main 

experiment. In this protocol, the magnets were translated through a series of steps 

(between 6 and 18 steps), from low force to high force. At each step, the bead was 

held for approximately 3 seconds before proceeding to the next force. Data points 

acquired during the movement of the magnet arms were discarded to prevent 

motor noise from affecting the measurements. Force was determined from magnet 

height using the previously carried out calibration (Section 3.4.3). This data was 

then fitted with the WLC model (Equation 3.9), and beads not fitting the expected 

parameters were discarded.  
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Figure 3.30: Force-extension with WLC fit 

DNA extension data (data shown in Figure 3.19 and Table 3.1Table 3.1: Force 
calibration typical data) was fitted with the WLC model to validate DNA tethers. 
WLC fit (using Equation 3.9) 𝑙𝑝: 50 nm, 𝑙0: 2.1 µm. 

 

 Due to the programmable nature of the components, the force-extension 

protocol was highly repeatable. A force-extension procedure was carried out to 

validate each tether at the beginning of all experiments. In the main part of an 

experiment, the force-extension protocol was carried out in different ways, such as 

using a force-ramp instead of steps in force, or by repeating the force-extension 

protocol in cycles of 10 (or more) repetitions. These variations are outlined in 

Chapter 4, where the force-extension properties of A3-chromatinised DNA are 

investigated. In all cases, the WLC model (Equation 3.9) was fitted using the Igor 

Pro curve fitting function, with 𝑘𝐵𝑇 fixed at 4.114 pN·nm. 

 

3.5.6 Supercoiled DNA analysis 

As described in the introduction to this thesis (Section 1.6.2), at low forces, 

DNA extension-rotation curves are symmetrical for torsionally constrained 

molecules. Torsionally constrained DNA rotated to increase (positively supercoil) or 

decrease (negatively supercoil) torsion on the molecule results in the formation of 

plectonemes.  

Initially, a small amount of rotation applied to the constrained DNA results in 

only a small decrease in the observed DNA length. These turns are taken up as 

‘twist’ in the DNA backbone, with the DNA double helix becoming tighter or looser, 
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depending on the direction of the applied turns. An additional turn beyond this 

stage results in the buckling of the DNA (the ‘buckling transition’), and the formation 

of the first plectoneme. Subsequent turns applied to the DNA result in formation of 

more plectonemes in a linearly-dependent manner, until all remaining DNA is 

sequestered from the observed length into plectonemes extending near 

perpendicular to the direction of measurement. In Chapter 5, I explore the effect A3 

has on DNA extension when the DNA linking number is changed. 

As the rotation-extension profile of DNA tethered bead under torsion is 

symmetrical at forces below ~0.8 pN, it can be approximated by a Gaussian 

function: 

 

 𝑓(𝑥) = 𝑦0 + 𝑎0𝑒−{
𝑥−𝑥0

𝜎
}

2
 
  Equation 3.10 

 

Where 𝑦0 is the offset of the bead from the surface, 𝑎0 represents the 

relative peak of the curve, 𝑥0 is the offset of peak from the 0 turn position, and 𝜎 is 

the half width of the curve at half maximum.  

 

 

Figure 3.31: Gaussian fit to rotation-extension plot 

At 0.5 pN, the DNA supercoiling plot is symmetrical and fits a Gaussian distribution 
with parameters 𝑦0 = 0.05 µm, 𝑎0 = 1.51 µm, 𝑥0 = -0.13 turns, and 𝜎 = 25.66 turns. 

 

We can extract multiple relevant pieces of information from this fit which 

enable further analysis. The peak of the curve (𝑎0) marks the maximal DNA 
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extension at the given force. This should directly correlate with the force-extension 

curve at the given force, and should be found at the point where DNA is fully 

relaxed. The height offset (𝑦0) defines the most compact DNA length under 

supercoiling. This value is found when no more superhelical density can be 

absorbed by the DNA. Often, the bead has approached the surface and the value 

of 𝑦0 is hence close to 0. To measure this value accurately requires sufficient 

applied turns to be applied to the DNA to observe the ‘tails’ of the Gaussian fit. In 

the case of my data (Figure 3.31), more than ±40 turns are required to determine 

the accurate value of 𝑦0. The lateral offset in the peak of the Gaussian fit (𝑥0) 

shows the number of turns where DNA length is longest. We expect this to be 

where the DNA is at its resting linking number (i.e. 0 turns).  

In order to quantify the DNA length absorbed as writhe by each additional 

rotation of the DNA end, the gradient of the steepest part of the Gaussian curve is 

calculated. This can be achieved by differentiating the equation of the Gaussian fit: 

 

 𝑓′(𝑥) =
−2𝑎0(𝑥−𝑥0)∙𝑒

−{
𝑥−𝑥0

𝜎
}
2

𝜎2
  Equation 3.11 

 

The first derivative of the Gaussian fit (Equation 3.11) determines the 

maximum and minimal gradients of the curve, while the second derivative 

(Equation 3.12) determines the respective locations of these inflection points. 

 

 𝑓′′(𝑥) =  
4𝑎0(𝑥−𝑥0)2∙𝑒

−{
𝑥−𝑥0

𝜎
}
2

𝜎4
−

−2𝑎0(𝑥−𝑥0)∙𝑒
−{

𝑥−𝑥0
𝜎

}
2

𝜎2
  Equation 3.12 

 

Graphically, these equations demonstrate the how the maximum and 

minimum gradients can be determined (Figure 3.32) 
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Figure 3.32: Gaussian function 1st and 2nd derivatives 

The Gaussian function (red, Equation 3.10) with representative parameters (𝑦0 = 0 
µm, 𝑎0 = 1.5 µm, 𝑥0 = 0 turns, and 𝜎 = 25 turns). The 1st derivative (blue, Equation 
3.11) shows how gradient changes with change in number of applied turns. The 
inflection points of this curve mark the steepest gradients. The location of these 
inflections can be found by solving the 2nd derivative (black, Equation 3.12) at 
𝑓′′(𝑥) = 0. With this example curve, the steepest gradients of the Gaussian are 
± 0.051 µm/turn. 
 

By solving the second derivative at 𝑓′′(𝑥) = 0, I can determine the inflection 

points in terms of number of turns applied to the DNA. When fully evaluated, the 

inflection points of Equation 3.11 can be found for any given Gaussian curve at  

 

 𝑓(𝑥) = ± 
𝑎0√2

𝜎√𝑒
  Equation 3.13 

 

With the relationship between the inflection points and known parameters of 

the Gaussian fit, I was subsequently able to determine the maximum and minimum 

gradients of the bell curve using Equation 3.13. 

DNA stores progressively more rotational stress as twist rather than writhe 

as the force is increased, making the approximation to a Gaussian function less 

good close to 0.8 pN. Above 0.8 pN, DNA supercoiling is asymmetric, and negative 
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turns applied to the DNA are not able to induce supercoiling as observed by a 

decrease in bead height. This cannot be approximated to a bell shaped curve, and 

instead other methods must be used (Marko 2007; Nomidis et al. 2017). While 

these methods are a useful approximation for naked DNA, the models are both 

complex, and not designed to be extended to chromatinised DNA. As such, these 

methods cannot be used to interpret my data.  

 In order to interpret my rotation-extension data, determining the value of 

parameters with real-world meaning was critical. Ideally, the chosen analysis 

strategy could be implemented on both naked DNA and A3-chromatinised DNA, or 

have comparable parameters with the Gaussian fit used for naked DNA.  

 An asymmetric Gaussian curve can be fitted to the rotation-extension data 

for chromatinised DNA (Figure 3.33A). Fitting using this method enables the 

calculation of the gradient on either side of the peak (i.e. at negative and positive 

supercoil states), and determination of the maximal peak height. Using Equation 

3.10 with the conditions that while (𝑥 − 𝑥0) < 0, the half width at half maximum 

value (𝜎1) is used, and while (𝑥 − 𝑥0) > 0 a separate half width at half maximum 

value (𝜎2) is used, independent gradients for positive and negative supercoil states 

can be calculated. As the fit is based upon the Gaussian curve, these parameters 

are directly comparable with the gradients derived from the symmetric Gaussian fit 

for naked DNA. The value for the peak position and peak amplitude of the 

asymmetric curve (𝑥0, 𝑎0) is also determined.  
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Figure 3.33: Fitting rotation-extension plots 

DNA supercoiling data shown as a rotation-extension plot can be fitted with either 
an asymmetric Gaussian (A) or 2-linear fit (B). The use of these fits are discussed 
in the main body of the text. To assess the goodness of each fit, unbiased by the 
human eye, the 𝜒2 test value is used determine the best fit. A residuals plot (C, D) 
shows the difference between the data (red points) and moving average (black line) 
compared to the fit line. The asymmetric Gaussian fit has a lower 𝜒2 test value, and 
is thus objectively a better fit than the 2-linear fit. The 2-linear fit also shows 
stronger peaks in the residuals plot. 
 

 In other cases, the buckling transition is distinct, and DNA compaction is 

linear over a large range, without absorption of twist. In these cases, effectively, 

two linear fits are made: one for each side of the peak (Figure 3.33B).  

 

 𝑓(𝑥) = 𝑚1 ∙
|𝑥−𝑥0|−(𝑥−𝑥0)

2
+ 𝑐1 + 𝑚2 ∙

|𝑥0−𝑥|−(𝑥−𝑥0)

2
+ 𝑐2  Equation 3.14 

 

Using Equation 3.14, the gradient is determined to be 𝑚1 or 𝑚2, for each 

negative and positive supercoil respectively. The peak of the fit is found at 𝑥 = 𝑥0. 
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In order to determine the best fitting model, all 3 models are used to fit the data. 

The error between the data and the model is calculated using the 𝜒2 test. The 

model that best fits the data has the lowest 𝜒2 value. Plotting the residuals (i.e. the 

difference between each data point and the fit line, Figure 3.33 C, D) gives a visual 

indicator of the goodness of the fitted model.  

 In my analysis in Chapter 5, I present the raw data followed by heatmaps of 

the parameters of the asymmetric Gaussian fits as this was often the better fitting 

method. Trends across the dataset were the same for the asymmetric Gaussian 

and 2-linear fits. To avoid duplication, only the heatmaps derived from the 

asymmetric Gaussian fits are shown. 

 

3.6 TIRF Microscopy 

3.6.1 TIRFM: hardware 

The TIRF microscope used for the work in this thesis was constructed by Dr. 

Justin Molloy, to similar specifications as the multi-laser TIRF arrangement I 

described above. 

This TIRF set up is built around a Zeiss Axiovert 135 inverted 

epifluorescence microscope body, with a 100x 1.49 NA Apo TIRF oil immersion 

objective lens (Nikon) and a CMOS camera (C11440-22CU, Hamamatsu 

Photonics). The microscope stage was supplemented with a machined-aluminium 

stage mount, and a custom-designed 3D-printed insert to hold the flow-cell. Stage 

clips hold the flow-cell in position. A system for two-colour imaging (Dual View™ 

OI-06-SEML1, Optical Insights) is also used in this microscope. The microscope is 

set up with three coaxially aligned lasers: 

 488 nm laser (100mW Cyan Laser Head CDRH, PC15108, Spectra 

Physics) and laser controller (Cyan Scientific Controller, PC13302, Spectra 

Physics) with additional shutter (D122 Shutter Driver, UniBlitz, Vincent 

Associates) and neutral density filters (optical density 0.1 - 2.0) 

 532 nm laser (DPGL-2050F, II-VI Suwtech) 

 650 nm laser (SDL-650-LM-100T, Shanghai Dream Lasers) filtered with a 

bandpass notch filter with 10 nm bandwidth 
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All lasers are controlled through the line printer port of the computer, which 

receives signals from the HCImage software (Hamamatsu Photonics). This 

software is also used for image capture. 

The lasers are directed into the microscope by a series of mirrors (Figure 

3.34). The TIR angle is controlled manually using a kinematic mirror mount. The 

lasers and mirrors are housed inside a box, for user safety. Heavyweight card over 

the top of the flow-cell is used to reduce background illumination from ambient light 

when recording.  

 

 

Figure 3.34: TIRFM laser alignment 

Schematic and photograph of laser alignment for TIRFM. Lasers for TIRF 
microscopy are aligned using a series of mirrors and dichroic filters. A series of 
lenses  and pinhole ensures that light reaching the microscope is well-
aligned. A kinematic mirror mount allows the microscope user to fine-tune the TIR 
angle for optimal signal from the sample. The final 3 mirrors of the light path are not 
shown in the photograph. 
 

In addition, this microscope is equipped with a microfluidics system, using a 

Harvard Apparatus PHD 2000 infuse/withdraw syringe pump and 5 mL glass 

syringe (Hamilton). The syringe pump is typically used on the ‘withdraw’ mode, to 

pull the solution from a solution reservoir. For the microfluidics system, 1.5 mL 

tubes containing buffers or samples we mounted into a 3D-printed tube-rack, which 

is fixed above the stage. This arrangement prevents the decreasing buffer volume 
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from affecting the imaging of the sample. The microfluidics tubing is held in place 

by a pair of washers, to minimise disruption to the sample when changing 

solutions. To use the microfluidics system, different flow-cell construction was 

required (described in Section 3.7.2). 

 

3.6.2 TIRFM analysis of DNA compaction 

Data was collected using HCImage software provided by Hamamatsu, and 

video files were saved in multi-page (MP) TIFF format. Data was collected at 

20 fps, with binning of the pixels set to 2. As the native ImageJ Tiff reader did not 

correctly identify some of the metadata, MPTIFF files were passed through an 

ImageJ plugin to append the metadata tagged to each frame, for easier processing 

in ImageJ. All ImageJ plugins used in this work were written by Dr. Justin Molloy. 

 Prior to analysis, the brightness of the image was manually adjusted so the 

Sytox Orange stained DNA was visible. The image was rotated to ensure that the 

DNA molecules under flow extended horizontally across the frame to aid further 

analysis. A typical video still is shown in Figure 3.35. 

 

 

Figure 3.35: Typical TIRFM video still 

A still from a typical TIRF video showing DNA extensions under flow. Flow passes 
from right to left in all videos. Scale bar 5 µm. 
  

The main analysis of the TIRFM data was carried out using a plugin called 

‘Alice Lengths Norm’. This plugin first produces a dialog box (Figure 3.36), where 

the user selects the start and end frame for the analysis.  
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Figure 3.36: ImageJ plugin main menu 

Outputs from the image analysis plugin in ImageJ is determined by user input in the 
main menu. 
 

All subsequent analysis will only be performed on this subset of frames, and 

the original video is not modified. The user can also select whether the DNA is 

compacted or extended over the length of the recording using a check box 

(‘Shrinking DNA?’). This setting determines whether the first or last 20 frames are 

used to generate the mask that defines DNA molecule position in the image. 

Another checkbox allows the user to normalise the output lengths with regard to the 

initially measured DNA length. The final check box saves the analysed portion of 

video, with boxes overlaid to show the location and indexing of measured DNA 

molecules. 

Following this user input, the background of the image is flattened using a 

rolling ball radius of 20 pixels, and the contrast is enhanced to better define the 

DNA molecules. The image is then convolved with a horizontal ‘frankfurter’ array to 

make horizontal objects more pronounced (Figure 3.37). 
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0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 

Figure 3.37: ‘Frankfurter’ array to find DNA molecules in TIRFM 

The ‘frankfurter’ array is used to make horizontal features - like extended DNA 
molecules - more pronounced, prior to image analysis. 

 

From these processed images, the first 20 frames are used to make a mask 

which is later used to find DNA molecules in the image. To make the mask, user 

input is required to set the optimal threshold for the video (Figure 3.38).  

 

 

Figure 3.38: Thresholded TIRFM image to identify DNA positions 

DNA molecules are identified by thresholding, to identify regions of the image with 
high intensity values (highlighted in red). 

 

Pixels with intensity values above the threshold are retained in the mask. 

The mask is then eroded twice and dilated twice in order to smooth the edges of 

the mask and remove small speckles. Finally, the mask is converted to a skeleton 

(Figure 3.39).  
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Figure 3.39: DNA molecules identified by thresholding are skeletonised  

The image is converted to a skeletonised form. 
 

The skeleton is expanded to cover the whole range of DNA motion during 

the recording by using the ‘Z project’ tool. This generates an image of the 

maximum intensity value for each pixel position over the duration of the video. Note 

that this process is run on the binary skeleton of the video, so pixels can only be 

black or white. The z-projection is dilated twice, then tidied up by user input using 

the pen tool to separate parts of the skeleton that overlap, if needed. This forms a 

new mask, which is representative of the all DNA positions throughout the video 

(Figure 3.40). 

 

 

Figure 3.40: Final mask for DNA compaction analysis 

The skeletonised image is dilated to generate a mask of DNA molecules. 
 

Now that a suitable mask has been produced, the TIRFM video can be 

analysed. The mask image (Figure 3.40) is added on top of a copy of the original 

data using image calculator. Measurements are made within the bounding ‘boxes’ 

defined by the final mask, and the integrated density of the skeletonised DNA is 

measured. As the skeleton is only 1 pixel wide, the integrated density of the 
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skeleton is equal to the DNA length in that frame in pixels. This value can then be 

converted into a more appropriate unit (µm). The length measurement determined 

using this method is an approximation as it assumes that the DNA length is 

measured exactly horizontally across each pixel, rather than any at an angle. This 

could underestimate DNA length. 

Finally, bounding boxes and the skeleton of the DNA length are appended 

to the video substack. These are indexed so that the molecules and their 

corresponding measurements in the output can be identified. 

 

 

Figure 3.41: DNA molecules are indexed and skeletonised 

Molecules identified by the plugin are highlighted and indexed. 
 

From the DNA length measurements, the extension is normalised against 

the mean extension of the same molecule in the first 20 frames, where the DNA is 

assumed to be at full extension. This data is exported from ImageJ as a comma 

separated values (.csv) file, which can later be analysed in Excel or Igor Pro 8. 

Data for each DNA tether was then be compared as a DNA extension vs time plot 

(Figure 3.42). The average extension was calculated for each time point. In Igor 

Pro, a single exponential was fitted to the average DNA extension trace over the 

time range corresponding to DNA compaction (visually identified). 
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Figure 3.42: DNA extension vs time plot from TIRFM data 

Typical DNA extension vs time plot shows DNA initially under flow is extended. 
Once A3 is flowed into the flow-cell, the DNA length is rapidly reduced indicating 
compaction. N=18 DNA molecules. Average DNA extension shown as black line. 
 

3.7 Flow-cells 

Flow-cells were prepared differently for MT and TIRF experiments as a 

microfluidics was used for buffer exchange on the TIRF microscope. Surface 

treatment for the MT flow-cells was optimised to ensure good distribution of both 

fiducial and DNA tethered beads. During all flow-cell preparation steps, care was 

taken not to introduce air or bubbles to the internal chamber of the flow-cell, as this 

would affect the direction of the flow. Buffer composition for buffers used in flow-cell 

preparation are listed in the buffer table (Section 2.15). 

 

3.7.1 Magnetic tweezers: flow-cell preparation 

Flow-cells for MT experiments were made by sandwiching coverslips (one 

22 x 40 mm, one 22 x 50 mm, both grade 1, Menzel Gläser) together with double 

sided tape (ARseal™ 90880, Adhesives Research) to create channels with a 

~ 12 uL volume (Figure 3.43). One coverslip (32 x 22 mm) was functionalised by 

coating with 2 % (v/v) nitrocellulose in amyl acetate prior to flow-cell construction. 

Silica fiducial beads (15 µL, 0.001 % (w/v) in TE buffer) were flowed into the 

flow-cell and allowed to settle for 5 minutes. Each channel of the flow-cell was 

washed with 50 µL TE buffer to remove excess beads. Channels were then 

washed with 20 µL 50 µg/mL anti-digoxigenin (AbD Serotec) in PBS and allowed to 
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incubate at room temperature for a minimum of 1 h. The surfaces were then 

passivated with BlockAid Blocking Solution (Thermo Fisher) diluted 1:1 in TE buffer 

for a further 20 minutes. The flow-cell channels were washed with 200 µL of TE 

buffer. 

 

 

Figure 3.43: Flow-cell schematic 

Flow-cell construction is described in the main text. 
 

1.44 µL streptavidin-coated beads (1 μm Dynabeads MyOne C1, Thermo 

Fisher Scientific) were washed three times with 20 µL TE buffer. A magnet was 

used to pull down the beads and the supernatant was removed during each wash 

step. The washed beads were resuspended in 20 µL TE buffer and mixed with the 

ligated DNA construct (preparation described in Section 2.2) at an empirically 

optimised amount of 0.68 µL of 2 ng/µL DNA construct. The DNA-bead mix was 

diluted in TE buffer to a final volume of 100 µL, then incubated for 1 hour at room 

temperature with rotation to prevent sedimentation of the beads. The DNA-bead 

mix was then added to the flow-cell for 15 minutes to allow the DNA to interact with 

the anti-digoxygenin coated surface.  

The flow-cell was mounted on the MT microscope stage and washed with 

200 µL N250 buffer to remove untethered beads, until no free beads crossed the 

FoV. 5 pN force was applied for approximately 1 minute to remove weakly tethered 

particles. Magnetic force was removed from the flow-cell, and a further 200 µL 

N250 was used to wash the channel. After this washing procedure was complete, 

the flow-cell was ready for use.  
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3.7.2 TIRFM: flow-cell construction 

Flow-cells for TIRF experiments were constructed with a coverslip and 

polydimethylsiloxane (PDMS), an optically clear silicone polymer.  

To construct the flow-cell, a 20 x 22 mm gasket with 3 channels was cut 

from double sided tape (ARseal™ 90880, Adhesives Research). The tape gasket 

(with channels removed) was stuck onto a piece of 4 mm depth PDMS, and the 

PDMS trimmed to fit the size of the tape. The tape was pressed firmly onto the 

PMDS to ensure a good seal. A 1.5 mm biopsy punch was used to make holes in 

the PDMS at the end of each channel. These holes are used to fit the tubing later. 

The depth of the PDMS makes this type of flow-cell inappropriate for magnetic 

tweezers experiments. A 22 x 50 mm coverslip (grade 1, Menzel Gläser) then stuck 

onto the other side of the tape gasket, and pressed gently to ensure a good seal. 

The holes in the PDMS were used to attach the tubing for the microfluidics 

system. Sections of tubing (Tygon® ND 100-80, internal diameter 0.51 mm, 

external diameter 1.52 mm) approximately 15 cm in length were cut, and push-

fitted into each of the holes in the PDMS (Figure 3.44). The tubing was connected 

needle (BD Microlance™ 3, 23G, 0.6 mm x 25 mm), which was fitted to the glass 

syringe of the syringe pump.  

 

 

Figure 3.44: Flow-cell with microfluidics system 

Flow-cell construction is described in the main text. 
 

 Each channel was washed with 100 µg/mL BSA-biotin (Sigma Aldrich) 

which was allowed to bind to the untreated glass surface for a minimum of 
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30 minutes. Excess biotin-BSA was removed from the flow-cell by washing with 

100 uL TE buffer. Streptavidin (100 µg/mL) was then added to the flow-cell. The 

flow-cell was then washed with BlockAid Blocking Solution (Thermo Fisher) diluted 

1:1 in TE buffer for a further 20 minutes. The BlockAid solution was removed from 

the flow-cell by washing with 200 µL TE buffer, then biotinylated lambda phage 

DNA (preparation described in Section 2.3) was added to the flow-cell for 10 

minutes, with 1 µL/minute flow rate, to ensure the DNA ends did not tether too 

close together. To prepare multiple channels of the flow-cell in parallel, needles 

(with the plastic fitting for a syringe removed) were used to connect the out-flow 

tube of one channel to the in-flow tube of the next channel. Solution volumes were 

increased to account for the void volume in each of the tubes.  

In order to carry out the experiments with a fluorescent sample, both N250 

buffer and A3 solutions were supplemented with 50 nM Sytox Orange, a 

fluorescent DNA intercalating dye. Flow rate was typically held at 60 µL/min during 

the experiments. Force applied to the tethered DNA molecule by the flow results in 

a not constant along the length of the molecule: DNA closest to the tethering point 

is under more force than the untethered end of the molecule, which experiences 

close to no force. The force applied is hence a function of DNA tether length, 

solution flow rate and flow-cell geometry. The applied force can be expected to be 

much lower than values established for the same flow rate in the literature, as the 

reported values use a microsphere to increase the force applied on the untethered 

end of the DNA (King et al. 2018). 

 

3.7.3 Flow-cell surface treatment 

I optimised the distribution of fiducial beads in each FoV by systematically 

changing the fiducial bead concentration from 0.1 % to 0.0001 % (all w/v) of 1 µm 

silica beads. I also tested the specificity of the DNA binding reaction between 

digoxygenin and anti-digoxygenin, to ensure my DNA tethers were specifically 

attached to the cover slip. 

To optimise the distribution of fiducial beads, 3 independently prepared flow-

cells were used for each treatment (0.1 %, 0.01 %, 0.001 %, 0.0001 % (all w/v)), 
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with beads in 5 randomly chosen fields of view counted for each flow-cell. Silica 

beads were diluted in TE buffer. 

Beads in each FoV were counted in ImageJ using a simple macro to make 

the image binary, erode the particles to ensure good separation, and finally count 

the number of particles in the image. In fields of view with many beads, the bead 

counting macro did not always perform well, identifying too many particles. These 

cases were easily identified: fields of view where over 1000 particles were detected 

were discarded from the analysis. Data collected from 10 FoV contributed to the 

final analysis of each treatment (Figure 3.45). 

With 0.001 % (w/v) silica beads in TE buffer I achieved average of 4 fiducial 

beads per FoV which was adequate for providing a surface marking and 

maximising the number of tethered beads present in the FoV. This analysis was 

carried out with the previous camera, which had a FoV 142 x 113 µm in size. The 

DMK 33GX249e camera described above represents a 1.38 times increase in FoV 

size, therefore I now expect to find 5 or 6 fiducial beads in each FoV. 

 

 

Figure 3.45: Fiducial bead optimisation 

Number of fiducial beads on the coverslip surface were counted to determine an 
optimal concentration of silica beads for use as fiducials. Beads in 10 FoV for each 
treatment were counted with an ImageJ macro. The mean of each surface 
treatment is marked as a black line (0.1 % = 179 beads/FoV, 
0.01 % = 101 beads/FoV, 0.001 % = 4 beads/FoV, 0.0001 % = 1 bead/FoV, values 
rounded to the nearest whole number) 
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To test the specificity of DNA tethering, flow-cells were prepared with a 

coverslip coated in either 2 % (v/v) nitrocellulose in amyl acetate, or 2 % (v/v) 

nitrocellulose in amyl acetate followed by functionalisation with 50 µg/mL anti-

digoxigenin. A DNA-bead mix was prepared by mixing 2 µL MyOne C1 Streptavidin 

coated Dynabeads (10 mg/mL Invitrogen) with 2 ng/µL ligated DNA construct. This 

was allowed to react for 1 hour at room temperature on a tube rotator to prevent 

bead sedimentation, then diluted 1:10 with TE buffer. Flow-cells were blocked with 

BlockAid blocking solution (Invitrogen) diluted 1:1 in TE buffer for 45 minutes. The 

blocking solution was washed out with 100 µL TE buffer, then 15 µL of DNA-bead 

mix was added to each flow-cell. Beads were allowed to sediment in the flow-cells 

for 1 hour, before being imaged to establish the number of beads per FoV. 

Two independently prepared flow-cells were used for nitrocellulose surface, 

and three independently prepared flow-cells for anti-digoxigenin treated surface. 

Beads were counted using the ImageJ plugin in a total of 20 randomly selected 

fields of view for both categories, with images captured both before and after 

200 µL wash with TE buffer. 

The number of beads retained after washing was normalised against the 

average number of beads in a FoV before washing for each surface treatment. The 

average number of beads before washing was used as the specific FoV after 

washing could not be confirmed to be the in same location. 

 

 

Figure 3.46: Bead retention on treated flow-cell surfaces 

The number of beads in each field of view were counted before and after washing. 
A higher proportion of beads were retained on the anti-digoxygenin treated surface. 
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N=20 fields of view for each surface treatment. Mean for each treatment is marked 
as a black line (nitrocellulose: 3 % beads/FoV, anti-digoxygenin: 33 % beads/FoV). 

 

After a 200 µL wash with TE buffer, only 2.8 % of beads in the flow-cell 

before washing were retained on the nitrocellulose surface, while 33 % of beads 

were retained on the anti-digoxigenin functionalised surface. The increase in beads 

retained on the surface following 200 µl wash demonstrates the specificity of the 

interaction between DNA and surface.  

If we assume bead tethering occurs according to a Poisson distribution, we 

can calculate the expected number of single tether events for the anti-digoxigenin 

surface. As 66 % of beads do not bind the anti-digoxigenin surface, I expect 27 % 

of beads to form single tethers and the remainder (6 %) to form multiple tethers. In 

a field of 35 beads, this would equate to 28 beads attached by a single dsDNA 

molecule.  

This analysis was performed using the previous camera. With the increased 

FoV size, and a field of up to 50 beads, I would expect 41 beads to be attached to 

the surface via a single dsDNA molecule, and 9 double- or triple-tethered beads. 
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In this chapter, I use both bulk ensemble and single molecule assays to 

better understand the mechanical properties of A3-chromatin. I will first generally 

introduce mechanical properties of bulk materials and how these properties can be 

tested. Then, I recap the current understanding of chromatin mechanics. I also 

introduce a simple kinetic model describing how A3 might bind to and compact 

DNA, which is useful to contextualise the measurements I have made. Finally, I 

describe the results of my experimental work to test the biophysical properties of 

A3-chromatinised DNA, and then discuss these in the context of our current 

understanding of both eukaryotic and archaeal chromatin. 

 

4.1 Introduction 

4.1.1 Testing mechanical properties of materials 

To better understand the force-extension behaviour of chromatin, some 

understanding of the physics behind the mechanical properties of other materials is 

helpful.  

The elasticity of a material, i.e. its ability to return to the original size and 

shape after distortion, can be most simply described by Hooke’s Law (𝐹 = 𝑘𝑥). 

Using Hooke’s Law, force, 𝐹, can be calculated from the spring constant, 𝑘, and the 

measured extension of the material, 𝑥. The spring constant, 𝑘, is intrinsic to a 

material, and describes the stiffness of the spring. In mechanical model notation, 

springs are drawn as a zigzag, which represents the continuous but extendable 

nature of the material. Generally, a spring can be extended over a finite force 

range, and all of the work done when extending the spring (the area under the 

force-extension curve) is returned when the spring is released. This means the 

force-extension curve is the same for both extension and relaxation. Typically, at 

sufficiently high forces the elastic limit is reached and the material either breaks 

(e.g. bone, and mollusc shells) or undergoes plastic deformation (e.g. hair and 

wool). Plastic deformation is an irreversible process whereby the material fails to 

return to its original shape and size.  

Viscous materials, on the other hand, do not return to their original size and 

shape after distortion. Honey is a prime example of a purely viscous material, 

though the property is also seen in some biological materials. In a viscous material 
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the force is proportional to the first derivative of displacement, i.e. the rate of 

displacement. This is defined by the relationship 𝐹 = 𝛽𝑣, where 𝛽 is the viscous 

drag, and 𝑣 is the pulling velocity. This kind of damping system (known as a 

dashpot) is noted in mechanical models as a piston being pulled through a viscous 

liquid. When load is applied to a dashpot, the response is dependent on the pulling 

velocity. When pulled slowly, the dashpot can be readily extended. However, when 

the same dashpot has a force applied rapidly, it is resistant to extension. 

Importantly, when load is reduced to zero the dashpot does not return to its original 

position but simply stops where it is. This means that all the energy put into the 

system is lost to the environment, and not returned to the system. 

Nearly all materials show both elastic and viscous properties. These are 

(rather imaginatively) known as ‘viscoelastic’ materials. The extension and 

extension rate of viscoelastic materials depend on the elastic and viscous elements 

respectively. Due to the dashpot element, the force-extension diagram for an 

extension and relaxation cycle shows hysteresis: more energy is required to extend 

the material than is returned when the load is released, meaning some energy is 

lost from the system. 

There are various mechanical models for viscoelastic materials, which are 

composed of spring and dashpot elements (Figure 4.1). Combining these elements 

gives different, well defined, mechanical properties. The Maxwell model represents 

an elastic spring and dashpot connected in series. The Kelvin-Voigt model uses 

these same elements connected in parallel. The standard linear model connects 

the Kelvin-Voigt model in series with an additional spring. Other models exist (with 

increasing complexity) but these are considered to be beyond the scope of this 

thesis. 

 

 

Figure 4.1: Schematics of mechanical models for viscoelastic materials 

The Maxwell model connects a spring and dashpot in series, the Kelvin-Voigt 
model connects the elements in parallel, and the Standard Linear model connects 
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a Kelvin-Voigt model with an additional spring in series. The spring elements of the 
standard linear model can have different spring constants. 
 

The mechanical response of the standard linear model to a sudden step-

change in force is compared to a simple spring in Figure 4.2. 

 

 

Figure 4.2: Mechanical response to a step-change in force 

A step change in force causes a spring to respond immediately and proportionally 
by extending according to Hooke’s Law. In material with standard linear properties, 
the spring element extends immediately while the dashpot causes the rest of the 
material reach full extension more slowly. 
 

When a step change in force is applied, the simple spring extends 

instantaneously in response to the sudden change in load. The change in 

extension is proportional to the load applied, and dependent on the spring constant 

(𝛿𝑥 =
𝛿𝐹

𝑘
). As viscoelastic materials are made up of both elastic and viscous 

elements, the response to a step change in force is more complex. The standard 

linear model shows an initial, instantaneous extension due to the spring element 

(𝛿𝑥1 =
𝛿𝐹

𝑘2
). There is then a delayed extension phase, which is rate limited by the 
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viscous damping. The extension at a given time, 𝑥𝑡, can be hence be quantified 

using Equation 4.1. 

  𝑥𝑡 =
𝛿𝐹

𝑘2
+

𝛿𝐹

𝑘𝑡𝑜𝑡
∙ ( 1 − 𝑒

−(
𝑘𝑡𝑜𝑡

𝛽
 ∙𝑡)

)  Equation 4.1 

 

Where 𝑡 is the time since the change in force, and 𝑘𝑡𝑜𝑡 is the combined 

elasticity of the springs, calculated from both spring constants: 𝑘𝑡𝑜𝑡 = (
1

𝑘1
+

1

𝑘2
)

−1

. 

Assuming linearity, the values of 𝑘1, 𝑘2 and 𝛽 can be determined by elimination 

from the force step change test. However the relationship between these constants 

and extension might not be linear, so multiple amplitudes of force step are required 

to fully characterise these values for a complicated material (as found in muscle 

fibres (Huxley and Simmons 1971)). 

An alternative to the step change in force is to use a cyclical force test, 

where the material is repeatedly loaded and unloaded. Typically, this kind of test 

uses a sinusoidal force cycle, as shown in Figure 4.3. 

 

 

Figure 4.3: Sinusoidal mechanical characterisation   

A. Extension of a spring is in phase with force. Extension of a standard linear 
material is out of phase due to the delayed extension of the damping element. 
B. As extension of a spring is in phase, the force-extension diagram shows no 
hysteresis. The extension of a standard linear material is out of phase with force, 
so the force-extension diagram shows hysteresis. Red shaded area represents 
energy lost by the system. 
 

 Extension of the spring changes directly with force, and hence has a linear 

force-extension relationship, with the gradient determined by the spring stiffness. 

Materials with standard linear mechanical properties show a phase lag when force 
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is applied, which gives rise to hysteresis in the force-extension diagram as the 

damping element causes delays in the extension of the molecule. The area under 

the force-extension graph shows work done. As the standard linear force-extension 

graph shows hysteresis, the work done by the extension and relaxation traces are 

different. The difference between these curves represents the energy lost as heat. 

 

4.1.2 Mechanical properties of DNA 

I have performed mechanical tests on single dsDNA molecules in the 

presence and absence of A3 histones from M. jannaschii. The mechanical 

characteristics of DNA alone are already well defined by previous work, so this is 

considered the control condition throughout. 

The Worm-Like Chain model (WLC) is a statistical polymer mechanics 

model used to model DNA as an entropic spring (Cluzel et al. 1996; Smith, Cui, 

and Bustamante 1996). As an entropic spring, extension is dependent on thermal 

energy. Due to the DNA structure, thermal expansion of DNA is absorbed by 

changes to the helical structure, such that the helical radius increases but the DNA 

length actually decreases by a small amount with increasing temperature 

(Dohnalová et al. 2020). This behaviour is unlike a metal spring, which would 

lengthen with increasing temperature. In the WLC model, force-extension of DNA is 

dependent upon the characteristic persistence length, 𝑙𝑝, which defines the length 

over which the direction of the tangent is lost, and can be considered as a measure 

of polymer stiffness. 

A molecule with a contour length below the persistence length behaves as a 

rigid inflexible rod. However, DNA is typically a very long molecule, and contour 

length exceeds the persistence length by several orders of magnitude in the cell. 

Due to the long length of the molecule, under no load we would expect that DNA 

will collapse upon itself into a tangled mass. The force-extension properties are 

highly non-linear, and DNA is easily extended under small forces. However, as 

DNA extension approaches its contour length, significant force is required to stretch 

the molecule. When very high forces are approached (~50 pN) the DNA goes 

through an ‘overstretching’ transition as the Watson-Crick base pairing is 

structurally reorganised (Smith, Cui, and Bustamante 1996; Cluzel et al. 1996). 
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Addition of DNA binding proteins to DNA changes the force-extension 

properties. Protein binding to DNA might change the persistence length. A 

compacting protein (such as a histone) might change the effective contour length of 

the DNA. If the protein binds and compacts, the mechanical model might become 

quite complex, and need additional spring or dashpot elements to fully describe the 

behaviour of the system. It is likely that these properties will be protein 

concentration dependent. To date, little is known about the mechanics of archaeal 

histones-DNA complexes. I aim to use the above concepts and the WLC model to 

describe the mechanical properties of A3 chromatin.  

 

4.1.3 Mechanical properties of chromatin 

Compaction of DNA into the nucleus or nucleoid is important for all lifeforms. 

While DNA must be compacted into a small volume, the compacted structure must 

also be able to permit access to the DNA for processing enzymes such as those 

required for transcription, replication and repair. Histone proteins in eukaryotes are 

able to form higher order structures and provide significant compaction to DNA. It is 

presumed that archaeal histones might have some similar compaction properties.  

As described in the introduction to this thesis (Section 1.6.3), the force-

extension behaviour of eukaryotic chromatin has several phases (Bennink, Leuba, 

et al. 2001; Cui and Bustamante 2000; Meng, Andresen, and Van Noort 2015). In a 

nucleosome, DNA is wrapped 1.7 times around the histone octamer. When force is 

applied, the DNA ends are first peeled back so the DNA is wrapped only once 

around the histone octamer – partial unwrapping of the nucleosomal DNA. All 

nucleosomes in a nucleosome array undergo the first partial unwrapping transition 

at approximately the same force (~ 3.5 pN). Because the histone dimers are not 

released from the DNA, this process is readily reversed by reducing the DNA 

tension.  

A second transition in the extension profile occurs when more force (10-

20 pN) is applied to the single-wrapped nucleosome. This causes the remaining 

bound histone tetramer to be ‘popped’ off the DNA, resulting in a step in the force-

extension curve. As the histones are fully unwrapped and released from the DNA, 

this transition cannot be reversed by reducing the DNA tension. Reducing the 
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tension after extending the DNA beyond this transition results in the DNA relaxation 

following the WLC model. The extension and relaxation phases are hence different 

on the force-extension diagram (hysteresis) unless histone chaperones are 

available to reload the proteins onto the DNA. 

In M. jannaschii, biochemical assays have shown that A3 histone dimers are 

able to bind to and protect DNA lengths from enzymatic digestion - 30 bp up to 

450 bp (Ofer 2018). A recent structural study (using M. fervidus) has suggested 

that archaeal histone dimers are able to stack together to form a structure very 

similar to the eukaryotic nucleosome, and this structure can further assemble into a 

continuous solenoid structure known as the ‘hypernucleosome’ (Mattiroli et al. 

2017). The hypernucleosome is proposed to be much larger than the eukaryotic 

nucleosome, with histones dimers added in a modular fashion to extend the 

structure at either end. This hypernucleosome structure would account for the 

variable protection from enzymatic digestion with 30 bp increments. This is a 

contrast to the discrete 146 bp protection seen with eukaryotic nucleosomes. Such 

chromatin architecture has not yet been confirmed in M. jannaschii, though it is 

speculated that the hypernucleosome might be formed due to the MNase digestion 

profile (Ofer 2018). As the archaeal hypernucleosome is quite different from the 

eukaryotic nucleosome, one might expect that the mechanical properties of 

archaeal chromatin would differ from the eukaryotic homologues. 

The properties of archaeal chromatin are relatively poorly studied, and to 

date there has not been published quantification of DNA compaction by the major 

A3 histone in M. jannaschii, nor the mechanical properties of A3-chromatin. My 

project aims to fill this knowledge gap by exploring the mechanical properties of A3 

chromatin. I show here that A3 can rapidly and significantly compact the DNA 

length, and that the kinetics of DNA compaction by A3 are force dependent. I also 

present data demonstrating that extension of A3-chromatin has distinct force-

extension phases, which could be attributed to transitions between different 

structural states. 

 



Chapter 4. DNA Compaction by A3 Histones 

 

193 

 

4.1.4 Kinetic scheme for A3 binding 

For the purposes of this chapter, it is helpful to consider a simple kinetic 

scheme for A3 binding to DNA (Figure 4.4).  

 

 
Figure 4.4: Kinetic model for A3 binding 

A3 binding to DNA can be modelled as several separate processes: A3 binding, 
DNA wrapping around the histone, and then stacking of histones into the 
hypernucleosome. These processes will result in different bound states for the 
histones (I – unbound, II – bound but not wrapped, III – bound and wrapped, IV – 
stacked into a hypernucleosome). Each of these processes might have its own 
forward and backward rates. 

 

In this 4-state model, the initial state (I) consists of the immobilised naked 

DNA molecule, which can be fully described by the WLC model. A3 can bind to the 

naked DNA, forming an A3-DNA complex (state II). This process might be limited 

by the amount of A3 available in solution to bind to the DNA, and the affinity of the 

histone protein for the DNA. A structural isomerisation, where the DNA is wrapped 

around the histone proteins, would give rise to a wrapped state of the histones (III). 

Wrapping of individual histone dimers might confer some shortening to the 

observed DNA length. Assuming that A3 histone dimers are able to be stacked into 

the hypernucleosome structure, we can imagine that the wrapped histones must 

then assemble into the hypernucleosome structure (state IV), which would give rise 

to significant shortening of the DNA.  

For each of the kinetic processes (binding, wrapping and stacking) there will 

be a forward rate and backwards rate. I aim to characterise each of these rates 

experimentally to inform the mechanical model. From previous biochemical 
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characterisation, it is known that A3 binding is spontaneous and requires no 

additional chaperones or factors.  

As archaeal histones are thought to bind DNA with only a weak sequence 

dependence (Nalabothula et al. 2013), their distribution along DNA could be 

considered near random. Due to this, the arrangement of histones into a higher 

order structure is likely to be affected by the so-called ‘parking problem’. The 

parking problem can be imagined as a number of cars parked randomly along a 

stretch of road. Parking another car is dependent on there being sufficient space to 

park between the already present vehicles. Intuitively, this is not the best way to 

park the most cars and as such, some rearrangement may be required to maximise 

the number of cars parked. This rearrangement may take some time. A similar idea 

can be applied to histones binding randomly along the length of DNA in my 

experiments. Maximising the number of histones bound should permit a greater 

degree of compaction, and facilitate formation of a regular structure such as the 

hypernucleosome. 

In eukaryotes, chromatin remodellers are used to regulate the spacing 

between nucleosomes, and hence the parking problem can be resolved by 

nucleosome repositioning. As similar remodelling complexes have not been 

identified in archaea, it is unknown whether this parking problem exists, and if it 

does, how the issue might be resolved. There is also the question of whether A3 

can be repositioned by sliding along the DNA, or whether the histones must unbind 

and rebind until more optimal positions are found stochastically. Furthermore, if the 

A3 dimers are highly cooperative - binding of one dimer directly encourages the 

placement of the next - the parking problem might not arise.  

 

4.1.5 Summary of experiments in this chapter 

In order to find the working range of concentrations for the single molecule 

experiments, I used bulk ensemble methods (electrophoretic mobility shift assay 

(EMSA) and fluorescence anisotropy) to quantify the affinity of A3 for DNA 

(Section 4.2). I then used TIRF microscopy to determine whether A3 can compact 

DNA (Section 4.3), as this has not been directly shown previously. From these 



Chapter 4. DNA Compaction by A3 Histones 

 

195 

 

experiments I estimated the overall A3 binding and unbinding rates (the transition 

from state I to IV in my kinetic scheme).  

To ensure that magnetic tweezers were a suitable tool for the mechanical 

characterisation of A3-chromatin, I carried out a DNA compaction assay with MT 

(Section 4.4). Having established MT as a viable tool, I systematically changed 

both force and A3 concentration to measure the affinity of A3 for DNA as a function 

of force (Section 4.5).  

I then explored the mechanical response of A3-chromatin to increasing load. 

To start, I made steady state measurements by allowing the DNA extension to 

equilibrate at different forces (Section 4.6). Further to this, I examined the DNA 

extension at high forces (Section 4.7), and finally used a fast frame rate to observe 

different phases in the force-extension curve (Section 4.8). I also tested the 

resistance to plastic deformation by repeatedly cycling between high and low forces 

(Section 4.9). 

Following the description of my results, I present a model for A3 mechanical 

properties (Section 4.10). Finally, I discuss the implications of my findings, and 

highlight possible improvements to the assays used, suggesting additional 

experiments to further verify my conclusions (Section 4.11).  

  

4.2 Establishing affinity of A3 for DNA 

 To establish the working concentration range for A3 binding, I started by 

characterising the affinity of A3 for DNA. I used both EMSA and fluorescence 

anisotropy to estimate the KD of the binding process. 

In the EMSA, a range of A3 concentrations (0 nM to 500 nM) were added to 

a fixed amount of fluorescently labelled 30 bp dsDNA (see Section 2.9 for method). 

A3 was allowed to bind for 5 minutes, and the resulting complexes were separated 

by native PAGE. Binding of A3 to the DNA causes a reduction in the mobility of the 

labelled DNA, so the A3-DNA complex migrates more slowly through the gel than 

DNA alone. An upward shift in the band position indicates that A3 is bound to the 

DNA. To estimate KD 

 (the concentration where 50 % of the protein binding sites are occupied), 

the intensity of the DNA and A3-DNA bands were quantified in ImageJ. DNA 
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binding percentage was calculated from the ratio of the A3-DNA band intensity 

compared to the total intensity of both the DNA and A3-DNA bands (see Figure 

4.5B). 

Fluorescence anisotropy is a solution-based assay where protein binding to 

fluorescently-labelled DNA causes a change in the tumbling time of the 

fluorophore, and hence its fluorescent anisotropy. KD was estimated by fitting a 

model with two binding modes to the data. Fluorescence anisotropy data collection 

and analysis was carried out with Simone Kunzelmann in the Structural Biology 

Scientific Technology Platform at the Crick (Figure 4.5C). 

 

 

Figure 4.5: Bulk assay measurement of A3 affinity to DNA 

A. Electrophoretic mobility assay shows DNA migration in the gel is slowed by 
increasing A3 concentration. 
B. Quantification of EMSA band intensity gives a KD estimate of 0.25 µM. Dashed 
line is a point to point fit. 𝐷𝑁𝐴 𝐵𝑖𝑛𝑑𝑖𝑛𝑔 (%) =  [𝐴3 ∙ 𝐷𝑁𝐴] [𝐴3 ∙ 𝐷𝑁𝐴][𝐴3]⁄  
C. Fluorescence anisotropy data is fitted with a 2-mode binding model, which gives 
two KD values. KD1 = 0.27 µM, KD2= 39.6 µM. n=2. Dotted line shows 1-site binding 
model, with KD1 = 1.19 µM. 
 

 From the EMSA (Figure 4.5A), as A3 concentration was increased from 

0 nM to 500 nM, the band shifted from the lower position (DNA only) to the upper 

band (A3 bound to DNA). Quantification of the bands on the gel showed KD was 

approximately 0.25 µM (Figure 4.5B).  
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The fluorescence anisotropy data (Figure 4.5C) was best fitted with a 2-

mode binding model, which determined two values for KD: KD1 = 0.27 µM and 

KD2 = 39.6 µM. This model suggests that A3 can bind to DNA in two different ways, 

which has not previously been reported. KD1 was very similar to the EMSA estimate 

for KD, and suggests tight binding of A3 to DNA. The estimate for KD2 indicates a 

second, much weaker affinity interaction is also occurring. The 1-site binding model 

was not a good fit to the data (shown as dotted line in Figure 4.5C) 

 

4.3 Measuring DNA compaction by A3 using TIRFM 

Next, I wanted to determine whether A3 could not only bind to DNA (as 

shown in the EMSA and fluorescence anisotropy assays), but also compact it. In 

order to observe DNA compaction in a solution-based assay, with DNA lengths 

more representative of those found in the cell, I used TIRF microscopy with 

fluorescently labelled λ DNA (48.5 kbp) and A3. 

 

4.3.1 TIRFM shows DNA compaction by A3 is rapid 

To track DNA compaction, a simple A3 addition experiment was carried out. 

In the flow-cell (described in the Section 3.7.2), λ DNA was immobilised on the 

coverslip at one end by a biotin-streptavidin linkage. A constant flow of N250 buffer 

with 50 nM Sytox Orange (a fluorescent DNA-binding dye) was used to stretch out 

the DNA. Sytox Orange is an intercalating DNA-binding dye. 50 nM Sytox Orange 

solution should be sufficient to give 1 dye molecule per 10 bp DNA on λ DNA 

constructs (Thacker et al. 2012). Throughout the experiment images were recorded 

using video microscopy. Subsequently, analysis in ImageJ was used to measure 

the length of the DNA molecules in each frame. As the DNA is above the surface of 

the coverslip in the flow of the solution, the DNA is extended by the force of the 

flow. The force applied to the DNA is not constant along the length of the DNA in 

this scenario, and calculation of the force along the length of the DNA is non-trivial 

but has been previously described (King et al. 2018). At the given flow rate 

(60 µL/min) we estimate the force on the DNA to be very low – below 0.5 pN. 
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Based on the hypernucleosome structure and my kinetic scheme, I 

expected to find that when A3 binds to DNA, the observed length of the DNA would 

be reduced. The results of this experiment are shown in Figure 4.6. 

 

 

Figure 4.6: A3 compaction of DNA measured by TIRF microscopy  

A. Video stills for a single molecule at t= - 0.8 s, t=0.2 s, t=0.7 s, t=1.2 s, t=1.7 s 
and t=3.7 s. Scale bar: 2.5 µm. Arrow marks direction of flow. 
B. Time course of DNA compaction by A3. Absolute DNA lengths in microns shown 
in red, and percentage change in extension, normalised to the length in the first 20 
frames, in blue. Black line shows average DNA extension for n=28 molecules. 
Dashed line at t=0 s marks point of A3 addition. 
 

 From the video stills (Figure 4.6A), it appears that DNA compaction occurs 

homogeneously along the whole DNA length, and no particular nucleation sites are 

observed. Some proteins are known to bind more favourably to certain DNA 

sequences or to DNA ends, however, the lack of bright spots along the DNA in my 

experiment shows that this is not the case for A3. Assuming A3 binds DNA without 

bias, I can infer that DNA will compact at the same rate, independent of DNA 

length. This effect is demonstrated in Figure 4.6B: in the top panel, the DNA 

molecules have varied lengths, but are compacted upon the addition of A3. The 

difference in DNA length between different molecules is attributed to shearing of 

the long λ DNA during the DNA preparation protocol and flow-cell production 

process. Normalising DNA length (Figure 4.6, bottom panel) reduces the variation 

in length, and demonstrates that all of the DNA molecules compact similarly, 



Chapter 4. DNA Compaction by A3 Histones 

 

199 

 

independent of absolute length. To make it easier to compare DNA molecules of 

different lengths, the rate of compaction is calculated by fitting a single exponential 

to the normalised data. 

The compaction time course (Figure 4.6B) shows that from the time the 

DNA started compacting (0 s), at a rate of 0.92 s-1, as calculated from the 

parameters of the exponential fit. The start time for compaction (t=0 s) was 

determined visually from the data as the point at which compaction began to occur. 

Although this data indicates that compaction starts at t=0 seconds, it is difficult to 

determine the time when A3 first enters the field of view due to the large void 

volume in the microfluidics system. Potentially, the void volume could have been 

calculated from the length and diameter of the microfluidics tubing and the flow 

rate, however the length measurement of the tubing was not recorded in this 

instance. 

 

4.3.2 DNA shortening rate as a function of A3 concentration 

Using TIRF microscopy as a method to measure the rate of compaction, I 

generated series of compaction curves using different A3 concentrations (Figure 

4.7A). I fitted single exponentials to these curves in order to determine the 

observed rate constant for each concentration. I then compared observed 

compaction rate constants with A3 concentration to derive the further kinetic 

parameters (Figure 4.7B).  

 

 

Figure 4.7: Rate of DNA compaction, measured from TIRFM data 

A. Normalised DNA extension is reduced upon A3 addition. Lines represent 
average extension at each A3 concentration, derived from n=27 molecules for 
0.1 µM (red), n=50 molecules for 0.2 µM (yellow), n=23 molecules for 0.5 µM 
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(green), n=23 molecules for 1.0 µM (cyan), n=21 molecules for 2.0 µM (dark blue), 
and n=28 molecules for 4.0 µM (black). 4.0 µM data also shown in Figure 4.6B. 
Data aligned to A3 addition at t=0 s. 
B. Rate constants (kobs) for each concentration were derived by fitting single 
exponentials to the DNA extension data in Figure 4.7A between t=0 and the end of 

the dataset. Dashed line shows fit to 𝑓(𝑥) =
𝑉𝑚𝑎𝑥∙[𝐴3]

[𝐴3]+𝑘
, with 𝑉𝑚𝑎𝑥 = 1.0 s-1 and DNA 

compaction rate constant (𝑘) 0.8 µM-1·s-1.  
 

In Figure 4.7A, I show that increasing A3 concentration causes the DNA to 

be compacted more rapidly. The DNA extension data for each concentration can 

be fitted with a single exponential, in order to determine the rate constant for that 

concentration (kobs). By plotting rate these observed rates against A3 concentration 

(Figure 4.7B), I demonstrate that the observed rates (as determined by exponential 

fit to the DNA compaction data) can be fitted with  

 

 𝑓(𝑥) =
𝑉𝑚𝑎𝑥∙[𝐴3]

[𝐴3]+𝑘
  Equation 4.2 

 

This equation has parameters 𝑉𝑚𝑎𝑥, the maximum rate of DNA compaction 

and 𝑘, the concentration at which half of 𝑉𝑚𝑎𝑥 is achieved (i.e. Michaelis-Menten-

like kinetics). The data presented here shows that the maximum rate of DNA 

compaction by A3 (𝑉𝑚𝑎𝑥) is 1.0 s-1, while 𝑘 was determined as 0.8 µM-1·s-1. 

 

4.3.3 TIRFM shows A3 dissociation from DNA is slow 

TIRF microscopy was also used to measure the rate of A3 unbinding (the 

transition from state IV to state I in the kinetic scheme). In this experiment, the 

same flow-cell set-up as outlined above was used except the experiment starts with 

an A3-containing solution in the flow-cell, and buffer was flowed continuously into 

the chamber to wash out the A3. As the wash-out buffer solution contained no A3, 

free A3 was not available to bind to the DNA, meaning I could directly measure the 

unbinding rate. 
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Figure 4.8: A3 dissociation measured by TIRF microscopy 

A. Video stills from DNA extension. t=10 s, t=30 s, t=60 s, t=90 s, t=120 s, t=150 s. 
Scale bar: 2.5 µm. Arrow marks direction of flow. 
B. DNA extension over 150 seconds, measured in microns (red) and normalised 
extension (blue), with average extension of n=10 molecules for both measures of 
DNA extension (thick line). Exponential fit to Equation 4.3 shown as black dashed 
line. Note microscope was re-focussed between t=124 s and t=130 s, which 
prevented accurate DNA length measurement during this time. 

 

From the video stills, it is apparent that dissociation of A3 from the DNA was 

a much slower process than DNA compaction (Figure 4.8A). From the time-course 

(Figure 4.8B), the extension rate was calculated from a single exponential fit to the 

normalised and averaged DNA length data (black line) between t=40 s and t=90 s. 

From the absolute lengths (Figure 4.8B, top panel) it is clear that the majority of 

molecules do not return to their pre-compaction length over the duration of the 

recording. The DNA extension was normalised to the extension of the molecule 

during the last 20 time points of the record. A single exponential was fitted to the 

data to determine the rate of A3 dissociation (Equation 4.3). 

 

 𝑓(𝑥) = 𝐴 ∙ 𝑒(−𝑘𝑜𝑏𝑠∙(𝑥−𝑥0))   Equation 4.3 

 

In Equation 4.3, the lag time before DNA extension begins is offset 

(𝑥0 = 35 s). This lag time might be due to the microfluidics void volume, or some 

unknown factor which initially prevents the extension of the chromatin. The void 

volume is more difficult to assess for this extension time-course than the 
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compaction time-course (Section 4.3.1) as there is no obvious ‘start’ point. Using 

Equation 4.3 fitted to Figure 4.8B, between t=42.5 s and t=122.5 s, the rate of 

extension (𝐾𝑜𝑏𝑠) was determined as 0.006 s-1. 

Note that the microscope was refocused between t=124 s and t=130 s, 

resulting in a change in measured DNA length, and this region is excluded from the 

fit. While the microscope was focussed, the DNA was out of the TIRF field, so not 

clearly visible on the video, and thus could not be accurately measured by the 

ImageJ macro. 

This experiment was more technically difficult than the DNA compaction 

experiment for several reasons. Firstly, due to the length of the recording, the laser 

irradiated the sample sufficiently to cause photodamage to the DNA. This meant 

that in the majority of cases the DNA length did not return to the original (pre-

compaction) length. To remedy this, the data was collected at 2 fps and the laser 

was pulsed to reduce the damage to the sample over the long record duration. 

Secondly, in some cases DNA extension could not be recovered at all, and the 

compacted DNA became immobile on the flow-cell surface. Due to the immobility of 

the sample on the surface, I concluded that these molecules had stuck irretrievably 

to the surface (as is known phenomenon in single molecule assays). Addition of 

BSA, casein or other non-DNA binding proteins to the wash-out buffer might reduce 

this effect. It is difficult to completely separate the cases of surface sticking from 

those with significant DNA damage. For this reason, I have not carried out further 

analysis on this data. 

 

4.4 Quantifying A3 binding kinetics and energetics with MT 

To monitor the mechanical properties of DNA, I needed to use a force 

spectroscopy method. MT seemed suited to these experiments because of the 

working range of forces (0.1 pN - 30 pN with my set up), and the ability to make 

measurements on multiple DNA molecules in parallel. By using forces in the 

physiological range, I might be able to make inferences as to the feasibility of force-

disruption of chromatin in the cell. To ensure that the MT experiments would be 

prove feasible and useful in characterising the compaction of DNA by A3, I first 

tested that A3 binding and dissociation assays - similar to those used with the TIRF 
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microscope could be carried out with MT. MT also provides a higher resolution of 

DNA length measurement compared to TIRFM, and allows application of a 

constant force to the DNA. Due to the force being applied directly to the magnetic 

bead in MT, the tension on the DNA molecule is constant. In contrast, DNA tension 

under flow in TIRFM experiment is not constant. 

 

4.4.1 Measuring A3 binding to DNA with MT 

To test A3 binding, I used a simple assay: one end of a DNA molecule was 

immobilised on the glass coverslip surface, and the other end was tethered to a 

streptavidin-coated superparamagnetic bead. The magnetic bead was manipulated 

by the magnets on the microscope to stretch the tethered DNA molecule, using a 

defined force protocol. 20 uL of 4 µM A3 was flowed into the 8 uL flow-cell (Section 

3.7.1) and allowed to interact with the DNA. Force was held constant at 1.5 pN 

while A3 was added to the flow-cell. 

To compare the effect of A3 on the DNA, the force-extension profile was 

measured both before and after the addition of A3. After A3 addition, force was 

reduced to a minimum of 1.5 pN to ensure that the bead remained above the 

surface of the flow-cell and did not stick to the surface.  

 

 

Figure 4.9: DNA compaction by A3 is too rapid to measure with MT 

A. Time course of DNA extension with changing force. A3 addition begins at 74 s, 
and is flowed through the flow-cell until 125 s. Grey markers show measured DNA 
length. Data for force-extension diagram in panel B is coloured red before A3 
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addition and blue after A3 addition. Dotted lines show DNA extension before 
(1.16 µm) and after (0.19 µm) A3 addition. 
B. Force-extension diagram before (red) and after A3 addition (blue).  
 

From the time-course (Figure 4.9A), prior to A3 addition the DNA force-

extension property was measured (data marked in red, between t=12 s and t=22 s). 

At low force (0.25 pN, t=50 s), there was significant variation in the measured DNA 

extension, which was reduced (as expected) when force was increased to 1.5 pN. 

This is due to the decrease in thermal noise when the DNA is under tension.  

Upon A3 addition (t=74 s), the DNA extension was immediately and 

significantly reduced, though the measured extension stabilised once the flow had 

ceased (t=125 s, DNA extension=0.19 µm). After A3 addition, the 1.5 pN force was 

maintained for 137 seconds, at which point the force was increased to 11.4 pN, and 

the high force was held for 40 seconds. At the high force, the DNA with A3 was 

extended to a similar length as prior to A3 addition. The force was then gradually 

reduced, and the DNA·A3 chromatin complex force-extension property with A3 was 

recorded. The mechanical properties before and after A3 addition are compared 

directly in Figure 4.9B. 

The A3 solution had to be drawn through the flow-cell slowly to ensure 

mixing at the boundary layer – where the DNA tethers are located. During this 

period of flow, there was significant change in the lateral position of the bead, and 

the bead was pulled close to the surface by the flow. DNA extension dipped below 

0 µm during the period of flow, likely due to the touch of the blotting paper onto the 

coverslip of the flow-cell (see Figure 4.9A between 75 s and 100 s). These 

technical factors mean that accurate mechanical measurements could not be made 

as the A3 solution was added, hence compaction rate could not be accurately 

determined by this method. After A3 was added and flow had settled, chromatin 

length was stable so length measurements could then be made using MT. By this 

time no further change in extension was observed, demonstrating that A3 binding 

and DNA compaction were very rapid. 

This experiment showed that the rate of A3 binding was too fast to be 

measured by MT, and that the technique was suitable for measuring the 

mechanical properties of the DNA·A3 chromatin complex. 
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4.4.2 Measuring A3 dissociation from chromatin with MT 

From the TIRF experiment I found that A3 dissociation was much slower 

than A3 binding to DNA (Section 4.3). To test whether A3 dissociation from the 

DNA could be measured with magnetic tweezers I repeated the A3 dissociation 

experiment from the TIRF microscope with MT. In this case, I allowed the buffer to 

diffuse through the flow-cell under capillary action, rather than induce flow by 

drawing the fluid through with blotting paper. This strategy prevented significant 

lateral deflection of the bead in the flow. The aim was to remove A3 from the flow-

cell, so A3 dissociation could be measured without the complication of free A3 in 

solution available to bind onto the DNA.  

In this experiment, I started with the flow-cell equilibrated with 4 µM A3. I 

then added 20 uL N250 buffer, and allowed the buffer to diffuse into the 8 uL 

channel. Force was then cycled 10 times from 1.5 pN to 11.4 pN, as shown in 

Figure 4.10A. 

 

 

Figure 4.10: A3 unbinding is slow and can be measured by MT 

A. Time course of A3 dilution experiment. Arrow marks addition of buffer to the 
flow-cell. Force cycle shown in top panel, DNA extension shown in bottom panel. 
Raw data coloured with rainbow, 80-point smoothed data shown as black line. 
B. Dilution of A3 causes the force-extension profile to shift right, towards the DNA 
only curves (grey, 10 force cycles, time-course data not shown). Data smoothed 
using 80-point window and coloured to match rainbow in panel A. 
 

 For the majority of the time, force was held at 11.4 pN. The extension of the 

DNA at high force did not change over the duration of the experiment (Figure 
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4.10A). This can be observed in the force-extension diagram (Figure 4.10B), as 

DNA extension above 8 pN matched the extension of the molecule before addition 

of A3 (grey data). 

A3 was washed out of the flow-cell over the course of over 500 s, and 10 

force-extension repeats were made. During this time, the DNA extension curve of 

the force-extension diagram (Figure 4.10B) shifted right, towards the DNA only (i.e. 

WLC) dataset. This progressive shift over time indicated that as A3 was removed 

from the flow-cell it dissociated from the DNA. However, the force-extension 

diagram did not fully return to the force-extension profile for bare DNA at low 

forces. This could be because the rate of dissociation is very slow and not all A3 

dimers have dissociated from the DNA during the time course. Repeating the 

experiment using a larger volume of buffer to wash out A3 from the chamber, and 

more force-extension cycles might help to determine the time required for A3 to 

dissociate. 

As buffer was allowed to diffuse along the length of the flow-cell, it is likely 

that the solution mixed with the A3 already in the flow-cell by diffusion, rather than 

completely displacing it. This would mean that the time-course ran from high A3 

concentration (4 µM) to an unknown low A3 concentration. Furthermore, a constant 

flow rate was not maintained during this experiment – the flow rate would have 

decreased over the duration of the experiment, and this is difficultly to measure and 

control with the current flow-cell set up. Due to this, the dissociation process could 

also be a function of A3 concentration and flow rate. A more systematic approach 

to changing A3 concentration should be used to test the true concentration 

dependence of the binding kinetics. However, this is a technically challenging 

experiment as the lateral flow interferes with the bead position measurement. 

 

4.5 Measurement of A3 affinity by magnetic tweezers 

The EMSA experiment (Section 4.2) showed that the KD is approximately 

0.25 µM. The A3 dissociation assay with the MT (Section 4.4.2), also showed that 

A3 dissociation is concentration dependent.  

To test the concentration dependence more systematically, I increased A3 

concentration from 1 µM to 5 µM, and carried out a force-extension protocol for 
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each concentration (Figure 4.11A). In order to compare DNA tethers with slightly 

different absolute lengths (due to the DNA binding at an offset to the easy axis of 

the bead), I normalised DNA extension of each trace to the extension at 11 pN 

(Figure 4.11B). As a continuous force-extension ramp was used, I binned the data 

into bins with approximately 8 data points, at forces from 0.2 pN to 3 pN (see figure 

legend). As the force ramp was exponential, bin size increases to maintain the 

number of points in the bin. Percentage compaction was then plotted against A3 

concentration at each force (Figure 4.11C), and the data was fitted with a derivation 

of the Hill equation. From the Hill equation fits, I found values for KD and Hill 

coefficient at each force and determined how these values change with respect to 

increasing force (Figure 4.11D).  

 

 

Figure 4.11: Force dependence of A3 affinity can be measured by MT 

A. Force-extension curve shifts left with increasing A3 concentration for one DNA 
molecule, recorded at 35 fps. Horizontal dashed lines mark sections through the 
data used to generate C. 
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B. Normalised force-extension for all extension traces in the dataset (n=1075 
extension traces, from 9 different DNA molecules). Data was normalised against 
the length of the molecule at 11 pN. 𝐸𝑥𝑡𝑒𝑛𝑠𝑖𝑜𝑛 (%) = 100 ×
(𝐸𝑥𝑡𝑒𝑛𝑠𝑖𝑜𝑛 𝐸𝑥𝑡𝑒𝑛𝑠𝑖𝑜𝑛 𝑎𝑡 11 𝑝𝑁⁄ ). Data smoothed with 80-point smoothing. 
C. Compaction increases with increasing A3 concentration. n=180 points per force 
per concentration (n=176 points per force for 0 µM A3, and n=179 points per force 
for 3 µM A3), from 9 different DNA molecules. 𝐶𝑜𝑚𝑝𝑎𝑐𝑡𝑖𝑜𝑛 (%) = 100 −
𝐸𝑥𝑡𝑒𝑛𝑠𝑖𝑜𝑛 (%). Each data point is the averaged bead position for a single molecule 
at a given force bin (~8 points per force). Force bins: ‘0.2 pN’: <0.3 pN; ‘0.5 pN’: 
0.47-0.53 pN; ‘1.00 pN’: 0.95-1.06 pN; ‘2.00 pN’: 1.9-2.1 pN; ‘3.00 pN’: 2.85-3.15 

pN. Fit lines: 𝐶𝑜𝑚𝑝𝑎𝑐𝑡𝑖𝑜𝑛 (%) = 𝐴 ∙
𝑥𝑛

𝐾𝐷+𝑥𝑛
+ 𝑐 where 𝐴 is the total amplitude of the 

curve, 𝑥 is the measured compaction, 𝑛 is the Hill coefficient, 𝐾𝐷 is the dissociation 
constant and c is an offset value.  
D. Hill coefficient and KD were determined from the fit to graph C. Hill coefficient 
was approximately constant over forces up to 3 pN, while KD increased 

exponentially with force. Fit to KD: 𝐾𝐷(𝐹) = 𝑒
−∆𝐺−(𝐹∙𝑑)

𝑘𝐵𝑇  between 0.2 pN and 2 pN, 

where ∆𝐺 is the Gibbs free energy under no force, 𝐹 is the applied force, and 𝑑 is 
the distance over which the work is done. 

 

In this experiment, systematically increasing the A3 concentration resulted 

in the force-extension curve shifting left at low forces. This indicates that at low 

forces higher concentration of A3 confers a greater degree of compaction. At high 

forces (up to 11.4 pN), DNA extension with A3 met the curve for DNA alone (0 µM 

A3). As extension under high load was the same for samples with and without A3, 

DNA extension was normalised to enable comparison of all extension traces in the 

dataset (Figure 4.11B).  

In Figure 4.11C, the relationship between DNA compaction and A3 

concentration can be more directly interpreted. As A3 concentration was increased, 

DNA compaction increased, however, this relationship was not linear. At low forces 

(0.2 pN, red), DNA was readily compacted, however at higher forces (3 pN, dark 

blue) DNA could not be compacted by increasing A3. The percentage compaction 

data for each force was fitted with a derivation of the Hill equation: 

 

 𝐶𝑜𝑚𝑝𝑎𝑐𝑡𝑖𝑜𝑛 (%) = 𝐴 ∙
𝑥𝑛

𝐾𝐷+𝑥𝑛
+ 𝑐   Equation 4.4 

 

Where 𝐴 is the total amplitude of the curve, 𝑥 is the A3 concentration, 𝑛 is 

the hill coefficient, 𝐾𝐷 is the dissociation constant and c is an offset value. In this 
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equation, A3 concentration is used as a proxy for bound A3, assuming that 

concentration is rate limiting in the low concentration range.  

From the Hill equation fits, both Hill coefficient and KD were analysed with 

respect to force (Figure 4.11D). As shown in Figure 4.11D, the value of the Hill 

coefficient does not change significantly with increasing force, and remains 

approximately 2 over the 0.2 pN-3 pN force range. Interestingly, this in agreement 

with the outcomes of the EMSA in Section 4.2, indicating that A3 most likely does 

show cooperative binding effects. 

 KD increased exponentially with respect to force. The fit to the KD values 

takes the form 

 𝐾𝐷(𝐹) = 𝑒
−∆𝐺−(𝐹∙𝑑)

𝑘𝐵𝑇   Equation 4.5 

 

Where the dissociation constant at a given force (𝐾𝐷(𝐹)) is equal to the 

exponent of the difference between the free energy (∆𝐺) and work done by each 

histone molecule (𝐹 ∙ 𝑑) upon binding to DNA at a given load (𝐹). When this 

equation was fitted to the data, I found that the Gibbs free energy (∆𝐺) was equal to 

-33.2 kJ·mol-1, and that the distance over which the work was done (𝑑) was 

5.47 nm per A3 monomer. This correlates well with the idea that the A3 dimer binds 

to 30 bp DNA, which has B-form length of 10 nm, as derived from EMSA assays 

showing A3 histone binds minimally to 30 bp DNA (Ofer 2018). 

In my experiment, for forces above 3 pN the DNA compaction data does not 

increase sufficiently above 0 % compaction to fit the Hill equation with meaningful 

values. The effect of poor fitting can be seen by the outlying data point at 3 pN in 

the KD-force graph of Figure 4.11D. The expected KD at 3 pN would be around 

80 µM A3, as estimated from the exponential fit. However, in my experiment I only 

tested a small concentration range, from 0 µM - 5 µM A3, hence the expected KD 

value for forces above 3 pN are far too large to be extrapolated accurately from my 

data set. As my data set does not cover a sufficiently large concentration range to 

estimate meaningful KD values, I have chosen not to present the data for these 

forces. I also consider the physiological relevance of these values: increasing the 

applied force to 3 pN or greater would increase the KD to ~ 80 µM which might 

essentially inhibit A3 binding to the DNA. This might represent a mechanism by 
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which DNA processing enzymes, if able to exert forces upon the DNA, could act to 

expose DNA sites.  

 

4.6 Steady-state measurement of chromatin length 

Having established that DNA compaction is both concentration and force 

dependent, I began to investigate in more detail the mechanical properties of A3-

chromatin. Assuming that chromatin in M. jannaschii forms a hypernucleosome 

structure rather than discrete nucleosomes, it is likely that the force-extension 

profile of A3-chromatinised DNA will be different from eukaryotic chromatin.  

In order to test this, the force-extension response of DNA molecules was 

measured before and after the addition of 4 µM A3. A stepped force protocol 

(Figure 4.12A) was used to allow measurement of the length of A3-chromatinised 

DNA at steady state. The average bead height was measured at each force over a 

period of 41 seconds. The force extension of A3-chromatinised DNA was 

compared to the force-extension of DNA alone, which was measured using a 

similar force-step protocol, with 16 seconds at each force and 6 steps (Figure 

4.12B).  

 

 

Figure 4.12: A3-chromatin extension is linear in the low force range 

A. Force was increased from 0.35 pN to 3.2 pN in a series of 7 steps. DNA 
extension with 4 µM A3 raw data is shown as red markers, and 80-point smoothed 
data as black line. Data recorded at 30 fps. 
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B. DNA force-extension (black) compared to force-extension of DNA with 4 µM A3 
(red). Mean bead position without A3 was measured over 450 data points for n=18 
DNA molecules. Mean bead position with 4 µM A3 was measured over 1250 data 
points for n=21 DNA molecules. Data collected at 30 fps. Error bars: ± 1 standard 
deviation. Open circle markers show mean position of each bead. Filled markers 
show mean extension for all beads. Black dashed line: WLC fit with 𝑙𝑝=56 nm, 

𝑙0=1.97 µm. Red dashed line: point to point.  
 

In this experiment, the A3-chromatinised DNA has an observed extension of 

0.35 µm at 0.35 pN. At this force, the DNA is extended to only 22 % of the length of 

naked DNA at the same force, demonstrating significant compaction of DNA by A3. 

As force is increased from 0.35 pN to 1.6 pN the observed length of the DNA tether 

increases linearly. At 1.6 pN, the A3-chromatinised DNA is 0.97 µm in length, which 

corresponds to 56 % extension compared to the naked DNA. At 3.2 pN, the A3-

chromatinised DNA reaches 75% extension when compared to the expected 

extension according to the WLC model (note that there is no corresponding data 

point for the DNA only sample in this data set). 

As A3-chromatin extends linearly in the 0.35 pN – 1.6 pN range, and is 

significantly compacted compared to DNA alone at forces below 3.2 pN, the force-

extension profile of A3-chromatinised DNA cannot be fitted with the WLC model. 

This finding verifies that extension of A3-chromatinised DNA does not fit the WLC 

model.  

Drawing on the ideas from the mechanical properties of materials, linear 

extension with force suggests that A3-chromatin extension is spring-like when 

measured under steady state conditions. I carried out further experiments to 

whether this spring-like property is true in non-equilibrium conditions, and to 

compare A3-chromatin extension more directly with the force-extension profile of 

eukaryotic chromatin. 

 

4.7 A3-chromatin extension at high force 

As outlined in the introduction (Section 1.6.3), the force-extension of 

eukaryotic chromatin results in steps in the extension profile between 10 pN and 

20 pN, until the profile reaches the WLC model. Each step can each be attributed 

to release of approximately 90 bp DNA from each nucleosome, and subsequent 

dissociation of the histones from the DNA. In experiments using eukaryotic 
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histones, when force is reduced, the compaction phase follows the WLC model as 

the histones are not able to spontaneously rebind to the DNA (Meng, Andresen, 

and Van Noort 2015).  

To probe the force-extension relationship of A3-chromatin at high force, I 

modified the experimental set up to use a pair of magnets with a 1 mm gap, and 

2.8 µm superparamagnetic beads (M270 Dynabeads) attached to the DNA 

construct. These changes to the MT set up extended the force range up to ~ 30 pN, 

which was sufficient to cover the force range where stepping was observed with 

eukaryotic chromatin. I applied a slow force-ramp from 0.1 pN to 29.85 pN and 

measured DNA extension throughout. 

 

 

Figure 4.13: A3-chromatinised DNA extension under high load 

Force-extension of DNA (grey), and DNA with 5 µM A3 (red), up to a maximum 
force of 29.85 pN. WLC fit (dashed line): 𝑙𝑝=50 nm, 𝑙0=2.03 µm. Data collected at 

20 fps. Force-ramp produced by moving the magnets at 1 mm/s over 10 mm range.  
 

Looking at the high force range of the graph, when A3-chromatinised DNA is 

extended by forces above 5 pN the force-extension profile matches that of DNA 

alone. As the DNA alone and DNA with A3 are the same in this region, the WLC 

model fits the force-extension profile for A3-chromatinised DNA at forces above 

5 pN.  

If A3 dissociation resulted in steps in the force-extension trace, these were 

not resolved in this dataset. As A3 extension above 5 pN matched the WLC model, 

any A3 dissociation events likely occurred below this force. To directly observe 
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steps, the experiment would require a faster frame rate (to increase the number of 

data points in the range where stepping might be observed), and a faster force-

ramp speed, which would push the binding away from equilibrium. 

 

4.8 A3-chromatin has distinct extension and compaction 

phases 

Having established that A3-chromatin extension returned to the WLC model 

above 5 pN, I more thoroughly characterised the linear extension indicated by the 

steady state force-extension experiment (Section 4.6). 

I applied a continuous force-ramp, and increased the frame rate of the 

camera. I anticipated that using a fast frame rate (246 fps) might have enabled me 

to observe any stepping behaviour in the extension profile, (as suggested following 

the high-force extension experiment in Section 4.7). The force-ramp was generated 

by translating the magnets towards the surface at a rate of 0.45 mm/s. To 

understand whether the compaction phase followed the WLC model (as is the case 

for eukaryotic nucleosomes (Meng, Andresen, and Van Noort 2015)), I then 

reversed the force-ramp and tracked DNA compaction as force was reduced.  

In the introduction to this chapter, I introduced the idea of hysteresis in the 

force-extension graph (Section 4.1.1). As the magnets are translated at a relatively 

slow rate, I hypothesised that the chromatin extension and compaction traces 

would be the same throughout, as the rate of A3 binding should be faster than the 

rate of DNA compaction. The results of this experiment are shown in Figure 4.14.  
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Figure 4.14: Extension of A3-chromatin shows hysteresis 

A. A continuous force-ramp was applied by translating the magnets at a rate of 
0.45 mm/s, over a range of 5 mm. Force was increased from 0.2 pN to maximum 
force 9.34 pN, which was held for 2 seconds. Then, the force-ramp was reversed. 
Extension of DNA with 5 µM was measured throughout at 246 fps. Red: extension 
phase, black: high force, blue: compaction phase. 
B. In the force-extension diagram, the extension (red) and compaction (blue) 
phases show hysteresis. Black line shows WLC model with 𝑙𝑝=50 nm, 𝑙0=2.0 µm. 

 

Using a slow force-ramp should have enabled the system to maintain 

equilibrium, and I expected that the trace would be the same during both the 

extension and relaxation phases. However, this was not the case. Unlike my initial 

hypothesis, the force-extension graph showed hysteresis in the extension and 

relaxation cycle, indicating that some energy is lost by the system during the cycle. 

As the biggest difference in the gradients between the extension and compaction 

trace is in the low force range, I suggest that energy lost may be due to imperfect 

stacking arrangements in the forming chromatin fibre, and that this would be 

reflective of a parking problem when assembling the A3 dimers along the length of 

the DNA. 
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4.8.1 Extension phases of A3-chromatin  

Looking more closely at the A3-chromatin extension data in Figure 4.14B, 

the extension trace can be split into 3 distinct extension regimes (Figure 4.15). 

 

 

Figure 4.15: A3-chromatin extension has 3 distinct phases 

A. Linear fit to first extension phase (black line, 𝑦 = 2.1𝑥 − 0.4) is made to 1700 
data points for A3-chromatinised DNA extension.  
B. Linear fit to second extension phase (black line, 𝑦 =  14.8𝑥 − 20.1) is made to 
400 data points. 
C. WLC fit has 𝑙𝑝=50 nm, 𝑙0=2.0 µm 

 

The first extension phase occurs in the low force range, from 0.25 pN to 

2.5 pN (Figure 4.15A, note different y axis scale). Here, A3-chromatinised DNA 

extension correlates linearly with force and with stiffness 0.002 pN·nm-1. At 

approximately 3 pN, A3-chromatinised DNA undergoes a transition, whereby the 

force extension profile becomes steeper, i.e. the complex is stiffer. This marks the 

start of the second extension phase.  

In the second extension phase (Figure 4.15B), between 4 pN and 8 pN, the 

chromatin fibre stiffness is 0.014 pN·nm-1. This phase continued to extend at a 

constant rate until the curve reaches the WLC model for DNA. Between 8 pN and 

9.34 pN (the maximum force applied in this experiment), a final extension phase is 

observed (see Figure 4.15C). Together with the data from the high force 

experiment (Figure 4.13), it is apparent that above 8 pN the extension followed the 

WLC model. As A3-chromatinised DNA and DNA alone have the same force-

extension properties above 8 pN, I propose that this is due to one of two scenarios: 
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either A3 is unbound from the DNA at this force and hence does not affect DNA 

extension, or A3 is still bound but not able to compact the DNA. 

From these extension phases, I have calculated the associated energies for 

extension (per molecule), assuming that the area below each phase of the curve is 

equal to the work done.  

 

 

Figure 4.16: Work done corresponds to the force-extension diagram  

Red shading shows work done in the first linear phase of chromatin extension, 
while grey shading shows work done in the second linear extension phase. WLC fit 
with 𝑙𝑝=50 nm, 𝑙0=2.0 µm also shown. 

 

To evaluate the energies associated with each phase of the extension, the 

area between the linear fits was calculated (first linear phase shaded red, second 

linear phase shaded grey in Figure 4.16). The total number of histone binding sites 

was estimated using the stoichiometry of the crystal structure by Mattiroli et al. 

(Mattiroli et al. 2017) (PDB: 5T5K). In this structure, 6 histones bind 88 bp of DNA. 

88 bp of B-DNA corresponds to a length of 30 nm, or 5 nm per histone monomer. 

This value is in agreement with the values derived from the biochemical data of 

Ofer et al whereby A3 dimers bind 30 bp DNA, equating to 5 nm DNA per histone 

monomer (Ofer 2018). The 2 µm DNA molecule used in my work hence should 

have space to maximally bind 400 histone monomers. I cannot directly measure 

the number of bound histones in my experimental assay. While these calculations 

are made on a per monomer basis – A3 concentration is measured in terms of 

histone monomers – it is important to remember that the A3 protein binds DNA 

minimally in a dimeric configuration. 

Assuming that A3 is in saturating concentrations throughout, such that the 

DNA is fully bound by histones, I find the work done by the binding of the first linear 
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extension phase – the unstacking energy – is 6.67 pN·nm per A3 monomer 

(1.62 kBT per monomer), while the second linear phase - the unwrapping energy - 

does 4.71 pN·nm work per A3 monomer (1.18 kBT per monomer). Knowing the A3 

binds to DNA as a dimer (Ofer 2018), this gives unstacking energy (per dimer) of 

3.24  kBT, and an unwrapping energy of 2.36 kBT.  

 

4.8.2 Compaction phases of A3-chromatin 

Looking at the compaction data in Figure 4.14B, linear extension phase 2 is 

absent from the release (compaction) part of the force cycle (Figure 4.17). 

 

 

Figure 4.17: DNA compaction by A3 has only 2 distinct phases 

A. Linear fit to first extension phase (black line, 𝑦 = 1.7𝑥 − 0.2) is made to 1700 
data points.  
B. WLC fit (Black line) has 𝑙𝑝=50 nm, 𝑙0=2.0 µm. 

 

Following the DNA compaction trace from high force to low force, the DNA 

initially shows compaction according to the WLC model (Figure 4.17B). That is to 

say, that A3 provides no compaction to the DNA as force is decreased from 

9.34 pN to 5 pN. Below 5 pN, DNA compaction deviates from the WLC model, 

becoming near linear in the 0-3 pN range (Figure 4.17A). Below 3 pN, the DNA has 

a stiffness of 0.0017 pN·nm-1.  
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4.9 A3-chromatin is resistant to cyclic fatigue 

I previously introduced the idea that some materials undergo plastic 

deformation (the material is unable to return to its original size and shape, 

Section 4.1.1). Repeating the same force-extension and relaxation cycle many 

times can result in a plastic deformation of some materials, a phenomenon known 

as cyclic fatigue. To know whether A3-chromatin undergoes plastic deformation 

after many repeats of the same force cycle I tested a single molecule with 10 force 

cycles, and analysed the compaction phase of each cycle.  

In the force cycle used for this experiment, force was stepped from 0.85 pN 

to 5.5 pN. High force was held for 41 seconds, then decreased gradually over 

5 seconds to 0.85 pN. The low force was held for 25 seconds, then the cycle was 

repeated. The duty cycle ratio (the relative amount of time spent in the low force 

part of the cycle) of this force protocol is 0.35. 

 

 

Figure 4.18: A3-chromatin is resistant to force cycling 

A. Force was stepped from 0.85 pN to 5.5 pN, held for 41 seconds, and then 
decreased at a rate of 0.5 mm/s, to a minimum force of 0.85 pN. DNA extension 
was measured at 30 fps over 10 force-extension cycles, with 5 µM A3. 
B. Compaction of DNA with 5 µm (red) and DNA alone (grey). For the DNA only 
sample the force-ramp was modified to reach a minimum force of 0.13 pN at ramp 
speed 0.5 mm/s. 10 consecutive compaction traces shown for each condition. WLC 
fit (dashed line): 𝑙𝑝=45 nm, 𝑙0=1.53 µm. Data recorded at 30 fps. 

 

Here, the data shows that the traces for all 10 repeats of the force cycle are 

very similar for a single molecule. As there was no significant difference in the 
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force-extension diagram between cycles, I conclude that the force-extension of A3-

chromatinised DNA is highly repeatable, and that the complex does not show 

plastic deformation when subjected to many cycles of extension and relaxation of 

the molecule. 

This behaviour is impossible in eukaryotic organisms as there are no 

loading proteins in the assay to re-assemble eukaryotic nucleosomes. The 

resistance to cyclic deformation which I have observed provides evidence that in 

the native environment of the nucleoid loading proteins are not required to maintain 

the structure of archaeal chromatin. 

 

4.10 Kinetic model for A3 chromatin at equilibrium 

The kinetic scheme was converted into a model in Igor Pro. The model 

works on the same principles as the scheme shown in Figure 4.4 (repeated here as 

Figure 4.19).  

 

 

Figure 4.19: Kinetic scheme for A3 binding 

Kinetic scheme with multiple forward and reverse rate constants. 
 

4.10.1 Model parameters  

The kinetic model is fed with various known length parameters: the 

extension of both state I and II is equal to the WLC estimated length at the given 

force; and the length of state; and the length of state IV at equilibrium is 0.19 µm at 

0.25 pN (from Figure 4.9). The length of the whole molecule is calculated as the 
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proportion of the DNA tether in each of the 4 states. The number of A3 monomers 

is calculated from the number of A3 binding sites in the total DNA length – 

assuming each A3 dimer binds to 30 bp DNA (10 nm). The maximal number of A3 

dimer sites is hence the DNA contour length divided into 10 nm sections. This 

assumption gives slightly more binding sites than using the geometry of the 

eukaryotic nucleosome (as used in the work calculations of Section 4.8.1), which 

would give sites of 12.5 nm per (eukaryotic) histone dimer. However, the binding 

site length ued in the model aligns closely with the values derived from the 

stoichiometry of the hypernucleosome structure (88 bp DNA binds 3 histone 

dimers).  

The transition from one state to the next is defined by the rate constants for 

each step: forward rates (𝑘+1, 𝑘+2, and 𝑘+3) and reverse rates (𝑘−1, 𝑘−2, and 𝑘−3). 

Constraints upon these rates were also defined: only rate of A3 binding (𝑘+1) is 

dependent upon A3 concentration; A3 binding and dissociation rates (𝑘+1, 𝑘−1) are 

not strain-dependent; wrapping and stacking rates are strain dependent (𝑘+2, 𝑘+3 

and 𝑘−3). To achieve a model where the force-extension diagram looked most like 

my data, the unwrapping rate (𝑘−2) needed to be independent of strain. 

The strain dependence of these rates was determined by calculating the 

work done by each A3 monomer in the transition from one state to the next 

(𝑊𝑜𝑟𝑘 𝑝𝑒𝑟 𝑑𝑖𝑚𝑒𝑟 = 𝐹 ∙ (∆𝑙/𝑛𝑑𝑖𝑚𝑒𝑟𝑠 )). For reaction steps where both the forward 

and reverse reactions were strain dependent (i.e. the stacking transition), the work 

per dimer was distributed equally between both the forward and backwards rates. 

For the wrapping transition, work contributed only to the forward reaction rate 

constant (𝑘+2). To establish the rate constant, inclusive of the work term, the rate of 

the step was recalculated as  

 𝑘(𝑤)𝑠𝑡𝑒𝑝 = 𝑒
−(𝐸𝑎+𝑤𝑜𝑟𝑘)

𝑘𝐵𝑇   Equation 4.6 

 

Where the activation energy under no load is defined by Equation 4.7. 

 

 𝐸𝑎 = −𝑘𝐵𝑇 ∙ ln (𝑘𝑠𝑡𝑒𝑝)  Equation 4.7 
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4.10.2 Graphical user interface for model 

In order to easily change parameters in the model, a control panel was built 

in Igor Pro (Figure 4.20). In the control panel, the user can trial different values for 

A3 concentration (top left), any of the rate constants (forward rates on 2nd row, 

reverse rates on 4th row), or the strain dependence of the process (Δ work 

checkboxes). When these values are updated, the model automatically updates the 

proportion of the DNA·A3 complex in each state (3rd row).  

 Underneath these parameters, are the maximum lengths of the DNA·A3 

complex in each state (5th row), i.e. the extension at high force if 100 % of the 

complex was in that state. These are determined as the DNA contour length for 

states A and B, as 2/3rd contour length for state C and 1/20th contour length for 

state D. These values can also be adjusted by the user.  

 The WLC checkboxes (6th row) are used to determine whether the extension 

of the complex in that state follows the WLC model. On the bottom row of the 

control panel, the extension of the complex using these length values is shown for 

the given force. Force during the experiment can be set using the variable box on 

the 3rd row of left-most column (here shown as 0.25 pN). The value displayed in the 

blue box (4th from top of left-most column) shows the extension of the DNA tether 

at the end of the equilibration period (here 0.22 µm) at the chosen force. 
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Figure 4.20: Control panel for A3 model 

The control panel (top) for the A3 model allows the user to easily update 
parameters and regenerate the equilibration time-course graph (bottom). 
 

 The left-most column of the control panel contains the ‘action’ buttons. The 

‘State’ button determines whether the experiment starts with all of the sample in 

state I (red) or state IV (green). The next button (‘SLOW’) determines the time 

interval (𝛿𝑇) for the experiment. Currently, this is set to 0.05 s for ‘slow’, and 

0.0005 seconds for ‘fast’, meaning the experiment is allowed to equilibrate for 

100 seconds, or 1 second respectively. The colour and text in these buttons 

updates when clicked to show the current setting.  

The final ‘action’ buttons are in grey, these run the force-extension protocol 

(‘F_Ext’) and the protocol to determine the overall A3 binding kinetics (‘A3_Concs’). 

The outputs of these procedures are shown in Section 4.10.3 and Section 4.10.5. 
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4.10.3 Modelling A3-chromatin compaction 

As the proportion of DNA in each state is determined by the rate constants, 

the model can be run as a time-course. In the time-course, all DNA and protein in 

the system starts in state I. For each time point, the proportion of complex in each 

state is calculated using the rate constants for each step of the process. The total 

DNA length at each time point is then is calculated. Over a sufficiently long time-

course, the system will reach equilibrium, and the DNA length stabilises. 

Effectively, this is mimics the DNA compaction TIRF assay in Section 4.3, and the 

DNA compaction assay using MT in Section 4.4.1.  

Using a variety of different A3 concentrations, the TIRF experiment can be 

modelled. The analysis of the output from the model is similar to the TIRF 

experiment: single exponentials are fitted to the time-course data, and the 

observed rate constant (𝐾𝑜𝑏𝑠) is plotted against A3 concentration in order to 

determine the overall reaction kinetics. 

 

 

Figure 4.21: Equilibrium time-course of statistical model for A3 binding 

A. Equilibration time-course, with A3 concentrations from 0.1 µM to 4.0 µM (see 
key), using rate constants 𝑘+1 = 2.00, 𝑘+2, = 1.12, 𝑘+3 = 3.50, 𝑘−1 = 0.80, 
𝑘−2, = 0.30, 𝑘−3 = 0.20. 
B. Rate constants (kobs) for each concentration were determined by fitting single 
exponentials to the DNA extension data in Figure 4.21A, between t=0 s and 

t=100 s. Dashed line shows fit to 𝑓(𝑥) =
𝑉𝑚𝑎𝑥∙[𝐴3]

[𝐴3]+𝑘
, with 𝑉𝑚𝑎𝑥 = 1.1 s-1 and DNA 

compaction rate constant (𝑘) 0.8 µM-1·s-1. 
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 Using the model I was able to determine rate constants for each step which 

provide a close match to the experimentally measured overall rate (0.8 µM-1·s-1) 

and 𝑉𝑚𝑎𝑥 (1.0 s-1, see Section 4.3.2). I demonstrate that the model shows similar 

concentration dependence to the real experiment. 

With 4 µM A3, the model equilibrates to a DNA length of 0.22 µm at 

0.25 pN, close to the true value of 0.19 µm (see Section 4.4.1). Minor adjustment of 

the length parameters for state IV should enable the model to become more 

accurate in predicting DNA extension. The model is useful as it can estimate the 

rate constants for each intermediary step of the A3 binding process, which I have 

not been able to measure directly with my experiments. 

 

4.10.4 Modelling A3 dissociation from DNA 

The model can also be used to simulate A3 dissociating from the DNA. To 

simulate this, A3 is removed from the system, by setting the A3 concentration to 

0 µM, and starting with all DNA in state IV (Figure 4.22), mimicking the DNA 

extension TIRF assay (Section 4.3.3). 

 

 

Figure 4.22: Equilibrium time-course of statistical model for A3 dissociation 

Equilibration time-course, with no A3 using rate constants 𝑘+1 = 2.00, 𝑘+2, = 1.12, 
𝑘+3 = 3.50, 𝑘−1 = 0.80, 𝑘−2, = 0.30, 𝑘−3 = 0.20. 
 

 Here, my model shows an initial fast phase, followed by slower phase where 

A3 dissociates at a rate of 0.0097 s-1. The initial fast phase does not fit the 
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empirical data. Like the experimental TIRF assay, the DNA length in the model 

does not equilibrate in the given time (100 s). 

 

4.10.5 Modelling force-extension of A3-chromatin 

Using a similar idea, I can use the model to iterate through a range of 

forces, rather than through time. In this force-extension mode, the model 

equilibrates for a set time at each force, in order to mimic a continuous force ramp. 

As indicated in the introduction to this chapter (Section 4.1.1), the system at 

equilibrium should show the same extension and relaxation properties, while at 

non-equilibrium, I should observe hysteresis. Like my force-extension experiments, 

this mode of running the model increases force with a parabolic distribution, so 

there are more data points at low forces than at high forces. 
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Figure 4.23: Force-extension of statistical mechanics model for A3 binding 

A. Force extension of a 2 µm DNA tether, with 4 µm A3, and rate constants 
𝑘+1 = 2.00, 𝑘+2, = 1.12, 𝑘+3 = 3.50, 𝑘−1 = 0.80, 𝑘−2, = 0.30, 𝑘−3 = 0.20). Solid lines 
show non- force-extension after 1 second equilibration time, dashed lines show 
force-extension after 100 second equilibration time. Increasing force-ramp 
(‘extension’) in red, and decreasing force-ramp (‘compaction’) in blue. Black line 
shows WLC model with 𝑙0 = 2 µm and 𝑙𝑝 = 50 nm. 

B. Proportion of DNA in each state (I-IV, see key) at, over the course of the force-
extension procedure. Increasing force-ramp (‘extension’) in red, and decreasing 
force-ramp (‘compaction’) in blue. 
C. Same as B but with proportion of DNA in each state on y-axis and force on x-
axis. 
 

Using the model, I can show that when the equilibration time is sufficiently 

slow, the system will not reach equilibrium, and hysteresis between the extension 

and compaction curves can be observed (Figure 4.23A, solid lines, 1 second 
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equilibration time). Given sufficiently long equilibration time at each force, the 

extension and compaction traces are overlaid, and no hysteresis is observed 

(Figure 4.23A, dashed lines, 100 seconds equilibration time). 

The model is useful as the proportion of the DNA·A3 complex in each state 

can be quantified (Figure 4.23B), which has not been possible experimentally. 

Here, I show that at low forces (~ 0 pN), nearly all (91 %) of the DNA is in state IV, 

i.e. fully compacted. The remainder is mostly in state III. As force is increased, the 

balance of DNA·A3 complex in each state changes. Between 0 pN and 4 pN, the 

DNA·A3 complex transitions from state IV into state III and then into state II. The 

proportion of the DNA·A3 complex in state II peaks at 2.7 pN during DNA extension 

(red), and at 2.1 pN during DNA compaction (blue). Between 2 pN and 4 pN, 

hysteresis between the extension and compaction traces is mainly derived from the 

transition between states II and III, the wrapping transition. This indicates that this 

transition is particularly strain-dependent. 

Above 4 pN, state II is the dominant state. At 10 pN (the highest force tested 

by the model), the DNA·A3 complex is almost entirely (90 %) in state II (i.e. full 

extended, but with A3 still bound to the DNA), with any remainder in state I (the 

unbound state). 

 

4.11 Discussion and conclusions 

As set out in the introduction to this chapter, my aim was to mechanically 

characterise A3-chromatin in order to fill the knowledge gap regarding the 

biophysical extension properties of A3-chromatin. I aimed to experimentally 

characterise A3-chromatin extension, and use this information to generate a model 

to describe the binding of A3 to DNA. The model would use both the WLC model 

(to describe DNA extension) and classical mechanical modelling concepts.  

I first investigated the kinetics of A3 binding by both bulk ensemble and 

single molecule methods and then used these findings to inform the single 

molecule mechanical assays. It is important to remember that my assays did not 

require any chaperone proteins or extreme buffer conditions (i.e. salt dialysis) to 

facilitate A3 binding to the DNA, which are required to load eukaryotic histone 

proteins onto DNA. I condensed these findings into a simple 4-state kinetic scheme 
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(Figure 4.4). In the kinetic scheme, I proposed that histone dimers are initially 

unbound (state I), but can bind DNA without altering the DNA length (state II). The 

DNA then wraps around the histones (state III), and multiple neighbouring histones 

can be undergo an isomerisation process, with histones rearranged into a stack, 

like the hypernucleosome structure (state IV).  

 

4.11.1 Measured affinity of A3 to DNA 

I have shown that there are differences in the measured affinity of A3 for 

DNA, which are likely to depend on the method of measurement (Section 4.2). 

From the electrophoretic mobility shift assay (EMSA), the measured KD was 

0.25 µM, while the fluorescence anisotropy results were best fitted with a two-site 

binding model, giving two different values for the dissociation constant: 

KD1 = 0.27 µM and KD2 = 39.6 µM. I used a 30 bp DNA section for both of these 

methods as it is known from previous work that a 30 bp dsDNA segment is the 

minimal DNA length to which archaeal histone dimers will bind (Maruyama et al. 

2013; Ofer 2018). This DNA length is thought to only have space for a single A3 

dimer to bind, which is supported by the crystal structure of the hypernucleosome, 

where 88 bp DNA is bound by three HMfB histone dimers (Mattiroli et al. 2017). By 

designing my bulk ensemble assays to use such short DNA lengths, I aimed to 

isolate the DNA binding step of my kinetic scheme, and to avoid cooperative 

binding effects.  

I also measured the KD of the overall A3 binding reaction using magnetic 

tweezers (Section 4.5). From the KD fit equation, I calculated that when no force is 

applied, 𝐾𝐷(0 𝑝𝑁) is 1.47 µM (graphically, the y-intercept). This is higher than the 

value of KD estimated by EMSA, but within an order of magnitude. In the magnetic 

tweezers assay, I varied both the force and A3 concentration to determine that the 

dissociation constant is exponentially dependent on force. This force dependence 

means that when chromatin is extended under load, A3 binding becomes 

increasingly unfavourable. 

As a solution-based equilibrium assay, fluorescence anisotropy should give 

a more accurate determination of the binding affinity than the gel-based, potentially 

non-equilibrium EMSA. EMSAs are not typically used to quantify binding kinetics 
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because the complex might dissociate over the duration of the gel electrophoresis 

step, resulting in a smear rather than distinct bands. This is particularly the case for 

weak protein-DNA interactions. Luckily, this was not the case for my experiment 

and the two bands are well separated allowing for estimation of the KD from the gel. 

The EMSA result also gave a preliminary indication that the histone off-rate is quite 

slow - once binding occurs, A3 is bound stably to the DNA. 

On the other hand, fluorescence anisotropy is more typically used to 

measure reaction kinetics, however, it also has limitations as a technique. The 

change in the anisotropy measurement can be small if the protein binding to the 

fluorescently labelled DNA does not cause significant change to the tumbling time 

of the molecule in solution. This might be the case when binding partners are both 

small and globular, and there is not a significant change in the size and shape of 

the labelled species upon binding. As both the A3 dimer and the fluorescently 

labelled 30 bp DNA segment are quite small, there was a chance that the change 

in anisotropy would not be sufficient to conclusively evaluate the reaction kinetics. 

To maximise the signal from the fluorescence anisotropy, use of a larger DNA 

molecule might be needed (though this could complicate the downstream analysis 

if A3 binding is cooperative). It is not clear what the two binding modes determined 

by my fluorescence anisotropy experiments would be, so complicating the analysis 

is unlikely to be helpful in deriving a better understanding of the binding kinetics. To 

improve the assay, I could use a lower starting concentration of A3 so the binding 

curve was more complete and better fitting to the data might be achieved. To fully 

understand the different binding modes, this kind of analysis might be best paired 

with other structural techniques, such as X-ray crystallography or electron 

microscopy, which could directly resolve the binding modes. 

My results can be validated against an independent measurement of A3 

affinity by isothermal calorimetry (ITC), which found the KD of A3 binding to be 

approximately 10 µM (Ofer 2018). Ofer notes that the ITC experiment did not reach 

saturating A3 concentrations, so the measured value from that experiment might be 

inaccurate. However, the ITC data was fitted with a single site binding model, which 

fits better with the current understanding of histone binding. Fluorescence 

anisotropy has the advantage of requiring significantly less protein or DNA than 

ITC, which enabled my experiment to run closer to saturation. 
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The values I found for A3 affinity to DNA are significantly higher than the 

corresponding value for eukaryotic mononucleosomes (2 nM in 150 mM NaCl with 

mouse cell lines (Cotton and Barbara 1981); 3.6 nM in 100 mM NaCl in chicken 

erythrocytes (Ausio et al. 1984); 0.08 nM in 100 mM NaCl for reconstituted 

Xenopus laevis nucleosomes on human α-satellite DNA (Gottesfeld and Luger 

2001)). While my measurements were made at 250 mM NaCl, the KD values for 

eukaryotic nucleosomes show that A3 has a much weaker interaction with the DNA 

than the eukaryotic counterpart. However, A3 has the remarkable feature of binding 

rapidly and compacting DNA without the need for loading proteins. 

The comparatively weak affinity of A3 for DNA might confer some useful 

features in the archaeal cell, where histone chaperones and remodelling proteins 

are not available to load or rearrange the histones. I speculate that the easy 

binding of A3 to DNA might facilitate histone rearrangement, as the histones might 

be able to unbind and re-bind to the DNA stochastically. Additionally, due to the 

weak sequence bias, it would seem likely that A3 would bind globally across the 

whole chromosome. The weak affinity might then enable DNA processing enzymes 

to shunt or displace the histones from specific regions of the DNA when required. I 

speculate that the dependence of A3 binding upon on force might provide a tunable 

mechanism for DNA processing enzymes to expose DNA sites in chromatin rich 

parts of the genome. 

The KD value calculated from the magnetic tweezers experiment also takes 

into account any cooperative effects due to the longer DNA length, which may 

influence the value – this consideration was excluded from the EMSA by using a 

30 bp DNA segment. While measuring the dissociation constant with magnetic 

tweezers, I also derived values for the Gibbs free energy (ΔG) of A3 binding, the 

work distance, and the Hill coefficient (Section 4.5). My value for free energy of A3 

binding (-33.2 kJ·mol-1) is lower than comparable values reported for eukaryotic 

nucleosomes (48 kJ·mol-1 in 150 mM NaCl with mouse cell lines (Cotton and 

Barbara 1981); 57 kJ·mol-1 in 100 mM NaCl for reconstituted Xenopus laevis 

nucleosomes on human α-satellite DNA (Gottesfeld and Luger 2001)). Note that 

the values for eukaryotic nucleosomes were determined by EMSA. 

By deriving the change in the work term (ΔΔG) from the known change in 

force, I was also able to extract the distance over which the work was done 

(5.47 nm). This equation (Equation 4.5) assumes that the distance of the work 
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done is constant for all forces, which may not be the case in practice. In addition, 

the distance term might be unrelated to the DNA length change upon binding of 

histone dimers. That said, 5.47 nm is within the range I would expect for DNA 

length change upon histone binding: 30 bp DNA (the minimal length to which a 

histone dimer binds) would be 10 nm in length assuming the B-DNA structure. This 

gives a per monomer DNA binding length of 5 nm. 

I also found that A3 binding has a Hill coefficient of 2, which demonstrates 

that A3 binds cooperatively – one A3 dimer binding to the DNA will influence 

another A3 dimer to bind more readily. As suggested in the introduction to this 

chapter, positive cooperativity between A3 dimers might act to reduce the ‘parking 

problem’ caused by a weak sequence specificity when A3 binds to the DNA. It 

would be exciting to directly observe the action of this cooperativity as A3 

nucleation on DNA, followed by hypernucleosome extension at the single molecule 

level, which might be possible using TIRFM. 

 

4.11.2 Measurement of DNA compaction rates 

Using TIRF microscopy I showed (on λ DNA) that DNA is compacted rapidly 

by A3, at a rate of 0.92·s-1 (Section 4.3.1). As the time A3 enters the FoV is not 

immediately apparent, I have attributed this compaction to the transition from the 

bound state (state II) to the fully compacted state (state IV) of my kinetic scheme. 

A3 binding facilitates near complete DNA compaction in a short space of time. 

Based on my kinetic scheme, I would expect that the transition from state III to 

state IV would induce the most significant DNA length change – this understanding 

is represented in my model. 

From the compaction time course, my TIRF data suggests that A3 compacts 

DNA molecules of different lengths at the same rate (Figure 4.6B) relative to the 

initial DNA length. As different DNA lengths take the same amount of time to reach 

the compacted state, this result suggests that A3 binding has no strong sequence 

specificity, and can bind homogeneously along the DNA length. However, the 

spatial resolution of the TIRFM video is not sufficient to definitively conclude this. 

This lack of sequence specificity is in contrast to the reported sequence preference 

of archaeal histones from M. fervidus and T. kodakarensis for phased helical 
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repeats of AA/TT/AT/TA and CC/GG/CG/GC dinucleotides observed by others 

(Bailey et al. 2000; Nalabothula et al. 2013) (also described in the introduction, 

Section 1.4.3). 

The difference between the published literature and my findings might be 

due to the nature of the particular histone (i.e. A3 compared to HMfB), or that the 

sequence bias is sufficiently weak that it does not preclude A3 binding to 

sequences which do not precisely fit the defined profile. As a point of interest, I 

highlight that the genome of M. jannaschii is particularly AT-rich (69 % AT (Bult et 

al. 1996)), and suggest that this prevalence of A and T bases might mean that the 

number of sites fitting the binding site criteria could be plentiful. Additionally, it is my 

understanding that while Ofer mapped A3-chromatinsation of the M. jannaschii 

genome by MNase-seq (Ofer 2018), this data did not yield a defined binding motif 

for A3 to the M. jannaschii genome. It might be interesting to determine, 

computationally, how many sites in the M. jannaschii genome fit the published 

histone binding sequence, and hence how common the motif is. 

Despite the initially rapid compaction, there might remain some ‘parking 

problem’ that must be resolved in order to achieve complete compaction of the 

DNA. As my model does not simulate discrete binding sites, but rather the DNA 

length as a whole, this is not something which is demonstrated by my model. To 

fully understand the slowing of the compaction rate, I would need to carry out more 

investigatory experiments using the labelled histone together with labelled DNA in a 

2-colour TIRF system, at higher resolution. 

Interestingly, I also noted that in many recordings, the brightness of the DNA 

fluorescence reduced with time, even though Sytox Orange was present in the A3-

containing solution flowing through the flow-cell. Having excess dye in the solution 

ensures that the dye can be freely exchanged, and the brightness should be 

maintained over time, in spite of damage to the individual fluorophores by the laser. 

This observation suggests that the fluorescent dye is evicted from the DNA when 

A3 binds. Potentially, if A3 evicts other molecules from the DNA, this could provide 

a mechanism which would mean A3-chromatin prevents other DNA-processing 

activities (e.g. transcription or replication) from occurring. Biochemical work by 

Wilkinson et al (Wilkinson, Ouhammouch, and Geiduschek 2010) and Ofer (Ofer 

2018) has shown that A3 confers a reduction in transcriptional activity in vitro, 

which aligns with my molecular eviction theory. 
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I also used TIRF microscopy to measure the rate of A3 unbinding, finding 

the dissociation rate to be significantly slower than the binding rate. The A3 

dissociation assay had more technical difficulties than the A3 binding assay, so 

other methods to measure this rate might yield a better dataset. From this assay, I 

determined that under a flow rate of 60 µL·min-1 the extension rate of the chromatin 

was 0.0065 s-1. The rate I measured here is likely to be a poor estimate of A3 

dissociation rate as the majority of DNA molecules measured did not return to their 

extension length prior to A3 addition. As 100 % extension was defined as the 

extension after 150 s, this experiment likely significantly underestimates the 

extension rate. A number of factors might have prevented the DNA reaching its full 

extension, including technical variables, such laser ablation of the sample, and 

sticking of the sample to the flow-cell surface.  

 

4.11.3 MT as a tool for measuring A3 compaction 

I have shown that magnetic tweezers are a viable method for measuring 

force-dependent DNA extension and compaction (Section 4.4). However, I found 

the compaction process is too rapid to be resolved in this type of experiment, 

primarily for technical reasons.  

In my experiment (Figure 4.9), solution exchange could not be carried out 

sufficiently fast to measure compaction without flow affecting the measurement: 

flow-in of A3 disturbed the bead position, such that accurate length measurements 

could not be taken. As no further compaction was observed after the flow was 

stopped, I demonstrated that equilibrium was reached quickly. By using a more 

refined microfluidics set up on the MT microscope, it might be possible to make 

some improvement on the time required for the flow to pass through the flow-cell. 

However, judging from the results of the TIRF compaction assay, I doubt that the 

solution exchange could be sufficiently fast while tracking of the DNA length is 

maintained. With flow-in of A3 in the MT assay, there is also the consideration of 

the force applied to the DNA. As the magnetic bead is 1 µm in diameter, the bead 

is pulled laterally by the flow, which imparts an increase in the force applied to the 

DNA. The faster the flow, the more significant this effect will be, so in order to 
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maintain the force applied by the magnets, ideally a slow flow rate would be used 

to impart the least effect on the force applied to the bead.  

As found with my TIRF experiment, due to the large void volume of a 

microfluidics system, it can also be difficult to determine the time at which the 

protein first enters the field of view in the MT assay. A simple gravity flow system 

has recently been developed in the lab control flow of minimal volumes through the 

flow-cell at a slow flow rate (Bell and Molloy 2020). This might provide a more 

suitable mechanism for solution exchange in the MT assay. By using a very small 

void volume, the bead can be tracked throughout the period of flow and the lateral 

forces on the bead can be considered. 

With regards to A3 dissociation from the DNA, I found that the rate of A3 

dissociation was significantly slower than the compaction reaction. This was 

observed in both the TIRF assay (Section 4.3.3) and in the initial MT experiment 

(Section 4.4.2). In the MT assay, it is likely that by flowing buffer into the flow-cell 

the experiment showed dissociation as a function of concentration change rather 

than simply of A3 unbinding. It might be possible to use a system with a smaller 

void volume to incrementally reduce A3 concentration in the solution. Knowing the 

A3 concentration at the time of dissociation would be important for extracting the 

true kinetics from the system. 

 

4.11.4 A3-chromatin extension properties 

In terms of the mechanical properties of chromatin, I have shown that A3 

significantly compacts DNA at low loads, reducing DNA length by 78 % at 0.35 pN 

(Section 4.6). In addition to this, I have demonstrated that the force-response of the 

A3-chromatinised DNA shows hysteresis: the DNA extension and compaction 

responses under load are different. 

I demonstrated that A3-chromatin extension has 3 distinct phases (Section 

4.8.1). In the first linear extension phase chromatin extends at a rate of 0.45 µm/pN 

between 1 and 3 pN. Then, in a second linear extension phase, the chromatin 

extends at 0.07 µm.pN-1 until extension meets the expected length of naked DNA 

as calculated from the WLC model at 8 pN. In the third extension phase, chromatin 

extension matches the WLC model. 
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This force-extension response differs from the extension of DNA alone 

(described by the WLC model), and also the force-extension response of 

eukaryotic chromatin described by Meng et al (Meng, Andresen, and Van Noort 

2015) and others (Cui and Bustamante 2000; Bennink, Leuba, et al. 2001), as 

outlined in the introduction to this thesis (Section 1.6.3). The force-extension 

response I have documented demonstrates that A3-chromatinised DNA has 

fundamentally different force-extension properties to eukaryotic chromatin.  

Linear extension under load indicates that A3-chromatin has spring-like 

mechanical properties. As A3-chromatin force-extension has 2 distinct spring-like 

extension phases, the histone dimers must have at least two different interactions 

which impart stability upon the chromatin structure. I have correlated these 

extension phases to my kinetic scheme, and suggest that as increasing load is 

applied, different A3 binding states are favoured. 

At low forces, DNA is significantly compacted by A3 (state IV of my kinetic 

scheme). The first linear extension phase relates to the unstacking of A3 dimers 

from the hypernucleosome structure (state IV to III transition). In the 

hypernucleosome structure (Mattiroli et al. 2017), the interactions between the 

stacked histones in the structure have been shown to be critically dependent upon 

a glycine residue in the L1 loop of the histone fold (G16 in HMfB, G17 in HTkA) 

(Mattiroli et al. 2017). The corresponding amino acid in the histones of M. 

jannaschii also holds a glycine residue for histones A1, A2, A3 and A4, but not the 

histone variant MJ1647 (which has a threonine in the aligned position), so a similar 

stacking mechanism might be viable with the M. jannaschii canonical histones. 

Mattiroli et al suggested that having a larger amino acid side chain in this position 

causes steric hindrance which prevents formation of histone stacking interactions 

between vertically adjacent archaeal histones.  

In a review of the likely histone stacking interactions (Henneman et al. 

2018), Henneman et al have not included the canonical histones from M. jannaschii 

in their analysis, choosing instead to include the atypical, tailed histone MJ1647. 

Henneman et al state that MJ1647 is unlikely to be able to form suitable stacking 

interactions for hypernucleosome formation. As the sequence of MJ1647 is very 

different to A3 (34 % sequence identity, calculated using BLAST multiple protein 

sequence alignment with default parameters), it is difficult to interpret their findings 

for MJ1647 in the context of A3. Based on the methodology used in Henneman et 
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al’s review, I examined the conserved residues between A3 and HMfB (52 % 

sequence identity) in Henneman et al’s ‘loop’ interface and stacking interaction 

positions. Alignment of these proteins (Figure 4.24), followed by interrogation of the 

residues Henneman et al consider for formation of histone stacking interaction 

residues would suggest that A3 has sufficient suitable interactions that formation of 

the hypernucleosome is probable. My experimental results imply that the first linear 

extension of A3-chromatin is caused by the breaking of these stacking interactions 

between histone dimers. 

 

 

Figure 4.24: Sequence alignment of A3 and HMfB 

A. Sequence alignment of HMfB (from M. fervidus) and A3 (from M. jannaschii), 
annotated with stacking (red) and loop (blue) interactions, as determined by 
Henneman et al (Henneman et al. 2018). 
B. Front view and C. side view of HMfB bound to DNA with stacking and loop 
interacting residues highlighted in red and blue. PDB: 5T5K (Mattiroli et al. 2017). 

 

From the side view of the HMfB structure (Figure 4.24C) it is clear that any 

stacking interactions should occur between the exposed surfaces of the histone 

proteins. The ‘loop interface’ residues identified by Henneman et al are conserved 

in A3 (Figure 4.24A). The stacking interface residues in HMfB are less well 

conserved in A3. However, the charge of these residues is generally maintained in 

A3, which would indicate that the same interactions might form, albeit with differing 

interaction strengths.  

I have used my data to estimate the stacking energies for A3 histones. 

(Figure 4.15). I found that the stacking energy for A3 dimers in chromatin is 
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3.24 kBT per A3 dimer. To the best of my knowledge, this is the first experimental 

determination of histone stacking energies for archaeal hypernucleosomes 

structures. In comparison, the stacking energy of neighbouring nucleosomes in 

eukaryotes is reportedly between 3 kBT (Cui and Bustamante 2000) and 13 kBT 

(Kruithof et al. 2009). This wide range of stacking energies in eukaryotic chromatin 

is likely to arise from a range of factors, including differences in salinity, DNA 

sequence and the rate at which force was applied during the experiment, which 

might also affect the measurement I have made. The precise structure of the 

eukaryotic chromatin used in these experiments would also influence the 

measurement of the stacking energies. The similarity between the measurement of 

histone stacking energies I have made and the reported value for eukaryotic 

chromatin is interesting as the structures of the archaeal hypernucleosome, and 

eukaryotic chromatin arrays are quite dissimilar in terms of histone stacking 

arrangements. 

One could test this understanding of the stacking energies by mutating 

residues in A3 that are theorised to form these stacking interactions. Repeating the 

magnetic tweezers extension assays and comparing the gradients of the force-

extension trace would enable the effect of these stacking interactions to be more 

full interrogated, and would confirm the attribution of this phase of the A3-

chromatnin extension trace to stacking interactions between A3 dimers. 

According to my model, the second linear extension phase of A3-chromatin 

correlates with the smaller change in DNA length of the transition between state III 

and II. Based on my kinetic scheme, this length change would correspond with a 

structural transition from the wrapped (state III) to the unwrapped state (state II). In 

contrast to the force-extension of eukaryotic chromatin (Meng, Andresen, and Van 

Noort 2015; Bennink, Leuba, et al. 2001; Cui and Bustamante 2000), I did not 

observe steps in the extension of the molecule as the length of the molecule 

approaches the DNA contour length. This could be because the steps are very 

small (estimated as a maximum release of 30 bp, equal to 10 nm in length), or 

because histone dissociation does not impart DNA length change. 

The final extension phase – the WLC model - represents both state I and II 

of the kinetic scheme, which have the same observed DNA length. From my 

experiments, it is unclear whether A3 remains bound to DNA at high force (state II), 

or fully dissociates (state I). The most simple interpretation for the return to the 



Chapter 4. DNA Compaction by A3 Histones 

 

238 

 

WLC model at high force is that above 5 pN A3 is no longer bound to the DNA. In 

this case, the WLC extension property would be the result of the DNA alone. 

Another interpretation is that A3 could still be bound to the DNA, but unable to 

compact it. Both of these interpretations would be indistinguishable in my 

experiments. In order to discriminate between the two interpretations, and also to 

determine whether state II of my kinetic scheme is truly existent, I would need to 

carry out further experiments.  

One experiment whch could help to resolve the point where A3 is relaeased 

from the DNA would be 2-colour TIRF microscopy. In this experiment I would need 

both labelled DNA and labelled histones. Using a fast frame rate I should be able to 

directly observe A3 binding to the DNA, and then the subsequent transitions 

through the different compaction states. This is an experiment which I have been 

working towards, however I have not yet managed to fully optimise the assay.  

Fluorescently labelled archaeal histones have not been reported as possible 

in the published literature. Notably, the general (verbal) consensus among fellow 

archaeal histone researchers is that fluorescent labelling cannot be achieved due 

to the lack of histone tails to attach the dye to (this is a common labelling method 

used with eukaryotic histones). It has long been considered that fluorecent labelling 

of the core histone fold would preclude histone dimerisation and thus prevent A3 

from binding to DNA. Nevertheless, I have developed a protocol for A3 labelling, 

demonstrating that fluorescent labelling of archaeal histones can be achieved in 

vitro (see Section 2.8). Time constraints on the experimental work have prevented 

me from carrying out single molecule assays using the labelled A3 histone. 

Coupling my histone labelling protocol with single molecule imaging 

increases the technical complexity of the TIRF experiment significantly: any free 

fluorophore or fluorphore-labelled protein in the solution must be removed to 

prevent aberrant interactions (for example with the functionalised flow-cell surface), 

and the fluorophore must not alter the binding properties of the protein (this would 

need to be supported by additional evidence, for example an EMSA). Additionally, 

due to the relatively high A3 concentrations needed to compact the DNA (in the 

micromolar range), the fluorescently labelled histone will need to be mixed with the 

unlabelled histone in order to reduce the amount of signal to a level that would be 

trackable at the single molecule level. Interpretting results from the mix of labelled 

and unlabelled histones is likely to be non-trivial. 
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4.11.5 A3 chromatin compaction properties 

DNA compaction under reducing force has 2 distinct phases. Initially, 

compaction follows the WLC model to approximately 4 pN, then compaction begins 

to occur. DNA compaction follows a linear trajectory, with observed DNA length 

shortening at a rate of 0.6 µm/pN under forces lower than 4 pN.  

I propose that this deviation from the WLC model during DNA compaction 

corresponds the transition between state III and IV in my kinetic scheme. I expect 

this transition to give the most significant length change. Attributing the linear 

compaction phase to the state III to IV transition would mean that the transition 

from state II to III is not observed explicitly in the A3-chromatin compaction trace. 

This could be because the transition from state II to state III is slower than the 

change in force, so the transition occurs without significantly affecting the 

compaction trajectory. 

As the A3-chromatin compaction curve shows distinct transitions to the A3-

chromatin extension curve, I demonstrate that the compaction process is limited by 

some dashpot element which has a time-dependent interaction. With a sufficiently 

slow force-ramp, I would expect the two curves to have the same trajectories as the 

sample would be in the steady state throughout. In this case, DNA compaction by 

A3 would be balanced by the A3 dissociation process. Repeating the extension and 

compaction experiment with a faster force-ramp should increase the hysteresis 

between the extension and compaction curves.  

Using my mechanical model, I have been able to simulate changing the rate 

of pulling in these experiments (by changing the equilibration time at each force). 

My model demonstrates that a sufficiently slow force-ramp would enable 

measurement of the chromatin fibre at equilibrium. I should repeat the force-

extension experiment with a slower force-ramp to determine whether this is the 

case in reality. 
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4.11.6 A3-chromatin resistance to deformation 

I have also shown that A3-chromatinised DNA is resistant to deformation 

after many extension and compaction cycles (Section 4.9). DNA compaction by A3 

is both reversible and repeatable on the same molecule, and the complex does not 

show cyclic fatigue. In a biological context, this resistance to cyclic deformation is 

important as the chromatin will need to respond in the same way over the lifetime 

of the cell. As there is A3 free in solution, and my prior results showing that A3 has 

a moderately weak affinity for DNA, this resistance to cyclic deformation could be 

due to exchange of A3 proteins bound to the DNA. Given that the small forces 

required to displace A3 from the DNA are likely to exceed the force required to 

deform the protein itself, it seems probable that the histone proteins will be 

displaced before sufficient load is applied which would denature the protein 

structure. 

This cyclic force testing could form the beginning of a fuller body of work, 

where each separate phase of the force cycle would be changed systematically. 

For example, one might consider changing the ramp speed to better understand 

the kinetics of extension and compaction (as suggested in the experiment showing 

hysteresis), or to vary the duty cycle in order to measure the effect A3 loading time 

on the force-extension properties of A3. 

 

 

 



 

241 

 

 

 

 

 

 

 

Chapter 5. A3 Chromatin Response to Torsion 

 

 

 

 

  



 

242 

 

 

 

 

 



Chapter 5. A3 Chromatin Response to Torsion 

 

243 

 

In this chapter, I use magnetic tweezers to probe the response of A3 

chromatin to changes in DNA linking number. First, I briefly recap the response of 

both DNA and eukaryotic chromatin to supercoiling. I then build upon the force-

extension work of the previous chapter, and present my experimental work to test 

the response of archaeal chromatin to DNA supercoil while increasing both force 

and A3 concentration. I add context to these results by comparing different forces, 

A3 concentration and DNA supercoil states directly, exploring general trends, and 

finally discussing how my findings fit with our current understanding of eukaryotic 

chromatin.  

 

5.1 Introduction 

5.1.1 DNA response to supercoiling 

As described in the introduction to this thesis (Section 1.6.2), the supercoil 

state of topologically constrained DNA molecules can be manipulated in the 

magnetic tweezers microscope. As a tethered DNA molecule is rotated, applied 

turns are absorbed by the DNA backbone as twist. Beyond a certain point it 

becomes more favourable for potential energy to be stored as writhe, with the DNA 

forming plectonemes, rather than as twist (Figure 5.1). The point at which 

plectonemes become more favourable results in a characteristic ‘buckling 

transition’. Further rotations are taken in as plectonemes, with corresponding 

shortening of the observed DNA length. 
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Figure 5.1: Twist and writhe 

A. When torsion is applied to DNA, initially the DNA is twisted with very little 
change in overall length. As more turns are added, the DNA undergoes a buckling 
transition (6.5 turns, grey dotted line), and further turns are taken in as writhe, 
which results in a large DNA length change. 
B. DNA uses the most energetically favourable method to absorb torsional energy 
(red line). Torsional energy storage in twist (short dashes) is exponentially 
dependent on the number of applied turns, while writhe energy has a linear 
dependence on the number of turns (long dashes). When a small number of turns 
are applied to DNA, it is energetically favourable to store this torsional energy as 
twist (0-6.5 turns). At the buckling transition (here, 6.5 turns, grey dotted line) it is 
equally favourable to form twist or writhe. Beyond this (> 6.5 turns, it is more 
favourable to store additional torsional energy as writhe. 
 

Rotating the end of the torsionally constrained DNA molecule generates 

torque, 𝛤, which can be stored by the DNA as torsional energy, 𝐸𝑡.  

 

  𝛤𝑛 =
𝐶𝑘𝐵𝑇∙2𝜋𝑛

𝑙0
 Equation 5.1 

 

Torque is dependent on the number of turns applied, 𝑛, the torsional rigidity 

of DNA, 𝐶, and DNA contour length, 𝑙0. The torsional rigidity of DNA is itself 

dependent on force and has a value of 90 nm at 0.5 pN (Strick et al. 1998; Lipfert 

et al. 2010). The torsional energy generated is determined by the integral of the 

torque equation, with respect to the number of applied turns. Torsional energy can 

hence be calculated using the relationship: 
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 𝐸𝑇𝑤 =
𝐶𝑘𝐵𝑇∙(2𝜋𝑛)2

2𝑙0
  Equation 5.2 

 

As writhe results in a change in measured DNA length, ∆𝑙, the work per 

added turn is dependent on force, 𝐹. The writhe energy, 𝐸𝑊𝑟, is hence considered: 

 

 𝐸𝑊𝑟 = 𝐹 ∙ ∆𝑙 ∙ 𝑛  Equation 5.3 

 

When DNA is supercoiled, the structure with the least energetic cost is 

favoured: initially twist is favourable but this switches to writhe as the number of 

applied turns increases. These relationships are shown graphically in Figure 5.1B 

using parameters representative of the 0.5 pN DNA only samples in Figure 5.2 

(𝑙0 = 1.87 µm, and writhe work per turn (𝐹 ∙ ∆𝑙) = 25.6 pN·nm·turn-1). 

As the torsional rigidity of DNA and the writhe energy are dependent upon 

force, and DNA is a chiral molecule, the response of DNA to supercoil dependent 

on both force and the direction in which turns are added. At low forces (below 

0.5 pN) the observed DNA length is symmetrical, with plectoneme formation 

favoured by both negative and position supercoil. Increasing force above 1 pN 

disfavours the formation of plectonemes under negative supercoil, potentially 

causing the formation of DNA bubbles and cruciforms. This leads to an asymmetric 

DNA supercoiling-extension curve, as DNA can form plectonemes under positive 

supercoil above 3 pN. At higher forces (approximately 8 pN), the DNA supercoiling 

extension curve becomes linear, as no plectonemes are formed. Above this force, 

the stretching effect of force on the DNA structure outweighs any energetic 

favourability of plectoneme formation. 

The number of turns applied to DNA can be quantified in several ways. 

Linking number (𝐿𝑘) counts the number of turns in the DNA by counting the twist 

(turns in the helical backbone, 𝑇𝑤) and writhe (number of times the backbone 

crosses itself, i.e. superhelical turns, 𝑊𝑟). Linking number is dependent on the 

number of base pairs in the DNA molecule – in B-DNA, the DNA has 1 turn for 

every 10.4 base pairs (Wang 1979). For this reason, it might be easier to consider 

the change in linking number (∆𝐿𝑘 =  𝐿𝑘 − 𝐿𝑘0), relative to the resting value (𝐿𝑘0). 

Using magnetic tweezers, the value of ∆𝐿𝑘 is easily calculated from the number of 

rotations of the permanent magnet pair. A length-independent measure, 
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superhelical density (𝜎), expresses the change in linking number relative to the 

resting linking number (∆𝐿𝑘/𝐿𝑘0).  

Superhelical density has a negative value for the genome of most 

mesophiles (approximately - 0.05 (Pettijohn and Pfenninger 1980; Wang 1987, 

1969)). Underwound genomes can facilitate bubble formation, which is useful for 

DNA processing activities, such as transcription and replication. On the other hand, 

extremophiles such as M. jannaschii, are known to have overwound genomes, 

such that the superhelical density is positive. Some estimates put archaeal genome 

superhelical density as high as + 0.05 (Bouthier De La Tour et al. 1990; Forterre 

1996; Forterre, Bergerat, and Lopez-Garcia 1996). It is thought that overwinding 

(i.e. positive supercoil) of the genome confers some protection to the DNA strand 

separation that can occur more readily at high temperatures for organisms with a 

high temperature environmental niche.  

 

5.1.2 Chromatin response to torsional stress 

In eukaryotes, the application of single molecule techniques to chromatin 

has opened the door to study the response of chromatin to torsional stress. As 

described in the introduction to this thesis (Section 1.6.4), nucleosomes can be 

assembled with different chirality depending on the supercoiling state of the DNA 

(Vlijm et al. 2017), though the predominant form is a left-handed wrap of DNA 

around the histone octomer.  

Using MT, one end of the DNA can be rotated to apply torsional stress to a 

preassembled chromatin fibre. Positively supercoiling a chromatin fibre reduces the 

amount of load required to disassemble nucleosomes: positive supercoil confers 

nucleosome instability (Sheinin et al. 2013). Under a small load, synthetic 

nucleosome arrays (constructed using 30 regularly spaced repeats of the 601 

sequence) can act as a buffer against supercoil states (Kaczmarczyk et al. 2020). 

Kaczmarczyk et al showed that at low forces (0.5 pN) nucleosome arrays are highly 

compacted in the negative supercoil regime (- 50 turns to - 15 turns). Between 

- 15 turns and 0 turns, chromatin structure is disrupted, and the fibre extends. 

Under positive supercoil (0 turns to + 30 turns), the chromatin fibre maintains its 

extended length, and the increase in supercoil has no effect on extension of the 
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fibre. When a large positive supercoil excess is applied (> + 30 turns), the 

chromatin re-forms into a compacted structure. 

Kaczmarczyk et al have also characterised the response of chromatin to 

supercoiling under loads of 2 pN and 5 pN (Kaczmarczyk et al. 2020). At these 

forces, the formation of a highly compacted chromatin structure is prohibited at 

negative supercoil states. This might reflect the structure of the DNA of the 

exposed linker DNA at these forces (and the topology of the extended DNA 

handles used in their experiment), which would be in a twisted, but not plectonemic 

conformation. 

 

5.1.3 Summary of experiments in this chapter 

In this chapter I have systematically increased both A3 concentration and 

force. By setting up the magnetic tweezers microscope with a rotatable pair of 

permanent magnets I have been able directly change the linking number of the 

DNA (from - 40 to + 40) for each combination of force and A3 concentration, and 

measured the DNA extension throughout.  

I start by outlining the experimental procedure and presenting this data in 

the form of a large, multi-panel figure (Section 5.2). I then present subsets of this 

data separately in order to describe my results more fully.  

In my presentation of the data, I explore how the DNA supercoil response 

changes with increasing A3 concentration, while a low force is maintained (0.5 pN, 

Section 5.3). I then look at the effect that addition of A3 has upon absorption of 

twist by the DNA at 1 pN (Section 5.4). Additionally, I have explored the absorption 

of twist by DNA when load on the DNA is increased to 2 pN (Section 5.5), and the 

competition between DNA compaction with high A3 concentration and DNA 

extension at the higher force (Section 5.6).  

Returning to the full dataset, I have also analysed the data globally, using 

heatmaps to show trends in the different parameters from the asymmetric 

Gaussian curve used to fit the raw data (Section 5.7). I then outline my key 

conclusions using the extreme cases to demonstrate my points (Section 5.8), and 

contextualising the results of this chapter around the framework of the model 

presented in the previous chapter.  
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Finally, I discuss the implications of my conclusions more broadly, drawing 

comparison with the response of eukaryotic chromatin to supercoil (Section 5.9). 

 

5.2 Supercoil, force and A3 concentration affect chromatin 

Having established in Chapter 4 that DNA compaction is dependent on both 

A3 concentration and force, I systematically increased both A3 concentration and 

force to explore the effect supercoiling had on DNA compaction by A3. Note that in 

the previous chapter, the DNA was torsionally constrained, however the molecules 

were maintained at the resting supercoil state throughout (i.e. 0 applied turns). 

At each force and A3 concentration, I changed the DNA linking number by 

rotating the permanent magnet pair on the magnetic tweezers microscope. DNA 

linking number was changed from the resting position (∆𝐿𝑘 = 0), first by increasing 

the linking number by 40 turns (∆𝐿𝑘 = + 40). This state was held for 2 seconds, 

then the linking number was reduced by 80 turns (∆𝐿𝑘 = - 40). This was held for 

2 seconds, then the linking number was returned to the resting state by addition of 

a further 40 turns (∆𝐿𝑘 = 0). These values correspond to superhelical densities (σ) 

in the range of - 0.076 and + 0.076.  

In Figure 5.2, the measured DNA length is plotted against the number of 

turns applied to the DNA for each concentration and force combination. I present 

these results in terms of ‘applied turns’ to prevent any ambiguity with changes in 

superhelical density derived from histone wrapping (as has been demonstrated in 

eukaryotes (Germond et al. 1975)). The results in this figure are based on all of the 

data presented in this chapter.  
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Figure 5.2: Supercoil response changes with A3 concentration and force 

A3 concentration (horizontal) and force (vertical) were systematically increased. 
For each concentration and force combination, the DNA molecule was supercoiled, 
with -40 and +40 turns applied to the DNA. DNA rotation-extension graphs are 
shown for a single molecule throughout the experiment. Best typical data shown. 
Forces: top row: 0.5 pN, 2nd row: 1 pN, 3rd row: 2 pN, bottom row: 3 pN.  

 

The conclusions that can be drawn from this experiment are explored in full 

in the remaining sections of this chapter. 
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5.3 A3 prohibits plectoneme formation at positive supercoil 

Taking the top row of Figure 5.2, I have explored the effect of A3 

concentration on the rotation-extension curve under a small load (0.5 pN).  

 

 

Figure 5.3: Supercoil response at 0.5 pN with increasing A3 concentration 

Force was held at 0.5 pN and A3 concentration was increased sequentially from no 
A3 (0 µM), to 0.5 µM, 1 µM, 2 µM, 3 µM, and 4 µM. At each concentration the DNA 
tether was supercoiled, with -40 to +40 turns applied to the DNA. 
 

 At 0.5 pN, with no A3, the rotation-extension graph has the characteristic 

symmetrical curve. Moving from left to right in, looking at the peak of the curves, 

the maximum extension of the DNA decreases with increasing A3 concentration. 

DNA extension peaks at 1.65 µm without A3, and at 0.55 µm with 4 µM A3.  

 As A3 concentration increases, the shape of the curve also changes: the 

gradients of either side of the curve becomes flatter, particularly under positive 

supercoil. At moderate A3 concentrations (1 µM), the curve generally appears to 

retain the symmetrical nature of the DNA only control condition. As A3 

concentration increases from 1 µM to 4 µM the curve becomes increasingly 

asymmetric. With 4 µM A3, positive supercoil is unable to induce any further 

compaction upon the DNA. At this concentration, applying negative supercoil 

induces further shortening of the DNA. 

The symmetrical nature of the curve for DNA alone is due to the formation of 

plectonemes under both positive and negative supercoil. My results in this section 

show that as A3 concentration is increased, the DNA is compacted, but also 

prohibited from forming plectonemes under positive supercoil. As A3 concentration 

increases, the chromatin retains the ability to form plectonemes under negative 

supercoil. However, the additional shortening that this plectoneme formation 
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provides is minimal, potentially because the DNA is already compacted into the 

hypernucleosome structure. 

 

5.4 A3 prevents absorption of twist by DNA 

Moving to the next row of Figure 5.2, under an applied force of 1 pN, the 

shape of the DNA alone curve is highly asymmetric. Plectonemes can be formed 

under positive supercoil, but not when the DNA is negative supercoiled. When 

negative supercoil is applied, the DNA length is not significantly reduced as the 

additional turns are taken as twist not writhe. 

 

 

Figure 5.4: Supercoil response at 1 pN with increasing A3 concentration 

Force was held at 1 pN and A3 concentration was increased sequentially from no 
A3 (0 µM), to 0.5 µM, 1 µM, 2 µM, 3 µM, and 4 µM. At each concentration the DNA 
tether was supercoiled, with - 40 to + 40 turns applied to the DNA. 
 

 Upon addition of sufficient A3 (> 1 µM), the shape of the curve is drastically 

altered. Increasing A3 concentration gives the curve a sharp peak, with steep 

gradients under both positive and negative supercoil. The peak of the curve also 

shifts right, so that maximum DNA extension is achieved at positive supercoil. With 

3 µM A3, the peak of the curve can be found at + 19.0 turns (median value for n=29 

molecules). 

As the curve for DNA alone shows a broad, rounded peak (the result of DNA 

absorbing turns as twist rather than writhe), the sharp peak induced when A3 is 

added indicates that A3 prevents absorption of twist by the DNA backbone. At both 

1 µM and 2 µM, the sharp peak of the curve shows that the DNA undergoes a 

buckling transition. The sharp buckling transition indicates that additional turns of 

the DNA end cannot be absorbed without length change. The turns must be 
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somehow absorbed by the chromatin structure, either directly by the DNA in the 

form of writhe, or by wrapping of the DNA around histones into the 

hypernucleosome structure. 

 Under negative supercoil, the formation of a compacting structure with 

increasing A3 concentration is also particularly apparent. In the presence of A3, the 

DNA can wrap around the histones to form the hypernucleosome, suggesting that 

any additional negative turns applied to the DNA are immediately lost to 

hypernucleosome formation in this regime. 

 

5.5 A3 stabilises DNA, preventing base pairing unstacking 

The effect of A3 upon the rotation-extension curve at negative supercoil is 

also evident with 2 pN applied force (Figure 5.5).  

 

 

Figure 5.5: Supercoil response at 2 pN with increasing A3 concentration 

Force was held at 2 pN and A3 concentration was increased sequentially from no 
A3 (0 µM), to 0.5 µM, 1 µM, 2 µM, 3 µM, and 4 µM. At each concentration the DNA 
tether was supercoiled, with - 40 to + 40 turns applied to the DNA. 
 

 At 2 pN, at low concentrations (0.5 µM, 1 µM), A3 has a minimal effect on 

the rotation-extension response of the DNA. In this region the curves are generally 

similar, and representative of the DNA alone sample, although the effect of A3 on 

DNA extension becomes apparent. The main difference in the curves as A3 

concentration increases is the sharpness of the buckling transition, which is less 

abrupt with low A3 concentration, compared to the DNA only sample. However, 

when sufficient A3 is added (> 2 µM), A3 enables the DNA to be compacted at 

negative supercoil. 
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From the supercoil response of DNA alone, it is known that in this force 

range, negative supercoil causes the DNA duplex to unravel. Unwinding of the 

duplex causes the DNA base pairs to unstack, and hence the double helix is 

unable to form plectonemes at high force. As addition of A3 enables the DNA to be 

compacted, potentially by plectoneme formation, my results show that A3 stabilises 

the DNA structure, and prevents base pair unstacking at negative supercoil. 

 

5.6 Increasing force overcomes DNA compaction by A3 

My data can also be presented in terms of increasing force, by taking the 

columns of the table, rather than the rows. Here, I show that the compaction that 

4 µM A3 provides at low forces is overcome as force is increased. 

 

 

Figure 5.6: Supercoil response at 4 µM with increasing force 

A3 concentration was held at 4 µM and force was increased from 0.5 pN, to 1 pN, 
2 pN, and 3 pN. At each force the DNA tether was supercoiled, with - 40 to 
+ 40 turns applied to the DNA. 
 

At low force (0.5 pN), the rotation-extension curve shows that DNA is highly 

compacted, particularly at negative supercoil. When force is increased to 1 pN, the 

peak of the curve is right-shifted, and the DNA shows more extension. At 1 pN, the 

DNA is able to be compacted by A3 under negative supercoil. Notably, the most 

extended state is achieved at positive supercoil. A similar trend is can be observed 

at 2 pN: the DNA extension increases, and the peak of the curve becomes more 

pronounced. 

When force is increased to 3 pN, the compaction induced by A3 becomes 

more limited, under both positive and negative supercoil, suggesting that the 

compacting effect of A3 at negative supercoil is overcome with increasing force. 
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Importantly, A3 does still provide some compaction, though under the negative 

supercoil regime this is very noisy. This noise might represent instability in the 

chromatin. 

 

5.7 Global trend analysis using heatmaps 

As outlined in the Single Molecule Methods chapter (Section 3.5.6), I fitted 

an asymmetric Gaussian curve to the rotation-extension data from each DNA 

molecule. The asymmetric Gaussian curve enabled me to derive several useful 

parameters, such as the position of the peak of the curve, and the maximum 

gradients of the sides of the curve (Figure 5.7). The maximum gradients of the 

curve can be different as the curve is asymmetric. This asymmetry is a notable 

feature of the dataset and is characteristic of the chiral nature of DNA. I felt that the 

fit should have capacity to empirically describe this behaviour. 

 

 

Figure 5.7: Asymmetric Gaussian fit parameters 

From the asymmetric Gaussian fits to the data I determined the coordinates of the 
peak of the curve (dashed lines). The x-coordinate shows the peak offset from the 
resting value of 0 turns, and the y-coordinate shows peak height (the maximum 
DNA extension). Gradients for both sides of the curve were also calculated, using 
Equation 3.14, with the respective half width at half maximum value. 
 

 Fits were made to the DNA supercoiling data for between 25 and 40 DNA 

molecules for each condition. The median value for each parameter of the 

asymmetric Gaussian fit was calculated. Median values were used to eliminate any 

outlying data points without biasing the average. From these empirical parameters, 
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I used heatmaps to globally analyse trends across the dataset, and use these to 

support my conclusions. 

 

5.7.1 Peak position shifts with increasing A3 and force 

From the fitted asymmetric Gaussian curves, I determined the coordinates 

of the peak of the curve. In terms of my data, the x-coordinate represents the 

added helical density (in turns) induced by A3 binding, referred to as ‘peak offset’. 

The y-coordinate of the curve peak represents the maximum extension of the DNA 

under the given force and A3 concentrations, hence referred to as ‘peak height’. 

 

 

Figure 5.8: Heatmaps of peak offset and peak height 

Heatmaps for the peak offset and peak height of the fitted asymmetric Gaussian 
curve. 
A. Peak offset, measured in applied turns, increases with increasing A3 
concentration and force. 
B. Peak height, measured in microns, decreases with increasing A3 concentration, 
and increases with increasing force. 

 

Here, I show that general trend in peak offset (Figure 5.8A) is that at low 

forces, the peak shows only a small right shift with increasing A3 concentration. 

However, as load upon the DNA is increased (1 pN, 2 pN) the peak offset 

increases with A3 concentration, indicating that the peak of the curve shifts to the 

right. The interpretation of this right-shift is that A3 binding increases the helical 

density of the DNA. For the high force conditions (3 pN), the peak offset more 

accurately represents the point of the buckling transition, in lieu of a true peak in 

the data. This difference accounts for the increase in peak offset with increasing 
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force when no A3 is added, and indicates that these heatmaps should be 

considered contextually, rather than independent of the rotation-extension graphs. 

Nevertheless, the peak offset (the shift of the peak towards the right hand side of 

the graph) at 3 pN is greater for 4 µM A3 than for DNA alone showing that A3 

increased the superhelical density at positive supercoil. 

In Figure 5.8B, at low force (0.5 pN), there is a decrease in peak height with 

increasing A3 concentration. This correlates directly with the compaction of the 

DNA by A3. However, an increase in force causes an increase in peak height with 

increasing A3 concentration.  

 

5.7.2 Supercoil response depends on A3 concentration and force 

From the asymmetric Gaussian fits, I also calculated the steepest gradient 

of the both sides of the peak of the curve. I generated heatmaps of these gradients, 

and the log-fold change between the two. The gradients of the curves represent the 

change in bead height with each additional turn. Gradient values are given in 

absolute terms in order to compare the gradients between the two sides of the 

asymmetric Gaussian curve.  

 

 

Figure 5.9: Heatmap of curve gradient 

Change in bead height with absolute applied turns for the steepest part of the curve 
was calculated from the fitted asymmetric Gaussian curve.  
A. Change in bead height on LHS of peak per negative turn, in nm/turn. 
B. Change in bead height on RHS of peak per positive turn, in nm/turn. 
C. Log fold change in asymmetry of the curve, calculated as 
𝑙𝑜𝑔10(𝑅𝐻𝑆 𝑔𝑟𝑎𝑑𝑖𝑒𝑛𝑡 𝐿𝐻𝑆 𝑔𝑟𝑎𝑑𝑖𝑒𝑛𝑡⁄  ). 
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From the gradient of the left had side (LHS) of the curve – typically in the 

negative supercoil range (Figure 5.9A) – I show that at low forces, increasing 

concentration decreases the steepness of the gradient. Without A3, increasing 

force also causes this gradient to decrease. With my fitted curve, a steeper 

gradient indicates that there is a large change in DNA length for each added turn. A 

flat gradient suggests that the DNA length is not reduced by negative supercoiling. 

This heatmap therefore demonstrates that as A3 concentration increases, at low 

forces, A3 flattens the curve gradient. At high forces (3 pN), force can overcome 

the compaction that A3 confers, giving a flat gradient on this side of the curve.  

 For the gradient on the right hand side (RHS) of the peak (Figure 5.9B) – 

invariably at positive supercoil – increasing A3 concentration under a small load 

(0.5 pN) causes the curve to be flattened, indicating that less DNA length is taken 

in by each additional turn. As force increases, this effect is diminished, and the 

DNA taken in by each positive turn remains fairly constant. It is important to note 

here that as the peak of the curve shifts to the right – into the positive supercoil 

regime – there is less data available to fit this side of the asymmetric Gaussian 

curve.  

As previously noted, context is important in interpreting these heatmaps: at 

4 µM the DNA is already significantly compacted, and this might affect the gradient 

of the curve.  

The log change of the gradients (Figure 5.9C) indicates the degree of 

asymmetry in the curve, with 0 being entirely symmetrical. In this heatmap, a 

negative value indicates the right hand side of the curve is steeper, while a positive 

value indicates that the left side of the curve is steeper. Importantly, the log-fold 

change plot does not indicate the steepness or flatness of the curve fits 

themselves. 

At low forces, as A3 concentration increases, the curve becomes 

asymmetric, with the left hand side of the curve having a much steeper gradient – 

more compaction per applied turn – than the right hand side. This is a direct 

contrast to the DNA without A3, or with only a low (0.5 µM) A3 concentration. 

Without A3, increasing force makes the fitted curve asymmetric in the other 

direction, such that the right hand side of the curve is far steeper than the left hand 

side. As explained in the introduction to this thesis, and to this chapter, this is due 

to the chirality of the DNA double helix (a right handed helical ramp).  
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Moving across the heatmap diagonally from low to high A3 concentration 

and low force to high force, the curve remains relatively symmetrical.  

Knowing that the asymmetry in the DNA-only sample arises due to the 

chirality of DNA, I propose that the opposite trend (i.e. the rotation-extension curve 

is flat on the right hand side, but not the left hand side when A3 is added) at high 

A3 concentration demonstrates that the hypernucleosome has the opposite chirality 

of DNA. 

 

5.8 Mechanism for A3 chromatin response to supercoil 

To summarise the results I have described in this chapter, I present the 

extreme scenarios: DNA alone compared to DNA with 3 µM A3 at both 0.5 pN and 

2 pN (Figure 5.10). To better understand these conclusions requires consideration 

of the right-handed nature of the DNA helix, wrapping in a left-handed ramp around 

the hypernucleosome structure. The opposing chirality of these structures act in 

parallel, with one unwrapping, while the other is tightened. 

 

 

Figure 5.10: Summary of effect of A3 on supercoiled DNA 

Response to supercoil for DNA only (grey) and 3 µM A3 (red) at 0.5 pN (A), and 
2 pN (B). 
 

Starting with the central position of both graphs, at 0 turns, when only a 

small force (0.5 pN, Figure 5.10A) is applied, the DNA is compacted by addition of 
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A3. At higher load (2 pN, Figure 5.10B), still considering the resting linking number 

(0 applied turns), the DNA is compacted by addition of A3. There is less 

compaction at 2 pN than at 0.5pN. This finding fits with the conclusions of my 

previous chapter (Chapter 4). Based on the previous chapter, I can suggest that 

this is because force overcomes the histone stacking between the histones in the 

hypernucleosome. This finding was directly characterised by the force-extension 

experiments of the previous chapter. 

At negative supercoil and at low forces (0.5 pN, - 20 to - 40 turns), the DNA 

is underwound while the hypernucleosome is overwound – determined by the 

opposite chirality of the two helical structures. With no A3, this results in purely 

plectoneme formation, until all of the DNA length is held in plectonemes. With 3 µM 

A3, the DNA is readily compacted in the hypernucleosome structure, causing the 

DNA length to be significantly compacted. Negative supercoil unwinds the DNA 

duplex, enabling plectoneme formation, but also tightens the DNA wrapped around 

the histone core of the hypernucleosome. The wrap of the DNA around the 

hypernucleosome stabilises the DNA by preventing base pair unstacking. With the 

DNA duplex stabilised, negative supercoil favours hypernucleosome formation at 

low forces. 

At higher forces with negative supercoil (2 pN, - 20 to - 40 turns), the effect 

of A3 is more readily apparent: the DNA is significantly compacted by 3 µM A3 

relative to the DNA only control. At 2 pN with negative supercoil, negative turns are 

taken into the hypernucleosome structure, meaning that DNA base pairing is 

preserved. In this regime, hypernucleosome formation is strongly favoured such 

that the DNA can be compacted by A3 at this force. 

At 2 pN, the buckling transition for the DNA only sample, and the peak of the 

curve for 3 µM A3 are close together. Using the median values of the fitted curves 

for all molecules measured under these conditions, the buckling transition occurs at 

10.7 turns (n=37), while the peak of the 3 µM A3 curve is at + 16.6 turns (n=34). 

However, the buckling transition for DNA alone is not fitted well the asymmetric 

Gaussian curve as the flatness of the left hand side of the curve skews the value 

for the peak of the curve. The 2-linear fit to this data (described in the Single 

Molecule Methods (Section 3.5.6)) finds the point of the buckling transition as 

+ 15.3 turns (n=37), which is in much closer agreement to the peak of the sample 

with 3 µM A3 than the value from the asymmetric Gaussian fit.  
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At positive supercoil and at low forces (0.5 pN, + 20 to + 40 turns), the DNA 

is overwound while the hypernucleosome is underwound. This dichotomy 

generates some competition between histone unstacking due to an underwound 

structure, and compaction by A3 at low load: any DNA length exposed by the 

displacement of histones from the hypernucleosome will be compensated by 

plectoneme formation. The competition between hypernucleosome and plectoneme 

formation results in a flat-topped curve. The DNA with 3 µM A3 is compacted less 

under the positive supercoil than under negative supercoil, suggesting that the 

chromatin might require even more turns to be applied to fully compact the DNA. 

At higher forces (2 pN, + 20 to + 40 turns), the DNA is unwrapped from the 

hypernucleosome, causing histone unstacking and conferring instability on the 

hypernucleosome structure. This causes the DNA to become more available for 

plectoneme formation. The gradients of the DNA only and A3 chromatin sample are 

different in this range as A3 will still be bound to some parts of the DNA, which may 

affect the amount of DNA that is taken into plectonemes for each added turn. To 

summarise, under positive supercoil, two mechanisms are acting concurrently: the 

hypernucleosome structure is unwrapping, and free DNA is forming plectonemes. 

The net product of these opposing effects is that the DNA appears to be 

compacted by A3, with a similar (but not the same) DNA length change per 

additional turn taken in compared to naked DNA.  

 

5.9 Discussion 

In this chapter, my aim was to characterise the response of A3-chromatin to 

changes in DNA linking number. I have found that DNA compaction by A3 changes 

with the number of applied turns, and that the response to DNA supercoiling is 

dependent upon force, A3 concentration, and the direction in which the turns are 

applied to the end of the DNA (Section 5.2).  

I demonstrated significant asymmetry in the rotation-extension curve at low 

forces, which is likely due to the chirality of both the DNA and the hypernucleosome 

structure itself. The chirality of both DNA and the hypernucleosomes also has 

implications for plectoneme formation (Section 5.3). Furthermore, A3 prevents the 

DNA from absorbing supercoil as twist, resulting in a sharp peak in the rotation-

extension graph (Section 5.4). 
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I have also shown that when A3 binds to DNA, the DNA structure is 

stabilised such that base pair unstacking is prevented (Section 5.5). Base pair 

unstacking precludes DNA from forming plectonemes at negative supercoil under 

high force, while A3 binding restores the structure of the DNA, and facilitates 

hypernucleosome formation. 

Exploring the effect of force on the response to supercoiling, I show that 

compaction by A3 directly competes with the extension of the DNA under load 

(Section 5.6).  

 

5.9.1 Chromatin as a buffer against DNA supercoiling 

Recent work on eukaryotic chromatin has demonstrated that supercoiling of 

eukaryotic chromatin causes the rotation-extension graph to be relatively flat for a 

large number of turns (approximately 30 turns at 0.5 pN) (Kaczmarczyk et al. 

2020). This indicates that a chromatin array can act as a buffer against torsion at 

low forces. 

The data I have presented here shows that A3 chromatin does not buffer 

supercoiling in the same way – in contrast to eukaryotic chromatin. I have shown 

that A3 chromatin has a sharp buckling transition (Section 5.4), and that twist 

cannot be readily absorbed by the structure of A3 chromatin.  

To compare eukaryotic and archaeal chromatin, one must consider their 

respective structures. Eukaryotic DNA has both linker histones (H1) and unbound 

stretches of DNA between the nucleosomes in a nucleosome array. Both of these 

elements are known to affect the structure of eukaryotic chromatin, as discussed in 

the introduction to this thesis (Section 1.4.2). The spacing of the nucleosomes is 

also highly regulated, which further affects the chromatin structure. These linking 

regions, containing exposed DNA might be important in the function of chromatin 

as a torsional buffer.  

From the hypernucleosome structure, one can suppose that archaeal 

chromatin does not have such linking regions within the structure (Mattiroli et al. 

2017). However, as the hypernucleosome structure is derived from a short 88 bp 

DNA sequence (Mattiroli et al. 2017), the structure does not extend over a 

sufficiently large DNA length to show the spacing between hypernucleosomes on 
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the same stretch of DNA, and drawing such a conclusions from the structural data 

might be ill-advised. Data from MNase digestion of archaeal chromatin (Maruyama 

et al. 2013; Ofer 2018) shows the hypernucleosome leaves sufficient lengths of 

DNA exposed for the enzyme to digest the DNA. This DNA might act to buffer 

torsion in archaeal chromatin. 

In Section 5.3, I demonstrated that A3 prevents plectoneme formation under 

positive supercoil, but that the ability to form plectonemes might be retained at 

negative supercoil. For plectonemes to be formed when the DNA is chromatinised 

by A3, there must be sufficiently long stretches of DNA exposed for the DNA to fold 

into a plectoneme. This would suggest that the hypernucleosomes formed by A3 do 

not extend to cover the whole length of the DNA. The concentration dependence of 

my data indicates that as A3 concentration increases the amount of DNA available 

for plectoneme formation decreases. 

It could be imagined that a ‘designed’ or optimised DNA packaging protein 

would be able to permit passage of DNA transcription and replication machinery 

(which induce positive supercoiling ahead of the protein complex, and negative 

supercoiling behind the complex according to the twin-supercoil domain model (Wu 

et al. 1988; Liu and Wang 1987)) at high loads. At low loads, the designed protein 

should be able to generate significant compaction to the DNA length. In these 

terms, I have found that A3 has properties which fit with these ideals: DNA 

compaction is readily released as load is increased, which may act to facilitate DNA 

processing transactions. My observations that positive supercoiling would unwrap 

the hypernucleosome, while negative supercoiling would tighten the DNA wrapping 

around the histone core, also fits with this twin-supercoiled domain model. 

Unwrapping of the hypernucleosome structure (under positive supercoiling ahead 

of an enzyme) would increase the availability of the DNA for processing, while the 

reverse would be true behind the enzyme.  

 

5.9.2 Curve fitting methods 

The heatmaps I present in Section 5.7 are based upon parameters 

extracted from fitting an asymmetric Gaussian curve to the data. It is my 
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understanding that is this an unorthodox method, which has not previously been 

used to describe chromatin supercoiling behaviour.  

For DNA only samples, a Gaussian fit has been used – this seems like a 

good approximation for DNA behaviour under low forces (< 1 pN) (Kriegel et al. 

2018). Kriegel et al also use a 2-linear fit to determine the peak offset for their 

(DNA only) experiments. In their work, Kriegel et al find good agreement between 

the peaks of the Gaussian curve and the 2-linear fit. A mathematical description of 

supercoiled DNA can also be used to describe the effect of supercoiling at different 

forces (Marko 2007). 

While these three methods work as a good approximation for DNA alone at 

low forces, my data extends beyond the range where these fits provide a good fit. 

At higher forces it is well established that the DNA alone has a very asymmetric 

curve (Strick et al. 1998). A3 addition also affects the symmetry of the curve, hence 

the Gaussian curve is inherently inappropriate. While the asymmetry of DNA alone 

is captured by the Marko model, this model does extend to use with chromatinised 

DNA.  

For DNA supercoiling experiments on eukaryotic chromatin, a model has 

recently been published, demonstrating that DNA can be modelled as a torsional 

spring (Kaczmarczyk et al. 2020). It might be useful to try to fit this model to my 

data.  

Others choose not to use any fit to the DNA-only data (Nomidis et al. 2017; 

Kriegel et al. 2017), to fit only the linear DNA compaction regions (Vanderlinden et 

al. 2020) or instead to append 4th order polynomials to the presented (chromatin) 

data to ‘guide the eye’ (Vlijm et al. 2017). The latter approach is not particularly 

meaningful as the parameters of such a curve have no underlying meaning. It is 

important that the parameters of the curve should show real world relevance to the 

chromatin structure, in order to more deeply interpret the data. 

 

5.9.3 Handedness of A3 chromatin structure 

It is known that the DNA has a right handed helix. This wraps around the 

nucleosome (in eukaryotes) with a left handed helical ramp (Luger et al. 1997). 

From the hypernucleosome structure (Mattiroli et al. 2017), it would seem that DNA 
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also wraps around the hypernucleosome with a left handed ramp. Due to the 

chirality of the DNA, and the opposite chirality of the hypernucleosome, positive 

supercoil should confer DNA overwinding (tightening of the double helix), and also 

unwinding of the DNA from the hypernucleosome. Negative supercoil should do the 

opposite: the DNA duplex will be underwound while the DNA wrapping around the 

solenoid will be tightened. In this context my results can be assessed. 

In Section 5.4, I presented data showing that the peak of the rotation-

extension graph shifts to the right upon increasing A3 concentration. In eukaryotes, 

the shift in the rotation-extension curve has been used to describe the handedness 

of the nucleosomes formed (Vlijm et al. 2015, 2017).  

The right or left-shift in the peak offset in eukaryotes has been used to 

demonstrate the direction with which DNA is wrapped around the nucleosome 

(Vlijm et al. 2015). When DNA wraps around the nucleosome in a left-handed 

helical ramp, the rotation-extension curve shifts right, indicating an increase in 

superhelical density. Vlijm et al have also demonstrated the opposite phenomena 

with eukaryotic nucleosome assembly upon negatively supercoiled DNA. 

Kaczmarczyk et al also report a left-shift in the peak when left handed 

nucleosomes are assembled on torsionally constrained DNA (Kaczmarczyk et al. 

2020). In this case, the nucleosomes were released from the DNA by addition of 

heparin, the DNA had a change in linking number of + 34 turns,  demonstrating that 

eukaryotic nucleosomes induce superhelical density.  

I have found that A3 causes a right-shift in the rotation-extension curve. 

Based on both the structural data for the hypernucleosome (Mattiroli et al. 2017) 

and the experiments in eukaryotes, I have concluded that this right-shift shows left 

handed hypernucleosome formation. It might be interesting to apply the same 

methodology as Kaczmarczyk et al, and use heparin to release A3 from the DNA to 

determine the change in DNA linking number caused by A3 binding. 

Unlike Vlijm et al, I have not observed right-handed nucleosomes (as 

determined by a left-shift in the peak offset), or nucleosome ‘flipping’ – a change in 

handedness – in my experiments. As shown in the heatmaps (Section 5.7.2), the 

peak offset only showed right-shift upon addition of A3. I did not carry out 

experiments where the DNA was supercoiled prior to A3 addition, as would enable 

directly comparable to Viljm et al’s findings (Vlijm et al. 2017). However, this does 

not demonstrate that such behaviour is precluded in archaeal chromatin. It is again 
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pertinent to consider the difference in structure of eukaryotic and archaeal 

chromatin in this assessment.  

The effect of supercoiling is affected by both the handedness of the 

nucleosome and handedness of the DNA. DNA forms a right-handed helix, while 

the DNA in typical eukaryotic nucleosomes form left-handed ramps around the 

histone octomer. The DNA binds to the histones using the electrostatic interactions 

between the negatively charged DNA backbone and positively charged residues on 

the histone surface. Wrapping the DNA in the ‘wrong’ direction (i.e. in right handed 

ramp instead of the typical left handed ramp) is likely to be unfavourable as the 

DNA will not directly follow the ramp of electrostatic charges around the 

nucleosome. However, in eukaryotes, this has been shown to be possible, though 

the in vivo relevance of such structures is not yet apparent. 

A3 has a much weaker affinity for DNA than eukaryotic histones, likely due 

to a weaker positive charge on the interacting surfaces. This difference might 

influence the structures which A3 chromatin can form. On one hand, due to the 

weaker surface interactions, right-handed binding of A3 by DNA will be less 

unfavourable for A3 than for eukaryotic histones, and hence a right handed 

hypernucleosome might be more likely to occur than a right handed eukaryotic 

nucleosome. On the other hand, the weakness of the interaction between A3 and 

DNA is such that binding with the right handed wrap is unlikely to be sufficient 

enough to form a stable – and hence observable – structure. As I have not 

observed a left-shift in my experiment, I believe the second option (the instability of 

the weak-interacting structure) is more likely to be the case. 

 



 

266 

 

 

 

 

 

 

 

Chapter 6. Discussion 

 

 

 

 

  



 

267 

 

 

 

 

 

 



Chapter 6. Discussion 

 

268 

 

In the final chapter of my thesis, I summarise the findings of my PhD project. 

As I have discussed my findings extensively in the end of chapter discussions, 

here, I discuss more broadly the implications of my findings, and any caveats with 

the work as a whole. I also suggest the direction for future work, and the open 

questions which remain to be answered.  

 

6.1 Project summary 

In all domains of life, DNA must be compacted into the cell nucleus 

(eukaryotes) or nucleoid (prokaryotes). In both eukaryotes and archaea, histone 

proteins perform key roles in compacting the DNA into organised chromatin 

structures. The interactions between DNA and histones and other DNA-binding 

proteins, play a crucial role in determining gene function, chiefly by controlling the 

accessibility of DNA for the transcription machinery. From an evolutionary point of 

view, archaea are in a unique position of having some prokaryotic and some 

eukaryotic properties.  

It is known that their DNA is compacted into chromatin but how the DNA-

histone complexes are further structured or what biophysical forces are inherent in 

these structures is unknown. M. jannaschii has four canonical histone proteins 

(consisting of only 3 α-helices joined by two loops) and an additional ‘tailed’ histone 

(MJ1647), which has a substantial C-terminal domain implicated in tetramerisation. 

These histones must work together, and with other DNA binding proteins to 

generate functional chromatin in vivo. M. jannaschii histones are of particular 

interest as they have undergone substantial biochemical characterisation 

(Wilkinson, Ouhammouch, and Geiduschek 2010; Ofer 2018; Zander et al. 2017). 

There is a simple in vitro experimental platform for M jannaschii histone binding, 

which would be well suited to single molecule experimental assays. Additionally, in 

vitro assays for investigating the effect of M. jannaschii histones on transcription is 

already established (Smollett, Blombach, and Werner 2015), and this is important 

in expanding the work to understand the effect of histones on gene expression. 

The work I have presented in this thesis aimed to define the biophysical 

properties of archaeal chromatin under physiological forces, and to provide further 

evidence for hypernucleosome formation in M. jannaschii. I set out to determine the 
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kinetics of chromatin assembly, to explore the force-extension properties of A3 

chromatin, and to understand the effect of DNA supercoiling on archaeal 

chromatin. I show that in M. jannaschii, chromatin assembly and chromatin 

rearrangement are processes which might be particularly dependent on biophysical 

properties rather than enzymatic reactions. 

In order to achieve these aims, I investigated the potential configuration of 

magnetic tweezers microscopes, and built a magnetic tweezers setup which would 

enable me to perform the required experiments for my project. I concluded that a 

conventional magnetic tweezers set up would sufficiently meet my experimental 

needs for both force-extension and for DNA supercoiling experiments. I also 

developed relevant software for control of the microscope and its various sensors. 

Furthermore, I built a data analysis pipeline in Igor Pro with which to analyse the 

magnetic tweezers data. Using this pipeline, data from a variety of different MT 

experiment styles (force calibration, DNA force-extension, DNA supercoiling) can 

be easily analysed. Mostly, my analysis software automatically generates graphs to 

interpret the data. This work is presented in Chapter 3. 

In Chapter 4, I used bulk assays to determine the affinity of A3 for DNA. I 

then observed DNA compaction by A3 directly using TIRFM, and determined the 

rate of compaction from this assay. I also used magnetic tweezers to measure the 

kinetics of DNA compaction by A3, and determined that A3 binds to DNA 

cooperatively. Using magnetic tweezers to carry out force-extension experiments, I 

then characterised the mechanical properties of A3 chromatin, and used this to 

build a 4-state model for A3 chromatin. Essentially, my experiments support a 

model where A3 first binds to DNA, then the DNA wraps around the histone 

proteins. Once the histones are wrapped by DNA, they can assemble into the 

hypernucleosome structure, providing significant structural stability and DNA 

compaction. 
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Figure 6.1: Summary of measured kinetic parameters 

Model for DNA compaction by A3, with parameters labelled to denote the method 
of measurement in this thesis. TIRFM: total internal reflection fluorescence 
microscopy; MT: magnetic tweezers.  
 

 In Chapter 5, I explored the effect of supercoiling on DNA extension, under 

varying A3 concentration and force. I found that A3 prohibits plectoneme formation, 

in favour of formation of a right handed helical structure. The structure increases 

the superhelical density of the DNA and prevents absorption of twist by the DNA 

backbone. A3 stabilises the DNA duplex such that base pair unstacking is 

prevented, hence enabling the DNA to be compacted under negative supercoil. I 

hypothesise that these characteristics demonstrate that the structure formed by A3 

is probably similar to the hypernucleosome model which has been proposed for 

other archaeal species. I presented my findings for this chapter both in the form of 

best typical data, and also as heatmaps showing global trends for individual 

parameters to an asymmetric Gaussian, which I demonstrate to be a reasonable 

approximation to the rotation-extension graphs. 

Importantly, I demonstrate that my data is self-consistent, and that A3 

chromatin formation is guided by basic principles. My mechanical and kinetic 

datasets show that the DNA-A3 interaction is relatively weak. A3 readily compacts 
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DNA at low forces, but the stacking interactions between histones in the 

hypernucleosome can be easily overcome by increasing force. I also show that A3 

binding is a rapid process, as captured by TIRFM, and that equilibrium is rapidly 

established in the magnetic tweezers experiments. My supercoiling data also 

shows a similar force dependence at the resting linking number, but additionally 

demonstrates that DNA supercoiling affects the stability of the hypernucleosome.  

 

6.2 Structure of A3 chromatin 

The structure of archaeal chromatin is only recently beginning to emerge. 

The first biochemical evidence of a different chromatin structure between archaea 

and eukaryotes came from MNase digestion of native chromatin from the archaeon 

T. kodakarensis (Maruyama et al. 2013; Nalabothula et al. 2013). This study 

showed that archaeal DNA is protected from digesting in 30 bp increments, of 

varied lengths up to 450 bp. These protected DNA lengths were very resistant to 

digestion, even though long digestion time courses and high enzyme 

concentrations were used. Eukaryotic DNA protects 147 bp DNA fragments, and 

does not form the ‘ladder’ pattern of protection seen in archaeal chromatin 

digestion. The published hypernucleosome structural model (a continuous solenoid 

of histone proteins wrapped by DNA) supported this finding, and provided a 

mechanism for DNA protection which fitted with the biochemical data. 

A recent bioinformatics study has used sequence alignment of archaeal 

histone proteins to pinpoint the key residues for histone stacking residues 

(Henneman et al. 2018). This analysis is based upon the structure of the 

hypernucleosome (Mattiroli et al. 2017). Henneman et al speculate that 

hypernucleosome formation is dependent upon a conserved hydrophobic dimer-

dimer interface, a glycine residue in the stacking interface of the hypernucleosome 

(G16 in HMfB, present as G17 in A3) and favourable interactions between histone 

dimers in the 𝑖 and 𝑖 + 2 positions, which confers stability on the structure. 

Henneman et al do not present A3 as part of the published analysis, choosing 

instead to present the atypical MJ1647 histone from M. jannaschii. Using their 

methodology to identify key residues, I have predicted that A3 should have 

propensity for hypernucleosome formation (see Section 4.11.4). 



Chapter 6. Discussion 

 

272 

 

Additionally, structural modelling and molecular dynamics simulations have 

been used to demonstrate that some archaeal histones act to prohibit further 

hypernucleosome extension, such that the length of the hypernucleosome structure 

is limited (Stevens et al. 2020). Stevens et al suggest that these capstone histones 

have evolved in archaea with several histone variants. Chromatin formed from a 

heterogeneous mix of these histones can display an array of different DNA binding 

affinities and hypernucleosome stabilities (assessed by the ΔΔG value for each 

chromatin type). Regulating the expression of these different variants might confer 

different chromatin properties, akin to those conferred by eukaryotic histone 

variants. 

In Stevens et al’s analysis, M. jannaschii histones show a generally low 

mean ΔΔG value, suggesting that the histones bind more strongly to DNA than 

other archaeal histone tetrasomes. Notably, there is a wide range of ΔΔG values 

represented by the variety of different heterogeneous tetrasome arrangements 

possible with M. jannaschii histone paralogs (A1, A2, A3, A4 and MJ1647). 

However, Stevens et al predict M. jannaschii histones to have relatively weak dimer 

interfaces compared to other archaeal species’ histones, which might make the 

hypernucleosome unstable. Importantly, this analysis is primarily based upon the 

protein sequence and modelled structures, rather than empirically measured data.  

Nucleosome breathing is another characteristic of eukaryotic chromatin that 

is beginning to gain attention: the nucleosome itself is a dynamic particle and the 

electrostatic interactions holding the DNA and histones together structure together 

can fluctuate exposing DNA sites normally enclosed in the nucleosome (Polach 

and Widom 1995; Anderson and Widom 2000). As the structure of the 

hypernucleosome is similar to that of the eukaryotic nucleosome, it is intuitive that 

the hypernucleosome might similarly have a propensity for nucleosome breathing, 

which might expose DNA sites for protein interactions. Additionally, Due to the 

extended length of the hypernucleosome, one can imagine that the structure might 

also undergo transient unstacking of histones in the solenoid. Hypernucleosome 

unstacking would be affected by the strength of the stacking interactions between 

histones in the 𝑖 and 𝑖 + 2 positions, which would vary between different histone 

proteins. Steric hindrance prevents the eukaryotic nucleosomes from stacking 

directly on top of each other into the hypernucleosome structure (Mattiroli et al. 
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2017), although the nucleosomes can interact somewhat, forming nucleosomal 

arrays. 

In this thesis, I have shown that A3 chromatin has biophysical properties 

which would be best described by a continuous solenoid nucleosomal structure (a 

hypernucleosome). This is evidenced in two ways. Firstly, by the biphasic 

chromatin extension, which I have shown in force extension experiments (Section 

4.8.1). The biphasic behaviour demonstrates that the chromatin structure has 3 key 

states, caused by two different interactions. I have interpreted these interactions to 

be DNA wrapping interactions and histone stacking interactions. At low forces, the 

stacking interactions can be disrupted, indicating that the stacking interactions are 

relatively weak. At higher forces, the histone-DNA wrapping interactions are 

broken, and DNA is released from the hypernucleosome. My findings here align 

with Stevens et al’s work, as I show that the stacking interaction is weaker than the 

DNA-binding interactions. Secondly, I have demonstrated that due to the sequence 

similarity between A3 and HMfB, A3 should have sufficient hypernucleosome-

favouring interactions (based on Henneman et al’s analysis (Henneman et al. 

2018)). Furthermore, Ofer’s PhD work showed that native chromatin from M. 

jannaschii is protected against MNase digestion, in 30 bp increments (Ofer 2018).  

To show hypernucleosome formation even more conclusively would require 

structural studies, such as by negative stain electron microscopy (EM), or cryo-EM. 

I suggest EM over crystallography as crystallography requires formation of a 

suitable crystal, which might be difficult to achieve. The hypernucleosome 

‘structure’ by Mattiroli et al is a model of a smaller crystal structure (88 bp DNA with 

6 HMfB histones) docked together to form the higher order structure (Mattiroli et al. 

2017). Conclusive proof of the hypernucleosome structure should come from direct 

observation of the structure, rather than simulations or modelling.  

 

6.3 Role of A3 in genome organisation 

In the introduction to this thesis (Section 1.3), I outlined some key principles 

for genome organisation. I can assess the role of A3 as a chromatin protein in the 

context of these principles.  
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I stipulated that genome organisation should confer a significant reduction in 

end to end length of the DNA, such that the DNA is condensed into the confines of 

the cell. Compaction of the genomic material should, however, remain dynamic 

enough that the DNA base sequence can be access for processing activities. There 

should also be an element of regulation, with the cell able to direct exposure or 

closure of different parts of the genome as required. Finally, genome integrity and 

stability should be upheld, and damage to the DNA should be minimised. 

In this thesis, I have demonstrated that A3 chromatin confers many of these 

properties. I have shown that A3 significantly compacts DNA at low forces (Chapter 

4). However, this compaction can be overcome by increasing the load on the DNA, 

or by changing the supercoil state of the DNA (Chapter 5). I anticipate that DNA 

supercoiling can be mediated by in M. jannaschii cells through the activities of 

helicases and gyrases, such as reverse gyrase and topoisomerases.  

Critically, I have also shown (in Chapter 5) that A3 acts to protect the 

genomic material by forming a structure – the hypernucleosome – which stabilises 

the DNA duplex, and prevents base pair unstacking. By maintaining the structure of 

DNA, the A3 hypernucleosome protects the genome from damage, which is 

essential in the high temperature native environment. 

My findings build up on the work of others, who have shown that A3 

prevents DNA opening for transcription (Wilkinson, Ouhammouch, and Geiduschek 

2010; Ofer 2018), and I am able to present a mechanism by which this could be the 

case. I suggest that the hypernucleosome is a structure which inherently prohibits 

transcriptional activity by preventing access to the DNA.  

From my TIRF assay with lambda DNA (Section 4.3), I have shown that A3 

binding is indiscriminate about DNA sequence, and hence is likely to bind across 

the whole genome of M. jannaschii. This result is in contrast to the Ofer’s work, 

which used next generation sequencing methods on native M. jannaschii chromatin 

to show that localised regions of the genome (i.e. transcriptional start sites) are free 

from chromatin proteins (Ofer 2018). This discrepancy is likely to demonstrate the 

limitations of in vitro assays on understanding the system as a whole, and the 

comparatively low resolution of the TIRFM set up in comparison to the base pair 

resolution of next generation sequencing techniques used by Ofer. Notably, Ofer’s 

experiment used native chromatin, while I have used reconstituted, A3-only 

chromatin with a non-native DNA template (lambda DNA for the TIRFM 
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experiments). The composition of the M. jannaschii genome is particularly AT-rich – 

overall, 69 % of the genome is A or T bases (Bult et al. 1996), which is much higher 

than the AT content of lambda DNA (50 %). Additionally, sequencing methods will 

have significantly higher sensitivity than my TIRF assay to localise regions not 

protected by A3 binding. To further understand the protection of DNA by A3, 

sequencing of A3-only chromatin on native DNA – rather than native 

heterogeneous chromatin – might yield a more definitive DNA binding sequence for 

A3. 

My findings throughout this thesis suggest that the role of A3 in functional 

chromatin is mediated on several levels: by A3 concentration, by DNA supercoiling, 

and by the stretching forces applied to the DNA (likely due to pulling of the DNA by 

other proteins). These factors all contribute to A3 chromatin acting as a mechanical 

gate to other protein-DNA interactions, which in turn act to facilitate the functional 

role of A3 in M. jannaschii chromatin. 

 

6.4 Building a statistical mechanics model for A3 chromatin  

In Chapter 4, I presented a kinetic scheme for A3 binding. In Chapter 5, I 

considered how the model might extend to incorporate my findings on the effect of 

DNA supercoiling. Briefly, my kinetic scheme proposes that A3 initially binds to 

DNA without a length change. There are then two distinct isomerisation events, 

whereby the DNA wraps around the histones – resulting in a small reduction in 

DNA length – and finally the wrapped histones stack upon each other into the 

hypernucleosome – generating significant shortening of the measured DNA length. 

The transitions between these states were observed directly in the force-extension 

of the chromatin (Section 4.8.1). It is exciting, and surprising, to find that the 

hypernucleosome has spring-like properties in the low force range, as this is a 

contrast to the extension properties reported for eukaryotic chromatin 

(Kaczmarczyk et al. 2020; Meng, Andresen, and Van Noort 2015; Cui and 

Bustamante 2000; Bennink, Pope, et al. 2001).  

In eukaryotic chromatin, above 5 pN the nucleosome is only partially 

wrapped by DNA, resulting in a reduction in the perceived contour length of the 

DNA but retaining the WLC properties of the DNA. This behaviour is maintained 
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until sufficient for (10-20 pN) is applied to dislodge the nucleosome from the DNA, 

and release the remaining DNA for extension according to the WLC model.  

Based on the findings presented in this thesis, a 4-state model might best 

describe the different phases of DNA compaction by M. jannaschii histones. Given 

the mechanical data I have presented in this thesis – particularly in Chapter 4 – I 

have formed a kinetic model for the force-extension of A3 chromatin. The model 

makes use of both the kinetics and energetics data I have gathered - these inform 

energy barriers and rates of the transitions between the different states. I did try to 

model the observed A3-chromatin behaviour with a 3-state model, however this did 

not fully recapitulate my experimental findings, in particular the second linear 

extension phase. 

 It would be interesting to try to develop the model further, to include a 

mathematical description of DNA compaction by A3 while the DNA is supercoiled. 

From my experiments in Chapter 5, it is apparent that the relationship between A3 

concentration, DNA compaction, applied force and supercoil is complex. It would 

most likely be non-trivial to model such mechanical behaviour, better suited to an 

individual with expertise in mathematical modelling. 

At this point, I note that although a closed-form analytical description has 

been developed to describe DNA supercoil for stretched DNA (Marko 2007), 

mathematical models of supercoiled DNA are not always used in articles 

presenting experimental work into the effect of DNA supercoiling on chromatin 

(Vlijm et al. 2017). A further model, coined the ‘torsional spring model’, to describe 

the effect of DNA supercoiling on eukaryotic chromatin has recently been published 

(Meng, Andresen, and Van Noort 2015; Kaczmarczyk et al. 2020). It might be 

prudent to try to fit the torsional spring model to my data in order to see whether the 

model can capture the characteristics of archaeal chromatin which I have 

observed. 

Another approach to this modelling would be to use molecular dynamics 

simulations. This type of approach is already being applied to eukaryotic and 

archaeal chromatin by other research groups internationally, although results of the 

work are yet to be published. To generate a good and realistic simulation, 

experimental measurements should also feed into the simulations, which have not 

been available for archaeal histones. 
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6.5 Experimental environment 

One of the main points of discussion throughout my project has been the 

biological relevance of the in vitro conditions I have used, compared to the 

conditions experienced inside the cell. This is multifactorial, and concerns nearly all 

aspects of my experiments, from the likely physiological concentration of A3 in the 

nucleoid, to the salt conditions in the intracellular environment, and the temperature 

at which M. jannaschii thrives. 

 

6.5.1 Physiological A3 concentration 

My results suggest that DNA compaction by A3 is dependent upon A3 

concentration, in the low micromolar range. As my experiments have generally 

yielded a dissociation constant in this range, it seems pertinent to speculate upon 

the factors which could change A3 concentration within the cell. Intracellular A3 

concentration has not been reported in the literature. 

One factor which is known to affect archaeal histone gene expression levels 

is the cell cycle. HMfA and HMfB from M. fervidus are the primary example of this, 

with the two histone proteins being produced in different phases of the cell cycle 

(Sandman et al. 1994). As M. jannaschii has multiple canonical histone proteins 

(A1, A2, A3, and A4), the expression of these histones might also be dependent 

upon the cell cycle. Increased expression of the histone protein genes is likely to 

increase the concentration of the protein in the cell. 

Archaea are known to regulate their histone gene expression as a stress 

response (Larmony et al. 2015; Fröls et al. 2007). A3 is downregulated by 

2.75 times in response to cold shock (65 °C) (Boonyaratanakornkit et al. 2005). 

Other histone genes were also downregulated in the cold shock response (A1: 

2.1 x, A2: 3.2 x, A4: 1.8 x, MJ1647: 2.0 x), while genes encoding transcription 

initiation and elongation factors are generally upregulated. The idea behind a 

transcriptional response to cellular damage or external stressor is that energy 

should be diverted into survival activities, such as reparation of DNA damage. In 

the M. jannaschii response to cold shock, protein production is increased compared 

to native temperatures (85 °C).  
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I can speculate that as A3 has a repressive effect on transcription (Ofer 

2018; Wilkinson, Ouhammouch, and Geiduschek 2010), then cellular stress leads 

to a reduction in A3 production in order to aid the upregulation of other stress-

linked pathways. I have shown that increasing A3 concentration causes the DNA to 

become more compacted, which could be a factor in repression of DNA processing 

activity, such as transcription. Relief of the compaction by A3 (through reduction in 

A3 concentration in the cell) is likely to facilitate opening of the DNA and binding by 

transcriptional regulators.  

 

6.5.2 Buffer conditions 

Early decisions on buffer conditions and working concentration range were 

taken based on the existing data available to me, primarily in the form of Sapir 

Ofer’s PhD thesis (Ofer 2018).  

It is well established that the mechanical properties of DNA are dependent 

upon the salt concentration of the buffer (Baumann et al. 1997). As histone binding 

is dependent upon electrostatic interactions between the positively charged histone 

surface, and the negatively charged DNA backbone, it is intuitive that A3 binding to 

DNA is also dependent upon the salt concentration of the buffer (indeed, salt 

gradient was used to elute A3 from the heparin column during the protein 

purification).  

As there were already several aspects of my experimental work which could 

cause changes to the mechanical properties of A3 chromatin, fixing the buffer 

conditions at an early stage has enabled comparison of the measured kinetics and 

mechanical properties throughout. Choosing to use only one experimental buffer 

(N250 buffer, see Table 2.23) has been advantageous as it has reduced the 

number of variables in my experiment. Early in my project, salt concentration was 

proposed as another variable to systematically explore, at a fixed A3 concentration. 

The effect of both monovalent and divalent cationic salt concentrations could be 

explored at a later date, if there was sufficient scientific interest to do so, or if new 

evidence regarding the intracellular conditions came to light. As my work has been 

entirely in vitro, my project is not well placed to determine intracellular salt 

conditions. 
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6.5.3 Temperature 

The environmental niche for M. jannaschii is known to be between 48 °C 

and 94 °C (Bult et al. 1996), which far exceeds the temperature at which my 

experiments were performed (all at room temperature, approximately 22 °C). My 

experiments were not within the physiological temperature range for M. jannaschii, 

and as such, it seems valuable to assess the validity of my experiments as a 

whole. 

An increase in temperature from 22 °C to 85 °C or above would significantly 

alter the properties of the DNA itself by inducing strand separation due to the 

melting of the hydrogen bonds between the two DNA strands. In terms of force-

extension properties, increasing temperature decreases the thermal barrier to 

extension, hence the DNA undergoes the overstretching transition at a lower force 

(M. C. Williams et al. 2001). DNA supercoiling properties are also affected by 

temperature: DNA unwinds with increasing temperature, unwinding by 

- 11 degrees/°C·kbp (Kriegel et al. 2018) . Across the whole genome, this 

extension and temperature dependence of DNA unwinding is likely to affect the 

topology of the DNA. 

For M. jannaschii, the high temperature niche has implications for genome 

stability: the organism thrives at high temperatures, where the DNA is predisposed 

to denature more readily. In terms of histone binding, my results show that 

increasing A3 concentration makes the DNA more resistant to force-extension, and 

also prevents DNA base pair unstacking. At high temperatures, A3 is likely to 

continue to confer structural stability to the DNA, which will help to preserve 

genome integrity.  

It is known that in extremophiles the genomic material is positively 

supercoiled, and that this might confer some additional stability to the DNA, by 

overwinding of the DNA duplex (Bouthier De La Tour et al. 1990; López-García and 

Forterre 1997; Forterre 1996). I have demonstrated that increased superhelical 

density of the DNA changes the compaction of DNA by A3. The peak of the DNA 

extension-rotation curve shifts into the positive supercoil regime, indicating that A3 

induces further superhelical density to the DNA upon binding. A3 was also shown 
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to stabilise the DNA duplex at negative supercoil under low loads, which might be 

significant in preventing DNA melting at higher temperatures. As temperature 

increases, I would suspect that A3 wrapping into the hypernucleosome structure 

might act to stabilise the DNA duplex, which would be favourable in protecting the 

DNA from damage or aberrant processing.  

Increasing the temperature of my experiments would also have implications 

for the kinetics of A3 chromatin assembly. A high temperature is likely to increase 

the binding kinetics to much faster rates. The thermal energy gained from an 

increase in temperature of the sample would reduce the energy barrier for binding 

(that is to say that more histones would have sufficient energy to overcome the 

activation energy required for DNA binding to occur). While binding rate increases, 

A3 dissociation rate would most likely also increase, so equilibrium would be 

reached more rapidly. 

Temperature would also affect the experimental procedure. The first 

concern would be heating the sample. A heated sample chamber would be 

essential, and such a contraption has been developed by my PhD Supervisor, Dr 

Justin Molloy, using a conductive indium tin oxide coated microscope slide with a 

variable electric current to generate heat. The main obstacle I would foresee with 

this arrangement is tethering of the DNA molecule to the surface. The current 

surface chemistry for my flow-cells is reliant upon the interaction between anti-

digoxygenin on the surface and digoxygenin labels incorporated into the DNA. 

While these interactions should be plentiful (~ 20 labelled nucleotides in the DNA 

handle), the strength of the interaction might be significantly diminished at high 

temperatures. Multiple attachment points are essential to torsionally constrain the 

DNA for the supercoiling experiments. Conducting the magnetic tweezers 

experiments at high temperatures thus might require significant technique 

development, including development of a DNA tethering protocol which generates 

multiple covalent bonds. Using a heated sample chamber could also mean that the 

flow-cells are not disposable, so I would need to develop a process to strip the 

used sample from the flow-cell in order to prepare subsequent samples. 

Furthermore, at high temperatures the working buffer would evaporate more rapidly 

from the open ends of my flow-cells, so a microfluidics arrangement with smaller 

openings for evaporation might be required. 
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To carry out the TIRF experiments at physiological temperatures, I might 

also have to adapt the experimental assay, ensuring that the fluorescent dyes used 

are thermostable, and that the objective lens is not heated by immersion oil (which 

is in contact with the sample chamber).  

These developments have been mentioned repeatedly over the course of 

my project, and it was considered that having some data – albeit at room 

temperature – was favourable over the multitude of challenges in technique 

development. Clearly, the long term goal should be to carry out similar mechanical 

characterisation of A3 chromatin in the physiological temperature range. 

 

6.6 Future work 

As highlighted in the end of chapter discussions, my work leaves a number 

of open questions, which might be addressed by additional experimental work. 

Future work should focus on optimising the 2-colour TIRF assay in order to 

provide a clear resolution to the outstanding question of A3 release from the DNA 

under force extension. This experiment might also enable me to observe the 

different chromatin states as DNA compaction occurs. To complete the DNA 

supercoiling work, there should be further analysis of my supercoiling data: the 

recently published torsional spring model should be fitted to my data (Kaczmarczyk 

et al. 2020), and assessed for goodness of fit.  

There is also additional work to be done with the kinetic model I have 

developed. The model does not currently account for the ‘parking problem’, as the 

DNA is not split into discrete binding sites – A3 binding sites are not related to a 

neighbouring sites in the current model. It might be interesting to try to model this 

behaviour and see if it does affect the rate of compaction. Additionally, the histones 

should be modelled as cooperative so that addition of a histone dimer promotes 

binding of the next dimer. This cooperativity is something which my results have 

alluded to, but has not been incorporated into the current model. 

The main priority for future work in the longer term should be to focus on 

improving the biological relevance of my findings. The key development, in this 

regard, would be performing the magnetic tweezers assays (both force-extension 

and DNA supercoiling) at physiologically relevant temperature. With the hardware 

now in place, it should be possible to try preliminary experiments using the existing 
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surface chemistry. Development of thermostable surface chemistry might be 

required to complete this objective, and I would expect this to take a fair amount of 

work. 

To validate the presence of hypernucleosome formation, structural studies 

to support my findings should also be carried out. This might be done on both 

reconstituted chromatin, using only A3, but also on native chromatin from M. 

jannaschii, as this might form different structures. Negative stain EM is likely to 

yield results most quickly in this regard. In order to achieve results which can 

support the hypernucleosome structure, a DNA template with sufficient binding 

sites for many (> 12) histones should be used, to demonstrate that the 

hypernucleosome does form. 

Finally, I remark that this work is really only the first step in understanding 

the mechanical properties of M. jannaschii chromatin. M. jannaschii has multiple 

histone variants (A1, A2, A3, A4 and MJ1647), and these must work together to 

generate a functional form of chromatin within the cell. Exploration of the 

mechanical properties of chromatin formed from each of these histones 

independently, followed by competition studies to understand how they work in 

concert with each other, will be absolutely vital in understanding the properties of 

native chromatin in M. jannaschii. Furthermore, there is considerable room for 

additional work which might use my thesis as a basis: this would include carrying 

out single-molecule assays with other (non-histone) archaeal chromatin proteins, 

with the transcription machinery, and with DNA repair proteins, to gain a full insight 

into the function of chromatin within M. jannaschii.  
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