
 1 

 
Defining Biochemical and Biophysical Cues that 

Direct Stem Cell Behaviour 
 
 
 
 

Rawiya Nasser Ali Al Hosni 
 

 
 

Submitted for the degree of: 
Doctor of Philosophy 

 
Division of Surgery and Interventional Science 

 
University College London 

 
 
 



 2 

 
I, Rawiya Nasser Ali Al Hosni confirm that the work presented in this thesis is my 
own. Where information has been derived from other sources, I confirm that this 
has been indicated in the thesis. 
 
 
 
Signed: …………. 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 



 3 

Acknowledgements  
 
I would like to dedicate this page to the members of the UCL and external academic 

community that made this project a success. Firstly, I would like to express the deepest 

appreciation and gratitude to my supervisors Dr. Scott Roberts and Dr. Umber Cheema 

for their constant support and guidance throughout my PhD. You have both significantly 

contributed to my growth as an academic over the last four years. My appreciation for 

this subject is a reflection of your unwavering enthusiasm for stem cell biology and 3D 

modelling of tissue and disease. I am most grateful for your patience and immense care 

for myself and this project.   

 

My appreciation also extends to the members of the Scott Roberts group- Dr. Mittal Shah 

and Dr. Wollis Vas. Your support launched the greater part of this project- from teaching 

all of the lab techniques and providing me with the constant guidance and support 

throughout my project. I would like to thank Prof. Frank Luyten for his contribution of 

periosteum derived cells used in this research and Dr. Helen Owen for her support and 

expertise. I would like to thank Dr. Laurent Bozec, Dr. Adam Strange and Naheem Yaqub 

for their expertise.  

 

My deepest heartfelt appreciation goes out to Dr. Judith Pape- you have made this 

experience worthwhile. Your support as a friend and colleague will forever be 

appreciated. Deniz- I am extremely thankful for your presence, support and constant 

cheer during my final year.  

 

I owe my deepest gratitude to my parents to whom my career would not have 

materialised without their guidance, moral and financial support. Thank you for 

constantly supporting my passion and believing in my potential as an academic- I am 

forever indebted to you.  

 

Without further a-do, I would like to thank my sister- Dr. Rumaitha Al Hosni for being my 

biggest support system. Your constant reminder of my potential kept me afloat at the 

best and worst of times, and for that, I owe you my deepest appreciation and I am forever 

grateful. Thank you for sharing this journey with me. I would like to extend my 

appreciation to the rest of my family and friends for supporting and cheering me on 

through this journey.  



 4 

Publications and Training Courses 
 
Publications: 
 
Tissue and Cell Engineering Society (TCES) 2017 (London, UK): ‘Preserving 
Periosteal Stem Cell Characteristics through Human Serum Mimetics.’ 
 
European Molecular Biology Organization (EMBO) 2018 (Singapore): 
‘Preserving Periosteal Stem Cell characteristics through Human Serum 
Mimetics.’ [Updated research] 
Tissue and Cell Engineering Society (TCES) 2019 (Nottingham, UK): 
‘Association of Environmental Cues with Mesenchymal Stem Cell Fate.’ 

Al Hosni R, Shah M, Cheema U, Roberts HC, Luyten FP, Roberts SJ. Mapping 
human serum-induced gene networks as a basis for the creation of biomimetic 
periosteum for bone repair. Cytotherapy. 2020;22(8):424-435. 
doi:10.1016/j.jcyt.2020.03.434 

 

Training:  
Statistics for Researchers (UCL) (2016) 

UCL Arena One Gateway Workshop (2019) 

UCL Arena One Teaching Associate program (leading to associate fellowship 
for higher education) (2019) 

Basic Course in Bone and Cartilage Biology and Disease (Sheffield) (2019) 

Associate Fellow of the Higher Education Academy (2020) 

 

 

 
 
 
 



 5 

Abstract  
 
The biochemical and biophysical cues that result in stem cell regulation in vivo are 

currently poorly understood. Although it is known that these cells reside within 

specialized environments known as niches, data on the contribution of cell-matrix, cell-

cell and cell-soluble mediators in maintaining quiescence, identity and activation is 

lacking. As such this PhD aims to develop technology that can be used to identify and 

optimise both biochemical and mechanical factors in relation to stem cell characteristics.  

 

Using RNA Sequencing and bioinformatic analysis, soluble mediators of human 

periosteal cell proliferation and potency were identified. This was achieved through the 

creation of transcriptional networks that reflected cell state in humanised culture 

conditions. The identification of upstream regulators and empirical analysis of their effect 

allowed the creation of a culture system based on 6 soluble factors that facilitated cell 

expansion whilst improving potency. Interestingly, these factors also promoted cell 

localization in a manner that replicated the organisation observed in native periosteum. 

 

To understand how matrix and mechanical cues can define cell identity and potency, 

hydrogels in combination with immortalized adipose stromal cells were used as a 

tuneable system to alter substrate stiffness. As matrix density contributes to oxygen 

diffusion, these hydrogels were additionally cultured in two different oxygen tensions. 

Culturing cells in a 3D environment composed of a soft hydrogel in physiological 

normoxia maintained long term stem cell gene expression. Interestingly, the presence of 

a dynamic culture with multiple matrix stiffness allowed for the identification of 

environments that defined stem cell identity.  

 

Periosteum-derived cells and adipose derived stromal cells were used within this thesis 

for their relevance in skeletal tissue engineering. However, it is envisaged that the 

technology described herein could be used to define biochemical and biophysical cues 

associated with stem cell potency and identity for any tissue resident stem cell 

population. 
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Impact Statements  
 
The impact of stem cell research on the medical field is vast; it forms the foundation for 

future therapies and provides a platform to elucidate the pathophysiological mechanisms 

of diseases. This ever-progressing field drives to develop new technological advances 

to abstain from the risks and limitations associated with their use in regenerative 

medicine. To combat the issues associated with current cell-based therapies, it is 

imperative we continue to develop a deeper understanding of their regenerative capacity. 

Stem cells are derived from multiple locations within the human body with the potential 

to self-renew and differentiate into numerous cell types. Their intricate functionalities 

direct the maintenance of our bodily functions. Importantly, these population of cells are 

the master regulators of all diseased and degenerative disorders playing a key role in 

directing tissue repair. To recapitulate their functional role, this project aims to provide 

validated methods to study the factors that regulate and direct their function in situ. The 

methods detailed in this thesis introduce novel technology in the field of stem cell biology 

to develop a deeper understanding of stem cell functionality.  

 

By recapitulating the cells microenvironment, we can maintain their regenerative 

potential in vitro to aid in their capacity to direct tissue repair. Herein, this project aimed 

to achieve this goal, by mimicking the biochemical and biophysical parameters of the 

periosteum, in efforts to uphold the regenerative capacity of their resident progenitor cell 

population. Using reverse engineering to elucidate the key molecular signals regulated 

in situ, we provided the cells with a human derived chemical composition to develop a 

growth medium that upholds the cells ability to grow and differentiate. The growth 

medium has the potential to be commercialised for its use in PDC expansion in vitro. 

Furthermore, the methods employed herein, can be applied to develop defined culture 

conditions for alternative cell populations, to enhance potency in vitro to aid in their 

translational potential.  

 

Current cell therapeutic techniques that employ tissue engineering strategies to treat 

bone defects, experience a host of limitations including their inability to promote long-

term cell survival, growth and subsequent bone regeneration of the transplanted cells. 

These discrepancies are a result of our limited understanding of the importance of cells 

interaction with its physical environment. Herein, we implore 3D based technology to 

study how biophysical stimuli control stem cell behaviour as a means of enhancing 

current cell response to engraftment methodologies. These methods can be optimised 
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and applied to understand the impact of different stem cell environments on their resident 

cell population. Disseminating this research in journal articles can be a valuable 

contribution in the development of novel strategies in the field of tissue engineering and 

regenerative medicine. Furthermore, with the technology used, a periosteum graft could 

be developed for the treatment of bone defects.  
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HPRT1: Hypoxanthine Phosphoribosyltransferase 1  

HSA: Human Serum Albumin 

IBMX: Isobutylmethylxanthine 

ICST: International Society for Cell Therapy 

IDT-DNA: Integrated DNA Technology 

IFATS: Internal Fat Applied Technology Society 

IGF-1: Insulin Growth Factor-1 

IL-17A: Interleukin-17A 

IPA: Ingenuity Pathway Analysis 

ITS: Insulin Transferrin Selenium 

LPL: Lipoprotein Lipase 

MAPK: Mitogen Activated Protein Kinase  

MLCK: Myosin Light Chain Kinase 

MSC: Mesenchymal Stromal Cell 

NBF: Neutral Buffered Saline  

NCBI: National Centre for Biotechnology 

OCT: Optimal Cutting Temperature  

PBS: Phosphate Buffered Saline 

PD-GFC: Periosteum Derived Growth Factor Cocktail  

PDC: Periosteum Derived Cells 

PDGF: Platelet Derived Growth Factor  

PDPN: Podoplanin 

PEG: Polyethylene glycol 

PKA: Protein Kinase A 

PPARg: Peroxisome proliferator-activated receptor g 

PPRE: Peroxisome Proliferator Response Element 

PRX1: Paired Related Homeobox Gene 1 

PTH: Parathyroid Hormone 

qPCR: Quantitative Polymerase Chain Reaction  

RANKL: Receptor Activator of Nuclear Factor- Kappa B Ligand 

RhoA: Ras Homolog Family Member A 

ROCK: Rho-associated Protein Kinase  

RUNX2: Runt-related transcription factor 2 

SDS: Sodium Dedocyl Sulfate  
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SEM: Standard Error Mean 

SOX9: Sex determining region Y Box 9 

SSC: Skeletal Stem Cell 

TAZ: Transcriptional Coactivator with PDZ- Binding Motif   

TBM1: Test Basal Media 1 

TBST: Tris-Buffered-Saline/ Tween 20 

TCP: Tissue Culture Polystyrene  

TEAD: Transcriptional Enhancer Activator Domain 

TGF: Transforming Growth Factor  

TNE: Tris-EDTA-NaCl 

TNF-a: Tumor Necrosis Factor-a 

TX-100: Triton X-100 

TZD:  Thiazolidinedione 

VEGF: Vascular Endothelial Growth Factor 

WAT: White Adipose Tissue 

WNT: Wingless type 

YAP: Yes- Associated Protein 
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Chapter 1: Introduction 
 

Mesenchymal precursor cells were first described by Friedenstein et al in 1966, who 

discovered a population of fibroblastic cells from mouse and guinea pig bone marrow. 

These cells had the capacity to produce clonal colonies and were capable of producing 

bone and reticular tissue upon transplantation (Friedenstein et al. 1968)(K. Lee, Silva, 

and Mooney 2011)(Akter 2016)(M. Cross and Dexter 1991). Subsequent studies 

illustrated the ability of these cell populations to generate cartilage, bone and adipose 

tissue. Based on these findings, Owen introduced the use of the term ‘stromal’ cells in 

1985, to define the population of cells residing in their own niche with the ability to self-

renew and produce mature stromal cells (Owen 1985). The term stroma was adopted to 

acknowledge the distinct population of cells with distinct differentiation capacities. 

Furthermore, it was used to define the subset of cells that produced niche specific 

extracellular matrix (ECM) components and secrete soluble substances to support tissue 

homeostasis. Shortly after, Caplan delineated the cells differentiation potential 

describing the mesengenic process from an immature ‘stem’/ progenitor cell to a mature 

cell type of the mesodermal lineages (osteoblasts, chondrocytes and adipocytes) 

(Caplan 1991). Herein, Caplan introduced the term Mesenchymal Stem Cells to describe 

the cells with stem like features, with the term mesenchyme denoting the embryonic 

loose connective tissue that is derived from the mesoderm (Cao et al. 2009).  

 

Over the years, the acronym MSC has received multiple meanings, thus leading to an 

inclusive definition by the International Society for cellular Therapy (ISCT)- multipotent 

mesenchymal stromal cells (MSC). This definition refers to the cell’s plastic adherence 

from stromal tissue with a mesenchymal stem cell potential and the capacity to undergo 

self-renewal and differentiation (Ramirez and Rifkin 2003). Furthermore, a defined MSC 

criteria has been developed, identifying three main overarching cellular factors required 

to identify a population of stromal cells. MSCs must illustrate plastic adherent properties, 

demonstrate a trilineage capacity exhibiting a transcription profile positive for <95% of a 

defined set of markers and negative for <2% for cell surface antigens. Positive markers 

associated with an MSC phenotype include Cluster of differentiation 73 (CD73), CD90 

and CD105 (surface markers also located on endothelial cells and fibroblasts) (Cohen, 

Ren, and Baltimore 1995). Cells additionally identified with a negative profile of CD34 

(hematopoietic progenitor cells and endothelial cells), CD45 (leucocyte markers), CD116 

(monocytes/macrophage), CD19 (B cells) and Interferon-gamma (macrophage and B 
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cells) are associated with an MSC phenotype (Ramirez and Rifkin 2003). To date a single 

MSC epitope has not been identified, however, CD146 (also known as melanoma cell 

adhesion molecule (MCAM)) has recently been used to define the self-renewing MSC 

population of cells present within the perivascular region of the bone marrow (Harkness 

et al. 2016). As a plethora of articles continue to refer to MSCs as stem cells, this 

terminology will be used interchangeably when referring to literature. However, it is 

understood and acknowledged that this population of cells is indeed stromal in nature.   

 

Although all stromal cell populations possess the capacity to ensure long term self-

renewal and multilineage differentiation, MSCs are however  heterogeneous with varying 

transcriptional profiles and self-renewing capacity (Chacón-Martínez, Koester, and 

Wickström 2018). They are however, functionally equivalent in their ability to maintain 

tissue homeostasis and restore tissue integrity (Goodell, Nguyen, and Shroyer 

2015)(Wabik and Jones 2015). The heterogeneity illustrated within this stromal cell 

population is owed to the cell’s resident microenvironment. As illustrated in vitro, MSCs 

can be differentiated into different cell types upon exposure to a host of soluble factors 

and bioactive cues present within their immediate surroundings (Lutolf and Hubbell 

2005)(M. J. Cross et al. 2003). Differentiating MSCs along the osteogenic lineage are 

driven by factors including dexamethasone, b-Glycerophosphate and ascorbic acid. The 

cells’ chondrogenic potential is controlled by the presence of dexamethasone, ascorbic 

acid, sodium pyruvate, Transforming Growth Factor b1 (TGF-b1) and Insulin-Transferrin-

selenium (ITS). Adipogenic differentiation is directed by dexamethasone, 

isobutylmethylxanthine (IBMX) and indomethacin. To reiterate the heterogeneity within 

MSC populations, directing cellular differentiation along the aforementioned lineages, 

relies on variations of these soluble factors and their concentrations. In addition to their 

trilineage capacity, MSCs harbour the potential to differentiate into tenocytes, skeletal 

myocytes, cardiomyocytes, smooth muscle cells and neurons (K. Lee, Silva, and 

Mooney 2011)(X. Liu, Won, and Ma 2005). Evidently, some MSCs are restricted in their 

differentiation capacity. With reference to a skeletal population of progenitor cells, 

various studies have compared CD146+/CD34-/CD45- MSCs isolated from distinct 

skeletal tissues including the bone marrow, periosteum and skeletal muscle. Although 

recognised as skeletal progenitor cells, each population of cells differed in their 

transcriptomic signature and in vivo differentiation (Schmoekel et al. 2005).  

 

Tissue and organ homeostasis depend on the innate regenerative processes driven 

primarily by their resident progenitor cell populations. Understanding how these cells are 
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maintained and regulated is fundamental for our understanding of tissue biology (Wagers 

2012). Tissue specific progenitor cells (or MSCs), therefore, must be protected against 

damage and loss; a maintained communication between the cells and their surrounding 

microenvironment is vital to ensure continuous response to physiological cues for cell 

replacement and repair. Achieving a balance between their protection and interaction 

with their environment can be accomplished by maintaining the progenitor cells in 

specialised microenvironments (L. D. Wang and Wagers 2011) (Leeman, Fillmore, and 

Kim 2014)(Blanpain and Fuchs 2014). Progenitor cells respond to injury by regenerating 

the damaged tissue, facilitating rapid tissue repair, all of which are regulated by their 

niche. They have the capacity to receive and respond to various feedback signals from 

their immediate environment to adhere to the constant changing needs of the tissue. 

There are various well established niche factors that are involved in providing 

appropriate signals to their resident stem cell populations; these include the secreted 

autocrine signals from the stromal progenitor cells themselves, paracrine signals from 

the surrounding niche or from systemic sites, all of which are involved in the stem cell 

regulatory pathway. Additionally, the cells respond to contact dependent signalling from 

the ECM through adhesion molecules. The matrix associated cues are primarily directed 

from mechanical stimuli including physical and topographical cues (Chacón-Martínez, 

Koester, and Wickström 2018).  

 

Evidently developing an understanding of such factors responsible for directing MSC fate 

is crucial. The term niche- initially conceptualized by Schofield (1978) refers to a 

distinctive microenvironment in which MSC reside. The niche harbours its progenitor cell 

population and their progeny alongside multiple heterologous cell types embedded within 

a niche specific ECM. Cell-cell interactions provide a degree of structural support, 

regulating adhesive interactions (Wagers 2012). As previously mentioned, the niche 

provides a host of soluble, adhesive and physical signals to the stromal progenitor cells 

all of which are crucial for their function. Integrating a plethora of local and systemic 

signals, the niche is directly responsible for the appropriate function of its local stem cell 

population by coordinating cellular response to the changing needs of the tissue 

(Scadden 2014). The cells dynamic state is governed by their niche, promoting their 

plasticity and adaptability to the changing conditions within the tissue (Chacón-Martínez 

et al. 2017)(Ritsma et al. 2014)(Takeda et al. 2011). This further reiterates the 

importance of the cells’ biochemical environment and the biophysical architectures of its 

niche, which directly influences progenitor cell state and fate (Scadden 2014).  
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To define the parameters associated with directing MSC fate, extensive studies have 

aimed to understand the various components making up their niche. With reference to 

the biochemical environment of the niche, the ECM is known to sequester and 

concentrate appropriate growth factors, chemokines and progenitor cell regulatory 

molecules by binding locally or systemically produced factors within the niche (Yamazaki 

et al. 2011)(Wagers 2012). In addition to the accumulation of these factors, biophysical 

cues in the form of matrix rigidity, shear stress, oxygen tension and temperature all play 

a role in regulating the intrinsic cellular behaviour (Adams et al. 2007)(L. D. Wang and 

Wagers 2011). The physical interaction of the cells with their ECM provides the 

mechanical cues encouraging a cellular response to external forces (A. J. Engler et al. 

2006)(Gilbert et al. 2010). Close association of the vasculature and nervous system 

allow for MSC modulation in response metabolic cues and circadian rhythms (Kiel et al. 

2005)(Méndez-Ferrer et al. 2010)(Méndez-Ferrer et al. 2009)(Wagers 2012). 

Components that make up the stromal cell niche and direct their fate, vary between 

different niches. These niche specific cues subsequently inform stromal cells of their fate 

decisions, including promoting either a quiescent or proliferative state, the ability to 

undergo self-renewal or direct their differentiation capacity, trigger their migration or 

retention from or within their niche and relaying cues directed at promoting cellular death 

or survival. 

 

The pivotal role of the niche in regulating MSC fate creates a blueprint for the potential 

manipulation of stromal cells to enhance their therapeutic efficacy. As such, elucidating 

the niche factors and signalling pathways that promote stromal cell function, could have 

significant implications in regenerative medicine and tissue engineering. Their 

regenerative potential can be exploited therapeutically by transplantation as a means of 

replenishing the local stromal progenitor cell pool, or by endogenous mechanisms to 

boost their repair activity within the cells or to provide for an in vitro modelling potential 

to address tissue development and disease as a system for pathological mechanisms 

and drug testing. To direct such therapeutic strategies, we must address and exploit the 

progenitor cell niche. This research project will thus aim to determine how niche factors 

regulate progenitor cell function during tissue homeostasis. Additionally, encompassing 

the vast research associated with the cells morphogenic and regenerative potential. Our 

current understanding and ongoing research identifying the key biochemical and 

biophysical signals within the niche that control progenitor cell fate will be discussed, 

with emphasis on how these signals further facilitate progenitor cell heterogeneity 

between different stromal origins and plasticity to ensure robust tissue function and 

repair.  



 24 

 

 

1.1 Progenitor cells in the bone environment  
 

Mesenchymal stromal cells are conventionally isolated from the bone marrow, adipose 

tissue, synovium, periodontal ligaments and the lung. The bone environment, however, 

possesses multiple sources of progenitor cells with mesenchyme potential, all of which 

contribute to bone growth during development, bone modelling and bone remodelling. 

Within the bone compartment, MSCs can be found in the bone marrow, periosteum, 

endosteum and within mineralised bone itself (Figure 1.2).  

 

Biochemical Factors Oxygen Tension and metabolism 

Biophysical properties Extracellular Matrix Cues

Chemokines/ Cytokines
Hormones 

Growth Factors 

Low oxygen tension
Nitric oxide

Reactive oxygen species
Metabolites  

Surface topography
Stiffness

Elasticity/ viscoelasticity
Stress and strain

ECM components:
Fibronectin, collagen, laminin

Cell matrix interactions/tethering
Sequestered growth factors

Figure 1.1 Schematic of environmental parameters known to influence MSC/progenitor cell 
characteristics in vivo. These parameters direct the overall structure and function of the 
progenitor cells niche, regulating their characteristics. 

 

Periosteum

Bone MarrowEndosteum
Figure 1.2 An illustration of MSC populations within the bone environment 
with skeletal stem cell potential. All sources provide MSC for bone 
regeneration and repair. 
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The bone marrow (BM) represents the first identified source of cells with self-renewing, 

multipotent capacity for skeletal lineages (bone, cartilage and marrow adipocytes). It is 

a well identified reservoir of progenitor cells with the capacity to differentiate into 

osteoprogenitor cells. These cells have the potential to develop into mature osteoblasts 

when in contact with a substrate that allows for bone deposition with the ability to 

differentiate along the chondrogenic and adipogenic lineages (Tevlin et al. 2016). Their 

adipogenic lineage is triggered during growth and during bone marrow remodelling 

(Bianco and Robey 2015). As the mesenchyme stromal cells only have the capacity to 

direct skeletal cell differentiation, progenitor cells isolated from the bone marrow and 

other regions of the bone, are interchangeably referred to as skeletal stem cells (SSC) 

for their role in directly contributing to skeletal development.  

 

Respectively, these cells have been harvested for their regenerative potential and use 

for orthopaedic therapy. They have been used by either manipulating their osteogenic 

potential endogenously or by directly applying the cells to increase osteogenesis in bone 

repair (Knight and Hankenson 2013). The caveat associated with their use is, the decline 

in their differentiation capacity. Young, growing individuals possess numerous functional 

osteoprogenitor cells. However, with age, the potential for osteoprogenitor cells to 

differentiate into mature osteoblasts declines considerably. Additionally, a single bone 

marrow aspirate yields only 0.001 to 0.01% MSCs of the 6x10
6
 nucleated cells per mL 

harvested (Knight and Hankenson 2013). In vitro cultures have shown that bone marrow 

derived MSCs form fewer colony forming units compared to progenitor cells isolated from 

the periosteum or adipose tissue. However, they do illustrate comparable mineralization 

and osteoblastic differentiation potential to periosteum derived cells.  

 

MSCs derived from mineralised bone have been isolated from within the marrow cavity 

of trabecular bone (the endosteum). Harvested bone that are washed off marrow 

contaminants and either digested with collagenase in vitro, or allowed to grow as a whole 

bone chip, have shown the presence of progenitor cells with mesenchyme potential. 

These cells have similar gene expression profiles as bone marrow derived MSCs. Cells 

isolated from trabecular bone are limited and similar to numbers obtained from bone 

marrow aspirates, however, cells isolated from trabecular bone form significantly more 

colony forming units, suggesting the presence of more MSCs (Knight and Hankenson 

2013). These colonies have shown to arise as early as 3 days after plating, whereas BM-

MSCs would have only formed a single colony. Additionally, the use of bone tissue would 

introduce minimal hematopoietic cell contamination and has recently drawn support for 

their use in research and therapeutic implantation. 
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During bone development, the bone tissue develops prior to the bone marrow cavity. 

Therefore, bone cells (osteoblasts) appear before bone marrow progenitor cells. At this 

stage, proliferating progenitor cells present within the outer most part of the bone 

generates osteoblasts that deposit the bony collar during early ossification. This layer of 

progenitor cells home to thin connective tissue called the periosteum. The MSC source 

from within the periosteum was identified fairly early, however, has only recently gained 

interest for its regenerative potential and for being a potentially better source for MSCs 

compared to the bone marrow and bone. The periosteum plays a significant role in the 

bone healing process and its integrity is vital for successful bone restoration. With cells 

ability to undergo self-renewal and differentiate along the mesenchyme lineages, 

periosteum derived cells have shown to produce the highest cell mass per unit of tissue 

harvested compared to BM-MSCs and adipose derived MSCs in canine bone (Kisiel et 

al. 2012). Enveloping the surface of long bones with the exception of articular cartilage, 

muscle and tendon insertions, the periosteum is highly abundant, but can be problematic 

when isolating. The inner cambium layer is strongly attached to the bone through 

projections known as the Sharpey’s fibres and contains the bulk of the progenitor cells. 

However, due to its significant contribution in vivo, it has become a promising cell source 

of MSCs for therapeutic purposes (described in detail in section 1.5).  

 

1.2 Effect of biochemical factors on progenitor cell 
behaviour  

 

The self-renewal and differentiation potential of progenitor cells have shown to be 

influenced by several cues, which can be categorised into two classes: biophysical and 

biochemical. The biochemical cues are presented by reciprocal interactions between the 

cells, the soluble bioactive factors and the ECM, all of which are provided within the 

progenitor cell niche. Soluble factors that direct progenitor cell behaviour include growth 

factors (originally identified for their ability to induce cellular proliferation), morphogenic 

proteins (controlling tissue formation), enzymes and cytokines. Other small cell-

permeable factors such as transforming growth factors (TGF), bone morphogenetic 

protein (BMP), sodium pyruvate, vitamin C all play a pivotal role in directing stem cell 

behaviour (H. Zhang et al. 2011)(Kawaguchi, Mee, and Smith 2005)(Nava, Raimondi, 

and Pietrabissa 2012)(K. Lee, Silva, and Mooney 2011). During in vitro cellular 

expansion, these factors can be provided within cell culture growth medium as an 

exogenous source or can be secreted by the progenitor cells and their niche resident cell 

population in vivo. These factors diffuse and bind to various cell membrane receptors 
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activating cellular signalling pathways subsequently altering progenitor cell gene 

expression (Sheng Ding and Schultz 2004)(Z. J. Liu, Zhuge, and Velazquez 2009)(Nava, 

Raimondi, and Pietrabissa 2012). The precise signalling control of these biochemical 

factors in a local area may thus potentially allow for the control of a regenerative process 

(K. Lee, Silva, and Mooney 2011).  To date, the regulation of self-renewal and lineage 

commitment of progenitor cells using these factors is still poorly understood despite the 

extensive research conducted to elucidate the effect of the biochemical environment 

present within living systems. Various novel tools are however continuously being 

exploited for their potential in identifying the biochemical factors responsible for directing 

their behaviour. Herein, a review of the proteins that affect cell migration, proliferation 

and lineage commitment will be explored.  

 

An overview of the series of events in which biochemical factors in the ECM direct cellular 

response will be discussed. The ECM contains various components that help direct the 

effects of biochemical cues; these include adhesive molecules, notch signalling 

molecules, traction-enabling adhesion and different proteoglycans, all of which initiate 

binding and modulation of the biochemical factors (Cao et al. 2009)(Ramirez and Rifkin 

2003)(K. Lee, Silva, and Mooney 2011). The signalling transmission initiates with the 

secretion of the appropriate biochemical factor by the producer cell. This instructs the 

respective cell behaviour through binding to specific transmembrane receptors on the 

target cells. The resultant signal transduction to the nucleus involves a complex array of 

events involving cytoskeleton protein phosphorylation, ion influxes, changes in 

metabolism and appropriate gene expression activation, directing protein synthesis, 

ultimately inducing a biological response (K. Lee, Silva, and Mooney 2011).  

 

The different forms of biochemical factors (growth factors and other oligo-/polypeptide 

molecules such as hormones and insulin) differ in the mode in which they deliver and 

elicit their cellular cues. Growth factors for example, do not typically act in an endocrine 

fashion, exhibiting short-range diffusion through the ECM, acting locally primarily owing 

to their short half-lives and slow diffusion rate. However, the cellular response to growth 

factors is not exclusively dependent on the identity of the particular factor and its ability 

to diffuse through the ECM; external niche factors including the presence of an adequate 

target cell number to transduce cellular signals among the population of cells, type of 

receptors present and the intracellular signal transduction subsequent to factor binding 

are the key modulators directing the effect of the growth factor on its target cell 

population. The effect of the growth factor can vary conveying distinct set of instructions 

depending on the receptor type and cell type to which it binds. Furthermore, a single 
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receptor type can translate multiple distinct messages, that is dependent on the 

intracellular transduction pathways that differ between cell types. The complete effect of 

the growth factors on its target cells can be governed by external forces, including the 

ability and affinity of the factors binding potential towards ECM components, ECM 

degradation, growth factor concentration and the location of its target cell population 

(Lamalice, Le Boeuf, and Huot 2007)(K. Lee, Silva, and Mooney 2011). These distinct 

biochemical effects are a key contributor to the heterogeneity observed within progenitor 

cell populations. Their niche factors modulate and direct its resident progenitor cell 

population to conduct distinct cellular responses that suit its needs and function. One of 

the ways in which this is directed, includes providing the necessary biochemical cues 

exerted from other resident cell populations. 

 

1.2.1 Directing progenitor cell lineage commitment through 
biochemical signalling 

 

As previously mentioned, progenitor cells, particularly MSCs function as precursors to a 

range of mature mesenchymal cell types, such as adipocytes (give rise to marrow fat 

tissue), osteoblasts (bone cells) and chondrocytes (cartilage cells). One of the key 

factors responsible for directing their differentiation are the biochemical factors present 

within their niche. These factors are released into the environment in response to various 

environmental cues to regulate tissue homeostasis or in response to tissue injury. The 

downstream signalling transduction pathways activated in response to the external 

stimuli are used as indications of successful differentiation, in addition to morphological 

changes experienced by the cells.  

 

1.2.2 Chemical induced adipogenic differentiation 
 

Various theoretical definitions of adipogenesis have been put forth. Sinal et al. 

characterised adipogenesis in two distinct phases: the determination and terminal 

differentiation phase (Muruganandan, Roman, and Sinal 2009)(James 2013). The 

determination phase encompasses the cells commitment along the adipocytic lineage. 

No morphological differences in pre-adipocytes are exhibited at this stage, illustrating no 

distinguishable features from their fibroblastic MSC precursor. During the terminal 

phase, the cells adopt an adipocytic phenotype, acquiring new functions including lipid 

synthesis and storage, and adipocyte-specific protein production (Rosen and 

MacDougald 2006)(James 2013). Rosen and colleagues define successful adipogenic 
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differentiation by observing a shift in the cells transcriptomic profile, from an MSC 

precursor to a phenotype defining a mature adipocyte (de sá et al. 2017). This phenotype 

includes the expression of CD24, CD29, CD34 and CD36 (Berry and Rodeheffer 

2013)(Vroegrijk et al. 2013)(James 2013). Adipogenesis entails an array of sequential 

processes involving multiple signalling cascades that converge at the transcriptional 

activity of peroxisome proliferator- activated receptor g (PPAR-g) (Muruganandan, 

Roman, and Sinal 2009)(Rosen and MacDougald 2006). The nuclear receptor PPAR-

g is the master regulator of adipogenic differentiation. Its activation is directed by natural 

or synthetic agonists such as antidiabetic thiazolidinedione (TZD) (Peter, Erding, and 

Spiegelman 1994)(Garin-Shkolnik et al. 2014), allowing for its role as a transcription 

factor, driving the transcription of genes associated with a mature adipocyte, including 

fatty acid binding protein (FABP4), CD36, lipoprotein lipase (LPL) and adiponectin, all of 

which contain a peroxisome proliferator response element (PPREs). A well-established 

target gene of the PPAR-g regulator is the lipid transporter FABP4 (also known as aP2) 

(Furuhashi and Hotamisligil 2008). FABP4 expression is exclusively expressed in 

adipocytes and macrophages. Acting as a fatty acid chaperone, coupling intracellular 

lipids to biological targets and signalling pathways (Furuhashi and Hotamisligil 2008). In 

addition to being a key marker of successful adipogenesis, FABP4 has been implicated 

in several metabolic associated syndromes, including insulin resistance and 

atherosclerosis (Maeda et al. 2005)(Makowski et al. 2001)(Makowski et al. 

2005)(Furuhashi and Hotamisligil 2008)(Garin-Shkolnik et al. 2014).  

 

Directing MSC differentiation along the adipogenic lineage evidently relies on a series of 

intracellular events all of which are directed primarily by the cell’s immediate biochemical 

environment. To date, three standard factors (insulin, dexamethasone and IBMX) are 

associated with directing stem cell adipogenesis as indicated on Figure 1.3. As 

previously indicated, the concentrations and direct effect of these factors are unique and 

differ depending on the stem cell population. These differences are observed between 

different stem cell lines in vitro, moreover, illustrating greater differences compared to 

primary MSCs, of which illustrate differences between different anatomical populations. 

This is true for all stem cell differentiation pathways. Exposing stem cells to insulin 

induces cellular proliferation and differentiation of pre-adipocytes. At high concentrations 

multiple studies have illustrated similar effects to insulin growth factor-1 (IGF-1), 

activating downstream mitogen activated protein kinase pathways (Qiu et al. 

2001)(Janderová et al. 2003)(Scott et al. 2011). Dexamethasone, a synthetic 

glucocorticoid agonist, acts as an anti-inflammatory molecule known to stimulate 
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osteogenic and adipogenic differentiation, in a time, concentration and species 

dependent manner (Salasznyk et al. 2005)(Klees et al. 2005). A prolonged and high 

concentration of dexamethasone favours an adipogenic lineage commitment while 

inhibiting osteogenic differentiation (Scott et al. 2011). In combination with IBMX, the 

factors directly regulate the expression of PPAR-g. IBMX (a synthetic compound) is a 

competitive phosphodiesterase inhibitor, raising intracellular cAMP and protein kinase A 

(PKA) required for the transcriptional activation of PPAR-g, thus directing adipogenic 

differentiation (5-18). IBMX and dexamethasone are additionally inducers of C/EBPd and 

C/EBPb, transcription factors with cellular growth and differentiation (Scott et al. 2011). 

(Scott et al. 2011) clearly review the differences entailed with directing MSC adipogenic 

differentiation, in relation to the concentration of the various biochemical factors, and 

whether their inclusion is necessary to direct adipogenic differentiation (Scott et al. 

2011). 

 

 

 

 

 

 

 

IBMX

Dexamethasone

IGF-1

TZD

Osteogenic differentiation 

Indomethacin

cAMP

PKA

CREB

MAPK

C/EBPb

C/EBPd C/EBPa

PPAR-g Adipogenic genes 
FABP4
CD36
LPL

Adiponectin

Cytoplasm

Nucleus

Pre-adipocyte Mature Adipocyte Adipogenic Induction
of stem cell 

Figure 1.3 Illustration of multiple signalling cascades associated with activating the 
transcriptional activity of peroxisome proliferator- activated receptor g (PPAR-g) - a key 
regulator of stem cell adipogenic differentiation. Factors highlighted in green, induce the 
adipogenic commitment of stem cell populations, directing mature adipocyte formation.  
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1.2.3 Biochemical factors associated with directing progenitor 
cell osteogenic differentiation 

 

Stem cells undergo osteogenic differentiation over multiple stages; cells exposed to 

appropriate environmental cues induce cellular commitment of osteoprogenitor cells, 

directing their differentiation into pre-osteoblasts, eventually developing in mature 

osteoblasts (Neve, Corrado, and Cantatore 2011). A subset of osteoblasts are later 

entombed in newly developed osteoid to become osteocytes, while the rest either 

undergo apoptosis or adopt a quiescent state. The key transcription factor associated 

with directing the genotypic switch is Runt- related transcription factor 2 (RUNX2), 

however, a host of other factors are required to confirm successful differentiation. The 

development of a mature osteoblast involves a series of phases directed by a distinct 

array of biochemical factors; including cellular proliferation, maturation, matrix synthesis 

and subsequent mineralization (Neve, Corrado, and Cantatore 2011). The mature 

osteoblasts synthesize bone matrix during bone development and later function to 

maintain tissue homeostasis as osteocytes through bone remodelling and mineral 

metabolism (Blair et al. 2017). The RUNX family consists of three distinct proteins; Runx1 

used to determine hematopoietic stem cell differentiation (North 2004)(James 2013), 

Runx2 used to determine osteoblastic and chondrogenic cell differentiation with Runx3 

playing a role in directing epithelial differentiation, neurogenesis and chondrocyte 

differentiation (Levanon et al. 2002)(Brenner et al. 2004). With regards to osteogenic 

differentiation, Runx2 activates and regulates osteogenic differentiation by targeting 

multiple downstream signalling pathways, including TGFb1, Wingless type (Wnt), BMP, 

Hedgehog (HH) and (Nel)-like protein type 1.  

 

Exposing MSCs to dexamethasone, ascorbic acid and b-glycerophosphate is a 

commonly used trio of factors required to direct osteogenic differentiation in vitro. It is 

important to note that the concentration of dexamethasone directing osteogenic  

differentiation varies among different species, with the potential to have inhibitory effects 

on osteogenic differentiation when applied at a high concentration in some species 

specific models (Langenbach and Handschel 2013). Although regularly used to induce 

osteogenesis, various studies have indicated other factors with the capacity to enhance 

human MSC differentiation potential. BMPs, a member of the TGF-b superfamily, have 

shown the potential to induce ectopic bone and cartilage formation. Two key isotypes 

have been identified for their roles in the osteogenic differentiation of MSCs, including 

BMP-2 and -7, of which have been clinically approved for their use in United States, 

Europe and Australia (Xiao Zhang et al. 2014). BMPs exert their downstream effects 
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through one of two signalling pathways by binding to different receptor complexes; 

Smad-dependent and Smad-independent pathways. Their Smad-dependent effectors 

include the activation of RUNX2 and Osterix, key regulators of osteogenic differentiation. 

Smad-independent pathways include mitogenic-activated protein kinase (MAPK) 

pathways. Both regulatory pathways have essential roles in BMP-induced osteogenic 

differentiation (Derynck and Zhang 2003).  

 

Parathyroid hormone (PTH) is another highly relevant factor known to direct 

osteogenesis and promote chondrogenesis. This bone anabolic agent has been 

approved by the US Food and Drug Administration for its use in treating osteoporosis 

and various other bone pathologies. PTH plays a key role in stimulating MSC recruitment 

and homing to fracture sites, to promote osteogenesis and angiogenesis (Jiang et al. 

2019). Furthermore, its role in bone remodelling is directed by regulating calcium-

phosphate metabolism. Accumulated evidence have indicated its potential anabolic 

effect by interacting with local factors such as BMPs, Wnts, TGF-b directing MSC 

differentiation into osteoblasts (B. Yu et al. 2012). 

 

Osta and colleagues illustrated that culturing human MSCs in the presence of 

Interleukin-17A (IL-17A) and Tumour necrosis factor a (TNFa) significantly enhanced 

the cells osteogenic potential relative to conventional differentiation methods (containing 

the aforementioned trio of factors) (Osta et al. 2014). Intriguingly, this enhanced 

osteogenic potential was not observed with IL-17A alone, however, the synergistic 

effects of both compounds were required to direct osteogenesis, resulting in a decrease 

in the osteoclast associated marker receptor activator of nuclear factor-kappa B 

ligand (RANKL). The presence of TNFa alone however, decreased the expression of 

RUNX2 mRNA expression directing the osteoclast associated Schnurri-3 and RANLK 

expression (Osta et al. 2014). These findings reiterate the impact of biochemical factors 

in directing stem cell fate.  

 

As indicated, the commitment and subsequent differentiation of MSC towards an 

osteogenic or adipogenic lineage are directed by a variety of signalling and transcription 

factors. Several studies have suggested a potential inverse relationship associated with 

the two lineages, documented by an in vitro study whereby a host of cell culture 

supplements were associated with an enhanced osteogenic potential and downregulated 

adipogenic differentiation (Krishnan, Bryant, and MacDougald 2006)(Bennett et al. 

2005)(James 2013).  
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1.2.4 Biochemical factors associated with directing 
chondrogenic differentiation 

 

In vitro differentiation of various progenitor cell populations, including bone marrow, 

periosteum derived and adipose derived MSCs can be directed along the chondrogenic 

lineage in the presence of a specific set of soluble factors. In addition to the biochemical 

stimulation, additional conditions are required including three-dimensional conformation 

of cells forming aggregates with the high degree of cell-cell interactions playing an 

important role during chondrogenesis. A defined culture medium containing TGF-b1 is a 

key factor required to achieve chondrogenesis. Factors including TGF-b1 and 3, BMP4, 

sex determining region Y box 9 (SOX9) and basic fibroblast growth factor (bFGF) alone, 

or in combination illustrate a high chondrogenic potential (Solchaga, Penick, and Welter 

2011). However, persistent exposure of MSCs to TGF-b and dexamethasone directs 

chondrogenic differentiation allowing the cells to take on a hypertrophic phenotype. 

Chondrocyte hypertrophy is characterised by an increase in cell volume and the 

upregulation of a series of markers, including collagen type X, matrix metalloproteinases 

(MMP), vascular endothelial growth factor (VEGF), and alkaline phosphatase (ALP), all 

of which are targets of the Runx2 transcription factor, typically associated with 

osteogenic differentiation as previously mentioned (Hubka et al. 2014)(Meretoja et al. 

2013)(Studer et al. 2012).  

 

1.2.5 Growth factors: therapeutic targets for progenitor cell 
regulation 

 

Growth factors are soluble signalling molecules that provide the necessary biochemical 

cues required to regulate stem cell microenvironment, impacting their fate through 

proliferative effects, self-renewal, migration and differentiation as illustrated above. By 

directing progenitor cell characteristics, growth factors play a prominent role in tissue 

development and promote tissue healing by interacting with specific transmembrane 

receptors and directing intracellular signalling. These signals relay cellular responses by 

regulating protein synthesis and cell interactions making them a key tool in directing 

progenitor cell differentiation (Subbiah and Guldberg 2019). Key factors that have thus 

far been discussed but are worth mentioning again include BMP2- known to direct stem 

cell osteogenic differentiation, VEGF in directing angiogenesis and TGF-b1, -b2 and -b3 

for chondrogenic differentiation. Growth factors with a significant impact on stem cell 

biology have been classified into several major families including TGF-b, fibroblast 
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growth factors (FGFs) and platelet derived growth factors (PDGFs) (Subbiah and 

Guldberg 2019).  

 

The TGF-b superfamily is the largest of the growth factor families subdivided into two 

groups: the TGF-b like subgroup (activins, nodals and growth differentiation factors 

(GDF)) and the BMP-like subgroup (Subbiah and Guldberg 2019). The TGF-b like 

growth factors exhibit a range of cellular functions including cell adhesion, growth, 

survival, cytoskeletal organisation, migration, proliferation, differentiation and activation 

of immune cells during organismal development. Its use in directing progenitor cell 

chondrogenic differentiation has resulted in its extensive appearance in cartilage 

engineering. As previously described, its differentiating capacity varies between stem 

cell populations, with certain populations not requiring the addition of TGF-b to direct its 

chondrogenic potential. With regards to the BMP family, this set of growth factors 

possess a unique array of traits, known to stimulate osteogenic and chondrogenic 

differentiation of MSCs. Although named ‘bone’ morphogenetic proteins, only a subset 

of the growth factors (BMP2, -4, -6, -7 and -9) are involved in bone regulation. They do 

additionally play a significant role in structural development throughout the body, 

regulating cell proliferation, ECM synthesis and differentiation (J. Yang et al. 

2014)(Bragdon et al. 2011). GDFs are the third subfamily that exhibit both TGF-b like 

and BMP-like properties, playing a major role during embryonic development and 

organogenesis.  

 

PDGF family of factors play a key role in supporting cell proliferation and migration and 

directing angiogenesis (Petrie et al. 2005). Signalling through Ras-MAPK, PI3K and 

PLCg, PDGF regulates multiple cellular and developmental processes. Its binding to and 

subsequent activation of Ras and the downstream target Raf-1 and MAPK activate a 

host of transcriptional factors directing progenitor cell growth and differentiation (Andrae, 

Gallini, and Betsholtz 2008). A PDGF subtype, PDGF-BB, additionally plays a key role 

in fracture repair by promoting the recruitment of MSCs by chemoattraction, regulating 

its proliferation and migration (Tan et al. 2015).  

 

FGFs are produced by a host of cells including macrophages, osteoblasts, chondrocytes 

and MSCs promoting cell growth (Nunes et al. 2016). They act as potent mitogen for 

several cell types of mesenchymal origin. FGF-2 has been shown to regulate several 

signalling cascades associated with the development and maintenance of cartilage and 

bone, by promoting MSC growth and differentiation.  
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Insulin-like growth factor (IGF) are produced from bone ECM by osteoblasts and 

chondrocytes and the liver. IGF promotes cell proliferation and differentiation of 

progenitor cells relying predominantly on its receptor activation (Meinel et al. 

2003)(Subbiah and Guldberg 2019). The lack of IGF-1 receptor in mice has illustrated 

significant implications for bone impairment, confirming the importance of IGF-1 

signalling in regulating terminal osteoblast differentiation (Crane et al. 2013). 

 

To direct their cellular functions, growth factors rely either on their specific cell surface 

receptors prompting their unique signalling cascades or cell surface receptors called 

integrins that converge the cell with their surrounding matrix, relaying information. 

Integrin subunits bind with ECM ligands to form focal adhesions, restructure actin 

cytoskeleton and activate mechanotransducive pathways, transducing biochemical and 

signalling cascades. The crosstalk between integrins and growth factors is required to 

activate the transmembrane receptors and subsequent growth factor signalling (Morgan, 

Humphries, and Bass 2007).  

 

Using our current knowledge and further developing our understating of the biomolecular 

events associated during tissue healing is vital for the development of growth factor-

based therapeutics for tissue regeneration. The natural healing process relies on a 

plethora of growth factors sequestered and or delivered to the site of injury, directing 

tissue recovery. The series of growth factors involved in such processes conduct their 

functional properties in a tightly regulated series of events, directing appropriate cellular 

function. Mimicking such processes by administering bolus doses of growth factors for 

the treatment of various defects, has been an issue, by providing increased variability of 

growth factor concentration at the target tissue site and its resultant rapid clearance prior 

to directing any functional benefit. For example, the use of Vascular Endothelial Growth 

Factor (VEGF), a potent angiogenic factor and vasculogenic inducer has deemed 

ineffective for treatment, resulting in ineffective vascularisation efficiency and rapid 

clearance of the protein in vivo (García 2014). Moreover, emulating the complex cascade 

of factors required to direct tissue repair has demonstrated some caveats. In regard to 

bone repair, a complex temporal and spatially coordinated release of factors are required 

for its complete recovery (a repair process that will be further discussed). Various studies 

have illustrated the advantages of delivering multiple growth factors, in directing the 

regeneration of multiple tissue types including vascularised bone, cartilage and muscle 

(Somaiah et al. 2015)(D. H. Choi et al. 2013)(H. Park et al. 2009)(Borselli et al. 2010). 

Conflicting data has additionally suggested the inconceivable effect of providing a bolus 
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dose of multiple growth factors, suggesting their conflicting functionality illustrated when 

provided in conjunction with each other. Prior to conducting any therapeutic attempts 

using growth factors, various issues must be addressed; 1) the compatibility of the 

growth factors when delivered in parallel, 2) the systemic effect of the growth factor when 

directed to a specific target tissue, and finally 3) determining an appropriate viable 

concentration and delivery mechanism that would prevent clearance or further damage 

to the tissue.  

 

1.3 The effect of biophysical factors on progenitor cell 
behaviour 

 

Modulation of progenitor cell behaviour has predominantly been credited to the 

biochemical environment of the progenitor cell niche, with less attention being paid to 

the impact of its biophysical environment in directing their behaviour, with recent 

research proving otherwise (Efthymiou et al. 2014)(Vining and Mooney 2017)(Ruprecht 

et al. 2017). Studies have shown that the biophysical entities of a progenitor niche direct 

their fate in one of two ways: by either maintaining their phenotype or modulating their 

differentiation. Recent efforts have shown great interest in directing in vivo progenitor 

regulation using our current understanding of the biophysical environmental cues. The 

limitations involved with such advances have been the need to fabricate large scale 

substrates for systemic applications while retaining their progenitor characteristics. To 

date, adopting biochemical cues for industrial or clinical applications have been a 

favourable technique to modulate cell behaviour in vivo, due to their feasibility in 

handling. However, their limitations are relatively extensive due to the high cost that 

accompany their manufacture and short functional half-life making them difficult to 

control with these features differing between soluble factors. Additionally, the effects of 

biochemical modulation can be difficult to define and control over extended periods of 

time.  

 

Studying the effects of biophysical cues on progenitor cell modulation has been 

extensively tested and reviewed over recent years. Using various in vitro techniques, 

MSC have been subjected to biophysical stimulation using substrate patterning to 

assess topographical effects, substrate stiffness, stress and strain stimuli, electrical 

stimulation, hydrostatic pressure, electromagnetic fields and photo-stimulation. These 

techniques have been used to emulate the mechanical properties and their respective 

biological modulators. These properties include, tension, compression, shear stress, 

hydrostatic pressure, stiffness, elasticity and viscoelasticity, of which will be discussed 
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in greater detail (Argentati et al. 2019). These techniques have shown progenitor cell 

phenotypic modulation, however, the intrinsic effects at a molecular level have not 

extensively been studied to fully elucidate the effects each one of these methodologies 

have on distinct MSC populations. It is important to be mindful of the fact that a majority 

of all studies assessing the effects of physical stimuli on progenitor cell behaviour, are 

accompanied by additional chemical factors to maintain the stem cell population in vitro. 

The factors that regulate MSC characteristics in vivo, however, involves a complex array 

of environmental signals, with both the biochemical and biophysical cues playing a 

predominant role. Therefore, it is imperative that all biophysical assessments on 

progenitor cell modulation are accompanied by a set of biochemical factors that closely 

recapitulate the in vivo niche of the progenitor cell population. On the contrary, studies 

have demonstrated cellular differentiation solely through the use of various biomaterials 

with different topographic features.  

 

Cells respond to environmental signals through a series of environment sensing and 

signalling pathways that influence their behaviour, fate and pathologies. These signals 

come in the form of soluble factors, nutrients, oxygen and the chemical nature of the 

ECM- all of which are essential components of the cells local microniches. However, 

progenitor cells are equally sensitive to their biophysical environment, responding to 

physical tension and confinement through synchronizing downstream inhibitory or 

activating signalling cascades. Thus, combining molecular biology tools with in vitro 

reductionist approaches incorporating bio-functionalised substrates, has enabled 

scientists to underpin and understand the microcellular processes that are directly 

governed by mechanobiological cues.  

 

1.3.1 Progenitor cell response to its biophysical environment  
 

The concept of mechanobiology refers to how cells exert, sense, decipher and 

appropriately respond to physical forces. At a molecular level, mechanobiology refers to 

the mechano-molecular players that are recruited in response to physical forces, 

triggering the activation of various biological functions (Wolfenson, Yang, and Sheetz 

2019)(K. A. Jansen et al. 2015)(Y. Chen et al. 2017)(Argentati et al. 2019). Two key 

phenomenon are involved in directing these functions; 1) mechanosensing, that refers 

to the cells capacity to sense physical and mechanical cues from their surrounding 

microenvironment, and 2) mechanotransduction, that refers to the ability of the cells to 

transduce these external forces into a biochemical signal that in turn modulates MSC 
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function, or vice versa, whereby the intracellular molecular interactions are transduced 

into forces that influence the architecture and properties of the surround 

microenvironment (K. A. Jansen et al. 2015)(Wolfenson, Yang, and Sheetz 2019)(Roca-

Cusachs, Conte, and Trepat 2017).  

 

Responses to mechanical signals are recognised at a macroscale level (organs and 

tissues), microscale level (single cell) or nanoscale level (molecular complexes). To date, 

we’ve identified the different forces that control biological functions, including progenitor 

cell commitment, development, maintenance and tissue homeostasis (Weaver 

2017)(Weaver 2017)(Hernández-Hernández et al. 2014).  

 

1.3.1.1 Surface topography 
 

Several studies have thus far reported the effects of topographical features in directing 

progenitor cell differentiation and phenotype, all of which has been extensively reviewed 

(Dalby, Gadegaard, and Oreffo 2014)(Griffin 2015)(Koegler et al. 2012)(Nava, Raimondi, 

and Pietrabissa 2012)(Nikkhah et al. 2012)(Sheryl Ding et al. 2017). Cellular responses 

to topographical cues are dependent on a range of factors including, stem cell type, 

pattering of topographical pattern, size and substrate composition (Dalby et al. 

2007)(Lapointe et al. 2013)(Murphy, McDevitt, and Engler 2014)(P. Y. Wang, Thissen, 

and Kingshott 2016). The nanoscale features of substrates are found to assist in cellular 

attachment. These interactions either promote or inhibit cell-matrix interactions; of which 

are again dependent on cell type, pattern type and parameters associated with substrate 

chemistry and elasticity (Dalby, Gadegaard, and Oreffo 2014)(Dalby et al. 2007)(Cha et 

al. 2013)(Sheryl Ding et al. 2017). To understand the impact of biophysical factors on 

directing progenitor cell characteristics, it is important to address the complexity of the 

cells’ microenvironment. The architecture of a progenitor cell environment contains 

stimuli ranging from the micro to nanoscale level. Nano scale features incorporate a host 

of cues that are in fact several orders of magnitude below that of a cell (Dalby, 

Gadegaard, and Oreffo 2014)(Donnelly, Salmeron-Sanchez, and Dalby 2018).  

 

Cells adhere to substrates through integrins- transmembrane receptors that tether to the 

ECM, forming a layer of proteins that adsorb on the surface of the materials and are in 

contact with serum containing growth medium (Keselowsky, Collard, and García 

2003)(Donnelly, Salmeron-Sanchez, and Dalby 2018). Integrin binding to the ECM 

initiates a cascade of intracellular signalling, typically the activation of G proteins, 
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directing the phosphorylation of myosin light chain kinase (MLCK) through Rho-

associated protein kinase (ROCK), resulting in actin-myosin contractility causing integrin 

clustering and cell adhesion formation as illustrated in Figure 1.4  (McBeath et al. 

2004)(Kilian et al. 2010)(Donnelly, Salmeron-Sanchez, and Dalby 2018). To control 

cellular adhesion, lithography strategies have been implemented to create 

nanopatterned substrates, by controlling the size, shape, spacing and symmetry of 

various substrates to create nanopits, nanopillar and nanogrooves, of which have been 

extensively reviewed (P. Monica Tsimbouri et al. 2012)(McMurray et al. 2011)(Dalby et 

al. 2007)(Bucaro et al. 2012)(Watari et al. 2012).  

 

A study comparing random or ordered distribution of nanoscale pitted patterns, found 

that cell-matrix adhesion was inhibited in the presence of a highly ordered distribution of 
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Figure 1.4 Illustration of MSC regulation through cell-matrix interactions and the transmission 
of mechanical cues to the nucleus via integrins. Specifically, matrix topography and its control 
on MSC self-renewal and differentiation. MSCs undergoing self-renewal, will adhere weakly 
than cells bound to differentiate. The weak adherence is directed by the lower levels of 
integrin-mediated signalling through focal adhesion kinase (FAK), thus directing extracellular 
signal-regulated kinase (ERK1/2) to support cellular growth. Cells destined to undergo 
osteogenic commitment, will experience stronger adhesion, promoting an increased integrin-
FAK-ERK1/2 signalling, increasing intracellular tension thus increasing osteogenic associated 
transcription factors. Cells undergoing adipogenic differentiation will experience lower 
adhesion thus triggering the cascade of events directing the expression of PPAR-g.  
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pits. Bone-marrow and adipose derived MSCs cultured on small nano-islands of 10-20 

nm in height, illustrated an increase in cell adhesion and spreading while culturing cells 

in relatively larger contractures with 100 nm pits, inhibited cell spreading and 

differentiation (Dalby, Gadegaard, and Oreffo 2014)(McMurray et al. 2011). In addition 

to the height of nanoscale pits, the geometric shape of such features at micrometre scale 

have shown to play a role in influencing MSC behaviour, with studies illustrating shape-

specific effects on cell proliferation and differentiation (Kilian et al. 2010)(Luo, Jones, and 

Yousaf 2008)(Wan et al. 2010). Concordantly, nanofibers mimicking in vivo cartilage 

ECM patterning is known to encourage chondrogenesis (Shanmugasundaram, 

Chaudhry, and Arinzeh 2011)(Hadden and Choi 2016). Several studies have confirmed 

that the use of substrates that promote increase adhesion size and intracellular tension 

resulting in mechanical changes in the cytoskeleton, further transferring contractile 

forces to the nucleus and increasing cellular tension is associated with osteogenesis of 

MSCs (Biggs et al. 2009)(Donnelly, Salmeron-Sanchez, and Dalby 2018). Nuclear 

modulation in shape and size is known to affect chromosomal arrangements, inherently 

impacting progenitor cell fate (McNamara et al. 2012)(Dalby et al. 2007)(P. Monica 

Tsimbouri et al. 2012)(Donnelly, Salmeron-Sanchez, and Dalby 2018). It is evident that 

cell adhesion, cytoskeletal organization and mechanotransducive cellular fate is driven 

by the topography-protein interface (Donnelly, Salmeron-Sanchez, and Dalby 2018). A 

study conducted by Yang et al. represents an exemplary assay to elucidate the impact 

of the microenvironments on stem cell fate at a nanoscale level. Studying MSC 

mechanobiology on substrates with built-in elastomeric microposts, providing substrates 

of different rigidities further eluded to the intertwined nature of the 3D microenvironment 

and forces these environments pose on its resident progenitor cell population (M. T. 

Yang et al. 2011)(Hadden and Choi 2016).  

 

There are several factors that confer the effects of substrate topography on progenitor 

cell fate. Culturing MSCs for example on nanogrooves has illustrated neural cell lineage 

commitment, even in the absence of differentiation specific factors (Kingham and Oreffo 

2013)(Sheryl Ding et al. 2017). The use of substrate topography to regulate progenitor 

cell characteristics, predominantly require the need of some form of surface treatment to 

enhance cellular attachment. Oxygenated plasma treatment and gelatin coatings have 

been widely used, with studies demonstrating the successful differentiation of human 

embryonic stem cells (hESCs) into neural lineages when cultured on gelatin-coated 

nanoscale grooves (350 nm width and 500 nm height) (M. R. Lee et al. 2010). Collagen-

carbon coated nanofibrils promoted the differentiation of hESCs toward the ectodermal 

lineages (Sridharan, Kim, and Wang 2009)(Sheryl Ding et al. 2017). 
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1.3.1.2 Stiffness  
 

When observing the effects of mechanical properties on MSC cell behaviour, stiffness 

plays a crucial role in regulating their effects. By definition, stiffness of a material refers 

to the impact of load and deformation exerted on the material- that is, the forces exerted 

on the material and its resultant change in shape. Materials that are exposed to any force 

will by nature deform. The ratio between this load and its subsequent deformation yields 

the stiffness of a material; that is how much load is required to achieve a certain 

deformation (Baumgart 2000)(Guimarães et al. 2020). A key property inherently 

possessed by tissues within our body include their viscoelasticity. All solid materials in 

nature not only possess an elastic property, but also a viscous property. Characterizing 

a viscoelastic material can only be done by time-dependent tests. This method entails 

either subjecting a material/ tissue to strain and measuring the required force as a 

function of time or applying stress and measuring the strain (deformation) as a function 

of time or lastly, through dynamic mechanical analysis (Pothan, Oommen, and Thomas 

2003)(Guimarães et al. 2020). The resultant viscoelastic response of a material is used 

to derive either the dynamic or complex modulus, represented by storage and loss 

modulus. The storage modulus (E’) refers to the instantaneous and reversible response 

of material whereby its deformation under pressure stores energy that is released by 

unloading. The loss modulus (E”) represents the viscous time-dependent response of a 

material and refers to the irreversible deformation/rearrangement of its internal structure. 

To further measure the stiffness of a material, Young’s (elastic) modulus is the ability of 

the material to withstand deformation along an axis, when opposing forces are applied 

along the same axis; further defined as the ratio of tensile stress to strain. In vivo, our 

complex human organism possesses a range of stiffnesses: with elastic moduli ranging 

from 11 Pa of the intestinal mucus (Sotres et al. 2017) to 20 GPa of cortical bone (Rho, 

Ashman, and Turner 1993). The range of stiffness of various tissues is extensively 

demonstrated in Guimaraes et al (2020) (Guimarães et al. 2020).   

 

The stiffness of tissues before and after being subjected to various pathologies, 

significantly differ. Providing a progenitor cell therapeutic regime to remodel and repair 

such tissues has thus far been a complicated task. Indeed, ECM stiffness is known to 

influence various progenitor cell behaviour, including cell spreading, migration, 

proliferation and differentiation along multiple cell lineages- posing a key physical 

modulator of progenitor cell behaviour (A. Engler et al. 2004)(C. M. Lo et al. 2000)(P. Y. 

Wang, Tsai, and Voelcker 2012)(Flanagan et al. 2006)(Hadden and Choi 2016). Tissue 
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stiffness not only dictates cellular differentiation but directs cytoskeletal arrangements at 

a macro scale level. Myotubes for examples form myosin/actin striations on substrates 

that mimic the stiffness of normal muscle (A. J. Engler et al. 2004)(Levy-Mishali, Zoldan, 

and Levenberg 2009). These effects are emulated on artificial environments that mimic 

the rigid collagenous nature of the bone and soft neural tissue, with their bulk stiffness 

directing osteogenic and neurogenic differentiation, respectively (A. J. Engler et al. 

2006). A matrix mimicking the stiffness of a particular tissue has the potential to direct 

human MSC differentiation towards that specific tissue type. Efforts to modulate stem 

cell behaviour in vitro, have thus implemented the use of various 2D, 3D environments 

under static or dynamic conditions to mimic the in vivo microenvironment of progenitor 

cells. Recent studies have however, attempted to explore these dimensionalities by 

creating stiffness gradients to more accurately model the in vivo stiffness conditions. 

Controlling and creating such stiffness gradients has been accomplished using a variety 

of methods that are extensively reviewed in Hadden and Choi (2016) (Hadden and Choi 

2016). One of the first successful attempts at developing such dynamic environments 

included the use of photo responsive elements within substrates to modulate material 

stiffness (DeForest and Anseth 2011)(Ondeck and Engler 2016). Other methods have 

included the use of chemicals whose molecular weights stiffened hyaluronic acid 

hydrogels (Penelope M. Tsimbouri et al. 2013). All mentioned methodologies exhibited 

successful control of matrix stiffness. These efforts allowed for MSC chondrogenesis by 

mimicking the stiffness of their substrates, or by allowing the development of mature 

cardiomyocytes from mesodermal precursors (Donnelly, Salmeron-Sanchez, and Dalby 

2018).  

 

Due to the complexity involved in cellular communication with its environmental 

mechanical milieu, biomaterial strategies have thus played a key role in elucidating the 

effects of mechanical stimuli on progenitor cell behaviour. Adopting the reductionist 

approach and deconstructing our complex in vivo environment we are beginning to 

understand the tremendous impact of mechanical forces in regulating progenitor cell 

behaviour. To date, multiple studies conduct experiments in MSC research by culturing 

cell on stiff 2D tissue culture plastic. However, many if not all progenitor cell niches 

harbour stiffnesses that are several magnitudes lower and are in fact 3D in nature. 

Hydrogel systems for example have been an effective way of investigating 

mechanobiology. The tuneable property of hydrogels allows for the inclusion of 

chemically or physically stimulated cross-links in a controlled manner to manipulate the 

overall structure, its degradability, hydrophilicity and stiffness (Donnelly, Salmeron-

Sanchez, and Dalby 2018). Their water-based nature of the hydrogels, similar to that of 
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natural tissues makes them a biocompatible tool closely mimicking in vivo tissue 

environments. Hydrogels thus pose as optimal systems for understanding cellular 

responses. A commonly used hydrogel- polyacrylamide gels have tuneable properties 

that allow for distinct matrix stiffnesses as a means of guiding stem cell fate through 

different tissue lineages; directing neural differentiation on soft 1 kPa, muscle formation 

at 12 kPa and bone at 30 kPa (A. J. Engler et al. 2006).  

 

Just as tissues do not pose as static in nature or 2D, methods have been developed 

using 3D models of the ECM to direct the production of more accurate environments- 

moving from a static to dynamic to a bioresponsive 3D environment that has the capacity 

to not only allow for cell response to the biochemical cues of in vivo environments, but 

to respond to the physical properties of which the cells sense.  

 

1.3.1.3 Stress and strain 
 

Tissues have the inherent capacity to change and deform; lungs for example expand as 

its compartmental pressure changes, and recoils to the innate elasticity of its interstitium; 

heart beats are further regulated by the contraction and relaxation of the muscles that 

govern its function; tendons and cartilage withstand longitudinal and compressive forces 

(Hadden and Choi 2016). Therefore, the stress and strain applied to an environment is 

key when engineering ECM based models. MSCs exposed to uniaxial strain have 

illustrated the ability to increase in collagen type-1 expression and induce alignment 

along that axis (J. S. Park et al. 2004)(Hadden and Choi 2016). A further 3-5% tensile 

strain on a collagen type 1 substrate can induce MSC osteogenic lineage commitment 

(D. F. Ward et al. 2007) via mechanosensing. With regards to mimicking the skeletal 

systems, cyclic tensile strain has been imposed to mimic the loading and unloading of 

bones as a method to promote osteogenesis and angiogenesis on 3D collagen type 1 

scaffolds (Charoenpanich et al. 2014). Providing electric stimulation on a decellularized 

porcine myocardial ECM scaffold, increased the myocardial differentiation capacity of 

MSCs by 7-fold (X. Wang et al. 2013). An extensive array of studies has been conducted 

to illustrate the importance of including a stress and strain stimuli to enhance and 

regulate progenitor cell fate. These fate decisions are testament to the cell’s 

differentiation capacity. Several studies have demonstrated the use of fluid shear stress 

as a means of directing osteogenic differentiation of MSCs (L. Liu et al. 2014).  
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1.3.2 Effect of ECM components on tissue mechanics  
 

To fully comprehend the mechanical complexity of a progenitor cell niche, one must firstly 

identify the fundamental constituent of its niche. Progenitor cells and their ECM coexist 

in a delicate synergy; whereby the ECM is deposited by cells with which they strongly 

interact with. In addition to providing mechanical support, the ECM is highly involved in 

cellular signalling, as previously mentioned, which inherently manipulate the mechanical 

properties of the cell (S. H. Kim, Turnbull, and Guimond 2011). The interaction between 

progenitor cells and their ECM component together contribute to the overall mechanics 

of the tissue. The type, concentration and organization of the ECM components are 

greatly associated with the overall mechanical properties of healthy and diseased 

tissues. The ECM of a niche plays a critical role in regulating tissue homeostasis, repair 

and regeneration. Proteins such as collagen, fibronectin, elastin, laminin, tenascin and 

vitronectin including glycosaminoglycans (GAGs) all illicit distinct functions, thus, 

contributing to different mechanical properties of tissues.  

 

1.3.2.1 Collagen 
 

Collagen is a highly abundant ECM protein composed of fibrils and collagen structures 

with an elastic modulus within the gigapascal range (M. P. E. Wenger et al. 

2007)(Guimarães et al. 2020). Its organisation and abundance significantly impact the 

overall bulk mechanics of the tissue. Collagen has multiple functions within the tissue, 

posing as a cell adhesive substrate allowing for cellular attachment- an interaction that 

contributes to the overall mechanics. Additionally, collagen has the capacity to undergo 

mineralization, resulting in a truly stiff ECM as found in bone (Robertson et al. 2018). 

Collagen presents as a randomly aligned collagen fibrillar content, known to elicit a low 

strain and low stiffness. Upon alignment and uniaxial stretching, the overall stiffness of 

the tissue is shifted towards the stiffness of the individual collagen fibres themselves. 

The j-shaped stress-strain curve owes it to the nature of such proteins; that is the tensile 

deformation of a tissue can initially be obtained by applying low stress, whereas applying 

a much higher stress load will be needed to reach a higher deformation of a material. 

Skin, for example can be deformed by a few millimetres when pulled, however further 

deformation would require a much higher force. Moreover, upon stretching of skin, it has 

the capacity to regain its original shape. This is owed to the elastic nature of the collagen 

protein reorganization and fibre orientation. These properties increase the stiffness of 

tissue preventing damage from excessive strain.  
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The interaction between progenitor cells and their collagenous ECM component is 

bidirectional and dependent on their location- therefore their ability to interact (regulated 

by the availability of binding sites) highly impacts the fate of the cells in contact with its 

environment (Luo, Chan, and Yousaf 2010). This is regulated by the integrin density 

connecting the cells to the ECM, directing different lineage commitments for MSCs. This 

interaction has illustrated the ability to regulate adipose of skeletal tissue and help direct 

tissue specific differentiation (Volloch and Olsen 2013)(Hadden and Choi 2016).  

 

1.3.3 Cellular signalling associated with cell-matrix 
mechanosensing 

 

MSCs are regulated by a variety of factors from within their niche, including substrate 

stiffness, cell adhesion and tension. The cells interpret these mechanical signals through 

cytoskeletal rearrangement, allowing the cells to probe their surroundings, translating 

the physical cues into a biological activity. The cytoskeletal tension exhibited by the cells 

regulates a number of mechanical and structural characteristics of the cell, that aid in 

cellular interpretation of the mechanical signals, regulating progenitor cell fate and 

differentiation. It is important to understand the role integrins play in directing this cell-

matrix interaction and subsequent cellular response (Popov et al. 2011; Donnelly, 

Salmeron-Sanchez, and Dalby 2018). Vertebrates possess 18 a and 8b-integrin subunits 

that assemble into 24 different heterodimers, with the a subunit directing the amount of 

receptor that will go to the cell surface. With regards to the main ECM protein collagen 

type-I, cells predominantly use three receptors- a1b1, a2b1 and a11b1 (Popov et al. 

2011). These integrins function to signal cellular responses directed by the cells’ 

extracellular environment. When exposed to stiff matrices, more collagen fibrils and thus 

more cell receptor binding sites, integrins will deposit on the cell membrane, enhancing 

the cells attachment. The interaction causes downstream signalling cascades that exhibit 

prominent cellular effects.  It is therefore critical to elucidate the relationship between the 

physical cues and its downstream translation into a biological activity within progenitor 

cells.  

 

Transfer of mechanical forces through the tensed actin cytoskeleton to the nucleus 

(mechanotransduction) is a key pathway and involves a range of signalling pathways 

that are regulated by this strain transfers mechanism. A key pathway that has been well 

documented in mediating MSC mechanosensing is the Yes-associated protein 

(YAP)/transcriptional coactivator with PDZ-binding motif (TAZ) mechanotransduction 
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pathway (Driscoll et al. 2015). YAP relays all mechanical input through a Rho-GTPase-

dependent translocation to the nucleus, regulating downstream gene transcription as 

illustrated in Figure 1.5. YAP/TAZ possess transcription activation domains, however, 

lack a DNA binding site and depend on the interaction of cofactors to regulate 

transcriptional activity (Kegelman et al. 2018). These transcription activators are closely 

associated with the transcriptional enhancer activator domain (TEAD) family of proteins, 

are specifically involved in YAP/TAZ signalling (Zhao et al. 2008)(Kegelman et al. 2018). 

Other co-effectors of the YAP/TAZ signalling includes Runx2, b-catenin, and smad2/3 

(Rosenbluh et al. 2012)(Heallen et al. 2011)(Azzolin et al. 2014)(Varelas et al. 

2008)(Varelas et al. 2010). MSCs embedded within stiff matrices or subjected to 

mechanical tension, triggers the activation and translocation of the YAP/TAZ signalling 

molecules towards the nucleus. Downstream transcriptional factors are either activated 

or inhibited. When cells are present within a stiff matrix YAP/TAZ activates and enhances 

the expression of the Connective Tissue Growth Factor (CTGF). Within a soft matrix, 

CTGF expression is switched for the Ankyrin Repeat Domain 1 (ANKRD1). The YAP/TAZ 

pathway are key molecules that make up the Hippo pathway. However, the mechanical 

activation of the YAP/TAZ signalling does not occur through the activation of this 

pathway. In fact, the Hippo pathway is switched off during cell mechanical stimulation.    
 

As previously mentioned, MSC differentiation can be regulated by the elasticity of its 

matrix. MSCs therefore regulate and switch their differentiation when exposed to a 

substrate or matrix that most closely matches the elasticity of their native ECM (A. J. 

Engler et al. 2006)(Vining and Mooney 2017). Stiffer matrices therefore promote 

osteogenic differentiation, with softer substrates inducing adipose or neuronal 

differentiation (Vining and Mooney 2017). Hydrogels provide bulk mechanics contributing 

directly to cellular differentiation, which is jointly regulated by the specific ECM proteins 

and ligands used for cellular adhesion. N-cadherin ligands involved in cell-cell adhesion 

of MSCs is directly associated with and increases the mechanical threshold for YAP/TAZ 

and reduced actomyosin contractility.  
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Figure 1.5 A) Progenitor cells exposed to various mechanical cues 
(mechanosensing), interpret these signals through cytoskeletal rearrangement which 
initiates downstream biological signalling (mechanotransduction). A key pathway that 
is regulated as a result is the YAP/TAZ pathway. The activation of Rho GTPase 
regulates actin polymerization and cytoskeletal rearrangement. This impacts the 
downstream translocation of the YAP/TAZ complex to the nucleus. This, in turn 
regulates a range of gene expression profiles that regulates stem cell characteristics. 
B) When the cells are exposed to a soft matrix, YAP/TAZ complex localise in the 
cytoplasm. In contact with a stiff matrix, the YAP/TAZ translocate to the nucleus 
regulating a host of stem cell characteristics, predominantly favouring osteogenic 
commitment. 
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1.4 Relevance of oxygen tension in progenitor cell 
biology  

 

When understanding MSC biology in vitro, we are consciously aware of the biochemical 

factors to which the progenitor cells are exposed to and are required for their survival. 

Recent efforts have accommodated and appreciated the effects of matrix stiffness in 

regulating progenitor cell behaviour, as detailed in this chapter. One key factor that is 

repeatedly neglected and is in fact crucial for progenitor cell regulation, is the cells 

surrounding oxygen tensions. Current in vitro studies are performed at ambient air (21% 

O2/ 21 kPa/ 160 mmHg) and has been assumed to be adequate for cell growth. However, 

physiological oxygen levels are significantly lower, than atmospheric oxygen (Keeley and 

Mann 2019). Adult tissues experience oxygen levels that are considerably lower than 

inhaled oxygen concentrations, as the partial pressure of oxygen progressively 

decreases once inhaled and crosses the lung-blood barrier. This decreased oxygen 

pressure is continuously decreased and altered once it reaches the appropriate tissue. 

In the human body, our lungs are the most oxygenated tissues (13-14% O2), followed by 

the stomach and skin as it is in direct contact with air, followed by our vascular system 

that transports air in blood (Mas-Bargues et al. 2019b)(Miller et al. 2010)(Hamedani et 

al. 2013). Once this inhaled oxygen reaches the various tissues, oxygen levels drop as 

low as 2-9%/ 14-65 mmHg, ranges of which are dependent on the vascularization of the 

tissue and its metabolic activity (Keeley and Mann 2019)(Brahimi-Horn and Pouysségur 

2007)(Simon and Keith 2008)(J. P. T. Ward 2008). In situ tissue oxygen concentration is 

proportional to its own blood flow, indirectly proportional to the local temperature and 

epidermal thickness (White et al. 1982)(Uccioli et al. 1994)(Mas-Bargues et al. 2019b). 

The oxygen tension at the subcutaneous level of the skin for example, ranges between 

3-8% oxygen concentrations (Kabon et al. 2004)(Goossens et al. 2011)(Bizzarri et al. 

2006)(Mas-Bargues et al. 2019b). The variance in oxygen partial pressure around the 

body is regulated by the vascular network system. As oxygen diffuses through the 

vascular wall from the lumen, the oxygen pressure decreases; from blood PO2 of 12% 

to lower oxygen pressures. The degree of pressure loss is directly proportional to the 

thickness of the vascular wall (Mas-Bargues et al. 2019b). 

 

Another dynamic tissue is skeletal muscle. Due to its constant change in structure as a 

result of its contraction and relaxation, muscular partial pressure is addressed over a 

gradient at different tissue states. During rest, a documented 16±2 mmHg (2.5% O2) is 

observed. However, during contraction more than a 2-fold increase in oxygen pressure 

is required. Less vascularised tissues that receive less oxygen thus demonstrate low 
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PO2. Being a primary source for mesenchymal and hematopoietic stem cells, bone 

marrow derived stromal cell populations have reported to experience PO2 ranging 

between 5.4% and 7% O2 in the sternum and iliac crest, respectively, with values as low 

as 1.5% reported in the bone marrow (Mas-Bargues et al. 2019a). Fully mineralized bone 

and cartilage contain very low PO2 of 1.4% (Reuther et al. 2012). All mentioned organs 

and tissues are known to harbour stem cells, evidently being exposed to low oxygen 

tensions relative to ambient oxygen. This has therefore raised questions regarding 

understanding the role of such low oxygen tensions and whether such an environment 

was necessary for progenitor cell maintenance. With all the recent studies performed, 

providing a low oxygen environment, otherwise referred to as hypoxia (relative to 

ambient oxygen tension, representing physiological normoxia) has been associated with 

posing a host of regulatory effects on progenitor cell biology by responding to and 

directing a range of signalling cascades, that will be discussed (Mohyeldin, Garzón-

Muvdi, and Quiñones-Hinojosa 2010). 

 

1.4.1 The progenitor cell niche and its oxygen tension 
 

We have thus far dwelled into various parameters that make up the complex and 

dynamic culture of a progenitor cells niche; regarding its supporting ECM, resident cell 

populations, secreted soluble factors and physical parameters. As the term ‘niche’ refers 

to a cell’s microenvironment, it is only appropriate that the cells metabolic milieu is 

considered as a highly specialised key environmental stimulus (Mas-Bargues et al. 

2019b)(Mohyeldin, Garzón-Muvdi, and Quiñones-Hinojosa 2010). However, identifying 

the exact oxygen pressure in tissues has not been achieved with current technologies, 

with approximations of bone marrow oxygen pressure being determined on bone marrow 

aspirates, resulting in PO2 of 5%. Using this value as a reference, a generally accepted 

value of 3-6% PO2 has been established for all progenitor cell niches (Mas-Bargues et 

al. 2019b). As the vascularity and niche factors vary between different progenitor cell 

populations, a cell’s physiological normoxia (hypoxia) my differ, with one cell type known 

to experience higher or lower oxygen tensions than others. Interestingly, these PO2 

correlate with the PO2 recorded in embryos, where embryonic stem cells (ESCs) 

develop, giving rise to all three germ layers at PO2 ranging between 2-9% (Rodesch et 

al. 1992)(Mas-Bargues et al. 2019b). While embryos have illustrated a capacity to 

develop under ambient oxygen conditions, studies have demonstrated compromised 

embryo development and viability (Nanassy et al. 2010)(Christensen, Calder, and 

Houghton 2014). Therefore, residing in niches that experience relatively low oxygen 
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tensions, progenitor cells must maintain a selective advantage that is suited to their 

biological role; of which will be explored in this chapter and thesis.  

 

Progenitor cells known to carry out aerobic metabolism would be subjected to some 

degree of oxidative stress, known to directly affect DNA content, and a host of 

downstream factors. This effect was initially reported by Busuttil et al. (2003), who 

demonstrated that mouse embryonic fibroblasts accumulates more mutations and 

increased rate of senescence when cultured under ambient oxygen levels relative to 

oxygen levels as low as 3% (Busuttil et al. 2003). Thus, by residing in anatomical 

compartments that harbour low oxygen levels, stem cells may be evading the damaging 

effects related to their growth and maintenance that would otherwise be associated with 

high oxygen levels representative of atmospheric oxygen tension (21% O2).  

 

1.4.2 Key signalling mechanisms involved in directing oxygen 
mediated cellular responses 

 

The key adaptive response adopted by progenitor cell populations in response to its 

hypoxic environment is the stabilised expression of the hypoxia induced factor 1 (HIF-

1). HIF-1 is a heterodimer that consists of an a and b subunit; the latter being highly 

regulated by its relative rate of synthesis and degradation (Buravkova et al. 2014). 

Synthesis of HIF-1a however, is regulated via an oxygen-independent mechanism, with 

its degradation being oxygen-dependent (Semenza 2003)(Buravkova et al. 2014). HIF-

1a is ubiquitously expressed and controlled at a transcriptional, translational and 

posttranslational levels (Masoud and Li 2015)(Koh, Spivak-Kroizman, and Powis 

2008)(Y. Hayashi et al. 2019), with the latter being the most critical form of regulation. 

Its oxygen-dependent degradation is carried out through the hydroxylation of its proline 

residues 402 and 564 by prolyl hydroxylase domain proteins (PHDs). These 

modifications thus favour the interaction with and binding to the von Hippel-Lindau (VHL) 

tumour suppressor protein and its subsequent proteasomal degradation and absence of 

functional heterodimer in oxygenated normoxic cells (Maxwell et al. 1999)(Kaelin 

2005)(Y. Hayashi et al. 2019)(Buravkova et al. 2014). As the enzymes involved in the 

posttranslational modification require oxygen for their catalytic reaction, under hypoxic 

conditions, hydroxylation is suppressed, PHDs become inactive, causing the cellular 

stabilisation of HIF-1a and its translocation in the nucleus, forming a complex with HIF-

1b as illustrated in Figure 1.6 (Y. Hayashi et al. 2019). HIF-1a regulates 1000s of genes 
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necessary to maintain oxygen homeostasis, glucose metabolism, angiogenesis and iron 

metabolism (Mohyeldin, Garzón-Muvdi, and Quiñones-Hinojosa 2010).  

 

HIF-1a is known to alter mitochondrial function, thus suppressing mitochondrial 

respiration, directing the switch between glycolysis and oxidative phosphorylation. The 

induction of HIF-1a occurs almost instantaneously when the cells are exposed to hypoxic 

environments in vitro. This spike in expression can occur as early as two minutes of 

cellular exposure to a hypoxic environment, with its nuclear accumulation significantly 

increasing over a period of 30 minutes, and the maximal level occurring within an hour 

of exposure (Buravkova et al. 2014). Interestingly, studies using perfused and ventilated 

tissue preparations subjected to hypoxic conditions and reoxygenation, demonstrated 

that the half-life of HIF-1a is one minute (R. H. Wenger 2002)(Buravkova et al. 2014). 

This implies its immediate accumulation under hypoxic conditions and represents a key 

regulator of cell survival. Additionally, its transient expression makes it rather difficult to 

detect and quantify, although possible.  
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Figure 1.6 Schematic of HIF-1a activity in the presence of oxygen (normoxia) and 
limited oxygen supply (hypoxia).  
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1.4.3 Effect of oxygen tension on progenitor cell characteristics 
 

1.4.3.1 Differentiation 
 

MSCs are present in perivascular niches and are closely associated with blood vessels 

in almost all tissues (Mohyeldin, Garzón-Muvdi, and Quiñones-Hinojosa 2010). Although 

located close to vascular structures, all progenitor cell niches are associated with low 

oxygen tensions (Matsumoto et al. 2005)(Pasarica et al. 2009)(Mohyeldin, Garzón-

Muvdi, and Quiñones-Hinojosa 2010), allowing for the hypothesis that the maintenance 

of an undifferentiated state may require a hypoxic environment, in addition to other 

environmental factors. Human bone marrow MSCs for example, cultured under hypoxic 

conditions show a decreased differentiation capacity into adipogenic and osteogenic 

lineages compared to cells cultured under ambient oxygen conditions. Multiple studies 

have illustrated similar findings, suggesting that a hypoxic environment regulates and 

promotes an undifferentiated progenitor cell state (Holzwarth et al. 2010)(Fehrer et al. 

2007). These findings coincide with the increased expression of Oct4- a marker 

representative of a progenitor cell phenotype. Similar observations have been exhibited 

with adipose derived MSCs (AD-MSCs), illustrating a decreased osteogenic and 

adipogenic potential when the cells were differentiated under hypoxic conditions. 

However, a hypoxic environment has exhibited to be a chondrogenic promoting 

environment, with AD-MSCs illustrating increased chondrogenic markers when induced 

with chondrogenic promoting factors. This chondrocytic hypoxia mediated phenomenon 

has thought to be mediated by HIF-1a as the inhibition of HIF-1a has led to a decreased 

chondrogenic potential, with an enhanced osteogenic and adipogenic lineage 

commitment (Malladi et al. 2007)(Y. Xu et al. 2007). 

 

The repair of bone defects resulting from severe fractures and infections have relied on 

the use of MSCs as a cell source for bone tissue regeneration. Thus, studies have 

focused on identifying key parameters required to enhance the progenitor cells 

osteogenic bone forming potential to direct bone tissue reconstruction. Using the current 

knowledge on the effects of oxygen tension on regulating progenitor cell differentiation, 

Yusuke et al. 2017, sought to detect whether providing a hypoxic treatment would 

enhance osteogenesis of the scaffold-free osteogenic matrix cell sheets created from 

MSCs (Inagaki et al. 2017). This study reported a time dependent effect of exposure to 

hypoxic conditions on cellular proliferation and differentiation and will be later discussed 

in detail. Pre-treating MSCs in hypoxic conditions, significantly increased the cells 
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osteogenic potential, cells survival, through the expression of pro-survival factors Bcl-2 

and Bcl-xL and reduced cell death caspase activation compared to MSCs cultured under 

normoxic conditions. D’ippolito et al (2006) however, reported an inhibitory effect of 

hypoxia on osteogenic differentiation and cellular proliferation (D’Ippolito et al. 2006). 

The differences between these two studies resulting in the discrepancies is the duration 

in which the MSC populations were exposed to the hypoxic environment. Yusuke et al, 

illustrated a transient 7 days exposure to hypoxic conditions, with D’ippolito directing a 

long-term culture under hypoxic conditions. Yusuke et al additionally illustrated a 

reduction in cellular proliferation when MSCs were exposed to hypoxic conditions over 

extended periods of time, with a decrease in population doubling time illustrated by 

D’Ippolito, indicative of an increase in cellular proliferation (Inagaki et al. 2017)(D’Ippolito 

et al. 2006). Furthermore, Stegen S et al (2016) reported the prominent role hypoxia 

plays in bone formation during development and repair.  

 

Interestingly, cellular response to hypoxic environments differs with regards to lineage 

committed cells. Mature cell types such as osteoblasts within the bone environment, 

possess a differential metabolic milieu and function. In the presence of a hypoxic 

environment, osteoblasts release seven times more ATP than immature proliferating 

cells, primarily influencing bone mineralisation (Orriss 2015). These differences in 

response to hypoxic environments are tissue and cell specific.  

 

With regards to the cells chondrogenic potential, stem cells exposed to hypoxic 

environments favour and regulate chondrogenesis (Thoms et al. 2013)(Amarilio et al. 

2007)(Robins et al. 2005)(Foyt et al. 2019). Oxygen concentration gradients exhibited in 

the developing limb bud, are maintained in adult osteochondral tissue, with cartilage 

formation mediated through HIF activity (Schipani et al. 2001). Deletion of HIF-1a during 

limb bud development induces a loss in cartilage development along the growth plate. 

This loss of cartilage formation was accompanied by perturbations in the SOX9-

mediated chondrocyte proliferation (Amarilio et al. 2007)(Schipani et al. 2001)(Provot et 

al. 2007). HIF-1a interestingly, has been shown to affiliate with MSC chondrogenic 

potential by binding to the SOX9 promoter region, thereby activating the expression of 

the chondrogenic transcriptional regulator and its downstream targets (Robins et al. 

2005). Hypoxia along with a host of other parameters are essential in regulating 

progenitor cell fate. In addition to inducing a hypoxic mediated population of MSCs, 

Daniel et al (2019) illustrated that hypoxia-mediated upregulation of chondrogenic 

associated markers, was in fact dependent on mechanosensitive pathways (Foyt et al. 
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2019). Exposing the cells to softer matrices (0.167 kPa) under hypoxic conditions 

significantly enhanced the cells chondrogenic lineage commitment compared to when 

cultured on stiffer matrices (49.6 kPa). The synergistic effect and influence of hypoxia 

mechanoregulatory-mediated chondrogenesis, was hypothesized to be driven by the 

expression of the Ras Homolog Family Member A (RhoA)/ ROCK pathway. The RhoA/ 

ROCK pathway is known to play a key role in regulating cytoskeletal tension directly 

regulated by hypoxia and HIF signalling (Foyt et al. 2019). During chondrogenesis, 

defined stress fibres are exhibited representative of cytoskeletal tension. This tension 

appears to be a key driver of mesenchyme condensation also observed in a developing 

limb bud, thus confirming an association with the RhoA/ROCK pathway (Ray and 

Chapman 2015).  

 

Alternative signalling pathways associated with hypoxic control of MSC differentiation, is 

the Notch signalling pathway- known to maintain progenitor cell fates. Progenitor cell 

differentiation is inhibited by members of the Notch family. This Notch activation is in fact 

mediated directly by HIF-1a, initiating a physical interaction with Notch promoting its 

stability and subsequent reduction in differentiation potential (Dahlqvist et al. 

2003)(Gustafsson et al. 2005)(Mas-Bargues et al. 2019b).  

 

In parallel with other environmental factors, when progenitor cells are exposed to oxygen 

levels that differ from the levels exhibited in their native niche, the cells experience a set 

of detrimental alterations, such as oxidative stress, metabolism turnover, reduced 

proliferative and self-renewal capacity, hampered motility, shifts in differentiation 

potential and potential loss of the maintenance of an undifferentiated cell state.  

 

1.4.3.2 Formation of reactive oxygen species (ROS) 
 

ROS play a key role in determining the fate of progenitor cells as they function as 

intracellular messengers. Low levels of ROS present within the cell, triggers a quiescent 

phenotype, regulating self-renewal. In the presence of high ROS, a drastic shift in cellular 

activity is exhibited, promoting cellular proliferation and differentiation, triggering 

senescence and apoptosis in a dose-dependent manner, ultimately leading to cellular 

exhaustion. Thus, regulating the production of ROS is vital to ensure that tissue 

homeostasis is maintained to allow for the continuous ability to repair damage for the life 

span of the organism (Zhou, Shao, and Spitz 2014). The sensitivity to ROS and oxidative 

stress is owed to the cells need to maintain an undifferentiated state with the capacity to 
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undergo life-time cellular division which has the potential of accumulating genetic 

damage. Moreover, it has been demonstrated that high oxygen levels can cause 

oxidative stress by producing ROS that can damage proteins, lipids and DNA, thus 

altering their metabolic state (Hansen et al. 2007)(Mas-Bargues et al. 2019b). These 

alterations in cellular functions has been demonstrated in a range of cell types.  

 

Exposing human dermal fibroblasts to ambient oxygen tension illustrated a significantly 

higher production of ROS compared to cells cultured under hypoxic 5% O2 (Damiani et 

al. 2018). Increases in ROS have further demonstrated disruption to mitochondrial 

membrane potential in dental pulp stem cells when cultured under ambient oxygen 

tension compared to 3% oxygen levels (Mas-Bargues et al. 2019a)(Mas-Bargues et al. 

2017). When cells are cultured under hypoxic conditions, any available oxygen diffuses 

to the mitochondria, thus creating a cytosolic environment lacking oxygen. This decrease 

in oxygen levels inhibits the activity to propyl hydroxylases that regulates the activation 

of HIF-1a as mentioned previously (Y. Hayashi et al. 2019). 

 

1.4.3.3 Effect on cellular metabolism 
 

MSCs regulate a distinct array of metabolic pathways that are necessary for the 

maintenance of homeostasis and quiescence. Embedded within a niche harbouring low 

oxygen levels, MSCs are thus required to adopt anaerobic glycolysis rather than 

mitochondrial oxidative phosphorylation, to function and support ATP production (Ito and 

Suda 2014). Furthermore, maintaining a continuous ability to undergo self-renewal would 

require a limit to mitochondrial respiration to allow the cell to remain in a quiescent state 

(Takubo et al. 2013)(Warr and Passegué 2013)(W. M. Yu et al. 2013). When the cells 

are required to differentiate, however, the cells reinstate mitochondrial respiration to 

support the energy demands associated with differentiation (Simsek et al. 2010).  

 

Under hypoxic conditions, the activation and increased expression of HIF-1a triggers the 

activation of multiple glycolytic genes, such as lactate dehydrogenase or pyruvate 

dehydrogenase kinase mimicking their metabolic demand demonstrated in their native 

environment. However, when the cells are exposed to ambient oxygen tension, they are 

forced to adopt their metabolic activity and activate mitochondrial respiration to consume 

the abundant cytosolic oxygen levels, thus decreasing glycolysis. This switch in 

metabolism, is detrimental for cellular function, encouraging oxidative damage, 

senescence and genomic instability (Estrada et al. 2012). Progenitor cells metabolic 
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milieu is generally dominated by glycolysis (low oxygen) rather than mitochondrial 

respiration as exhibited by their committed progeny (high oxygen). It is therefore 

essential to monitor and provide appropriate oxygen levels to maintain their inherent 

functions.  

 

1.4.3.4 Self-renewal and proliferation 
 

Culturing progenitor cells under ambient oxygen has resulted in a reduction in the cells 

proliferation rate. This has been evidently illustrated in neuronal stem cell, bone marrow 

derived MSCs, AD-MSCs and human fibroblasts (Ghourichaee, Powell, and Leach 

2017)(Dos Santos et al. 2010)(Hung et al. 2012)(Lavrentieva et al. 2010). The decreased 

proliferation is owed to the potential telomere shortening and resultant DNA damage 

associated with the production of ROS and cellular oxidative stress. Cultures maintained 

at 21% O2 have resulted in an increase in p53 phosphorylation associated with cell-cycle 

arrest, decreased proliferation and differentiation potential of neuronal stem cells (Mas-

Bargues et al. 2019). HIF-1a expression has been associated with improving a range of 

progenitor cell functions including cell adhesion, migration, proliferation and 

differentiation potential thus increasing their therapeutic potential. With regards to AD-

MSCs, their exposure to hypoxic environments, with a stabilised HIF-1a expression 

results in the secretion of VEGF, improving the regenerative potential of AD-MSCs 

(Kang, Kim, and Sung 2014). Moreover, the enhanced proliferative capacity of progenitor 

cells under hypoxic conditions is known to be dependent on the expression of HIF-1a 

and the ERK signalling pathway. 

 

An alternative explanation to the enhanced cellular proliferation exhibited by progenitor 

cells, is the increased regulation of several hypoxia-induced miRNAs known to regulate 

all biological processes. Herein, the targeted transcriptional activity results in an 

enhanced cellular proliferation capacity, with a decrease in growth arrest and apoptosis 

(Ali et al. 2016). The increase in MiR-486 expression has been associated with an 

increase in bone marrow MSC proliferation, enhanced angiogenic activity and reduced 

apoptosis through a PTEN-PI3K/AKT signalling pathway (Shi et al. 2016)(Mas-Bargues 

et al. 2019). In summary, progenitor cells exposed to hypoxic environments, favour an 

enhanced proliferative and self-renewal capacity, limiting its differentiation potential.   

 

In addition to regulating cellular proliferation, exposing progenitor cells, particularly 

MSCs to physiological oxygen conditions is associated with reducing cellular 
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senescence. This is described as a state of permanent and irreversible cell cycle arrest. 

Several studies have that culturing MSCs at atmospheric oxygen tension results in an 

increase in cellular senescence compared to cells cultured in hypoxic conditions (D. S. 

Kim et al. 2016)(C. C. Tsai et al. 2011). These findings are accompanied by the 

production of ROS, alteration in cell size and a significant loss of cellular proliferation (C. 

C. Tsai et al. 2011)(Jin et al. 2010). These findings suggest that culturing MSCs in 

physiological conditions can delay cellular senescence by inhibiting senescence-related 

genes such p21 and p16, thus preventing cell cycle arrest.  

 

1.4.3.5 Maintenance of progenitor phenotype 
 

Exposing progenitor cells to oxygen tensions that mimic their native environment has 

evidently illustrated the maintenance of their phenotype limiting the cells tendency to 

differentiate. HIF-1a expression has been associated with progenitor associated 

markers and pathways including Notch, b-catenin, OCT3/4 and c-MYC. Maintaining 

progenitor cells in oxygen environments mimicking their native niche, has the capacity 

to trigger the expression of the four pluripotency-related genes: SOX2, OXT3/4, KLF4 

and c-MYC. Although HIF-1a is associated with regulating progenitor cell characteristics, 

its sister protein HIF-2a has been exhibited to regulate the expression of the transcription 

factors OCT3/4- essential for maintaining cell potency. Moreover, its association with 

SOX2 and Nanog inhibit the promoter genes directing cellular differentiation (Boyer et 

al. 2005).  

 

Herein, our current understanding of the relevance of microenvironmental factors on 

regulating progenitor cell niche has been explored. Elucidating the different biochemical 

factors, biophysical modulators and physiological parameters such as oxygen tension 

have helped form a basic platform to allow for their successful use as a regenerative 

tool. Using this exhaustive knowledge established on various progenitor cell populations, 

this thesis aims to identify the key modulators of progenitor cell populations that have 

recently been acknowledged for their significance in directing tissue regeneration and/or 

homeostasis. Additionally, we hypothesise that by identifying such environmental 

parameters, we can build on our current understanding of the regulators responsible for 

directing stem cell fate.  
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1.5 The periosteum and its resident progenitor cell 
population  

 

The periosteum is a highly vascularised connective tissue that envelopes the surface of 

long bones (with the exception of articular bone). This membrane-like structure harbours 

great potential and function in regulating bone integrity and repair. Its role in directing 

appositional bone growth and for treatment of bone fractures, has elicited extensive 

research into its use as a regenerative tool. The periosteum is composed of two layers: 

an outer fibrous layer and an inner cambium layer that has a significant osteoblastic 

potential. In 1739, Henri-Louis Duhamel du Monceau first described the presence of 

osseous matrix formation on a silver wire that was embedded under the periosteum. 

Identifying the presence of appositional growth, the inner layer of the periosteum was 

thus named after the cambium layer known to be responsible in directing appositional 

growth of trees. It was only until 1867, that Louis Xavier Ollier corroborated Duhamel’s 

findings, whereby this thin periosteum membrane was identified for its ability and 

importance in bone formation when used as a graft to achieve successful healing, 

confirming its importance in regulating bone growth (Roberts et al. 2015).  

 

To date bone marrow MSCs (BMSCs) are largely used for enhancing bone repair 

through cell-therapy techniques. Recent studies have however, illustrated that BMSCs 

are not the central cellular component of endogenous skeletal repair. In contrast, the 

periosteum provides up to 90% of the cartilage and woven bone required for endogenous 

skeletal repair (Dwek 2010)(Xinping Zhang et al. 2005). It’s remarkable properties, have 

thus driven extensive research on elucidating its regenerative potential and conducting 

pre-clinical studies to demonstrate the ability of these cells to repair critical sized bone 

non-healing bone defects (Roberts et al. 2015).  

 

1.5.1 Periosteum structure 
 

The outer fibrous layer of the periosteum can within itself be divided into two parts; the 

superficial layer is an inelastic layer, with a predominant collagen matrix with minimal 

elastic fibres. The collagen fibres within this layer are relatively distinct to that found in 

the skin, formed of small compact bundles with interspersed elongated fibroblasts 

(Squier, Ghoneim, and Kremenak 1990)(Dwek 2010). It is the most vascularised layer of 

the periosteum, and a significant contributor of the bones blood supply including skeletal 

muscle. It is highly innervated, with its nerve fibres traveling alongside the blood vessels, 
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most of which terminate in the deeper substratum of the fibrous layer. The inner most 

layer of the fibrous layer is highly elastic and collagenous, but not highly vascularised.  

 

The inner cambium layer contains the majority of the membrane’s cell population, 

harbouring a population of mesenchymal-like progenitor cells, differentiated osteoblasts 

and fibroblasts. This dense collagenous layer is home to a rich vascular and neural 

sympathetic network, thus providing for a population of endothelial pericytes (Allen, 

Hock, and Burr 2004)(Dwek 2010). The periosteum is firmly anchored to the underlying 

bone in a pre-stressed state via dense collagen structures that make up the Sharpeys’ 

fibres. The cambium layer progressively thins with age, so thin that it becomes 

indistinguishable from the fibrous layer. With it, a decrease in vasculature, fibroblasts 

and progenitor cells is observed, forming an overall very thin structure enveloping the 

surface of bones. The decrease in progenitor population thus impacts the tissues ability 

to regulate differentiation and promote bone remodelling in concert with osteoclasts. The 

progenitor population illustrate a fibroblastic phenotype, with their morphology being 

roundest close to the bone surface, becoming more flattening and fibroblastic away from 

the bone (Sang et al. 2005)(H. Chang and Knothe Tate 2012).  
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Figure 1.7 Illustration of the periosteum highlighting the superficial layer of the outer fibrous 
region, the deeper fibrous layer and lastly the stem cell predominant region present within the 
inner cambium layer.  
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1.5.2 Role of the periosteum in bone regeneration 
 

The periosteum serves multiple functions, including providing an attachment site for 

tendons, ligaments and muscles. Its highly vascularised nature allows for its ability to 

distribute 70-80% of the blood supply to the bone cortex (Chanavaz 1995)(Roberts et al. 

2015). Its significance in bone regeneration is predominantly elicited after bone fractures, 

when the progenitor population experiences a surge in numbers provoked by various 

environmental stimuli. These cells are prompted to differentiate into osteoblasts and 

chondrocytes. The periosteum directs bone healing, in one of two ways: 

intramembranous ossification (bone formation) occurs predominantly in craniofacial, 

calvarial bone forming 2% of all fractures, repairing bones with a gap of less than 0.01 

mm (Dwek 2010)(W. (UCL) Vas et al. 2017). Intramembranous ossification refers to bone 

healing from mesenchyme origin without the need for a cartilage template. Periosteal 

progenitor cells direct osteogenic differentiation with the committed osteoblasts 

producing osteoid tissue which undergoes mineralization within a few days. The 

embedded osteoblasts become osteocytes. The complete healing requires woven bone 

and periosteum formation. The new bone is provided with a blood supply with blood 

vessels condensing into the bone marrow.  

 

The second mode of bone formation directed by the periosteum is the endochondral 

ossification which predominates in healing most long-bone fractures. This is an indirect 

fracture healing process, that is triggered by the host of signals derived from the leaky 

vasculature leading to the formation of a platelet-rich fibrin clot (hematoma) (W. Vas et 

al. 2017). The secreted chemokines (TNFa, IL-1, IL-6) and growth factors (PDGF) trigger 

the extensive proliferation, differentiation and localisation of periosteum progenitor cells 

towards the fracture site (W. Vas et al. 2017)(Al-Aql et al. 2008). Herein, the progenitor 

cells are initially differentiated into chondrocytes to drive the formation of a cartilage 

callus bridging the fracture site. The hypertrophy of its resident chondrocytes permits the 

invasion of blood vessels and osteoblasts. The cartilage is replaced with woven bone 

and eventually a stable lamellar bone through the synergistic action of osteoblast and 

osteoclast.  

 

The formation of an entire bone through intramembranous ossification (directing 

osteogenic differentiation of progenitor cells) is only responsible for the formation of few 

bones including flat bones of the skull. The periosteum has demonstrated and assumed 

to have an increased tendency to heal bones along the endochondral pathway, a process 
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that lays down an initial cartilage template. It wasn’t until recently, that this theory or 

assumption was proven otherwise. Debnath et al (2018) identified a distinct population 

of progenitor cells with a novel molecular signature, positive for cathepsin-K (CTSK) 

(Debnath et al. 2018). These cells were in fact specialised for intramembranous 

ossification at baseline with the capacity to self-renew and proliferate. Relative to bone 

marrow derived MSCs, CTSK+ periosteal progenitor cells mediated intramembranous 

bone formation without hematopoietic recruitment, whereas non-CTSK MSCs underwent 

endochondral bone formation with cartilage differentiation and recruitment of 

haematopoietic cells when embedded under the kidney capsule of wild-type mice. No 

CTSK+ chondrocytes were observed at baseline, they however, contributed 

approximately half of the chondrocytes present in the fracture callus, which went on to 

direct endochondral ossification. These results suggest a dominance for periosteal 

derived cells (PDCs) to direct intramembranous ossification with an interconversion 

plasticity to direct endochondral ossification when required.  

 

1.5.3 Defining the periosteum derived progenitor cell population 
 

1.5.3.1 Developmental origin of their niche 
 

During embryonic bone formation, periosteal progenitor cells adopt either one of the two 

bone regenerative processes. PDCs that proceed through intramembranous ossification, 

condense and differentiate into osteoprogenitor cells positive for the osteogenic markers 

RUNX2 and Osterix (SP7). These cells go on to develop into mature osteoblasts. 

Moreover, current data suggests the remaining undifferentiated progenitor cells persist 

at the bone periphery to form the periosteum and continue apposition bone growth. 

During long bone development, progenitor cells expressing  paired related homeobox 

gene 1 (PRX1) that direct endochondral ossification will condense and initiate the 

expression of the chondrocytic marker SOX9, driving their differentiation along the 

chondrogenic lineage (Roberts et al. 2015). These cells will further proliferate and 

progress to form the cartilage template. At the periphery, undifferentiated cells remain to 

form the perichondrium.  
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1.5.3.2 Cell specific markers 
 

In addition to the mesenchyme markers, identifying the periosteum progenitor cells with 

the potential to undergo self-renewal and differentiation have been consistently 

assessed for their ability to differentiate along the osteogenic and chondrogenic lineages, 

and thus illustrating the expression of RUNX2 and SOX9, in addition to PRX1. PRX1 is 

a marker of the mesenchymal lineage expressed in the developing limbs. Due to the lack 

of a unique marker to define skeletal stem cells (SSC) PDCs were identified for their 

expression of PRX1. PRX1+ cells from both bone marrow and periosteum derived are 

negative for the standardised hematopoietic and endothelial markers and positive for 

Sca1/CD29 and Sca1/CD105 (Duchamp de Lageneste et al. 2018). PRX1+ PDCs 

extracted from mice, illustrated markers that have been previously used to identify bone 

marrow skeletal stromal cells, including PDGFRa, Gremlin 1, Cxcl2, Nestin (Morikawa 

et al. 2009)(Worthley et al. 2015)(Méndez-Ferrer et al. 2010)(Greenbaum et al. 

2013)(Duchamp de Lageneste et al. 2018). The cells additionally overexpressed the 

pericytic marker NG2 (Crisan et al. 2008)(Duchamp de Lageneste et al. 2018). Although 

illustrating similar expression profiles of these established progenitor markers, PDCs 

have revealed distinct growth behaviours relative to bone marrow derived MSCs. PDCs 

illustrate a higher cell growth rate with an increased potential for chondrogenesis 

compared to BMSCs, in vitro (Duchamp de Lageneste et al. 2018)(Agata et al. 

2007)(Ribeiro et al. 2010)(O. Hayashi et al. 2008)(H. Chang and Knothe Tate 2012).  

 

Due to their distinct characteristics, it was postulated that PDCs may harbour a unique 

array of markers to identify the population of cells. Duchamp de Lageneste et al. (2018) 

sought to identify this unique marker. By identifying the population of skeletal stem cells 

predominantly responsible for regulating bone repair, Duchamp concluded that PDCs 

illustrate an increased regenerative capacity and long-term integration during bone 

regeneration in mice. Molecular profiling of PDCs in response to injury identified a unique 

factor expressed in the ECM of the periosteum called Periostin. Periostin knockout 

studies confirmed its importance in regulating PDCs bone repair, resulting in a 

compromised bone repair process due to the impaired periosteum and PDC function 

(Duchamp de Lageneste et al. 2018). Unlike its wild type counterpart, periostin-deficient 

periosteum lacks the ability to reconstitute a pool of PDCs, thus its inability to contribute 

to the bone healing process. As so, periostin was identified as a key regulator of SSCs 

within the periosteum (Duchamp de Lageneste et al. 2018).  
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In parallel, an additional research group aiming to identify a genetic marker 

representative of the PDC marker, identified a subpopulation of periosteal cells that were 

CTSK+ labelled along the periosteal mesenchyme (Debnath et al. 2018). CTSK is a 

lysosomal cysteine protease mainly secreted by activated osteoclasts, playing a key role 

in bone remodelling and resorption. CTSK is expressed during embryonic development 

and persists in the adult, with CTSK positive cells found in the periosteum and endosteal 

marrow compartment, however, cells within the endosteal mesenchyme being 

morphologically consistent with osteoclasts. Flow cytometry identified the endosteal 

CTSK+ cells were indeed osteoclasts. A reasonable number of osteocytes were 

additionally positive for CTSK. The subpopulation of periosteal cells positive for CTSK 

went on to develop into osteoblasts, confirming the presence of a periosteal progenitor 

population, with CTSK positive PDCs lying above osteoblasts in the cell hierarchy. 

Moreover, transcriptional analysis and single-cell RNA sequencing identified the 

expression MSC-related genes within this population of cells. In vitro, these population 

of cells illustrated potent self-renewal capacity, and tri-differentiation potential along the 

osteogenic, chondrogenic and adipogenic lineages (Debnath et al. 2018)(Ambrosi, 

Longaker, and Chan 2019). Identifying such markers will thus allow for an ease in their 

isolation and identification. 

 

1.5.3.3 PDC characteristics 
 

Compared to BMSCs, PDCs have an enhanced proliferative capacity, while retaining 

their ability to differentiate in vitro (Scott P. Bruder, Jaiswal, and Haynesworth 1997)(H. 

Chang and Knothe Tate 2012)(J Eyckmans et al. 2010). PDCs obtained from elderly 

patients, although limited in quantity, have the capacity to self-renew and proliferate, 

demonstrating a superior differentiation capacity towards the osteogenic and 

chondrogenic lineages compared to BMSCs sourced from younger patients. Given the 

large population of ageing patients requiring orthopaedic treatments, PDCs thus 

demonstrate great potential to provide an effective regenerative treatment (H. Chang 

and Knothe Tate 2012). PDCs have a significant scope in the treatment of bone defects, 

with their robust characteristics owed to its niche and environmental cues responsible 

for directing their fate and function. To enhance their functionality and successful use for 

regenerative purposes, it is crucial we identify the key parameters required to maintain 

and uphold their function for extended periods of time. Thus far, we have identified the 

components that make up the periosteum. Ongoing research has aimed to identify the 

environmental factors that regulate their progenitor cell behaviour. To understand the 
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regenerative potential of PDCs, a great level of research has observed their response to 

injury and the biochemical signals and changes in the physical environment of the 

fracture site as a tool to identify the factors responsible for their recruitment and 

differentiation. However, to fully understand and exploit their potential as a skeletal stem 

cell population in vitro, a deeper exploration into its niche parameters must be studied. 

As previously identified, a niches biochemical, biophysical and physiological 

environment play significant roles in directing various stem cell characteristics. Herein, a 

short review on our current understanding of PDC function and niche regulatory 

pathways will be explored.  

 

1.5.4 Biochemical stimulation of PDC characteristics 
 

Periosteal progenitor cells can remain undifferentiated over several passages and viable 

after prolonged subcultivation, with the ability to proliferate into high densities. In vitro 

culture has illustrated their continuous ability to differentiate along all three lineages. 

Unlike BMSCs, PDCs exhibit a much faster proliferation rate, displaying no signs of 

senescence for over 80 population doubling times (Agata et al. 2007)(De Bari, Dell’Accio, 

and Luyten 2001). Their proliferative capacity persists with age along with their ability to 

differentiate along the osteogenic lineage (Sang et al. 2005)(O’Driscoll et al. 2001)(H. 

Chang and Knothe Tate 2012). BMSCs on the other hand suffer from telomere 

shortening and senescence with age, with differentiating capacity decreasing with age 

(H. Zhang et al. 2011)(Bellantuono, Aldahmash, and Kassem 2009). 

 

To confirm the cells proliferative capacity, well-established biochemical factors (as 

discussed earlier in the chapter) have been used to successfully differentiate PDCs 

along the osteogenic, chondrogenic and adipogenic lineage when expanded in 

conventional culture conditions (J Eyckmans et al. 2010)(Y. S. Choi et al. 2008)(De Bari, 

Dell’Accio, and Luyten 2001)(Scott P. Bruder, Jaiswal, and Haynesworth 1997). 

Although their differentiation capability is similar to that observed by BMSCs, exposing 

PDCs to other osteoinductive agents such as BMP2 and dexamethasone illustrate 

distinct effects compared to BMSCs. BMSCs exhibit a strong osteoinductive potential 

(demonstrated by the expression of alkaline phosphatase (ALP)) when cultured in the 

presence of both factors illustrating an additive effect to their differentiation potential. 

With regards to PDCs, BMP2 alone was adequate to elicit a comparable osteoinductive 

potential, suggesting that BMSCs and PDCs may possess distinct sensitivity to 

osteoinductive factors. Additionally, PDCs sorted for CD90 and against CD11b and 
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CD45 illustrated a higher differentiation capacity than BMSCs (Yoshimura et al. 2007). 

These distinct differentiation, proliferative potentials and innate differences observed 

between the two MSC populations may be attributed to their distinct skeletal niches.  

 

Upon isolation, in vitro expansion of PDCs is currently carried using conventional culture 

methodologies containing foetal bovine serum (FBS). This methodology has been widely 

accepted as it maintains PDC proliferation and differentiation. But whether it replicates 

the proliferative and differentiation capacity of PDCs exhibited in vivo is unknown. The 

use of FBS, has several implications on PDC behaviour. Due to its source, exposing 

xenogenic factors to human PDCs has been criticized for the potential introduction of 

infectious agents, therefore more prone to eliciting immunological responses during 

clinical application (Jan van der Valk et al. 2018). In addition to these limitations, culturing 

PDCs in FBS has shown limitations and potential alterations to the cell’s regenerative 

potential. In an attempt to elucidate PDCs characteristics as seen in vivo, Roberts et al. 

(2014) substituted the use of FBS with human allogeneic serum (hAS) during cell 

expansion (Roberts et al. 2014). This shift in serum conditions, increased the cells 

proliferative capacity with an apparent commitment towards the osteogenic lineage. The 

cells proliferative capacity was directed by STAT3 phosphorylation. In vivo 

transplantation of these cells on osteoinductive scaffolds enhanced the cells bone 

formation capacity compared to cells that were pre-cultured in FBS. Additionally, the cells 

cultured in hAS, illustrated a restricted lineage commitment potential towards an 

osteogenic and chondrogenic lineage, with FBS cultured cells directing a tri-lineage 

potential (Roberts et al. 2014).  

 

1.5.5 Periosteum mechanical properties and PDC 
mechanosensitivity 

 

In addition to their ability to respond to and differentiate through biochemical stimulation, 

PDCs are highly sensitive to mechanical induction, regulating their lineage commitment 

independent of biochemical factors (Knothe Tate et al. 2008). Providing the correct 

mechanical cues has been a long-standing effort to elucidate the cells differentiation 

capacity for clinical applications.  

 

The PDC niche is composed of a multi-layered fibrous tissue that is securely anchored 

to the underlying bone in a prestressed natural state through Sharpey’s fibres (Sarah H. 

McBride, Evans, and Knothe Tate 2011)(Sarah H. McBride et al. 2011)(H. Chang and 

Knothe Tate 2012). Its intrinsic collagen and elastin fibre ECM reinforced by the 
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Sharpey’s fibres provides a unique mechanical property with the capacity to withstand 

and mechanically regulate its resident stem cell niche. Periosteal tissue is anisotropic in 

nature; that is, the elastic modulus of the tissue depends on the direction of applied load. 

Bone enveloped with the hyper-elastic tissue has the capacity to absorb more energy at 

failure compared to bone stripped of its periosteum, forming a natural splint to bones 

under impact (Sarah H. McBride, Evans, and Knothe Tate 2011)(Bertram, Polevoy, and 

Cullinane 1998)(Knothe Tate et al. 2016). Stripping the periosteum from its native 

environment by cutting through the anchorage fibres, results in anisotropic shrinkage of 

the tissue, significantly altering its stress state (Sarah H. McBride, Evans, and Knothe 

Tate 2011). Removing the periosteum from the anterior surface of the ovine femur, for 

example, results in a 50% reduction in repaired tissue area. Its pre-stress mechanical 

stiffness is calculated as 12.06-0.40 MPa longitudinally and 0.77-0.43 MPa 

circumferentially (along long bone axes) (Evans, Chang, and Knothe Tate 2013). Upon 

trauma, the intrinsic stress of the periosteum dramatically changes, implying a potential 

trigger to activate PDC egression from a quiescent to a proliferative state (N. Y. C. Yu et 

al. 2017). In addition to responding to mechanical strain as a result of trauma, PDCs 

inherently experience a morphological change, suggesting a mechano-adaptation 

mechanism adopted by the progenitor cells. The periosteum evidently provides an 

interface to serve as both a mechanosensory as well as an actuator for bone repair via 

cellular and molecular trafficking. Developing a better understanding of the factors that 

link mechanical cues and PDC characteristics is imperative for deciphering the 

periosteum’s regenerative potential.  

 

Its mechanosensitive nature has been illustrated through loading techniques; whereby 

increased loading of a limb has illustrated rapid changes in gene expression favouring 

bone formation via the periosteum (Pead, Skerry, and Lanyon 2009)(Ballock et al. 

1997)(Thomson et al. 1999)(H. Chang and Knothe Tate 2012). Other forms of 

mechanical stimulation via dynamic fluid pressure, have induced PDC proliferation and 

chondrogenic lineage commitment (H. Chang and Knothe Tate 2012). Interestingly, 

exposing PDCs to various substrate and surface conditions, has demonstrated a degree 

of behavioural regulation. Culturing PDCs on fibrin substrates for example, enhanced 

PDC proliferation, however, exposing them to 3D scaffolds limited their proliferative 

capacity and increased their osteogenic potential (Demol et al. 2011)(Kubo et al. 2008). 

Culturing the cells on soft titanium surfaces further enhanced their osteogenic 

commitment, with rough etched titanium surfaces favouring BMSCs osteogenic potential 

(Kubo et al. 2008).  
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Stripping the periosteum of its pre-stress state has illustrated significant changes to the 

overall architecture of the periosteum with increased collagen crimp. Alteration span to 

eliciting morphological changes, with PDCs adopting nuclear rounding within the 

cambium layer. PDCs evidently are greatly affected by their surrounding mechanical 

properties in vivo, with a disruption to its baseline stress state, triggering PDC activation, 

proliferation, migration and differentiation (Moore et al. 2016)(Knothe Tate et al. 

2007)(Sarah H. McBride et al. 2011)(Evans et al. 2013). The local mechanical milieu of 

PDCs is markedly dynamic and sensitive to the pre-stress state of the periosteum. The 

cytoskeletal networks of PDCs are continuously organised and reassembled as a means 

of regulating their intracellular tension and controlling associated chemical pathways 

necessary for bone homeostasis and growth (Knothe et al. 2010)(N. Y. C. Yu et al. 

2017)(Knothe Tate et al. 2016).  

 

The current knowledge available to date aims to identify parameters required to promote 

and enhance PDC differentiation for regenerative purposes. However, limited research 

is available on the niche parameters responsible for maintaining an undifferentiated 

population of cells. Using developmental engineering, this project will thus aim to 

engineer and elucidate the key niche parameters that regulate postnatal PDC 

characteristics.  

 

1.6 Adipose stromal tissue as a source for skeletal 
stem cells  

 

Regenerative medicine has continued to explore the body’s regenerative potential as a 

means of restoring our body’s functionality through tissue repair. In this regard, various 

cell types have been investigated. To date multiple MSC populations have been 

identified and pose as clinically relevant cell populations, however, are associated with 

a host of limitations. Bone marrow derived MSCs for example, require highly invasive 

aspiration procedures and experience a decline in their proliferation and differentiation 

potential with increasing senescence over time (Hyun 2010)(Stoltz et al. 2015)(Frese, 

Dijkman, and Hoerstrup 2016). This limitation prompted the search for alternative stem 

cell sources at the beginning of the 21
st
 century, when Zuk et al. introduced an 

undifferentiated population of progenitor cells with a multipotent, self-renewing capacity 

from adipose tissue, that are morphologically and phenotypically similar to bone marrow 

derived MSCs (Zuk et al. 2001)(Frese, Dijkman, and Hoerstrup 2016). These adipose 

tissue derived-MSCs (AD-MSCs) as suggested by the Internal Fat Applied Technology 
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Society (IFATS), display the capacity to differentiate and illustrate a host of stem cell 

markers in vivo (Maleki et al. 2014). The ease of accessibility to subcutaneous adipose 

tissue using a minimally invasive method, stem cell quality and proliferative capacity that 

does not decline with age, outlines the AD-MSCs as a superior alternative clinical cells 

source, providing a clear advantage over BMSCs. AD-MSCs are equivalent to ADSCs, 

with both acronyms used interchangeably in several studies. For matter of consistency, 

AD-MSCs will be used throughout this thesis in reference to adipose derived 

mesenchymal stromal cells.  

 

Adipose tissue is known to home an abundant source of adult stem cells that are easily 

accessible. White adipose tissues (WAT) that functions as an energy store, contains a 

large number of AD-MSCs compared to brown adipose tissue (BAT), with distinct 

differentiation capacities. WAT functions to provide insulation and mechanical protection. 

It is a major endocrine organ and plays an active role in metabolic regulation and 

physiological homeostasis (Alkhouli et al. 2013).  For clinical applications, AD-MSCs are 

repeatedly extracted from WAT in subcutaneous regions. Their isolation and viability 

greatly depend on the technique used to harvest the tissues. AD-MSCs are a 

heterogenous population of progenitor cells that can be characterised by detecting their 

cell surface markers by flow cytometry (Chu et al. 2019). These cell populations include 

adipose stromal cells, endothelial progenitors, pericytes and hematopoietic cells. AD-

MSCs express the standard stem cell markers CD34, CD73, CD90 and CD105 (Chu et 

al. 2019)(Raposio et al. 2016), consistent with the minimal criteria of an MSCs as defined 

by ICST and IFATS (Bourin et al. 2013)(Palumbo et al. 2018). Additional markers that 

identify the population of stem cells include CD31-, CD45-, CD146- (Legzdina et al. 

2016). The cells morphology and gene expression profile are similar to other MSCs 

populations including bone marrow and umbilical cord, with over 25 up-regulated genes 

which overlap between all stem cell populations (Wagner et al. 2005)(Chu et al. 2019). 

In vitro, expansion of AD-MSCs can achieve maximum proliferation when cultured in 

10% FBS (Roxburgh, Metcalfe, and Martin 2016).  

 

AD-MSCS are isolated using a methodology that has been well developed over the last 

20 years and is the most useful and clinically effective methods. Zuk et al. first isolated 

AD-MSCs in 2001 using collagenase type II to digest adipose tissue, which was 

subjected to multiple NH4Cl washes (Zuk et al. 2001). Raposio et al later developed a 

standard protocol for obtaining over 9.06. x 10
5
 cells/ 100 ml of adipose tissue, with 99% 

viable AD-MSCs through liposuction (Raposio and Bertozzi 2017). This process was 
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conducted with minimal contamination, time consumption, guaranteeing safety and 

efficacy of the stem cell population for clinical use.  

 

1.6.1 AD-MSC differentiation 
 

AD-MSCs are multipotent stem cells with the capacity to differentiate along the 

adipocytic, osteogenic, chondrocytic and neurogenic lineages (Si et al. 2019). Their 

degree of differentiation is defined by their cell-surface markers. AD-MSCs that are 

positive for CD146 are more favourable to differentiate into adipocytes than cells 

negative for CD146 (Lauvrud et al. 2017). The pericytic maker CD146 is a type of self-

renewing osteoprogenitor marker in human bone marrow MSCs and has recently been 

identified to represent human skeletal stem cells (Sacchetti et al. 2007)(J. Q. Liu, Li, and 

Tan 2019). Like PDCs, AD-MSCs can be subjected to differentiation using well 

established factors as previously described, to direct their osteogenic, chondrogenic and 

adipogenic commitment, in vitro. Their osteogenic commitment has been linked to 

several pathways including BMP, Wnt/b-catenin, FGF, PKA and ERK1/2 pathways 

(Grottkau and Lin 2013)(Fathi and Farahzadi 2017)(Chu et al. 2019).  

 

Current limitations associated with directing their regenerative potential in vivo, are 

associated with the scaffolds used to transport AD-MSCs, that are known to promote the 

proliferation and differentiation of the implanted cells through the chemical composition 

and physical properties of the material. However, these scaffolds known to provide a 

suitable environment in vitro, cause cellular stress upon transplantation, and subsequent 

cell death (Neri 2019). As such, recent studies have opted to introducing materials 

including collagen, to efficiently support cellular differentiation and proliferation in the 

implanted site. Elucidating AD-MSC potential for regenerative purposes, requires an 

intricate understanding of its environmental niche and the inherent parameters 

associated with directing cellular fate. Herein, a brief exploration of the biophysical 

properties of an adipose tissue will be described and its effect on cell behaviour.   

 

1.6.2 Mechanical properties of human adipose tissue 
 

Adipose tissue is composed of loose connective tissue of high expandability, composed 

of lipid filled cells called adipocytes. Other inhabitants include fibroblasts and immune 

cells that are embedded in a highly vascularised collagenous ECM (Alkhouli et al. 2013). 



 70 

In an obese state, adipocytes become hypertrophic due to lipid uptake and experience 

an increase in immune cells (Sun, Kusminski, and Scherer 2011). Additionally, 

experience a surge in collagen deposition. Adipocytes, whose cytoplasm is completely 

occupied by a triglyceride lipid droplet, makes up a majority of adipose tissue volume, 

with lipid droplets constituting up to 85% of the adipose tissue weight (Alkhouli et al. 

2013). Adipocytes are encapsulated by a basement membrane rich in collagen type IV 

and surrounded by a collagen rich matrix (Chun 2012)(Alkhouli et al. 2013). To date, 

minimal studies have identified the mechanical properties of adipose tissue (Gefen and 

Haberman 2007). Two distinct mechanical properties would need to be characterised to 

elucidate the tissues shock absorbing potential and function as a fat storage. The stress-

strain behaviour indicates a tissue stiffness of subcutaneous fat to be between 1-12 kPa 

upon 30% strain (a maximum strain level at which the tissue can withstand in vivo). This 

statistically large difference between the initial and final moduli implies a high elastin to 

collagen ratio. This further implies that adipose tissue is highly elastic with elastin fibres 

contributing to the extremely flexible and connective tissue resilience and flexibility. 

These compliment the function of collagen fibres that provide the stiffness and tensile 

strength to the tissue (Alkhouli et al. 2013).  
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1.7 Project Aims  
 

With our current understanding of stem cell characteristics and the effects of 

microenvironmental stimuli on regulating cellular fate, this thesis aims to further explore 

the effects of these stimuli on periosteal derived cells (PDCs) and Adipose-derived MSCs 

(AD-MSCs).  

 

1.7.1 Hypothesis 
 

By identifying the biochemical and biophysical properties of two specific stem cell niches, 

progenitor cell potency can be achieved, in vitro. 

 

1.7.2 Aims:  
 

1) To define the signalling pathways that control PDC potency. 

2) To mimic the 3D ECM of the periosteum to promote PDC potency. 

3) Investigate the effects of oxygen tension on 2D and 3D cultures to achieve 

progenitor cell potency. 

4) Investigate the effects of matrix stiffness on progenitor cell potency.  
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Chapter 2: Defining the signalling 
pathways that control PDC potency 
 
Aims: Develop a protocol for the expansion of human PDC through the 

transcriptomic analysis of cells cultured in human allogeneic serum.  

 

Hypothesis: By mimicking human biology we can maintain stem cell potency, in vitro. 

 

2.1 Introduction:  
 

Unlike other progenitor cell rich populations (endosteal and bone marrow), periosteum 

derived cells (PDCs) illustrate a promising cell source for osteochondral repair, 

predominantly due to their ability to be isolated and expanded in vitro (Roberts et al. 

2014)(Colnot 2009). Additionally, this cell population displays multipotent characteristics 

at single cell level, high proliferation rate while retaining their ability to differentiate in vitro 

(S P Bruder, Fink, and Caplan 1994), and the ability to further direct bone formation when 

combined with clinically used calcium phosphate (CaP) scaffolds (Roberts, Geris, et al. 

2011)(Bolander et al. 2016). To maintain this ability to self-renew and differentiate ex 

vivo over long periods of time while ensuring a sufficient expansion ability for their use 

in cellular therapeutics, specific culture conditions must be applied to retain their 

progenitor-like characteristics (Cimino et al. 2017). Herein, the aim of this chapter is to 

identify the key biochemical factors responsible for regulating PDC biology.  

 

To date, various progenitor cell populations are exposed to a myriad of factors to allow 

for their survival and growth in vitro. Human MSC for example, are generally expanded 

in conventional culture conditions in vitro supplemented with foetal bovine serum (FBS) 

providing bioactive molecules such as growth factors, hormones and proteins necessary 

for cell growth and function (Cimino et al. 2017). However, a number of disadvantages 

and limitations are associated with its use; it is an ill-defined supplement with 

inconsistency with regards to quality and quantity of bioactive compounds present, 

producing lot-to-lot variability (Bjare 1992)(Zheng et al. 2006). Additionally, when hMSCs 

are employed for cell therapies, the use of a xenogenic serum could result in possible 

cell contamination and microbial contaminants resulting in graft failure in regenerative 

therapies (Simonetti et al. 2007). The presence of prions, viruses, bacteria, mycoplasma 

and yeast within the serum are difficult to eliminate and thus the use of FBS in the culture 
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of human derived cells prior to cell therapy is problematic (Simonetti et al. 2007). With 

regards to ethical concerns, harvesting FBS has resulted in yet another challenge that 

occurs during isolation of the serum from foetal calves, resulting in donor pain and/or 

suffering, which may be deemed ethically inhumane (J. Van Der Valk et al. 2004).  

 

Thus, various serum-free and xeno-free medias have been developed in attempt to limit 

the adverse effects associated with the use of animal serum in future clinical applications 

(Brunner et al. 2010) (Naung et al. 2019). A xeno- and serum-free Dulbecco's Modified 

Eagle's Medium (DMEM)/F-12-based E8 medium has been developed and tested on 

human palatal PDCs. The serum illustrated successful PDC plastic adherence and tri-

differentiation, in vitro (Naung et al. 2019). (Roberts et al. 2014)  however, illustrated that 

expanding human PDCs in a humanized culture containing human allogeneic serum 

(hAS) only exhibited their ability to differentiate down the osteogenic and chondrogenic 

lineages. These findings were translated successfully in vivo using NMRI-nu/nu mice. 

Nevertheless, the use of hAS for clinical applications would require extensive screening 

and a well-characterized pool of donors, which could prove problematic in a clinical 

setting. Therefore, it is imperative to develop alternative methods of incorporating the 

necessary factors required to maintain human PDCs proliferative and stem-like 

characteristics in lieu of hAS.  

 

By developing an expansion media that closely mimics the in vivo biochemical 

environment of the cell, we hypothesized that a 3D tissue mimic could be produced that 

could replicate certain aspects of the periosteum. This would potentially enhance the 

cell’s regenerative potential, further augmenting their success rate in clinical translation. 

The expansion conditions were defined through the transcriptomic analysis of cells 

cultured in hAS. Using RNA Sequencing data obtained from hPDCs cultured in hAS 

relative to FBS, this study focuses on identifying the key master regulators activated by 

hAS cultured conditions. Various tools were used herein to successfully identify these 

factors and their respective effects on hPDC characteristics. Online platforms including 

Ingenuity Pathway Analysis (IPA) and Database for Annotation, Visualization and 

Integrated Discovery (DAVID) represented effective tools for the identification of the key 

regulators. A further literature search was performed to elucidate any precedent for 

mesenchymal stromal cell expansion, differentiation potential and to determine 

appropriate concentrations for in vitro culture.  

 

To further develop the periosteum-derived specific growth medium, the identified factors 

were individually assessed for their effect on hPDC proliferation, metabolism and gene 
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expression profile of progenitor markers using a leave-one-factor-out strategy (Roberts, 

Chen, et al. 2011). To successfully complete this study, various methodologies required 

optimisation in order to assess for hPDC survival and metabolism. Culturing primary cells 

calls for a robust technique that would allow for consistent and reliable output data. With 

regards to quantifying the cell’s DNA content (for assessment of proliferation), 

conventional techniques that have been highly published may not necessarily produce a 

similar degree of robustness.  

 

Prior to testing the effects of the selected growth factors, an optimal basal media was 

required to provide for a carrier for the selected factors, allowing for cellular growth and 

survival, and with minimal effect on cellular proliferation. The use of FBS and hAS as 

mentioned, are associated with a vast range of limitations, and thus the development of 

a defined media is vital in the development of the periosteum-derived growth medium. 

Examples of components to replace serum include insulin, transferrin, sodium selenite, 

albumin and linoleic acid. Insulin drives glucose and amino acid uptake, lipogenesis, and 

the synthesis of proteins; Transferrin is an iron carrier and plays a role in relegating the 

toxic radical oxygen species by binding to free iron capable of producing free radicals; 

and selenium (supplemented as sodium selenite) is a co-factor for glutathione 

peroxidase and is predominantly used as an anti-oxidant in the media. Linoleic acid, an 

unsaturated fatty acid, is not synthesized by animals but must be provided as a nutrient 

in cell culture. It provides a site for long term energy storage derived from NAPDH and 

ATP and provides cellular structural support of the cell membrane. Establishing a defined 

media would require the replacement of not only growth factors necessary for cell 

survival, but proteins and fatty acids present within the serum that carry out all other 

essential cellular functions. Thus, this study chapter will cover the optimization of various 

basal media compositions that would allow for cellular survival and a stable metabolic 

function. 
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2.2 Materials and Methods:  
 

2.2.1  Methods associated with identifying biochemical 
factors using RNA Sequencing data: 

 

2.2.1.1 Collection of human allogeneic serum:  
 

Human allogeneic serum was extracted as described in (Roberts et al. 2014). 15 healthy 

volunteers provided human peripheral blood in BD vacutainer SST tubes (BD 

Biosciences, San Diego, CA, http://www.bdbiosciences.com). All protocols were 

approved and assessed by the institutional review board of Leuven University and all 

donors provided written consent prior to sample collection. Additionally, all donors were 

selected having ensured that no steroidal drugs or bisphosphonates were administered 

12 months prior to extraction. Sterilised serum was stored at -20°C.  

 

2.2.1.2 Harvest of periosteal tissue and culture of hPDCs:  
 

Periosteal biopsies (0.5 cm
2
) were previously extracted from patients undergoing 

orthopaedic surgery, with approval obtained from the Human Medical Research (KU 

Leuven) and patient informed consent obtained. Tissue was harvested from the medial 

side of the proximal tibia of 6 different donors (Age = 14.9 ± 2.1; Male: Female = 4:2) 

during total knee replacement surgery or distraction osteogenesis, as described in 

(Roberts, Chen, et al. 2011). The tissue was transported to the labs in growth medium 

consisting of high glucose DMEM (Invitrogen) supplemented with 10% FBS 

(BioWhittaker, Verviers, Belgium) and antibiotic–antimycotic solution (100 units/ml 

penicillin, 100 μg/ml streptomycin, and 0.25 μg/ml amphotericin B; Invitrogen, 

Merelbeke, Belgium). Biopsies were minced and digested in growth medium containing 

0.2% collagenase type IV (Invitrogen, Merelbeke, Belgium) overnight at 37°C. Cells were 

obtained using centrifugation and subsequently cultured in T25 flasks for a period of 5 

days in growth medium. All non-adherent cells were removed by replacing the growth 

medium. Colony formation was observed on the flasks, a primary indication of the 

presence of stem cells. Cells from all patients were pooled and cultured to minimise 

genetic variability. Ethical approval was warranted from the Human Medical Research 

(Katholieke Universiteit Leuven) and written consent obtained from all patients. The CD 

marker profile (CD73+, CD90+, CD105+, CD14-, CD34-, CD45- and CD146-), tri-linage 
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differentiation capacity (osteogenic, chondrogenic, adipogenic) and in vivo bone forming 

capacity (bone ossicle with marrow) of this donor pooled population has been previously 

published and used to identify the periosteum progenitor population (Roberts, Geris, et 

al. 2011; Roberts et al. 2014). 

 

To assess the effect of FBS and hAS on hPDCs, the cells were cultured and expanded 

until 70% confluency was achieved. The cells were trypsinised using Trypsin (0.25% 

trypsin, 1 mM Ethylenediaminetetraacetic acid (EDTA; Invitrogen, Merilee, Belgium) and 

subsequently cultured at a cell density of 1000 cells/cm
2
. All conditions were set up using 

3 batches of hAS and FBS, seeded with a technical repeat of n=3 and dosed with either 

10% FBS or 10% hAS (donor pooled) for a period of 6 days. The complete experiment 

was conducted once. This experimental set up was conducted at KU Leuven; Belgium. 

 

2.2.1.3 RNA Sequencing and analysis of data set:  
 

To determine the genetic differences observed when the cells were cultured in either 

FBS or hAS, all samples were subjected to RNA sequencing. RNA was extracted using 

the Illumina TruSeq Standard Total RNA Sample Prep Kit (Illumina, US). A minimum of 

33 ng/μL of RNA was confirmed prior to sequencing using a BioAnalyzer (Agilent). A 

total of 3 samples from each condition was used for RNAseq.  

 

RNAseq was performed at the Nucleomics Core (KU Leuven; Belgium). Libraries were 

generated from 2 μg RNA using the TruSeq library prep kit (Illumina, San Diego) as per 

the manufacturer’s recommendations. Sequencing of all samples was carried out on the 

HiSeq2000 (Illumina), with read lengths of 50 base pairs. Between 25-39.3 million reads 

were sequenced for each sample. Distributions of the average read quality was 

calculated using the ShortRead 1.18.0 package from Bioconductor 

(http://www.bioconductor.org). Base calling accuracy, measured by the Phred quality 

score, was measured in all samples, with values of ≥30.  

 

Pre-processed reads were aligned with the reference genome of Homo sapiens 

(GRCh37.73) using Tophat v2.0.8b. Quality filtering was performed to remove reads 

from the alignment that were non-primary mappings or had a mapping quality ≤ 20 with 

SAMtools 0.1.19. The number of mapped reads varied between 17.7 and 28.3 million 

reads per sample. Subsequently, Cufflinks v2.1.1 was used to extract unique transcript-

related features. A list of gene level coordinates was constructed by merging the exon 

chains of transcripts that belong to the same gene using mergeBed from the Bedtools 
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v2.17.0 toolkit. The number of exons and number of transcripts was subsequently 

computed for each gene. Genes where reads could be attributed to more than one gene 

(ambiguous) or could not be attributed to any gene (no feature) or which all samples 

have less than 1 counts-per-million (absent) were removed. This left a total of 15,518 

identified genes. GC-content was corrected in each sample using full quantile 

normalization on bins of GC-content with the EDASeq package from Bioconductor. 

Between-sample normalization (sample-specific variation due to the library size and 

RNA composition) were corrected for using full quantile normalization with the EDASeq 

package from Bioconductor. A Relative Log Expression plot using log2-scale normalized 

counts for each gene as expression level was constructed and resultant values of close 

to 0 indicated the normalization was successful. For each gene, the expression levels of 

both conditions were estimated from the raw counts with the DESeq 1.14.0 package of 

Bioconductor and tested for differential expression based on a model using the negative 

binomial distribution. To select genes the corrected p-value was set at < 0.05 which 

resulted in 1331 differentially regulated genes (log2 ratio ≤ −1 or log2 ratio ≥ 1). 

 

The differentially expressed genes identified from the RNA sequencing were interrogated 

and analysed using the online platform DAVID (Database for Annotation, Visualization 

and integrated Discovery, http://david.abcc.nciforf.gov/) to determine the biological 

processes activated or inhibited by the various growth conditions. Additionally, the data 

was further analysed using Ingenuity® Pathway Analysis (IPA®) (Qiagen, Netherlands) 

to identify key targets and prominent regulators associated with signalling pathways that 

were either activated or inhibited in the various media conditions. 

 

2.2.1.4 Validation of RNA Sequencing data (qPCR) 
 

Before incorporating the RNA Sequencing data within the study, the data was validated 

using quantitative Polymerase Chain Reaction (qPCR). Differentially regulated genes 

were selected based on RNA Sequencing fold change ratios in cells cultured in hAS 

compared to FBS. The genes examined demonstrated a highly up/down regulated 

expression (fold change >20), moderate expression (fold change 10-20) and minimal 

up/down regulation (fold change <10) (gene panel illustrated in Table 2.1). Primer 

sequences were generated for each primer set with the following parameters: All primers 

were designed with an annealing temperature between 57°C and 60°C and insured were 

exon spanning sequences or on an exon-exon junction. The product size was developed 

with a minimum of 70 base pairs (bp) and maximum of 150 bp. Primer temp was set to 

Min- 57°C Opt- 60°C Max- 62°C. GC content was capped at 60%, self-complementarity 
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accepted maximum 3.00, self 3’ complementarity accepted at 3.00 and ΔG was accepted 

at -4 for both forward and reverse primers. Primer pairs were tested for specificity using 

primer BLAST. Primers were designed using either the National Centre for 

Biotechnology (NCBI) nucleotide platform or Integrated DNA technologies (IDT-DNA) 

platform. Primers were purchased through Eurofins Genomics (Ebersberg, Germany). 

Primer efficiency was tested on various cDNA concentrations derived from hPDCs (1000 

ng/µL, 100 ng/µL, 10 ng/µL, 1 ng/µL and 0.1 ng/µL). An efficiency above 85% over at 

least three of the standards was accepted.  

 

Designed primers were thus tested on the RNA samples used to conduct the RNA Seq 

(RNA samples extracted from cells cultured in either 10% FBS or 10% hAS). Primers 

used are shown on Table 2.1. 400 ng of RNA was reverse transcribed into 

complementary DNA (cDNA) using the High-capacity cDNA Reverse Transcription kit 

(Applied Biosciences, UK) according to manufacturer’s instructions. SYBR green 

(Biorad, UK) qPCR was conducted on all samples with all samples normalised to the 

house keeping gene Hypoxanthine Phosphoribosyltransferase 1 (HPRT1) as previously 

described in (Roberts, Chen, et al. 2011). Relative differences in expression was 

calculated using the 2
-ΔΔCt

 method (Livak and Schmittgen 2001).  

 

For all gene expression total RNA was isolated using RNeasy kit (Qiagen, Germany) 

following manufacturer’s instructions. 400 µg of RNA was transcribed using the High 

Capacity cDNA Reverse Transcriptase Kit (Thermo Fisher Scientific, Paisley, UK). 

Transcribed cDNA was assessed using CFX96 Touch™ Real-Time PCR Detection 

System (40 cycles) using the iTaq Universal SYBR Green Supermix (Bio-Rad, 

Hertfordshire, UK). Relative differences in expression were calculated using 2
-∆∆Ct 

(Livak 

and Schmittgen 2001) normalised to HPRT1. 
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Table 2.1 Primers designed for the validation of RNA Sequencing data. 

Primer Forward Reverse 
FGF9 GGGGAGCTGTATGGATCAGAAA GTATCGCCTTCCAGTGTCCA 

IGF1 GACCCAGAAGTATCAGCCCC TCTTGTTTCCTGCACTCCCTC 

MMP1 TGTGGTGTCTCACAGCTTCC GGGCCACTATTTCTCCGCTT 

NOG CGCCCTGGAGTAATTTCGGA GCGGAAGAAAGGCACACAAG 

SEMA3A AAAGCGTGTGCTGAGTGTTG TTGTCGTCTTGTGCGTCTCT 

ALPK2 AACGCTGGCTAAAGGGTACA GGCTGCTTCTGTTTCTGGTTG 

PDGFA CCTGGAGATAGACTCCGTAGG GCTTCCTCGATGCTTCTCTTC 

ANGPTL TGTATGCAGGAAACTGCGCC TTGCTTCTGTAATGGCCTCCTC 

TAGLN3 AGTTCCTAAAAGCTGCGGAG TCATCCTTGGTGACTGCAAC 

CILP2 ACCTGGTGAAACACCCTGAG CCCATTGTGGAACCAGGAGTA 

BCL2A1 ACACAGGAGAATGGATAAGGC TCAACAGTATTGCTTCAGGAGAG 

SULT1B1 TGGCTCGTAATGCCAAGGAT ACCATAGGCCACTTTTCCAGTT 

PDK4 ACAGAGGAGGTGGTGTTCCC AAACCAGCCAAAGGAGCATTC 

CXCL2 CTCTCCTCCTCGCACAGC GGGCGCTCCTGCTGC 

 

2.2.2  Optimising the development of the growth factor 
cocktail  

 

2.2.2.1 Human periosteum-derived cell cultures: 
 

Passage 6 hPDCs were expanded in growth media composed of phenol red free high 

glucose DMEM, 1% antibiotics/antimycotics (Gibco, UK) and 1% sodium pyruvate 

(Gibco) supplemented with 10% foetal bovine serum (FBS) (Gibco). Once confluency of 

70% was attained, growth medium was removed and washed with phosphate buffered 

saline (PBS), and finally detached using TrypLE (Gibco). Cells were cultured in 48 well 

plates over a range of cell densities: 500, 2000, 5000, 10,000, 15,000, 20,000, 100,000 

cells/ well (technical repeat n=4; experimental repeat n=3). Cells were allowed to attach 

for 6 hours with hourly monitoring after which growth medium was removed and cells 

subjected to various DNA extraction methodologies described below.  

 

2.2.2.2 Developing methodology to assess for cell 
proliferation: 

 

1. Buffer RLT: Growth media was removed and subjected to a PBS wash. All 

solution was removed, and cell culture plate was stored at -80°C overnight. The 

plate thawed and allowed to reach room temperature. 200 µL of RLT lysis buffer 
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(Qiagen) obtained from the RNeasy Kit was used to lyse the cells. In addition to 

the lysis buffer, a separate study included the use of RLT lysis buffer with ß-

Mercaptoethanol (b-Me). ß-Me used at a 1:100 dilution was used to effectively 

inactivate RNases and DNases in the cell lysates. The cells were detached from 

the well plates and placed into DNAse/RNAse free Eppendorf tubes and 

subjected to a vigorous homogenization using a 21 G syringe and briefly vortexed 

shortly after. The cell lysates were added to a 1 µg/mL Hoechst 33342 (Thermo 

Fisher Scientific, UK) solution in TNE buffer (10mM Tris, 1 mM EDTA, 200mM 

NaCl at pH 7.4) and allowed to incubate in the dark at room temperature for 15 

mins. Fluorescence measured at excitation/emission 360/480 (Gothard et al. 

2015).  

2. Triton X-100: TX-100 is a non-ionic surfactant used to permeabilise cell 

membranes and/or to lyse cells. Once the cells were washed with Phosphate 

Buffered Saline (PBS), 200 µL of 0.05% or 0.1% TX-100 (diluted in molecular 

grade H2O) was added to the well plates and samples transferred into eppendorfs 

and stored in -80°C overnight (Roberts et al. 2014). The samples were allowed 

to reach room temperature and diluted in 1 µg/mL Hoechst 33342 solution in TNE 

to allow for DNA detection. Samples were incubated in the dark for 15 mins and 

fluorescence measured.  

3. GenElute TM Mammalian Genomic DNA kit (Sigma, UK): Cells were washed with 

PBS and lysed using Lysis Solution C obtained from the kit. The samples were 

further processed for DNA isolation according to manufacturer’s instructions. 

Once DNA was isolated, it was subjected to Hoechst detection as previously 

described.  

4. Cell Counting Kit-8 (CCK8) (Sigma, UK): Cells were subjected to WST-8 solution 

from the CCK8 kit and incubated in a humidified incubator for either 1, 2, 3, or 4 

hours. Absorbance measured at 460 nm. CCK8 is a colorimetric assay that uses 

a water-soluble tetrazolium salt to directly quantify the number of cells. The salt 

undergoes metabolic reduction by cellular dehydrogenase to an orange formazan 

product that is soluble is tissue culture media. The amount of formazan produced 

in the culture media is directly proportional to the number of living cells present 

within the culture.  

5. QubitÒ ds DNA BR Assay kit using Qubit 3.0 FluorometerTM (Thermo Fisher 

Scientific): The Qubit is a benchtop fluorometer that allows for fast and highly 

accurate quantification of DNA, RNA and protein at rates of 5 seconds/sample. It 

allows for accurate reads of DNA from 100 pg/µL to 1000 ng/µL requiring volumes 
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as low as 1-20 µL. Cells were initially lysed using RLT Lysis buffer and ß-Me 

obtained from the RNeasy kit and diluted and processed using reagents obtained 

from the QubitÒ ds DNA BR Assay kit in accordance to manufacturer’s 

instructions.  

 

2.2.2.3 Analysis of in vitro cellular response:  
 

PrestoBlueTM Cell viability Reagent: PrestoBlue
TM

 reagent is a colorimetric assay that 

uses a cell permeable resazurin-based solution that assesses for cell metabolism by 

using the reducing power of live cells. Once the solution is taken up by the cells through 

the growth media, resazurin is reduced and converted to an intensely red-fluorescent 

dye (resofurin) detected using absorbance or fluorescence. Herein, a 10X solution was 

added into fresh growth media and allowed to incubate with the samples in a humidified 

chamber for 10 mins whereby the growth medium was subjected to absorbance reads 

at 570 nm (with 600 nm reference wavelength). Percent reduction of PrestoBlue
TM

 

reagent is measured using the following equation: 

 

Percent Reduction of PrestoBlueTM Reagent = (O2 X A1) – (O1 X A2) X 100  

     (R1 X N2) – (R2 X N1) 

Where:  

O1=molar extinction coefficient of oxidized PrestoBlue
TM

 reagent at 570 nm  

O2=molar extinction coefficient of oxidized PrestoBlue
TM 

reagent at 600 nm  

R1= molar extinction coefficient of reduced PrestoBlue
TM

 reagent at 570 nm  

R2= molar extinction coefficient of reduced PrestoBlue
TM

 reagent at 600 nm 

A1=absorbance of test wells at 570 nm  

A2=absorbance of test wells at 600 nm  

N1=absorbance of media only wells at 570 nm  

N2=absorbance of media only wells at 600 nm  

 

2.2.2.4 Determining an optimal basal media to study the 
effects of the selected growth factors:  

 

The aim of this study was to determine the survival capacity of hPDCs on different xeno-

free test basal medias. Three different test basal medias were assessed, and 

proliferation and metabolic activity determined.  
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Passage 6 hPDCs (a passage previously shown to possess PDC potency)  were cultured 

in growth media supplemented with 10% FBS and allowed to reach confluency at 70% 

from which cells were seeded in triplicates for 0, 2, 4 and 6 days at a cell density of 1000 

cell/cm
2
 (Declercq, De Ridder, and Cornelissen 2005; De Bari et al. 2006; Roberts et al. 

2014). Cells were initially allowed to attach for 24 hours prior to appropriate media 

changes containing the components mentioned below.  

 
Table 2.2 Illustrating different basal medias to conduct the leave-one-factor-out strategy. 

Media Composition 

Basal Media DMEM (phenol red free) (Gibco, UK),  
1% Antibiotics/Antimycotics (Gibco, 
UK), 1% Sodium Pyruvate (Gibco, UK) 

1% FBS Basal Media + 1% FBS 
2% FBS Basal Media + 2% FBS 
10% FBS Basal Media + 10% FBS 
Serum Replacement Basal Media + Serum replacement 3 

(Sigma, UK) (1:50- 2%) 
Test Basal Media 1 (TMB1) Basal Media + Serum replacement 3 

(1:50 dilution- 2%) (Sigma), 
6.25 µg/mL Sodium Selenite (Sigma, 
UK), 5.35 µg/mL Linoleic acid (Sigma, 
UK) 

Test Basal Media 2 (TBM2) Basal Media + 1.25 mg/mL HSA 
(Albumin Serum Human; Sigma),  
6.25 µg/mL Transferrin (Sigma),  
6.25 µg/mL Sodium Selenite (Sigma), 
5.35 µg/mL Linoleic acid (Sigma) 

 

Basal media illustrated in Table 2.2 was used as a control test sample to observe the 

effects of the supplemented components such as the serum replacement, sodium 

selenite, transferrin, linoleic acid and human serum albumin (HSA). Additionally, 1% 

FBS, 2% FBS and 10% FBS supplemented growth mediums were used as control 

measures to monitor cellular growth throughout the study. Phenol red free DMEM was 

incorporated in place of phenol containing DMEM. Phenol is a weak oestrogen and has 

the potential to stimulate oestrogen sensitive cells (Welshons et al. 1988). Known to bear 

oestrogen-like bioactivity on cells, phenol was eliminated to prevent cross reactivity with 

b-Estradiol in the development of the growth factor cocktail.  

 

Serum replacement 3 (Sigma): This is a defined manufactured serum replacement 

solution used for long term cultures of human or mammalian cells when studying the 
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effects of growth factors. It contains human proteins such as human serum albumin 

(HSA), human transferrin and human recombinant insulin. It does not contain any growth 

factors, steroid hormones, glucocorticoids or cell adhesion factors. It was incorporated 

into the basal media at a 2% concentration (in accordance to manufacturer’s 

instructions).  

 

Test Basal Media 1: In addition to the serum replacement, sodium selenite and linoleic 

acid were incorporated. Sodium selenite was used as a source of selenium otherwise 

provided in the growth serum. Selenium is an essential component for normal cell growth 

and development, both in vivo and in vitro. With their antioxidant functions the enzymes 

provide a comprehensive range of defence mechanisms against oxidative damage.  

 

Linoleic acid is an essential fatty acid not synthesized by animals and is usually 

supplemented into culture systems, providing a source of long-term energy storage. 

These fatty acids form precursors of prostaglandins, phospholipids, glycolipids and 

vitamins. They are important constituents of the cell membrane.  

 

Test basal media 2: In place of the serum replacement, this test basal media constituted 

of HSA, transferrin, sodium selenite and linoleic acid. TBM2 was tested as a basal media 

that excluded recombinant insulin. As IGF-1 was a growth factor being investigated, 

insulin and IGF-1 share a common ancestry with 45% amino acid homology and both 

provide growth hormone functions. Insulin has a protein anabolic activity, stimulating 

IGF-1 synthesis (Laron 2008). Due to potential crosstalk involved with these proteins, it 

was imperative that the basal media used would not directly interfere with the effects of 

the selected growth factors on the hPDCs. As a result, this media incorporated the 

components of the aforementioned serum replacement with the exception of insulin.  

 

HSA is a source of albumin that functions as a binding agent to sequester and stabilise 

small molecules and ions that are otherwise unstable or destructive when existing in non-

complex forms. Albumin acts as a multifaceted antioxidant derived from human or foetal 

bovine serum. Their function on cell growth and metabolism differ in the presence of 

distinct ligands, driving the resultant cell phenotypes cultured in either human or bovine 

serum. Albumin additionally binds to fatty acids preventing their oxidation; additionally, 

binds copper preventing their participation in oxidation reactions.  

 

Transferrin was additionally supplemented in lieu of the serum replacement. Transferrin 

is an iron chelator, that prevents the toxic effect of iron thus maintaining cellular iron 
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homeostasis. By sequestering iron in a non-toxic form, transferrin delivers iron into cells 

in a well-regulated manner, to maintain cell division (Conrad and Umbreit 2000)(Kovář 

and Franěk 1989).   

 

The concentrations of HSA, transferrin, sodium selenite and linoleic acid were selected 

with respect to the concentrations present in 50 mg/mL of ITS (Insulin, Transferrin, 

Selenium) premix (Corning, UK). ITS is predominantly used in serum free conditions to 

provide the range of proteins required for normal cell growth and function.  

 

2.2.2.5 Leave-one-factor-out strategy 
 

Upstream regulators identified via IPA were assessed in vitro for their potential role in 

controlling hPDC gene expression, proliferation and metabolic activity. Using a 

preselected basal media, the selected factors VEGF-A (10 ng/mL, Peprotech, UK), 

Dexamethasone (1x10
-8 

M, Sigma), Wnt3A (10 ng/mL, R&D Systems), 17-βEstradiol 

(1x10
-9 

M, Sigma), Fibroblast Growth Factor-2 (FGF2; 10 ng/mL, ThermoFisher), Tumour 

Necrosis Factor α (TNFα; 5 ng/mL, Peprotech), Transforming Growth Factor (TGFβ; 10 

ng/mL, Peprotech), Insulin Growth Factor-1 (IGF-1; 20 ng/mL, Peprotech) and PDGF-

BB (10 ng/mL, Peprotech) were applied in a ‘leave-one-factor-out’ strategy to identify the 

key regulators involved in stimulating the cells’ proliferation and differentiation in vitro (as 

illustrated in Table 2.3). hPDCs were seeded on a 24 well plate at a density of 1000 

cells/cm
2
 and cultured for seven days in the varying factor conditions supplemented with 

TBM1 or 1% FBS (concentration that when in combination with additional defined serum-

free replacements, the culture becomes notably defined; (Jan van der Valk et al. 2018) 

in phenol red free, high glucose DMEM (Invitrogen through ThermoFisher Scientific, UK). 

Conditions that excluded a growth factor was replaced with 1% HSA. Factors critical to 

analysed cell responses were combined to create the periosteum derived- growth factor 

cocktail (PD-GFC). 
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2.2.2.6 Cytoskeletal imaging  
 
Cells were washed with PBS and fixed with 10% Formalin for 10 minutes. The cells were 

then subjected to actin cytoskeleton imaging through staining with phalloidin (Alexa Fluor 

488) and the nuclei were counterstained with 4′,6-diamidino-2-phenylindole (DAPI) 

(Alexa Fluor 350). Samples were imaged using the Zeiss Axio Observer inverted 

microscope.  

 
2.2.2.7 Statistical Analysis 
Data are expressed as mean ± standard error of the mean (SEM). Statistical significance 

was determined using one-way ANOVA with Fisher’s LSD post hoc corrections applied 

or student’s t-test. Statistical significance is indicated on all graphs as follows: * P<0.05, 

**P<0.01, ***P<0.001 (technical repeat n=3; experimental repeat n=3 for cell DNA 

quantification and PD-GFC optimisation studies). All statistical analysis was performed 

using GraphPad Prism version 6.0f for windows (GraphPad Prism Software, La Jolla 

California USA, www.graphpad.com).  

“Leave-one-factor-out” strategy- Treatment combinations

Treatment 
conditions

1 2 3 4 5 6 7 8 9 10

b-estradiol
10-9 M

+ + + + + + + + + -

Dexamethasone
10-8 M

+ + + + + + + + - +

TNF-⍺
10 ng/ml

+ + + + + + + - + +

PDGF BB
10 ng/ml

+ + + + + + - + + +
Wnt3A
10 ng/ml

+ + + + + - + + + +

VEGF
10 ng/ml

+ + + + - + + + + +

TGF-b1
10 ng/ml

+ + + - + + + + + +

FGF2
10 ng/ml

+ + - + + + + + + +

IGF-1
20 ng/ml

+ - + + + + + + + +

Table 2.3 Illustrating Leave-one-factor-out strategy and the 10 different conditions assessed to 
develop the periosteum-derived growth medium. 
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2.3 Results: 
 
hPDCs were previously cultured in 10% FBS or 10% hAS for a period of 6 days and 

subjected to RNA sequencing (RNA Seq) comparing the cells gene expression profile in 

both growth conditions. RNA Seq data measured the degree of expression by quantifying 

the number of reads per transcript and comparison of transcript abundance across the 

two treatments. A ratio of reads per transcript was generated comparing hAS to FBS. A 

corrected p-value was generated for all ratios, illustrating the presence of a significant 

difference in expression between the two groups. All genes illustrating a significant 

difference in expression between the two groups with a fold change of >2 and p-value 

<0.05 were incorporated into Ingenuity Pathway Analysis (IPA) for further analysis. 

These genes correspond to all genes demonstrating a significant increase or decrease 

in expression in cells cultured in hAS relative to FBS.  

 

2.3.1  Validating RNA Sequencing Data Set: 
 

Prior to any further analysis of the RNA Seq data, the data set was initially validated 

using qPCR. Primers designed for this study are illustrated in Table. 2.1.   

 

A total of 7 genes were selected that illustrated a significant increase in expression in 

hAS cultured cells relative to FBS; an additional 7 genes selected illustrating a 

downregulation in gene expression; demonstrating a high up/down regulated expression 

(fold change >20), moderate expression (fold change 10-20) and minimal up/down 

regulation (fold change <10) (Table 2.4). When comparing the fold change ratios 

obtained from the RNA Seq data set of genes expressed in hAS cultured cells relative 

to FBS, the data collected and analysed using the 2
-ΔΔCt

 method (qPCR) illustrated a 

similar trend in relative expression (Illustrated in Figure 2.1).  

 

By validating this data set with an alternative empirical method, further analysis can be 

performed on the RNA sequencing data as a means of understanding the underlying 

mechanisms and signalling pathways associated with maintaining the cells stem like 

characteristics when cultured in hAS. Interrogating this data set would additionally allow 

me to choose the factors that prominently regulate the cell’s progenitor status, which 

could be used to generate a growth medium for culturing hPDC, in vitro.  
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Table 2.4 Illustrating fold change of gene expression demonstrated in hAS cultured cells relative 
to FBS. The data compares the data obtained from qRT-PCR and RNA Seq for validation 
purposes. 

Up regulated genes 
Gene qPCR Fold Change hAS/FBS RNA-Seq Fold Change hAS/FBS 
MMP1 3.403  5.976 
SEMA3A 2.316  4.123 
PDK4 4.079  8.881 
CXCL2 5.676  9.574 
SULT1B1 6.119  13.948 
BCL2A1 11.030  14.627 
TAGLN3 12.966 22.238 
Down regulated genes 
Gene qPCR Fold Change hAS/FBS RNA-Seq Fold Change hAS/FBS 

ANGPLT -1.922  -1.592 
PDGFA -2.122  -1.608 
NOGGIN -3.225  -2.397 
ALPK2 -3.578 -2.291 
IGF-1 -4.292 -5.486 
CLIP2 -4.445 -4.360 
FGF9 -6.018 -6.220 

  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2.1 Illustrating fold change ratios of gene expression 
markers from cells cultured in hAS relative to FBS. These 
expression profiles were validated using two methodologies- 
RNA Seq and qRT-PCR. (Error bars: S.E.M). (Data represents 
3 hAS and 3 FBS batches used, with 3 technical repeats of cells 
seeded for each batch.  
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2.3.2   Analysis of RNA Seq Data using DAVID and 
Ingenuity Pathway Analysis (IPA): 

 

2.3.2.1 DAVID Analysis 
 

The genes that were significantly differentially expressed between both culture 

conditions (hAS and FBS) were interrogated through the online platform DAVID 

(http://david.abcc.nciforf.gov/). Here, the prominent biological processes involved were 

identified (D. W. Huang, Sherman, and Lempicki 2009). The experimental data was thus 

incorporated in two separate data sets to specifically identify which biological processes 

were associated with the upregulated genes (in cells cultured in hAS relative to FBS) 

and processes associated with the genes that were down regulated (Table 2.4) 

(biological processes shown in Table 2.5 and Table 2.6). 

 

Table 2.5 Signalling pathways obtained by DAVID software associated with genes upregulated 
in hAS relative to FBS. Genes selected for analysis had a threshold of a fold change ratio > 2 
with a P value<0.05. 

 

 
 
 

Pathways associated with upregulated genes in hAS compared to FBS (2-fold 

increase P< 0.05) 

Category Term P Value 
KEGG_PATHWAY hsa03030: DNA replication 4.83E-12 
KEGG_PATHWAY hsa04110: Cell cycle 6.85E-09 
KEGG_PATHWAY hsa04114: Oocyte meiosis 2.18E-04 
KEGG_PATHWAY hsa03430: Mismatch repair 3.55E-04 
KEGG_PATHWAY hsa05322: Systemic lupus erythematosus 0.0016384 
KEGG_PATHWAY hsa05200: Pathways in cancer 0.00174358 
KEGG_PATHWAY hsa03440: Homologous recombination 0.00708573 
KEGG_PATHWAY hsa04914: Progesterone-mediated oocyte maturation 0.00975863 
KEGG_PATHWAY hsa03410: Base excision repair 0.01559166 
KEGG_PATHWAY hsa05222: Small cell lung cancer 0.02918453 
KEGG_PATHWAY hsa04060: Cytokine-cytokine receptor interaction 0.03035106 
KEGG_PATHWAY hsa03420: Nucleotide excision repair 0.03337052 
KEGG_PATHWAY hsa00240: Pyrimidine metabolism 0.04878856 
KEGG_PATHWAY hsa00230: Purine metabolism 0.06330682 
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Table 2.6 Signalling pathways obtained by DAVID software associated with genes down 
regulated in hAS relative to FBS. Genes selected for analysis had a threshold of a fold change 
ratio > 2 with a P value<0.05. 

Pathways associated with down regulated genes in hAS compared to FBS (2-fold increase p< 
0.05) 

Category Term P Value 
KEGG_PATHWAY hsa04512: ECM-receptor interaction 3.41E-09 
KEGG_PATHWAY hsa04510: Focal adhesion 1.25E-06 
KEGG_PATHWAY hsa04350: TGF-beta signalling pathway 1.64E-04 
KEGG_PATHWAY hsa05414: Dilated cardiomyopathy 0.00365225 
KEGG_PATHWAY hsa04115: p53 signalling pathway 0.01884388 
KEGG_PATHWAY hsa05410: Hypertrophic cardiomyopathy (HCM) 0.02044845 
KEGG_PATHWAY hsa05218: Melanoma 0.02337354 
KEGG_PATHWAY hsa04810: Regulation of actin cytoskeleton 0.02596212 
KEGG_PATHWAY hsa00260: Glycine, serine and threonine metabolism  0.03441394 
KEGG_PATHWAY hsa04270: Vascular smooth muscle contraction 0.03591373 
KEGG_PATHWAY hsa04020: Calcium signalling pathway 0.05081038 
KEGG_PATHWAY hsa04540: Gap junction 0.06649445 
KEGG_PATHWAY hsa05200: Pathways in cancer 0.06815508 
KEGG_PATHWAY hsa04360: Axon guidance 0.07515657 
KEGG_PATHWAY hsa05219: Bladder cancer 0.08731086 
KEGG_PATHWAY hsa04080: Neuroactive ligand-receptor interaction 0.09121565 

 

Genes upregulated in cells cultured in hAS were associated with pathways involving 

basic cellular function such as driving the cell cycle, embryonic development and cancer 

development/ progression. Cancer, cellular movement and embryonic development 

were highly activated. Signalling pathways associated with the aforementioned 

pathways, included PI3k-AKt s, JAK-STAT, cAMP and Wnt signalling. Genes that were 

significantly downregulated were associated with pathways involving ECM-cell 

interactions, actin cytoskeletal regulation, TGF-b signalling, and cancer associated 

pathways. 

 

2.3.2.2 IPA Analysis  
 
The RNA Seq data set was incorporated into a web-based software application called 

IPA. The program allowed for targeted information of all applied genes to help 

understand the significance of the data set. The data incorporated into the software 

included genes illustrating a significant difference in expression between the two 

treatment conditions with a fold change difference greater than 2 and P<0.05. This 

included a total of 1331 regulated genes in hAS cultured cells relative to FBS.  
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To underpin the specific factors associated with regulating the cells stem cell 

characteristics when cultured in hAS, IPA software generated a list of all upstream 

regulators (molecules that have a downstream effect on other molecules, also referred 

to as transcriptional regulators) associated with multiple target molecules involved in 

various signalling pathways. This list of molecules can be represented as transcription 

factors, small molecules and growth factors that may be causing the observed gene 

expression changes illustrated in the data set. Using these molecules, we are able to 

further examine the biological processes, pathways and diseases that are controlled by 

the transcription regulators and their downstream targets. When assessing the key 

targets associated with maintaining the cell’s stem like characteristics, targeting the 

upstream transcription regulators provides a thorough understanding of the overarching 

signalling pathways and networks involved. Upstream regulators associated with the 

data set are further confirmed using published experimental molecular interactions and 

by determining the gene enrichment in downstream genes.  

 

The upstream regulators were arranged with respect to their overlap p-value (Right tail 

Fisher’s exact test). The overlap p-value identifies upstream regulators that can explain 

the gene expression changes observed in the study. The overlap p-value thus measures 

whether a statistically significant overlap is present between the genes identified by RNA 

Seq and the genes regulated by the identified upstream regulators. A table as illustrated 

below in Table 2.7 is provided, listing the upstream regulators in order of overlap 

significance, ranked in a descending order of significance with the most closely 

associated regulators with our experimental data set listed at the top. 
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Table 2.7 Illustrates a list of upstream transcriptional regulators identified using IPA. They are 
listed in order of their p-value of overlap. Factors in bold have been included in the PD-GFC.  

The top 20 upstream regulators 

illustrated above were then recorded 

as potential factors responsible for 

the characteristics observed in cells 

cultured in hAS, mimicking the cells 

characteristics in humanised culture 

conditions. The next step included 

exploring the generated 

superclusters. Superclusters 

represent an array of factors that 

stem from a single biological function 

of disease. IPA computes the 

potential effects on diseases and cell 

biological processes that could be 

closely related to cells cultured within 

the humanised condition. The factors 

represented in these superclusters 

included the aforementioned 

upstream regulators, genes that were 

significantly regulated in the study (up 

or down regulated) and alternative 

genes not necessarily identified in the 

RNA Seq data set but identified by IPA.  

 

We were able to visualize biological trends (cellular processes, biological functions) in 

the experiment and make predictions on the biological processes that could be activated 

or inhibited in the system. With the experimental data set, 10 superclusters were 

generated directly associated with the trends observed in the data set. The networks 

generated were highly associated with cancer progression, various pathological 

diseases, cellular movement and organismal development (illustrated in Table 2.8) in 

descending order of significance (z-score) to the experimental data set). The scores and 

significance allocated to the networks were derived from the assumption that the more 

connected a gene/molecule, the greater the influence it had on the overall study.  

 

 

Upstream 
Regulator 

p-value of overlap 

β-estradiol 8.89E-18 

Dexamethasone 1.15E-16 

TGFB1 7.21E-14 

TNF 8.69E-13 

PDGF BB 2.70E-12 
IL1β 2.75E-12 

Ni2+ 3.35E-12 

F2 1.22E-11 

Triamcinolone 

Acetonide 

4.26E-11 

NFkB (complex) 4.79E-11 

Progesterone 1.36E-10 

TREM1 1.46E-10 
MEOX2 4.67E-10 

IL17F 6.82E-10 

WNT3A 8.65E-10 

Cycloheximide 1.06E-09 

Tgf-β 1.22E-09 

S100A8 1.34E-09 

IFNG 1.40E-09 
Simvastatin 1.56E-09 
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Table 2.8 A list of 10 superclusters (networks) generated by IPA predicting biological processes 
that are activated within the experimental system along side a list of molecules associated with 
the networks. A score is generarted for each network, with the highest score given to the network 
highly associated with the experimental data set. Factors in bold have been included in final PD-
GFC.  

Top diseases and functions Molecules in the network Score  Focus 
molecules 

Cancer, Organismal 
Injury and Abnormalities, 
Gastrointestinal Disease 

ADAMTS15,Akt,BMF,BST1,CA
DM1,CSTA,DDIT4,Ecm,Eph 
Receptor,EPHA5,EPHA7,Fgf,Fg
fr,GDF15,INHBE,Integrin,Integri
n alpha 3 beta 1,JINK1/2, 
KCNA4,MYOC,N-Cadherin, 
PAPPA, PCK2,PIK3IP1, PLAC8, 
Ptk,Rap1,SEMA3A,SEMA3D,SF
RP2,STC1,STC2,TRIB3,WIF1,
Wnt 

40 
 

23 

Cancer, Gastrointestinal 
Disease, Organismal 
Injury and Abnormalities 

ALDH3A1,Alp,ANOS1,BZRAP1,
C/ebp,CACNA1H,CAMK2N1,Cd
k,CDKN1C,Cyclin A, Cyclin D, 
Cyclin E, CYP26B1, E2f, ERK, 
FABP5, Fcgr3,FGF9,FGFR2, 
FLG,FLRT3,Hdac,HOPX,Lamini
n1,LCTL,MT1F,PDK4,Pias,PPA
RGC1B,PSG5,Rb,RIMS1,TCF,U
NC13A,ZBTB16 

35 21 

Cellular Movement, 
Hematological System 
Development and 
Function, 
Hypersensitivity 
Response 

ACKR3,ADAMTSL3,BRINP1,CD
3,chemokine,Ck2,CXCL8,DACT
1,DACT3,FKBP5,FSH,Gsk3,Hist
one h3,Histone h4, IKK 
(complex), Insulin,LEF1,Lh, 
MDFI,Metalloprotease,Mmp,MT
ORC1,NUPR1,p85 (pik3r), 
PODNL1,RAB38, Rac,RASSF2, 
RNA polymerase II,SERTAD4, 
SP6,STON2,TCR,VCAM1,ZNF2
96 
 

28 18 

Embryonic Development, 
Organismal Development, 
Tissue Development 

AKAP6,ANXA9,Calcineurin 
protein(s), caspase, CDCP1, 
CDH1,Cg,CNN1,Creb,CRLF1,C
YP1B1,cytochrome-c oxidase, 
EGR2,estrogen receptor, Focal 
adhesion kinase, IGF1,IGF2, 
INSC,KRT7,MAP2K1/2,Mapk,M
ek,Mitochondrial complex 
1,NDUFA4L2, Notch, PCDH1, 
PDGF BB, PLXDC2, Secretase 
gamma, Shc, Sos, TMEM158, 
TNFRSF11B, trypsin, Vegf 

26 17 

Cellular Movement, 
Hematological System 
Development and 
Function, Immune Cell 
Trafficking 

BMP,CCL20,COL4A3,Collagen 
Alpha1,Collagen type II, 
Collagen type III,Collagen type 
IV,Collagen type ix, Collagen(s), 
CTGF,CXCL5,CXCL6,elastase,
ELN,ERK1/2,Fibrin,FMOD,gelati
nase,GFRA2,GREM1,H19,Igfbp,
IL17R,Il8r,Integrin alpha V beta 

23 16 
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3,ITGA2,ITGA11,Laminin,LUM,
MMP1,NOG,NOV,Smad,Smad1/
5/8,Tnf receptor 

Cellular Development, 
Cellular Growth and 
Proliferation, 
Hematological System 
Development and 
Function 

AMIGO2,Angiotensin II receptor 
type 1,B3GNT5,BCL2A1,BCR 
(complex),CD274,CSF2RB,cycl
ooxygenase,Fcer1,FOXF1,G0S
2,Gm-csf, HCK, Hspg, Iga, Ige, 
Igm, IL21R, IL31RA, 
INTERLEUKIN, KCND3, LBH, 
lymphotoxin-alpha1-beta2,Nfat 
(family),NFkB (complex),NfkB-
RelA,NfkB1-RelA,PI3K (family), 
Rsk, S100P, SYK/ZAP,THBD, 
TNFSF4,TSLP,Vla-4 

21 16 

Dermatological Diseases and Conditions,  
Organismal Injury and Abnormalities,  
Skeletal and Muscular System 
Development and Function 

 

ACTC1,Actin,ADAP1,AGT,Alpha 
catenin, ATPase, CaMKII, 
CFHR1,COL11A1,COL15A1,CO
L4A1,COL4A4,COL4A6,collage
n,COMP,EDN1,Endothelin,F 
Actin, Fibrinogen, Hsp27, Mlc, 
MYH1, MYH2,Myosin,Pdgf 
(complex), Pkc(s), Pld, PP2A, 
Relaxin, Rock, SLC6A9,Tnf 
21(family),TNNT3,TSH,TTN 

21 16 

Cancer, Organismal 
Injury and Abnormalities, 
Reproductive System 
Disease 

AC20OT1,ADAM21,BEST1,BO
K,Bvr,CHRNA3,COPS5,DPP7,F
AM43A,FANK1,FBLL1,FNDC1,
G protein beta gamma,GLIPR1, 
HSPB7,LRRC17,MT1L,NCAPD
3,NR3C1,PIM3,PLAC8,PPP2CA
,PPP2R1B,RHOA,SEMA5B,SE
RTAD4,SLC19A2,TFAP2A,TINA
GL1,TM4SF20,TMEM43,TP53,
UNC5B,ZNF114,ZNF704 

21 15 

Hereditary Disorder, 
Metabolic Disease, 
Organismal Injury and 
Abnormalities 

AGK,ANKRD13A,ANKRD13D,A
RMC8,CMTR1,CUL3,CYYR1,D
HX38,Dok,DOK5,DOK6,EGFR,e
IF2B,FRMPD4,GABARAPL1,IB
TK,KIAA1324,KIAA1524,KRT16,
KRT86,LDLRAD4,LRRC8B,ME
GF6,MFAP5,NCAPH2,NCK1,NX
PH3,PPP1CA,PRRG4,PSG4,TA
RS2,TBC1D16,THADA,UNC5B,
YAP1 

20 14 

Neurological Disease, 
Skeletal and Muscular 
Disorders, Psychological 
Disorders 

26s Proteasome, ADCY, 
ADCY2, ADRA2A, ADRB, 
BIRC3, Calmodulin, 
EDNRB,EFNB3,G protein,G 
protein alphai,G-protein beta, 
Gpcr, GRIK2, GRIN3A, 
HISTONE, HR, Hsp70, KLHL24, 
NMDA Receptor,NR4A2, 
OXTR,P38 MAPK, PALM, Pka, 
PLC,Ras,Ras homolog,SEPT4, 
SLCO4A1,Sod,SRC (family), 
Ubiquitin,voltage-gated calcium 
channel,YPEL3 

19 15 
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Using the superclusters illustrated in Table 2.8, hub genes with direct and indirect 

gene/protein interactions were identified in each supercluster. Hub genes were identified 

as genes with the highest degree of intra-network connectivity (Hub genes listed in Table 

2.9).  

 

 

Table 2.9 Illustrating hub genes identified in the superclusters (network) generated by IPA. Each 
supercluster associated with a specific disease and/or biological process. Factors in bold have 
been used in the PD-GFC.  

Network Hub Genes 

1) Cancer, Organismal Injury and 
Abnormalities, Gastrointestinal 
Disease 

Akt, MYOC, Integrin, TRIB3 

2) Cancer, Gastrointestinal Disease, 
Organismal Injury and Abnormalities 

ERK, FGFR2, Rb, FGF9, HDAC, Cyclin 

E, Cyclin A, E2f 

3) Cellular Movement, Hematological 
System Development and Function,  
     Hypersensitivity Response  

VCAM1, Rac, GSK3, LEF1, p85 

4) Embryonic Development, 
Organismal Development, Tissue 
Development 

IGF1, MAPK, IGF2, VEGF, CDH1, 

MAPK1/2, TNFRS11B 

5) Cellular Movement, Hematological 
System Development and Function,  
     Immune Cell Trafficking  

ERK 1/2, CTGF, MMP1, COll4, IL-17R, 

GREM1 

6) Cellular Development, Cellular 
Growth and Proliferation, 
Hematological System         
Development and Function 

NF-kB, Nfat, IgE, TNFSF4 

7) Dermatological Diseases and 
Conditions, Organismal Injury and 
Abnormalities, Skeletal and Muscular 
System Development and Function 

PDGF, PKc, TNF family, Pld, hsp27 

8) Cancer, Organismal Injury and 
Abnormalities, Reproductive System 
Disease 

RhoA, Tp53, NR3C1 

9) Hereditary Disorder, Metabolic 
Disease, Organismal Injury and 
Abnormalities  
 

EGFR, Cul3 

10) Neurological Disease, Skeletal and 
Muscular Disorders, Psychological 
Disorders  
 

Ras homolog, PLC, Ras, Adcy, p38 

MAPK, NMDA 

 

An illustration of each supercluster is generated. Figure 2.2 is a demonstration of a single 

network whereby hub genes were identified. The top 20 upstream regulators previously 

listed in Table 2.7 were mapped on these superclusters, and genes that identified as 

both upstream regulators and hub genes within these networks were considered as key 

factors potentially regulating hPDCs within the humanised culture. Two networks 
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representing embryonic, organismal, tissue development and cellular movement, 

haematological system development and function, immune cell trafficking were identified 

with the most recorded key factors.  

 

Genes identified as upstream transcriptional regulators and hub genes (primary hub 

genes) in the generated superclusters similarly represented factors associated with the 

signalling pathways identified by the DAVID software. Using both analytical tools, it can 

be confidently concluded that the networks involved in the superclusters are associated 

with cells cultured in hAS, thus identifying as networks and pathways potentially 

associated with the maintenance of a progenitor phenotype.  

 

 

 
 

 
 
To further identify the specific genes associated with maintaining hPDC progenitor 

phenotype, all identified primary hub genes were further interrogated with a literature 

search. A number of factors were considered prior to a final selection. The genes had to 

demonstrate precedent on driving mesenchymal cell self-renewal and differentiation 

down the osteogenic and chondrogenic lineages. Additionally, contribute to cell 

expansion/culture to select appropriate concentrations for investigation.  

 

Figure 2.2 Illustrating 
network 1 associated with 
cancer, organismal injury 
and abnormalities and 
gastrointestinal disease. 
All networks were capped 
at a maximum of 40 genes. 
Hub genes identified as 
differentially regulated 
genes with multiple 
associations. The node 
coloured red indicates a 
down regulation of the 
gene, green indicates up 
regulation of gene, grey 
indicates unpredicted gene 
expression. Genes 
labelled in uppercase 
genes: differentially 
expressed genes from 
data set, lower case genes: 
predicted by IPA. 
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Upon assessment of the literature, a total of 9 potential factors were identified as 

potential regulators for maintaining a hPDC progenitor phenotype as illustrated when 

cultured in humanised conditions. The factors were PDGF BB, WNT3A, Tumour 

Necrosis Factor a (TNF-a), Dexamethasone, IGF1, TGFb, VEGF, b-Estradiol and 

FGF2. Research associated with identifying these factors is illustrated in the Appendix 

Figure 2.1. In addition to identifying the key factors that maintain hPDC stem cell 

characteristics, concentrations of each component were assessed with a literature 

search. Various components illustrated a dose dependent effect or an adverse effect 

when at high concentrations when in combination with other factors, thus a thorough 

search was carried to identify the optimum concentrations of each factor (Illustrated in 

Appendix Figure 1). The final concentrations of each growth factor are listed in Table 

2.10.  

 

All selected factors were identified in two superclusters (networks) as either hub genes 

regulating the multiple associated factors or upstream regulators. The two networks are 

associated with Embryonic Development, Organismal Development, and Tissue 

Development (Figure 2.3A) and Cellular Movement, Hematological System 

Development and Function, and Immune Cell Trafficking (Figure 2.3B). 

 
Table 2.10 Illustrating the final concentrations of all 9 factors to be incorporated into the growth 
factor cocktail for the culturing of hPDCs. 

 Upstream Regulators  Concentration 
PDGF BB 10 ng/mL 
b-Estradiol 10-9 M 

WNT3A 10 ng/mL 
IGF-1 20 ng/mL 
TNFa 10 ng/mL 
TGFb 10 ng/mL 
VEGF 10 ng/mL 
FGF2 10 ng/mL 

Dexamethasone 10-8 M 
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A

B

Figure 2.3 Networks identifying the associations of all 9 factors. A) Predicted upstream 
regulators integrated within a Network involving Embryonic Development, Organismal 
Development, and Tissue Development. B) Predicted upstream regulators integrated within 
a Network involving Cellular Movement, Hematological System Development and Function, 
and Immune Cell Trafficking. Upstream regulators selected for the PD-GFC are represented 
on both networks. Red hub genes indicate down regulation whilst green indicates up 
regulation. Grey hub genes indicate genes that are significantly changed in expression by less 
than 2-fold and white genes are not significantly altered in the study but have been 
incorporated into the network through relationships with other molecules. 
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2.3.3  Optimizing methodologies for the development of 
the growth factor cocktail 

 

In order to assess the effects of each individual soluble factor on hPDC characteristics 

using the leave-one-factor-out strategy, various methodologies were examined to ensure 

reproducible and consistent results. Four key parameters were used throughout this 

study to identify the effects of the cells biochemical environment on maintaining cell 

potency. The parameters include cellular proliferation, assessed by observing changes 

in DNA content; cellular response with regards to the viability and metabolic response of 

the cells; genotypic profile of the cells in response to the adjusted chemical environment 

of the cells and finally the cellular morphology.  

 

2.3.3.1 Determining a proficient methodology to examine 
cellular proliferation: 

 

To test different DNA quantification methodologies, hPDCs were seeded at various cell 

densities in a 2D monolayer and cells lysed and extracted for DNA quantification. The 

aim of this study was to establish a protocol that would allow for a linear standard curve 

with an R
2
 Value of 1 (representing 100% linearity). As the leave-one-factor-out strategy 

would employ a low cell number, the methodologies tested herein, would be required to 

detect accurate DNA levels as low as 50 ng/mL or less.  

 

Prior to analysing the different techniques, a subset of cells was stained with DAPI and 

phalloidin to ensure the cells were seeded accurately and the increase in cell number 

was visualised (Figure 2.4). The cells stained positive for both markers, with 

representative relative increases in cell numbers illustrated.   

 

Six different techniques were tested to determine the most appropriate method for DNA 

detection from a spectrum of cell densities. All tested methods incorporated the use of 

Hoechst to stain for DNA and allowed for quantification using fluorescence. Different lysis 

buffers and techniques were tested for their ability to proficiently lyse cells, enhancing 

DNA recovery.  

 

The use of RLT Buffer obtained from the RNeasy kit, illustrated a R
2
 value of 0.34 (Figure 

2.5). All tested samples in the lower range of cell numbers were not in line with the 

linearity of the data and therefore resulted in a weak linear relationship between cell 

number seeded and DNA obtained. Interestingly, in the presence of b-ME, a higher R
2
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value is achieved at 0.96. This illustrates a strong linear relationship between the cell 

numbers and their respective DNA quantity. DNA values obtained (expressed in 

fluorescence arbitrary units) at lower cell numbers align with the linearity of the data set 

illustrated by the line-of-best-fit.  

 

An additional lysis method tested included the use of TX-100. This lysis method was 

conducted at two well established concentrations of TX-100. At 0.05% TX-100 the R
2
 

value at 0.96 illustrated a linear relationship between the two groups. However, when 

focusing on the DNA values obtained at the lower end of the spectrum they do not align 

with the line of best fit. Increasing the concentration of TX-100 (0.1%) in the cell lysis 

step, did increase the linearity of the data set, producing a R
2
 of 0.98. The DNA values 

representing the lower cell numbers were in line with the line-of-best-fit. 
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The two additional techniques that were assessed were kits obtained from various 

manufacturers. Using the GenElute
TM

 Mammalian Genomic DNA kit resulted in a R
2
 

value of 0.95 with DNA values representing the lower cell number not falling in line with 

the line of the best fit developed. However, with regards to the larger cell numbers, the 

DNA values obtained illustrated a strong linear relationship. The Cell Counting Kit-8 

(CCK8) incorporated a water-soluble component that allowed the quantification of DNA, 

however required long term incubation periods within a humidified environment. Various 

incubation times with the tetrazolium salt were tested for. Incubating the cells in the salt 

for 1-3 hours illustrated a strong linear relationship between the cell numbers and DNA 

quantity obtained with R
2
 values as high as 0.994, 0.993 and 0.993, respectively (Figure 

2.5). Although these incubation periods did produce strong linear relationships, DNA 

quantities at the lower end of cell spectrum illustrated negative fluorescence units. 

Interestingly, incorporating a 4-hour incubation period, eliminated this drawback, 

illustrating positive fluorescents values for all cell numbers tested. The R
2
 value obtained 

herein, was however lower at 0.96. However, due to the lengthy incubation periods, RLT 

with b-ME and 0.1% TX-100 were chosen for further use.  
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Figure 2.5 DNA quantification of cells lysed using different cell lysis techniques at various cell 
densities. Data used to obtain a standard curve. All DNA was quantified using Hoechst Stain 
and respective fluorescence measured. All DNA quantification methodologies repeated n=3. 
Representative data of each methodology illustrated.  
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2.3.3.2 Assessing a tool to measure cellular metabolism: 
 

To assess for cellular metabolism, Presto Blue reagent was applied to all cell numbers 

previously described. This reagent was tested as it is non-destructive and can therefore 

be used during culture. Presto Blue dye was added into fresh media and cells were 

incubated with the prepared media for a period of 10 mins. A strong linear relationship 

was illustrated between the increase in cell number and cell metabolism detected (Figure 

2.6). Henceforth, this technique was taken forward for its use in detecting cell metabolism 

in the presence of the biochemical factors selected.  

 

2.3.3.3 Development of an appropriate basal media for the 
assessment of selected growth factors: 

 

Having identified techniques that would be used to examine cellular proliferation and 

viability in response to the key growth factors, the next step in the process included 

identifying a basal media, preferentially a xeno-free, serum-free environment that would 

allow for cell survival and minimal cell proliferation. The basal media would be used in 

conjunction with the growth factors, to assess the direct effect of these factors on hPDC 

characteristics. A baseline study was therefore conducted herein.  

 

The basal media condition contained the basic components and nutrients required that 

would allow for cell attachment. The basal media was composed of Phenol red free 

DMEM, antibiotics/antimycotics and sodium pyruvate. Over the 6-day culture period, 

0 5000 10000 15000 20000 25000
0.00

0.02

0.04

0.06

0.08

0.10

PrestoBlueTM Cell Viability 

Cell Number

A
bs

or
ba

nc
e

R2= 0.9868

Figure 2.6 Cellular metabolic activity of hPDCs 
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Presto Blue analysis. 
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cells were present with minimal differences in cell number (Figure 2.7), illustrating the 

presence of stress fibres. There was, however, a significant increase in cell viability over 

the culture period (P<0.01) (Figure 2.8A).  

 

10% FBS supplemented basal media was incorporated into the test as an exemplary 

culture promoting cellular proliferation and metabolism of hPDC. As hypothesized, a 

significant increase in cell viability was obtained (P<0.001) and significant increase in 

DNA content (P<0.01) observed between day 2 and day 6 (Figure 2.8). Relative to the 

basal media, 10% FBS cultured cells illustrated a significantly higher metabolic activity 

and DNA content (P<0.001). Additionally, cells cultured in 10% FBS appeared attached 

illustrating no signs of stress (Figure 2.7). Furthermore, 1% FBS and 2% FBS were used 

as additional controls to monitor the effect of bovine serum on cellular proliferation and 

metabolism on hPDC. Both media conditions illustrated minimal changes in cell number 

(ns) (Figure 2.8B) however, significant increases in cell metabolism and viability from 

day 2 to 6 (P <0.001) in both media conditions (Figure 2.8A).  
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Three basal medias were then tested for their ability to maintain survival and attachment 

of hPDC. Basal media supplemented with a commercially available serum replacement 

resulted in a decrease in cell number (ns), representing the presence of cell death for 

the duration of the study, additionally significantly lower cell number relative to the basal 

media (P<0.001). The cells morphological response was apparent with the presence of 

stress fibres. Interestingly, a significant increase in cell metabolism was illustrated 

indicated by the increase in percent reduction of the Presto Blue reagent (Figure 2.A), 

representative of metabolically active cells. Test Basal Media 1 (TBM1) incorporated 

other factors in addition to the serum replacement. The presence of an antioxidant and 

a source of energy storage represented by the presence of sodium selenite and linoleic 

acid respectively, illustrated more stress fibres by day 6 (Figure 2.7) with a decrease in 

cell number (ns) (Figure 2.8B). Similarly, TBM2 supplemented with HSA, transferrin, 

sodium selenite, linoleic acid and transferrin, resulted in a lower cell number by day 6 

(ns) with a significantly lower cellular viability relative to TBM1 (P<0.001). With regards 

to cellular morphology, stress fibres were present by day 6, however cells were visibly 

intact in reference to the DAPI/Phalloidin stains compared to cells cultured in TBM1. 

Relative to the basal media, there was an overall significant decrease in cell number in 

TBM1 and TBM2 conditions (P<0.001) (Figure 2.8B). 
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To assess the effects of cellular proliferation and survival of hPDCs in the presence of 

the various basal medias, two DNA quantification methods were utilised, to further 

determine a method that would provide representative and accurate data. Although the 

use of RLT lysis buffer and b-ME illustrated relative DNA quantification values with 

respect to the cell morphology and metabolism, conducting this method illustrated a wide 

margin for error. Additionally, the use of 0.1% TX-100 represented an adequate 

methodology for determining cell proliferation, however, with the data obtained in this 

study (Figure 2.8C) minimal differences were observed between all conditions over the 

Figure 2.8 hPDCs were culture for a period of 2, 4 and 6 days and were assessed for their 
metabolic activity and cellular proliferation. A) Cellular metabolism measured using Presto Blue 
reagent. Percent reduction in Presto Blue reagent used to determine metabolic activity. B) DNA 
quantification of cells lysed using RLT Lysis buffer and b-ME. DNA was stained with Hoechst and 
fluorescence used as a measurement of DNA quantity. C) DNA quantification of cells lysed with 
0.1% Triton X-100. Cells stained with Hoechst and fluorescence used as a measurement of DNA 
quantity (n=3 wells per condition).   
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different time points- data that does not correspond to the cell numbers observed in 

Figure 2.7 or the corresponding cell metabolic activity (Figure 2.8A).  

 

The variation within each sample and condition with regards to the test basal medias, 

deemed this method inadequate in determining the effect of the growth factors on hPDC 

proliferation. The aim of this study was attaining a method that would allow for accurate 

cell number detection at low cell numbers. Although both these methods previously 

illustrated potential success in this area of study, this was not reciprocated in the current 

study. The commonality of both these methods was the detection method used. Staining 

samples with Hoechst and quantifying the fluorescence was not an accurate 

methodology when assessing cellular proliferation of low cell numbers. Herein, an 

additional detection method was used in conjunction with RLT lysis buffer and ß-Me as 

it represented the most accurate variability in DNA between the different conditions, data 

corresponding its respective cellular morphology. To assess the accuracy of this method, 

a similar standard curve was produced using a range of cell numbers. Known for its 

ability to detect DNA values as a low as 100 pg/µL, the QubitÒ ds DNA BR Assay kit and 

the Qubit fluorometer allowed for accurate determination of DNA content, providing data 

as concentrations of DNA. Additionally, low levels of DNA were detected providing a R
2 

value of 0.98 (Figure 2.9). Therein, this method was taken forward for the determination 

of cellular proliferation throughout the study.  

 
 
With regards to identifying the most appropriate basal media assess the effects of the 

growth factors, methods including cellular morphology (Figure 2.7), cell viability detected 

using Presto Blue (Figure 2.A) and cellular proliferation detected using RLT Lysis buffer 

(Figure 2.B) were used. The data herein, suggests TBM1 as a potential basal media, 
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illustrating minimal changes in cell number, with a higher cell viability relative to serum 

replacement supplemented media and TBM2. No differences observed in cellular 

morphology between the three conditions.   

 

2.3.4  Leave-one-factor-our strategy using TMB1: 
 

Having identified the basal media, the next step in the study was to identify the effect of each 

individual growth factor on hPDC characteristics. The effect of each selected factor on 

hPDC biology was assessed using a “leave-one-factor-out” strategy, which was aimed 

at identifying the factors that induce cellular proliferation and a gene expression profile 

with enhanced stem and osteochondrogenic gene expression. hPDCs were cultured in 

the various conditions for a period of 7 days. The factors were assessed for their impact 

on proliferation and cellular metabolism and the expression of stem (NESTIN (Méndez-

Ferrer et al. 2010) and PRX1 (Ouyang et al. 2014) based on previously published data 

indicating their relevance in the identification of cells from mesenchymal origin with 

apparent plasticity), early osteogenic and chondrogenic gene markers.  

 

The control samples herein, included the basal media and TBM1, to ensure a continuity of 

results between studies. Additionally, cells were cultured in 10% FBS and human allogeneic 

serum (hAS). As previously illustrated, culturing cells in hAS exhibited a significant increase 

in cell viability (P<0.001) and proliferation relative to cells cultured in FBS (P<0.001) (Roberts 

et al. 2014). Cells cultured in hAS appeared elongated and narrow in shape relative to FBS 

cultured cells. These control samples herein indicate the presence of an identical cell 

population that illustrated the enhanced effects of hAS on cell proliferation and distinct 

cellular morphology (Roberts et al. 2014). To further identify the effects of each growth factor, 

10 different conditions were generated, whereby all the factors were supplemented to 

generate the all factors condition; followed by the elimination of each individual factor.  
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The condition containing all factors was used as a reference to evaluate the impact of 

removing each individual factor. In the presence of the growth factors, minimal cell 

growth was observed in all tested conditions, with an evident presence of cell death 

illustrated by the spherical morphology. Eliminating certain factors did illustrate marginal 

differences in cellular morphology, however, data was inconclusive (Figure 2.10). With 

regards to the cell’s metabolic activity and cell number, minimal differences were 

observed in all tested conditions (not significant) (Figure 2.11A). Interestingly, the all 

factors condition illustrated significant increases in cell metabolism and cellular 

proliferation with minimal differences in morphology. Relative to FBS, a significantly 

higher DNA content (P<0.001) and metabolic activity (P<0.01) was observed. Relative 

to cells cultured in hAS, a significantly lower DNA content (P<0.001) and metabolic 

activity (P<0.01) was observed. Due to the presence of a substantial amount of cell loss, 

illustrated in (Figure 2.10 and Figure 2.11), assessing the impact of each individual factor 

on hPDC characteristics deemed problematic. Additionally, RNA yield obtained from 

these samples to examine the effects of these factors on the cells stem, osteogenic and 

chondrogenic potential was under the recommended limit to carry out accurate and 

reliable qPCR (Table 2.11).  
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Figure 2.11 % increase in metabolic activity (A) and quantification of cellular DNA (B) to assess 
proliferation was assessed. Statistics relative to the all factors conditions, represented by the 
reference line on the graphs. (Data are presented as the mean ±S.E.M; n=4 technical repeat). 

Figure 2.10 (Below) Take-one-away strategy. hPDCs were cultured in TBM1 and supplemented 
with various factors for 6 days and cells imaged using a light microscope (phase contrast images 
illustrated on the top 2 panels). At day 6 all samples were subjected to a DAPI and Phalloidin 
stain (illustrated in the bottom panel) (scale bar: 50 µm). 
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2.3.5  Optimisation of leave-one-factor-out strategy: 
 

The presence of cell loss and low RNA concentrations resulting in the minimal 

differences observed in all tested conditions of the leave-one-factor-out strategy could 

have been a result of multiple factors. The first factor that was assessed, was the initial 

cell density. The low cell numbers may have prevented the cell-cell contact required to 

allow for cell survival and growth.  

 

Herein, hPDCs were seeded at either 1000, 2000 or 3000 cells/cm
2
. Larger cell densities 

were tested to determine whether it was indeed the seeding cell density resulting in the 

aforementioned observations. After a 4-day period, culturing the cells in 1 and 10% FBS, 

illustrated increased DNA content over the cell densities tested as predicted (Figure 

2.12A). However, with regards to culturing the cells in TBM1, cells were present over all 

tested cell densities, although appearing stressed (by the presence of stretched fibres 

protruding from the cell- otherwise not exhibited in serum cultured cells), with an 

undetected DNA content at 3000 cells/cm
2 

(Figure 2.12B). These stress fibres are an 

indication of any one of the following: nutrient deprivation, oxidative stress or mechanical 

stresses. With regards to the all factors condition, prominent cell loss was exhibited in all 

tested cell densities, with undetected and lower DNA content observed in 2000 and 3000 

cells/cm
2
, respectively, relative to 1000 cells/cm

2
. Interestingly, culturing cells in the basal 

media alone, resulted in increased DNA content over the range of cell densities tested. 

 

Table 2.11 Exemplar of RNA values extracted from the leave-one-factor-out strategy for 
use in assessing gene expression profile of hPDC. Data illustrated in ng/µL, (n=4 
technical repeat). 
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It is evident that the TBM1 selected for the growth of hPDC was in fact inadequate, 

illustrating minimal growth, increased cell death despite the number of cells seeded in 

culture (Figure 2.12).  

 

 
Figure 2.12 hPDCs were seeded at various cell densities (1000, 2000 and 3000 cells/cm2) and 
cultured for a period of 4 days in various conditions. A) DNA quantification of cells lysed and 
extracted at day 4 (n=3). B) Cellular morphology of cells cultured in TBM1 and the all factors 
conditions at all tested cell densities (scale bar: 50 µm). 

 

Supplementing 1% FBS to the basal media was tested, as from the previous experiments 

it was clear that TBM1 was not an appropriate basal media. The rational associated with 

incorporating a xeno-component such as bovine serum, was the need to provide a basal 

level of hormonal factors, mineral and lipids, that would prevent cellular apoptosis. For 

successful growth and maintenance of cells in vitro, appropriate culture conditions are 

required that mimic the physiological and biochemical environment in vivo. Herein, 

providing cells with minimal factors to support basic cellular function, such as growth and 

proliferation is essential. The absence of these components would otherwise trigger an 

apoptotic cell response, illustrated herein, by the cultures containing the TBM1. 1% FBS 
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was therefore incorporated into the study as the basal media in which the effects of the 

growth factors were assessed on hPDC characteristics.  

 

Using the initial cell density at 1000 cells/cm
2
, hPDCs were subjected to various control 

measures. Cells were cultured in basal media supplemented with 10% FBS, 10% hAS 

and 1% FBS to assess the effects of the additives on cell proliferation, gene expression 

profile and cellular metabolism. This data was used as an indicator to observe the direct 

effects of each growth factor. Compared to the basal media, supplementing the cultures 

with 1% FBS, illustrated an increase in cell numbers (5.5-fold increase, P<0.01), albeit 

much lower than 10% FBS (2.5-fold, P<0.001), as exhibited in Figure 2.13, illustrating 

minimal stress fibres with cells successfully adhered to the culture plates by day 6. With 

a detectable DNA content and metabolic activity, 1% FBS was therefore used to provide 

a platform for the incorporation of the exogenous growth factors.  
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hPDCs cultured in 1% FBS supplemented with all factors, resulted in a significant 

increase in cell number relative to 1% FBS, detected morphologically (Figure 2.13) and 

through DNA quantification (P<0.001) forming the reference condition for this study. To 

assess the effects of each individual factor relative to the all factors condition, a positive 

regulation upon elimination of a factor compared to the reference indicated that this factor 

had a negative effect on the measurement. 

 

In this regard, we identified FGF2 as a strong inducer of proliferation (2.2 fold decrease 

in DNA content upon its elimination, P<0.001), metabolism (1.25 fold decrease in 

metabolic activity) (Figure 2.14B) and stemness (NESTIN: 1.2-fold decrease; PRX1: 1.7-

fold decrease, P<0.05), however, minimal effects were observed with regards to early 

osteogenic (RUNX2: 1.4-fold increase, ALP: 1.2-fold increase) and chondrogenic 

(SOX9: 1.2-fold decrease and COL2A1: 2.2-fold increase, P<0.001) markers relative to 

the all factors condition (Figure 2.14A). Eliminating FGF2, resulted in a decrease in cell 

number relative to the reference condition, procuring a phenotype resembling that of 

hPDCs cultured in 1% FBS alone (Figure 2.13). TGFβ on the other hand had a minimal 

effect when considering cellular proliferation (ns) and metabolism (1.1-fold increase, 

P<0.05) (Figure 2.14B), however its removal decreased the expression of NESTIN (1.9-

fold decrease, P<0.01), RUNX2 (2.5-fold decrease, P<0.01), ALP (6-fold decrease, 

P<0.001) and COL2A1 (10-fold decrease, P<0.05) (Figure 2.14A). The presence of 

stress fibres illustrated as a result of eliminating TFGβ.  

 

Eliminating TNFa resulted in a decrease in cell number relative to the all factors condition 

(ns), with minimal differences to the cells metabolic activity (ns). No differences observed 

in the expression of NESTIN, however a significant increase in PRX1 (1.5-fold increase, 

P<0.05) observed upon its elimination. Interestingly, significant increases in the cells 

osteogenic (RUNX2: 1.7-fold increase (P<0.01) and ALP: 4-fold increase (P<0.001)) and 

chondrogenic (SOX9: 2.6-fold increase (P<0.001) potential was illustrated in its absence. 

βEstradiol on the other hand, resulted in the increase in cell proliferation (ns) however, 

illustrating the presence of cellular death represented by the spherical cells (Figure 2.13). 

Its elimination resulted in the significant increase in stem marker PRX1 (1.3-fold increase 

(P<0.01) with not significant differences in NESTIN expression. Additionally, eliminating 

βEstradiol from the culture, significantly increased the cells osteogenic (RUNX2: 1.7-fold 

Figure 2.13 Optimised take-one-away strategy. hPDCs were cultured in 1% FBS and 
supplemented with various factors for 6 days and cells imaged using a light microscope. 
Representative fluorescence images illustrating nuclear DAPI staining and cytoskeleton staining 
with Phalloidin of hPDCs cultured in the various conditions (scale bar: 50 µm). 
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increase (P<0.01; ALP: 2.2-fold increase (P<0.001) and chondrogenic (SOX9: 1.6-fold 

increase (P<0.05) differentiation commitment. TNFa and βEstradiol were the only 

molecules that when removed induced a significant increase in the committed osteoblast 

marker ALP. As the primary goal of this study was to define culture conditions that allow 

for the expansion of hPDCs in the absence of differentiation, both factors were thus 

retained. With regards to of IGF-1 and PDGF-BB, their removal caused minimal change 

in any tested parameter, however, caused the appearance of a heterogeneous culture 

and/or stress fibres within the cells and as such both were retained (Figure 2.13).   

 

Eliminating dexamethasone resulted in a significant increase of all tested gene markers 

(NESTIN: 1.8-fold, P<0.001; PRX1: 1.4-fold, P<0.001; RUNX2: 1.5-fold, P<0.001; SOX9: 

1.86-fold, P<0.001; COL2A1: 0.8-fold, P<0.01) with the exception of ALP (5-fold 

decrease, P<0.001). Additionally, eliminating dexamethasone, significantly increased 

cellular proliferation (1.3-fold increase, P<0.05) and metabolism (1.3-fold increase, 

P<0.001) relative to the all factors condition. Dexamethasone was therefore eliminated 

from the growth factor cocktail. Additionally, eliminating WNT3A from the study 

significantly increased cellular proliferation (1.3-fold increase, P<0.05) with no significant 

effect on cellular metabolism and all tested gene markers and was thus eliminated from 

the study. Lastly, eliminating VEGF resulted in heterogenous population of cells, further 

causing a significant increase in proliferation (1.4-fold change, P<0.01) and cellular 

metabolism (1.4-fold change, P<0.01), with no significant effect on tested gene markers, 

and was thus eliminated from the study.  
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Figure 2.14 Leave-one-factor-out strategy to identify factors important for hPDC progenitor 
status. hPDCs were cultured in 10% hAS, all selected growth factors and various conditions using 
the leave-one-factor-out strategy for 6 days. A) Expression of stem markers; NESTIN and PRX1, 
osteogenic markers; RUNX2 and ALP, and chondrogenic markers; COL2A1 and SOX9; were 
measured using qPCR. Horizontal lines indicate expression levels relative to the ‘all factors’ 
condition. B) Quantification of cellular DNA to assess proliferation and % increase in metabolic 
activity was assessed. Growth factors eliminated from the study are highlighted in red. (Data are 
presented as the mean ±S.E.M, n=3 experimental repeat).  
 
2.3.6  Assessing the effect of a refined GFC on hPDC 

characteristics: 
Using this methodology, a refined cocktail of factors was generated that included β-

Estradiol, FGF2, TNFα, TGFβ, IGF-1 and PDGF-BB. This refined growth factor cocktail 

(Refined GFC) was subjected to further analysis, comparing its effect on cellular 

proliferation, metabolism and gene expression profile to 1% FBS supplemented media 

and the all factors condition (Figure 2.15). With regards to cellular morphology, cells 

cultured in the refined GFC illustrated an elongated cytoskeletal phenotype whereas 

cells cultured in 1% FBS, were wider and larger in shape with cells appearing narrower 

in the all factors condition (Figure 2.15A). With respect to cellular proliferation, cells 

cultured in the refined GFC illustrated a significant increase relative to 1% FBS (4.7-fold 

increase, P<0.001) and no differences relative to the all factors condition (Figure 2.15B).  

Culturing hPDCs in the refined GFC significantly increased the cells metabolic activity 

relative to 1% FBS (1.5-fold increase, P<0.001) with no significant differences relative to 
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the all factors condition (1-fold increase, ns) (Figure 2.15B). As previously mentioned, in 

comparison to the all factors conditions, culturing the cells in the refined GFC resulted in 

no significant differences with regards to cellular metabolism and proliferation, confirming 

the redundant roles VEGF, Dexamethasone and WNT3A had on maintaining hPDC 

survival and proliferation (Figure 2.15B).  

 

Additionally, culturing the cells in the refined GFC, enhanced the expression of the stem 

cell markers NESTIN (2.7-fold increase, P<0.001) and PRX1 (1.6-fold increase, P<0.05), 

increased the expression of the osteogenic markers RUNX2 (1.1-fold, ns) with a 

significant decrease in the later osteogenic marker ALP (1.3-fold decrease, P<0.001) 

and resulted in a higher expression of both chondrogenic markers (SOX9: 2.1-fold, 

P<0.05; COL2A1: 1.5-fold, ns) relative to the all factors conditions (Figure 2.15C). 

Illustrating a significantly higher expression profile of stem cell markers and lineage 

associated transcription factors relative to the all factors condition, the refined GFC was 

therefore termed periosteum-derived growth factor cocktail (PD-GFC). Illustrating similar 

cellular morphology when cells were cultured in hAS and PD-GFC, this was a potential 

indication of the similarity of the culture conditions based on cell phenotype (Figure 2.13 

and Figure 2.15A).  
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Figure 2.15 To assess the effects of eliminating the three growth factors, hPDCs were cultured for 6 
days in 1% FBS alone, supplemented with all factors and a refined GFC having eliminated three growth 
factors. A) Representative fluorescence images illustrating nuclear DAPI staining and cytoskeleton 
staining of hPDCs (scale bar: 50 µm). B) Quantification of cellular DNA to assess for proliferation and 
percentage increase in metabolic activity. C) Gene expression of stem markers; NESTIN and PRX1, 
osteogenic markers; RUNX2 and ALP, and chondrogenic markers; SOX9 and COL2A1. (n=3 technical 
well repeats). 
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2.4 Discussion: 
 

Known for its capacity in triggering skeletal tissue formation, the periosteum and its 

resident stem cell population is a key source of cells for bone tissue engineering. With a 

recent discovery identifying its potential in acquiring plasticity upon injury, the skeletal 

stem cell population is able to switch between intramembranous and endochondral 

ossification depending on the site of injury (Chan et al. 2018). The intrinsic niche and 

microenvironment of the cell’s direct attainment of such characteristics and 

predominantly influence maintenance of their ability to self-renew, differentiate and 

maintain a degree of metabolic activity. Elucidating the cell’s potential in driving bone 

regeneration, maintaining their proliferative capacity, viability and progenitor status in 

vitro is crucial to harness the regenerative potential of the periosteum for tissue 

engineering purposes. Thus, it is imperative to identify the gene networks activated 

during stem cell expansion, whilst retaining their potent characteristics.  

 

Using commercialised growth medium for cellular expansion does illustrate some 

caveats, predominantly for the unknown propriety formulation of growth factors and small 

molecules. As such, defining the factors and respective signalling pathways responsible 

for directing distinct cellular characteristics remains difficult. A previous study conducted 

by (Roberts et al. 2014) demonstrated a superiority of hAS over FBS in providing for a 

maintained progenitor phenotype of hPDC with the capacity to undergo osteochondral 

differentiation and in vivo bone formation. However, the underlying signals involved in 

supporting such a phenotype are largely unknown. It was therefore proposed that by 

comparing the gene expression in hPDCs cultured in hAS and FBS, the molecular 

signatures associated with hAS induced identity and potency can be defined. These 

signatures can therefore be used to develop defined culture conditions for hPDC culture. 

As such a defined set of growth factors were identified to support and provide defined 

medium for hPDC culture. 

 

Serum contains thousands of different components ranging from proteins to lipids, 

carbohydrates, growth factors, enzymes and other potential constituents that are still 

undefined. The effects of these serums are indeed cell specific, however, regulating all 

cell growth and phenotype. As mentioned, culturing hPDCs in a humanised condition 

outperforms those exposed to a bovine culture condition, however, the exact mechanistic 

effects directing such effects are largely unexplored. EGF, FGF-2, PDGF, VEGF and 

IGF-1 have been identified as key growth factors in human serum (Montali et al. 2016), 



 123 

but whether all or only some support hPDC identity and potency is unknown. They have 

however, illustrated a contribution to the proliferation and survival of bone marrow 

derived MSCs. Interestingly, four of the aforementioned factors are illustrated in the 9 

factors identified from the transcriptomic analysis of hAS cultured hPDCs (PDGF-BB, β-

estradiol, WNT3A, IGF-1, TNFα, TGFβ, VEGF, FGF2 and Dexamethasone). 

Furthermore, each of these 9 factors have also been implemented in stem cell culture 

and increased potency. To date, a wealth of literature have suggested these factors are 

important in: 1. Delaying MSC senescence (Oestrogen and Dexamethasone) (Hong et 

al. 2011)(Yun et al. 2009a)(33); 2. Improving proliferation (Oestrogen, Dexamethasone, 

PDGF, WNT3A, VEGF, and FGF) (De Boer, Wang, and Van Blitterswijk 

2004)(Lienemann et al. 2015)(Z. Huang et al. 2010)(Ahn et al. 2009) and 3. Regulating 

osteo/chondrogenic commitment (TNFa, TGFb, IGF-1) (Croes et al. 2015)(Ng et al. 

2008)(Minuto et al. 2005)(Z. Huang et al. 2010). Their role in stem cell/bone biology has 

been summarised in appendix Figure 2.1. The validity of these factors in increasing 

hPDCs potency, and their potential interactions required careful empirical testing.  

 

In an attempt to create a cocktail of growth factors to stimulate the expansion of hPDCs 

with improved potency, a take-one-away methodology was used. It was hypothesised 

that when analysed with respect to cell proliferation and gene expression profile, the 

effects of each specific factor’s importance could be defined. However, prior to 

conducting any further studies, identifying the key methodologies to assess for cellular 

metabolism, proliferation and obtaining an adequate RNA yield for gene expression was 

required. 

 

Prior to conducting any further analysis on the RNA sequencing data, it was imperative 

a validation of the data was carried out. Although RNA seq is a powerful technique, it 

can be subjected to technical artefacts that could be presented in the data (Lovén et al. 

2012). Such errors are usually introduced during the library preparations. The quality of 

the cDNA generated may further influence the output of the data. It is therefore advisable 

to validate both methodologies- the cDNA reverse transcription step and the respective 

gene quantification- using independent techniques. Herein, we adopted a cDNA reverse 

transcription kit (ThermoFisher) and conducted SYBR Green-based qPCR.  

 

To assess for cellular proliferation, DNA was isolated and subsequent yield was 

measured. Using a standard curve and adopting a line of best fit over a range of cell 

numbers, is a well-defined methodology for adopting standardised procedures. It was 
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paramount that the methodology incorporated allowed for the detection of low levels of 

DNA. Seeding low cell densities for the leave-one-factor-out strategy would allow for the 

observation of the effects of the various factors on hPDC characteristics. Seeding cells 

at a high density may limit the degree of morphological differences observed and the 

differences in cellular proliferation. 

 

0.05% TX-100 has been previously used on hPDCs to isolate DNA however, diluted in 

PBS (Roberts et al. 2014). A similar approach was replicated in this study using a 0.05% 

and 1% TX-100, however, the use of PBS as a dilution method, proved to hinder DNA 

detection herein (data not shown). It was therefore substituted with distilled water, 

allowing for robust cytolysis and DNA extraction. Although the use of TX-100 illustrated 

an R
2 

value close to 100%, low levels of DNA were not consistently being detected for 

the standardization of the method using the line of best fit and was therefore excluded.  

 

RLT Lysis buffer is another well-established reagent used to lyse cells. ß-ME is routinely 

added in a 1:100 dilution to help inactivate DNAses and RNAses in the lysate. In this 

study, DNA was isolated with and without the presence of ß-ME in RLT lysis buffer. 

Interestingly, the inclusion of b-ME increased the strength of the relationship between 

cell number and DNA content by 62%. Importantly, the use of RLT lysis buffer and ß-ME 

allowed for the detection of DNA at lower levels. Other commercially available kits were 

studied for their potency in detecting DNA however, fell short of the ability to detect low 

levels, additionally requiring longer incubation periods that deemed unfeasible, with 

respect to the GenElute
TM

 Mammalian Genomic DNA kit and CCK-8 assay kit, 

respectively.   

 

Additionally, measuring fluorescence using a DNA-binding agent such as Hoechst 

allowed for an easily applicable and inexpensive method to specifically measure DNA. 

Hoechst bis-benzimidazole 33342 dye has been routinely used and accepted for the 

detection and measurement of cells containing low DNA yield, by selectively binding to 

adenine-thymine rich regions of double stranded DNA efficiently (Bucevičius, 

Lukinavičius, and Gerasimaite 2018). Various concentrations of Hoechst have known to 

have distinct effects on DNA identification of cells, particularly stem cells. Concentrations 

as high as 5 µg/mL has previously illustrated detrimental effects as a tool for cellular 

proliferation by directly damaging the DNA. However, concentrations in the lower 

spectrum at 0.5 µg/mL has illustrated minimal DNA damage (Schendzielorz et al. 2016). 

Another study has confirmed minimal damage to DNA at a concentration of 1 µg/mL of 
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the Hoechst dye (Schendzielorz et al. 2016)(Mohorko et al. 2005). This study thus 

employed a concentration of 1 µg/mL to detect and measure DNA yield in the samples.  

 

Despite the various DNA isolation methodologies employed herein, Hoechst successfully 

allowed for the detection of DNA. The shortfall however associated with this reagent, 

included obtaining reproducible and trustworthy data. Although two DNA isolation 

techniques (RLT lysis buffer and 0.1% TX-100) were used for the assessment of an 

optimal basal media, there were significant differences in DNA yield between the two 

protocols. Both methods previously illustrated a strong relationship between the cell 

numbers and DNA content represented by an R
2
 value close to 1. Irrespective of the 

DNA isolation technique, the use of Hoechst should have illustrated minimal differences 

in the final DNA quantification.  

 

A different technique was therefore evaluated for its ability to easily detect DNA content 

as a measure of cellular proliferation. Bringing forward the RLT lysis buffer and ß-ME as 

a DNA isolation methodology, the Qubit dsDNA broad range assay was tested. Although 

shying away from the use of an inexpensive technique, the Qubit allowed for consistent 

and accurate DNA detection at low DNA levels. Known for its reputable high throughput 

for DNA detection in clinical and research applications, this methodology allowed for the 

use of RLT lysis buffer that could be used for both DNA isolation to assess for cellular 

proliferation and RNA isolation for gene expression analysis from the same sample.  

 

Measuring the effect of the growth factors on hPDC metabolism was a key parameter in 

assessing their effect on cell potency. Herein, PrestoBlue
TM

 cell viability reagent was 

adopted and allowed for accurate detection of cell metabolism in samples with low cell 

numbers. Additionally, requiring an incubation period of only 10 mins, this methodology 

has exceeded the detection proficiency of the routinely used MTT assay, and was 

therefore employed in this study as the staple detection method for cellular viability (M. 

Xu, McCanna, and Sivak 2015).  

 

Having optimised and identified the methods required to measure cellular proliferation 

and metabolism, the next stage in the study included identifying a basal media to provide 

for basic cellular survival and function to assess the individual effects of each growth 

factor. Using a high serum containing basal medium to conduct the take-one-away 

strategy would introduce a host of unknown factors and effects. It was thus imperative 

to identify a basal media that would provide basic cell function to enable for the 

assessment of the effects of the selected factors in attaining hPDC potency. In the 
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presence of the growth factors a significant increase in cellular proliferation relative to 

the selected test basal media (TBM1) alone was observed. However, the cumulative cell 

loss and decrease in metabolic activity observed in all conditions, questioned its 

compatibility for this study.  

 

Therefore, multiple factors were speculated that could have resulted in the minimal 

changes illustrated by the cells and the presence of cellular loss. These included 1) the 

presence of low cell numbers therefore preventing optimal cell-cell contact required for 

cellular attachment, proliferation and function (Schwartz 2010), 2) inadequate supply of 

nutrients, otherwise provided by serum. 1% FBS was therefore included into the study 

at a concentration that when in combination with additional serum-free replacements, 

the culture becomes notably defined (Gupta et al. 2019). Herein, distinguished 

morphologies were observed between the different conditions in the leave-one-factor out 

study, allowing for the assessment of each growth factor on hPDC response. 

 

For example, IGF-1 was identified as a key hub gene in the system additionally being 

represented as an upstream regulator. With a majority of its downstream targets being 

associated with tissue development, cellular movement and immune cell trafficking, IGF-

1 has repeatedly been identified for its effect on inducing cellular survival, self-renewal, 

and differentiation of many cell types, including stem cells (Z. Huang et al. 2010)(Minuto 

et al. 2005)(Bendall et al. 2007)(Doorn et al. 2013). By initiating mitogenic signals 

through phosphoinositide 3-kinase (PI3K), AKT/PKB and the extracellular signal-

regulated kinase (ERK1/2), IGF-1 transduces the transcriptional activity required to 

promote survival, self-renewal and differentiation of hMSCs (Chambard et al. 

2007)(Tewary, Shakiba, and Zandstra 2018)(Youssef, Aboalola, and Han 2017). As 

previously mentioned, other factors including TGF-b and PDGF direct their role in stem 

cell biology through a similar mechanism. IGF-1 signalling is known to potentiate the 

effect of bone morphogenic protein-9 (BMP9) (a factor associated with the TGFb 

superfamily) in inducing osteogenic differentiation (Youssef, Aboalola, and Han 2017)(L. 

Chen et al. 2010). Interestingly, TGFb was identified as a potent target molecule 

associated with IGF-1 signalling as identified by IPA and further identified as a key factor 

in supporting hPDC potency, in vitro.  

 

b2-estradiol was selected for its hierarchal position in the array of genes represented in 

this study. Influencing stem cell growth, differentiation and metabolism, b2-estradiol is 

known to positively regulate the increase of VEGF expression, thus inducing an increase 
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in hMSC proliferation (through PKC, PI3K/Akt and MAPK pathways) (Yun et al. 2009b). 

The caveat associated with this regulation, is the inclusion of exogenous VEGF (a growth 

factor selected for this study) in the growth medium that could potentially illicit a negative 

feedback loop, counteracting the effects of b2-estradiol on cellular proliferation. Indeed, 

assessing the effects of various combinations of these factors was paramount to fully 

comprehend the effect they each had on driving and maintaining hPDC biology. 

Eliminating b2-estradiol had minimal effect on cellular proliferation, with increased gene 

expression profile of stem cell marker PRX1, osteogenic markers RUNX2 and ALP and 

SOX9. Interestingly, eliminating VEGF resulted in the significant increase in proliferation 

relative to the all factors, eluding to a potential association with the two factors as 

proposed by (Hong et al. 2009) and potential negative effect on b2-estradiol function in 

the presence of exogenous VEGF. Additionally, eliminating VEGF from culture resulted 

in minimal differences of all analysed markers, solely promoting cellular proliferation and 

metabolism relative to all factors. VEGF is known to promote osteogenic differentiation, 

however, the lack of effect on PDC biology may represent a cell specific mechanistic 

difference (Murakami et al. 2017). 

 

The inclusion of WNT-3A in the initial growth factor list was predominantly a result of its 

significance as an upstream regulator in the transcriptomic analysis and previous studies 

indicating its role in bone metabolism and MSC proliferation as previously mentioned. 

However, studies have reported contradictory results with regards to WNT3A and 

osteogenic commitment, which appears to be dependent on cell type and stage of 

differentiation. Indeed, when considering adipose derived MSCs, WNT3A increased the 

early marker ALP, but mature osteoblast markers were not increased (Batsali et al. 

2017). Conversely, a positive effect on multipotent characteristics and proliferative state 

has been suggested for bone marrow MSCs when FGF2 and WNT3A are combined 

(Narcisi et al. 2015). Nevertheless, herein, eliminating WNT-3A had a positive effect on 

cell proliferation but no effect on any stem or osteochondrogenic markers.  

 

Eliminating Dexamethasone resulted in a significant upregulation of all tested gene 

markers (with the exception of ALP) as well as enhancing cellular proliferation and 

metabolism. Due to its dose dependent mechanism, Dexamethasone has previously 

been reported to both promote and arrest osteogenic differentiation (Langenbach and 

Handschel 2013)(H. Wang et al. 2012). Interestingly herein, Dexamethasone appeared 

to have a negative effect on hPDC biology. Indeed, it was previously reported that 

Dexamethasone overall attenuates osteogenic differentiation, unless in combination with 
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10% FBS (Roberts, Chen, et al. 2011). In summary, eliminating a combination of WNT-

3A, Dexamethasone and VEGF had minimal differences in the cell’s proliferative 

capacity and metabolic activity, however, significantly enhanced the cells stem cell 

potential through NESTIN and PRX1 expression (markers that have previously been 

associated with the periosteum), increased osteogenic potential and significantly higher 

chondrogenic potential through the expression of the transcription factor SOX9. With the 

additional resemblance of the cell’s morphology to that of cells cultured in hAS, this 

allowed the formulation of the defined PD-GFC culture condition. 

 
In summary, this chapter highlights optimized technology and appropriate protocols to 

identify biochemical regulators of hPDC potency. Using RNA sequencing, the 

comparison of transcriptomic analysis of humanized and bovine cultures of hPDC were 

allowed for the identification of key soluble regulators associated with a humanized 

culture. Furthermore, methods to successfully monitor the effects of these soluble 

regulators on hPDC were identified. A key limitation associated with this study is the use 

of cells from a single batch of cells. It is important to conduct such a study on multiple 

batches of cells to ensure cells are adequate for use. Multiple batches will enable the 

accountability of cellular genetic variation between cells and the detection of any 

anomalies in cell viability. Assessing the gene expression profile, monitoring cellular 

metabolism and proliferation resulted in the creation of a refined combination of soluble 

factors associated with potentially directing hPDC potency. It is important to note that 

respective protein analysis was lacking in these preliminary studies. All work was 

conducted at a gene level and thus interpretation of data is limited.  Nevertheless, the 

leave-one-factor-out strategy deemed a useful method of assessing the effects of the 

soluble factors on hPDC characteristics and the creation of the PD-GFC.  
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Chapter 3: An in-depth analysis of the 
effects of PD-GFC on hPDC potency  
 
Aims: 

1. Examine the effects of the defined PD-GFC on hPDC potency. 

2. Develop a 3D biomimetic periosteum-like environment to further enhance 

hPDC potency in vitro.   

 

Hypothesis: 
Expanding hPDC in the defined PD-GFC and mimicking the periosteum 

microenvironment will maintain cell potency in vitro.  

 

3.1 Introduction 
 

Relative to conventional culture methodologies incorporating foetal bovine serum, the 

series of studies that follow will explore the use of a chemically defined growth medium 

for maintaining hPDC potency. To aid in their clinical translation, providing a defined 

growth medium is key, as all chemical components incorporated have been defined, 

allowing for a regulated and reproducible system. The use of high concentrations of 

serum in growth medias, introduces a host of disadvantages, including providing an ill-

defined source of growth factors, proteins and hormones. Additionally, these undefined 

mediums will contain complex contaminants such as albumin that evidently result in 

disparities in their downstream effect on stem cell biology.  For translational purposes, 

obviating such factors using a defined method is crucial in providing a consistent and 

highly regulated system that directly supports the cell population and function. With all 

its components defined, chemically defined growth mediums additionally, allows us to 

directly monitor molecule-cell interactions by eliminating any variables that may be 

associated with an otherwise ill-defined medium.  

 

Herein, the efficacy of the PD-GFC on hPDC characteristics is monitored, in vitro. The 

cells will be assessed for their morphology, growth characteristics, and differentiation 

capacity. Lastly, the effect of the PD-GFC investigated in combination with a 3-

Dimensional scaffold mimicking the native environment of the periosteum. It was 

hypothesised that by providing a biochemical and biophysical environment replicative of 
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the native environment of the periosteum, hPDCs would organise to form a biomimetic 

periosteum. The creation of a biomimetic tissue would aid in providing a template and 

extracellular environment to support the cells regenerative potential and promote tissue 

regeneration. The biomimetic scaffold has the potential to regulate cellular activity and 

thus provide for an optimal delivery system of appropriate cellular signals and molecules 

required to successful tissue regeneration.  

 

Various methodologies were adopted to successfully assess the efficacy of the PD-GFC 

in promoting PDC potency. A previous study focusing on the use of a humanised 

condition for the growth of hPDCs to aid in the clinical translation of the population of 

cells, was used as a framework for this study (Roberts et al. 2014). By measuring the 

cells proliferation rate, expansion rate, morphology and lineage commitment, the study 

was able distinctly identify the benefits a of a humanised culture. hPDCs had an 

enhanced osteogenic commitment and proliferation in the presence of hAS, relative to 

conventional culture methodologies.  

 

Providing the biochemical factors responsible for a well-defined humanised cell 

condition, has the potential to direct and maintain the cells capacity to proliferate and 

differentiate. These multipotent stromal cells have the capacity to differentiate along the 

adipogenic, chondrogenic and osteogenic lineages, in vitro. Interestingly, culturing these 

cells in a humanised condition, however, solely promotes the cells capacity to 

differentiate along the osteogenic and chondrogenic lineages, replicating their function 

in vivo. Additionally, these cells maintained a distinct phenotype and increased bone 

forming capacity in vivo, relative to FBS cultured cells, demonstrating culture memory 

from in vitro expansion. As the PD-GFC identified in this study aims to provide culture 

conditions that closely mimics in vivo biology, assessing the cells proliferation and 

differentiation capacity is critical.  

 

Cellular expansion of stem cells in conventional growth media has repeatedly illustrated 

successful amplification of cell populations. However, this increase in cell number 

gradually declines (subsequently impacting their differentiation), indicating that current 

culture conditions are suboptimal and do not allow the replication of the in vivo cell 

potential in vitro. Several studies have therefore sought to investigate alternative 

methodologies for the expansion of various stem cell populations; illustrating enhanced 

stem cell growth in the presence of a defined cytokine cocktail (Meuleman et al. 

2006)(Battula et al. 2007)(Rodrigues, Griffith, and Wells 2010). Herein, the selected 
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factors will be assessed for their ability to uphold hPDC characteristics over multiple 

passages, directly measuring their population doubling time and differentiation capacity. 

 

In addition to sustaining hPDC characteristics through the PD-GFC, incorporating an 

element of the cell’s native extracellular matrix would allow for a more biomimetic 

periosteal-like environment for clinical translation of hPDCs. The biophysical nature of 

native tissue plays a significant role in directing cell fate- affecting various cell properties 

and consequent biological events. Herein, we explore various delivery systems to allow 

for the maintenance of hPDC biology. hPDCs expanded in PD-GFC, were incorporated 

into a decellularized bovine periosteum and their transcriptomic profile assessed. Native 

tissues are composed of defined components that interact with each other at nanoscale 

level to allow for cellular biological responses. The matrix interactions and subsequent 

cell-matrix interactions can in fact be preserved following decellularization (Urciuolo and 

De Coppi 2018)(Muiznieks and Keeley 2013). By removing the nuclear content and 

cellular components, decellularized tissues are able to retain their architectures and 

complexity. The use of decellularized tissue has been routinely used to provide for 

biomimetic environments in vitro and in vivo to guide cells towards regeneration of new 

and functional tissues. Such scaffolds have reported biocompatibility upon 

transplantation with the ability to retain biological activity. Using decellularized 

periosteum therefore has the potential to replicate the periosteum microenvironment. 

 

In lieu of incorporating a tissue-based scaffold, the use of collagen type 1 was 

additionally used as an alternative delivery mechanism as it is an abundant ECM 

component of the periosteum. Collagen acts as a structural protein and provides for cell 

anchorage and attachment (Guimarães et al. 2020). Playing a key role in regulating 

tissue homeostasis and function, the use of collagen as a scaffold for hPDCs may 

provide the biophysical cues required to further regulate hPDC biology. Collagen has 

been extensively used for its role in providing cellular structural support by replicating 

various tissue structures, in vitro. Herein, a collagen type-1 scaffold composed of 10% 

collagen was used to provide a controllable environment for hPDC culture.  

 

Developing a 10% collagen matrix was used to provide a dense collagen scaffold to 

closely mimic the periosteum collagen architecture. This entailed a plastic compression 

methodology using hydrophilic absorbers to expel the water content present within the 

hyperhydrated collagen scaffolds. The term plastic compression implies an irreversible 

deformation of a sample. Therefore, upon absorption of the water content, eliminating 

over 99% water results in a denser biomimetic collagen scaffold, closely mimicking the 
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stiffness of various tissues in vivo. An interesting phenomenon associated with the act 

of compression, is the presence of a distinct topographical orientation of collagen fibrils 

along the surface of the scaffold in contact with the hydrophilic absorber. This surface is 

termed the fluid leaving surface (FLS), providing the first point of contact for all 

biochemical factors present within the growth medium.  

 

3.2 Methods 
 

3.2.1 Analysis of hPDC growth kinetics 
The effect of PD-GFC on hPDC characteristics was assessed by expanding passage 6 

cells in either PD-GFC medium or conventional growth medium containing 1% FBS and 

10% FBS in T75 culture flasks. Cells were initially grown in conventional growth medium 

(GM) containing 10% or 1% FBS until confluency was reached and further subcultured 

in either GM (containing either 1% FBS or 10% FBS) or PD-GFC medium over 4 

passages (n= 3) with an initial cell density of 4000 cells/cm
2 

at the beginning of each 

passage in T75 culture flasks. At 70% confluency cells were trypsinized and cumulative 

population doubling was calculated using the following equation: PDL = 3.32 (log Xe – 

log Xb) + S; where Xb is the cell number at the beginning of the culture, Xe is the cell 

number at the end of the culture and S is the population doublings at the start of the 

culture.  

To measure cell spreading, passage 8 hPDCs were cultured for 6 days at a cell density 

of 1000 cells/cm
2 
in 1% FBS, 10% FBS and PD-GFC. Cells were fixed in 10% formalin 

and actin cytoskeleton visualised through phalloidin staining (Alexa Fluor 488) and the 

nuclei counterstained with 4′,6-diamidino-2-phenylindole (DAPI) (Alexa Fluor 350). Cell 

spreading ratio (width-length) was measured digitally using ImageJ software (National 

Institutes of Health, Bethesda, MD, http://rsb.info.nih.gov/ij/). A total of 30 cells from 

each media condition was measured. Note: all cells cultured in the PD-GFC were 

cultured in high glucose phenol red free DMEM (Gibco, UK) (as previously mentioned 

in chapter 2 Materials/Method). 

At each passage, the cells were subjected to gene expression analysis of stem cell 

(NESTIN and PRX1), osteogenic (RUNX2 and ALP), chondrogenic (SOX9 and 

COL2A1) and periosteum specific (POSTN) markers. Additionally, at various passages, 

cells were subjected to either an osteogenic, chondrogenic or adipogenic differentiation 
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to assess the effect of the PD-GFC on hPDC differentiation compared to conventional 

growth medium.  

3.2.2  Analysis of hPDC differentiation 
Previously expanded cells (in either 10% FBS or PD-GFC) were subcultured at 70% 

confluency and then assessed for their differentiation capacity. Osteogenic differentiation 

was assessed using a defined osteogenic growth factor cocktail (Chen et al. 2015) on 

hPDCs passaged twice in either GM or PD-GFC- seeded at a density of 3000 cells/cm
2
 

in a 12 well culture plate (n=3), in their initial growth mediums for 24hrs. The media was 

subsequently replaced with conventional growth medium supplemented with Ascorbate-

2-phosphate (50 μM, Sigma), TGF-β1 (10 ng/mL, Peprotech), Epidermal Growth Factor 

(EGF; 20 ng/mL, Invitrogen), Interleukin-6 (IL-6; 10 ng/mL, Peprotech), Calcium ions (3 

mM) and Phosphate ions (prepared from a 4:1 ratio of Na2H2PO4 and NaH2P04 at 2 mM). 

The cells were differentiated for a period of 7 days with media changed every 48 hrs. 

Differentiation was assessed through staining with Alizarin Red solution (pH 4.2). 

Quantification of calcium mineral deposits was performed by dissolving the incorporated 

dye with 10% cetylpyridinium chloride (in deionised water) for 60 minutes at room 

temperature. Absorbance was measured using a Tecan Infinite M200pro microtiter plate 

reader (Tecan, Switzerland) at 570 nm.  

 

Chondrogenic differentiation was assessed on hPDCs expanded over 3 passages in 

either GM or PD-GFC and further seeded in high-density micro-masses at a cell density 

of 5,000 cells/µL in a 12 well plate (n=3). Cells were allowed to adhere for 2 hours before 

culturing in chondrogenic medium consisting of low glucose DMEM (Invitrogen), 1x 

Insulin-transferrin-selenium supplement (Corning, UK),  Dexamethasone (100 nM, 

Sigma), Y27632 (10 µM, Axon, UK), ascorbic acid (50 µg/mL, Sigma), proline (40 µg/mL, 

Sigma) and TGF-β1 (10 ng/mL, Peprotech) for 7 days. The cells were subjected to a 

media change every 48 hours. The cells were washed with PBS and fixed in ice cold 

ethanol for 1 hour at -20°C. Differentiation was evaluated by staining with Alcian Blue 

(Sigma) (pH 2.0) overnight at room temperature. Quantification of proteoglycans was 

carried out by extracting the Alcian Blue dye from the micromass by incubating the 

samples in 6M guanidine hydrochloride for 6 hours at room temperature and measuring 

the absorbance at 620 nm.  

 

Adipogenic differentiation was assessed following hPDC culture over two passages in 

either GM or PD-GFC at a cell density of 30,000 cells/well in a 48 well plate for a period 
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of 21 days (n=5). The cells were seeded in growth medium until the cells reached 

confluency after 48hrs. Once confluency was reached the media was substituted with 

adipogenic differentiation media containing 10% FBS, Insulin (1 µg/mL, Sigma), 

dexamethasone (0.1 µM, Sigma), Isobutylmethylxanthine (IBMX; 4.5 µM, Sigma) and 

indomethacin (125 µM, Sigma). Media was changed every 2 days. Production of fat 

droplets was assessed using Oil Red O stain and lipid droplet area quantified using 

ImageJ (National Institute of Health). Gene expression analysis was performed on stem, 

osteogenic, chondrogenic and adipogenic markers and qPCR conducted as previously 

described on the appropriate samples. 

3.2.3  Western blotting of network associated signalling 
molecules 

To assess the presence of phosphorylated proteins, hPDCs were cultured for 24 hours 

in 10% FBS and PD-GFC at a cell density of 15,000 cells/cm
2
, and lysates were extracted 

using RIPA lysis buffer (Sigma, UK) containing protease and phosphatase inhibitors. 

Protein content available in each sample was quantified using the BCA Protein assay kit 

(ThermoFisher). Equal amounts of protein were prepared using Laemelli Buffer and 

diluted to desired volume with RIPA buffer. The samples were heated to 95°C for 5 

minutes. 5 µg of protein was loaded onto a 10 well 10% Mini-PROTEAN® TGX protein 

gel (Biorad) and subjected to electrophoresis. Each gel was loaded with SeeBlue™ 

Plus2 Pre-stained Protein Standard (4-250 kDa). 

 

Upon completion, the gel was transferred onto a polyvinylidene difluoride membrane and 

blocked for 1 hour (5% milk powder in Tris-buffered saline/Tween-20 (TBST). The 

membranes were stained with Ponceau S (Sigma, UK) for 5 mins to detect the successful 

transfer of protein. The membranes were incubated with phospho (S133)-CREB 

(pCREB) (1:1000; Abcam), phospho-p44/42 MAPK (ERK1/2) (Thy202/Tyr204) (1:2000; 

Cell Signalling Technology) phospho (Tyr705)-STAT3 (pSTAT3) (1:1000; Cell Signalling 

Technology) overnight at 4℃. The membranes were subjected to IgG horseradish 

peroxidase secondary antibody (1:1000; Cell Signalling Technology) for 1 hour and 

visualised by enhanced luminol-based chemiluminescence. Protein was normalised by 

reprobing the membrane with rabbit anti-rabbit GAPDH (1:10,000) overnight in 4℃ 

followed by goat anti-rabbit IgG horseradish peroxidase (1:1000, Cell Signalling 

Technology).  
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After staining for each marker, the membranes were stripped with a mild stripping buffer 

as all tested markers were derived from the same species. To avoid non-specific 

staining, the membranes were stripped of the antibodies after each round. Each blot was 

stripped a total of three times. The Buffer used was composed of glycine, Sodium 

Dodecyl Sulfate (SDS), Tween-20 diluted in dH2O and membranes incubated for 5 mins 

and subsequently subjected to PBS and TBST washes.  

 

3.2.4   Preparation of decellularized bovine periosteum 
Bovine bone was commercially sourced, and the periosteum membrane dissected using 

a scalpel. A piece of cotton was carefully sutured to identify the cambium surface of the 

periosteum (the surface in contact with the bone). The samples were frozen and allowed 

to thaw to room temperature before conducting decellularization. Tissue was 

decellularized using a protocol adopted by Vas et al. 2018. The method was further 

optimised as indicated in Table 3.1.  

 

The decellularization protocol was conducted using vacuum-assisted osmotic shock 

methodology, with an initial freeze/thaw cycle to instigate cell disruption. Hypertonic and 

hypotonic solutions were used to facilitate cell lysis. Tissue samples were washed with 

a wash buffer between each solution, containing Tween-20 (Sigma-Aldrich) to aid in the 

removal of fragmented cellular components. DNAse/RNase buffer containing 10 mM 

CaCl2 and 60 mM MgCl2 was used to eliminate nucleic acids.  

 

The hypertonic solution was composed of 1M NaCl, 50 mM Tris HCL and 10 mM EDTA 

diluted in distilled water. The hypotonic solution was composed of 10 mM Tris HCL, 5 

mM EDTA diluted in distilled water. The wash Buffer was composed of NaCl, KCl, 

Disodium phosphate diluted in distilled water. The protocol was conducted under 

negative pressure at 2000 µmHg (267 Pa) attained with a negative pressure desiccator 

(Sigma-Aldrich, UK). 250 mL of each solution was used at each step. The samples were 

continuously agitated on a shaker during incubation.  

 

Tissues were sterilised using 0.1% peracetic acid and 4.8% ethanol for 40 mins. The use 

of the organic acid aids in the removal of biofilm cells of streptococcus aureus. Samples 

were transferred into PBS solution containing 2% antibiotics/antimycotics.  
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3.2.5 Assessing decellularization protocol and analysis 
of tissue morphology  

 

To assess successful decellularization of the tissue, the samples were subjected to DNA 

quantification. The samples were cryomilled using a SPEXSamplePrep 6775 freezer mill 

(SPEX, UK) and 25 mg of the sample was transferred into a DNase/RNase-free 

microcentrifuge tube. Total DNA was isolated using the GenElute mammalian genomic 

DNA miniprep kit (Sigma-Aldrich) according to manufacturer’s instructions and diluted in 

a final volume of 50 µL of nuclease-free water. DNA content was quantified using the 

Table 3.1 Decellularization methodology adopted from Vas et al. 2018. Each step indicating 
the appropriate solution, time of incubation and temperature. Right table indicating optimised 
protocol with adjusted duration of each incubation step.  
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NanoDrop ND1000 spectrophotometer and sample measurements were normalized to 

the wet mass of each sample.  

3.2.6   Histological analysis 
Decellularized tissue was subjected to histological analysis to examine cellular clearance 

and tissue morphology. Samples including a control sample were fixed in 10% Neutral 

Buffered Saline (NBF) for 24 hours at room temperature. The samples were processed 

and wax embedded. 5 µm paraffin sections were prepared using a rotatory microtome 

(ThermoFisher, UK). The sections were mounted onto poly-lysine-coated histology 

slides and stained with hematoxylin and eosin (Sigma-Aldrich).  

 

Control tissue and tissue decellularized with the optimised decellularization protocol 

were further subjected to a were stained with a nuclear fluorescent dye DAPI (Sigma-

Aldrich) to assess for the presence of nuclear material and visualised using an inverted 

Axio fluorescence imager (Zeiss, UK).  

3.2.7   Seeding decellularized bovine periosteum with 
hPDCs 

 

Decellularized periosteum was cut into circular discs using a retractable cutting cannula 

with a 6 mm diameter (WellTech, Taiwan). The samples were placed into 96 well plates 

with the cambium layer facing up and subjected to 100 µL of growth medium for 1 hour 

and allowed to acclimatise in a humidified incubator. The growth medium was removed 

and 250,000 cells (passage 6) were seeded on to the scaffolds in a volume of 20 µL to 

allow the cells to localise on the surface of the tissue. The cells were incubated for 2 

hours following which the cells were subjected to an additional 80 µL of growth medium. 

After 24 hours the growth medium was replaced with PD-GFC. The cells were cultured 

for a period of 7 days in either growth medium containing 10% FBS or PD-GFC (n=3) 

and subjected to a media change every 24 hours.  

 

The samples were subjected to histological analysis and stained with hematoxylin and 

eosin. Samples were prepared as previously mentioned. The samples were additionally 

subjected to gene expression analysis for stem (NESTIN and PRX1), chondrogenic 

(SOX9), osteogenic (RUNX2, SP7 and COL1A1) and hPDC progenitor markers (CTSK, 

POSTN). Samples were prepared and gene expression analysed.  
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3.2.8   Formation of collagen type-1 hPDC seeded 
scaffold 

hPDCs were expanded until 80% confluency was reached. Rat tail collagen type-1 (First 

Link, UK) gels were prepared according to the RAFT protocol. A collagen master-mix 

was prepared containing 10% 10x DMEM, 80% Rat tail collagen type-1 (2.05 mg/ml in 

0.6% acetic acid) and a 10% neutralising agent composed of 10 M NaOH and Hepes 

buffer (ThermoFisher Scientific, UK) (Magdeldin et al. 2017). The collagen solution was 

set on ice for a minimum of 30 minutes to allow for the movement of air bubbles out of 

the solution. The cells were prepared and incorporated into the collagen master mix to 

produce collagen scaffolds with a density of 100,000 cells per gel. A volume of 1.3 mL 

of the collagen master mix (equivalent to 1 gel) was dispensed into 24 well plates (As 

illustrated in Figure 3.1). The gels were allowed to gelate at 37℃ for 15 minutes allowing 

for fibrillogenesis of the collagen hydrogel, comprised of a network of intertwined fibrils 

with no inherent orientation consisting of a large excess fluid to collagen ratio 

(Hadjipanayi et al. 2011). To achieve a denser (10%) collagen gel, the gelated constructs 

underwent plastic compression using a sterile hydrophilic RAFT absorber, following the 

Lonza ‘RAFT 3D Cell Culture’ manufacturer’s protocol. Briefly, the absorber was placed 

on top of the gel for 15 minutes to expel the fluid content through the main (basal) fluid 

leaving surface of the gel. This resulted in a ~50 fold increase in collagen density (Brown 

et al. 2005).  Following plastic compression, the absorber was removed, and 1 mL of 

growth medium was added to the well. After 24hrs, the media was substituted with either 

10% FBS containing medium or the PD-GFC and cultures were allowed to incubate for 

a period of 14 days. The collagen gels were subjected to histological analysis: paraffin 

embedded sections were stained for cell cytoplasm and nuclei with haematoxylin and 

eosin, respectively.  

Figure 3.1 Illustration of developing the collagen type-1 seeded scaffolds. The scaffolds were 
prepared in 24 well plates indicated by the blue well in the diagram. 
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3.2.9   RT2 Profiler PCR Array of Human stem cell 
signalling  

To further interrogate the signalling mechanisms involved when the hPDCs were 

cultured in either FBS or PD-GFC in 3D, an RT
2
 Profiler PCR array (Qiagen) specific for 

stem cell-associated signalling pathways was utilised. The array profiles 84 key genes 

representative of six different signal transduction pathways associated with identification, 

growth and differentiation of stem cells. The hPDCs were embedded within the collagen 

type-1 matrix as detailed above and subsequently cultured in either FBS containing 

growth media or PD-GFC for a period of 14 days. Samples were lysed using TRI reagent 

and RNA isolated using the chloroform phase separation technique and subsequently 

processed using the RNeasy Kit (Qiagen) according to manufacturer’s instructions (Rio 

et al. 2010). Single strand cDNA was transcribed using 1 µg total RNA, synthesised using 

the RT
2
 first strand kit (Qiagen). Real-time PCR was performed using the RT

2
 profiler 

array system according to manufacturer’s instructions in combination with RT
2
 SYBRâ 

Green qPCR Mastermix (Qiagen) in a Biorad CFX96 PCR system (Biorad). Data 

Analysis was conducted using a web based RT
2
 PCR Profiler PCR array data analysis 

software (Qiagen). Genes were identified as up or downregulated with a fold change cut 

off of 2, with a corresponding p-value <0.05. P-values calculated based on student’s t-

test of the replicate 2
-∆∆Ct

 values for each gene in the FBS group and corresponding PD-

GFC experimental group.  

3.2.10 Stiffness of native periosteum and collagen-type 
1 scaffold 

Native bovine periosteum and seeded 10% collagen type-1 cell seeded scaffolds 

(following 14 days culture in PD-GFC; n=3) were washed with PBS and embedded in 

optimal cutting temperature (OCT) compound. Embedded samples were cryosectioned 

into 10 µm sections and transferred onto glass slides. Atomic Force Microscopy (AFM) 

was performed on these samples using a JPK Nanowizard 1 AFM (JPK Instruments Ltd, 

Germany) with a 0.03 N/m, 1.4 kHz, Symmetric RFESPA-75 cantilever. 100 

measurements were performed within a 10 µm
2
 surface area in 6 locations of each tested 

region within the tissue/scaffold.  

 

 



 140 

3.2.11 Quantitative PCR 
Total RNA was isolated using the RNeasy kit (Qiagen, Germany) following 

manufacturer’s instructions. RNA was quantified using a NanoDrop spectrophotometer 

measuring at 260/280 nm, and 1 µg RNA/sample was reverse transcribed using the High 

Capacity cDNA Reverse Transcriptase Kit (Thermo Fisher Scientific, Paisley, UK) with 

the program: 25°C for 10 min, 37°C for 120 min, 85°C for 5 min, and infinite hold at 4°C. 

Transcribed cDNA was assessed via the CFX96 Touch™ Real-Time PCR Detection 

System (40 cycles) using the iTaq Universal SYBR Green Supermix (Bio-Rad, 

Hertfordshire, UK). Primers were designed using Primer3 (listed in supplementary Table 

1) and were designed to span an intron to isolate RNA specific amplification. Relative 

differences in expression were calculated using 2
-∆∆Ct 

(Livak and Schmittgen 2001) 

normalised to HPRT expression.  

3.2.12 Statistical analysis 
Data are expressed as mean ± standard error of the mean (SEM). Statistical significance 

was determined using one-way ANOVA with Fisher’s LSD post hoc corrections applied 

or student’s t-test. Statistical significance is indicated on all graphs as follows: *P<0.05, 

**P<0.01, ***P<0.001 (n=3 technical and experimental repeats). All statistical analysis 

was performed using GraphPad Prism version 6.0f for windows (GraphPad Prism 

Software, La Jolla California USA, www.graphpad.com). 
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3.3 Results 
 

3.3.1 Assessing the effect of PD-GFC on hPDC 
morphology and potency  

 

To assess the effect of the PD-GFC for hPDC expansion, hPDCs were treated with PD-

GFC over multiple passages to observe its effect on the cell’s proliferation rate relative 

to control culture conditions composed of 10% and 1% FBS. The cells were assessed 

for their population doubling time (PDT) over each passage (illustrated in Table 3.2).  

 

 

To assess the efficacy of the PD-GFC for hPDC expansion, hPDCs were cultured over 

multiple passages in the PD-GFC to observe its effect on the cell’s proliferation rate 

relative to 10% and 1% FBS. Culturing hPDCs in PD-GFC resulted in a significantly 

higher cumulative population doublings over time and per passage (after P8) compared 

to 10% FBS (P <0.05) and 1% FBS (P <0.01) Figure 3.2. The cells continued to remain 

proliferative after P10, appeared morphologically normal. Table 3.2 demonstrates data 

associated with a typical passage in each of the media formulations. However, it cannot 

be categorically indicated that no senescent cells were present within the cultures.  

 

Table 3.2 Illustrating population doubling time of cells cultured in either 1% FBS, 10% FBS or 
PD-GFC. Data illustrates a typical passage in each growth media, illustrating their initial cell 
density and density at harvest recorded to determine the cells population doubling time (Data 
are presented as the mean ±S.E.M, n=3 experimental repeats).  
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Figure 3.2 hPDC were cultured over 4 passages in either 1% FBS, 10% FBS or PD-
GFC. A) Population growth curve of hPDC expanded in 1% FBS, 10%FBS and PD-
GFC. B) Mean representation of the accumulated population doubling in all three 
media conditions at all tested passages 7-10 (P7-10). Significant differences 
observed in cells expanded in PD-GFC relative to FBS (*, PD-GFC relative to 10% 
FBS; #, PD-GFC relative to 1% FBS). 

Figure 3.3 A) Representative images of hPDCs at passage 8 in all tested growth mediums 
including PD-GFC at day 6. B) Representative fluorescence images illustrating nuclear 
DAPI staining and cytoskeleton staining with Phalloidin of hPDCs cultured in 1% FBS, 
10%FBS and PD-GFC for a period of 6 days. A representation of the aforementioned 
cellular spreading (Scale= 50 µm). 
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The changes in cellular morphology was observed using fluorescence microscopy as 

shown in Figure 3.3. hPDCs cultured in PD-GFC appeared smaller and less spread 

compared to cells cultured in 1% FBS and 10% FBS. The cells remained proliferative 

after passage 10 when cultured in 10% FBS and PD-GFC and appeared morphologically 

normal. Analysis of the cells cytoskeletal rearrangement was quantified by measuring 

the width-length ratio (Figure 3.4). hPDCs cultured in PD-GFC were 3.1-fold less spread 

than cells cultured in 10% FBS (P<0.001), as exhibited by hAS-cultured cells previously 

measured by Roberts et al. (2014) (Roberts et al. 2014). No significant differences in the 

cell’s width-length ratio when cultured in 1% FBS and 10% FBS. To further determine 

the efficacy of the PD-GFC on hPDCs, the cells were assessed for the expression of 

various gene markers associated with a stem, osteogenic and chondrogenic lineage 

commitment relative to cells cultured in 10% FBS (Figure 3.5).  
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Figure 3.4 Cell spreading of hPDC in 1% 
FBS, 10% FBS and PD-GFC. (Data are 
presented as the mean ±S.E.M, n=3 
experimental repeats). 
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Figure 3.5 Gene expression profile of hPDC expanded in either FBS or PD-GFC. 
Progenitor markers; NESTIN and PRX1, osteogenic markers; RUNX2 and ALP; 
chondrogenic markers; COL2A1 and SOX9; periosteum specific matrix associated 
marker; POSTN were tested on mRNA expression, measured using SYBR Green 
based qPCR. (Data are presented as the mean ±S.E.M; n=3 technical and 
experimental repeats; ND: expression not detected). 
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The expression of mesenchymal stem marker NESTIN was higher at each passage 

when cultured in PD-GFC compared to 10% FBS (1.9, P<0.01; 3.3, P<0.001; 2.0, 

P<0.01; and 2.6-fold, P<0.001 higher at passage 7-10 respectively). In cells treated with 

the PD-GFC relative to 10% FBS, PRX1 displayed an increase in expression in PD-GFC 

treated cells at passage 7 (1.3- fold, ns), 8 (1.3-fold P<0.05), 9 (1.2-fold, ns) and passage 

10 (2.0, P<0.001) when compared to 10% FBS (Figure 3.5). The expression of the 

osteogenic transcription factor RUNX2 was increased in the PD-GFC treated cells, with 

a significant increase observed at passages 8 (3.4-fold, P<0.001), 9 (1.8-fold, P<0.05) 

and 10 (5.0-fold, P<0.001). Interestingly, ALP expression was lower in PD-GFC treated 

cells and significantly lower at P8 (3.0-fold, P<0.01) and 10 (1.5- fold, P<0.01). With 

regards to chondrogenic markers, SOX9 displayed a lower expression profile at 

passages 7-10 in cells treated with PD-GFC though not significant. COL2A1 expression 

was however, significantly up regulated in PD-GFC treated cells at passage 7-10 (17.0 

(P<0.01), 11.4 (P<0.001), 4.8 (P<0.05), 5.0 (P<0.01)- fold, respectively) relative to 10% 

FBS. With regards to periosteum specific matrix associated marker POSTN, a significant 

increase in expression was observed at passage 7 (2.4-fold, P<0.001) and 8 (1.9-fold, 

P<0.001) in PD-GFC cultured cells relative to 10% FBS. POSTN expression was 

consistently higher at all tested passages in PD-GFC cultured cells, however, not 

significant at passage 9 and 10. Overall, hPDCs cultured in PD-GFC displayed 

differences in cellular morphology and lineage commitment in vitro compared to 10% 

FBS.  

3.3.2 Expansion in PD-GFC maintains hPDC 
osteochondrogenic potential 

Following expansion of hPDCs through multiple passages (as mentioned above), a 

subset of cells was subjected to a chondrogenic, osteogenic and adipogenic 

differentiation conditions. Cells expanded in PD-GFC and 10% FBS over three passages 

were assessed for their ability to differentiate along the chondrogenic lineage. The data 

illustrated in Figure 3.6 is a representation of the chondrogenic differentiation assay. The 

micro-mass cultures treated with standard chondrogenic factors resulted in a 1.8-fold 

increase (P<0.05) in Alcian blue stain, indicative of proteoglycan deposition in cells 

previously expanded in the PD-GFC relative to 10% FBS (Figure 3.6A). The early 

chondrogenic transcription factor SOX9 was significantly up regulated (2.3-fold, 

P<0.001) in the PD-GFC primed cells compared to 10% FBS cultured cells. RUNX2 is 

commonly identified as an osteogenic associated transcription factor (Figure 3.6B). Its 

regulation is additionally illustrated during late stage chondrogenesis and was therefore 
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measured to determine the degree of differentiation attained by the cells. A significant 

increase in RUNX2 expression was observed with a 3.3-fold increase (P<0.001) in PD-

GFC expanded cells relative to 10% FBS. With regards to the expression COL10, a 

hypertrophic chondrocyte marker, a significant decrease in expression (1.25-fold, 

P<00.001) was observed in cells cultured in PD-GFC relative to FBS.  

 

 

The cells were further subjected to an osteogenic differentiation for 7 days whereby no 

significant differences in calcium phosphate deposition illustrated by an alizarin red stain 

between the two expansion medias was observed (Figure 3.7A). A modest reduction in 

the expression of the osteogenic transcription factor RUNX2 (1.3-fold, P<0.01) was 

observed in PD-GFC cultured cells compared to 10% FBS (Figure 3.7B). Bone 

sialoprotein (BSP) is a bone matrix protein expressed skeletal stem cells during 

osteogenic differentiation. It is continuously expressed by osteoblasts during bone 

formation (Mizuno et al. 2000). Due to the decrease in expression of early osteogenic 

transcription factors and respective genes, BSP and osteocalcin (noncollagenous protein 

hormone associated with mature osteoblastic phenotype) were measured. Herein, a no 

differences in BSP and OCN expression was observed in cells expanded in PD-GFC 

relative to FBS.  
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Figure 3.6 hPDC expanded in either 10% FBS or PD-GFC were differentiated along 
the chondrogenic lineage. A) illustration of the glycosaminoglycan deposition stained 
with Alcian Blue (scale bar: 3 mm) and quantified by measuring the absorbance at 
630 nm (illustrated on graph). B) Gene expression analysis of chondrogenic markers; 
SOX9, RUNX2 and COL10. (Data are presented as the mean ±S.E.M; n=3 
experimental and technical repeats).   
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Figure 3.7 hPDC previously expanded in FBS or PD-GFC were differentiated along 
the osteogenic lineage. A) Illustration of calcium mineral deposition stained with 
Alizarin red. Graph illustrates the quantification of alizarin red stain. B) Gene 
expression analysis of osteogenic markers RUNX2, SP7, BSP and OCN. (Data are 
presented as the mean ±S.E.M, n=3 experimental and technical repeats).   
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The cells were further subjected to an adipogenic differentiation assay for 21 days 

(Figure 3.8). An Oil Red O stain was performed identifying the formation of fat droplets 

(Figure 3.8A). Cells cultured in 10% FBS prior to the differentiation assay resulted in the 

formation of large fat droplets. However, cells cultured in PD-GFC resulted in no fat 

droplet formation after the 21-day period, further confirmed by a 23.4-fold decrease in 

lipid droplet. Underlying cells are not visible as images were taken at a 40X objective to 

allow for oil droplet visualization. A 52.6-fold decrease in the adipogenic marker FABP4 

was observed in PD-GFC expanded cells relative to 10% FBS.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

3.3.3 Analysis of downstream signalling pathways 
associated with a humanised hPDC culture 

 
To further analyse signal activation associated with the different growth medium, protein 

analysis was conducted on the downstream signalling molecules associated with the IPA 

gene networks. Signalling pathways associated with stem cell maintenance, proliferation 

and differentiation were assessed. hPDCs were initially seeded at a cell density of 8,000 

cells/cm
2
 for a period of 7 days. Protein was extracted and subjected to GAPDH 

identification as the loading control intended for use in this study (Figure 3.9A). 

Interestingly, protein extracted from cells cultured in PD-GFC resulted in significantly 

darker bands compared to protein extracted from cells cultured in 10% FBS. To disregard 

the loading control used as a potential cause for the irregularities illustrated herein, a 

Figure 3.8 hPDCs expanded 
in FBS and PD-GFC were 
differentiated along the 
adipogenic lineage. A) 
Illustration of fat droplets 
stained with Oil Red O, of 
cells having previously been 
expanded in either FBS of 
PD-GFC. The graph 
illustrates lipid droplet size. 
B) Gene expression of 
adipogenic marker FABP4. 
Data are presented as the 
mean ±S.E.M; n=3 
experimental and technical 
repeats).   
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different loading control was used. When the protein bands were stained with b-tubulin, 

similar results were illustrated, with protein extracted from PD-GFC cultured cells 

exhibiting darker bands compared to FBS, a phenomenon associated with loading a 

higher protein concentration (Figure 3.9A). Despite loading equal protein concentrations, 

the differences in loading control expression were retained.  
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Figure 3.9 Protein analysis of hPDCs cultured in either 10% FBS or PD-GFC. A) 
hPDCs cultured at a cell density of 8,000 cells/cm2 for a period of 7 days were 
extracted for protein and western blot conducted. Samples subjected to two loading 
control; GAPDH and b-Tubulin. B) hPDCs cultured in 10% FBS or PD-GFC at a 
cell density of 15,000 cells/cm2 for 1 day. Extracted protein samples subjected to 
GAPDH loading control. (black boxes: FBS sample; red boxes: PD-GFC samples). 
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hPDCs were then cultured at a higher cellular density to ensure adequate levels of 

protein to conduct the western blot protocol. Additionally, the cells were cultured for a 

minimum period of 24 hours in the various media conditions to eliminate the 

accumulation of serum albumin in the samples, as previously illustrated in the long-term 

cultures. The samples were subjected to GAPDH staining illustrating consistent bands 

between both conditions (Figure 3.9B). Interestingly, there were no significant 

differences in STAT3, MAPK and CREB phosphorylation in cells cultured in PD-GFC 

compared with FBS (Figure 3.10).   

 

 

3.3.4 Assessing decellularized periosteum as a 
scaffold for the creation of human biomimetic 
periosteum  

 

Bovine periosteum was decellularized to assess its suitability as a biomimetic scaffold. 

A protocol obtained from Vas et al. 2018, utilised a vacuum assisted osmotic shock 

decellularization protocol to eliminate the cellular content from the tissue. As shown in 

Figure 3.11, applying protocol 1 (Adopted from Vas et al. 2018) to the bovine periosteum 

resulted in the elimination of all cellular content, however evident disruption to the overall 

structure of the tissue including matrix orientation was observed. To retain the structure 

of the periosteum tissue while maintaining the successful decellularization potential of 

the protocol, the various incubation periods in the different solutions were adjusted and 

respectively decreased (Table 3.1). The optimised protocol resulted in the successful 

elimination of cells illustrated by the H&E images (Figure 3.11) with minimal disruption 

to the collagen fibril orientation in the fibrous region of the periosteum. Minimal disruption 

of the cambium layer was observed. The tissue evidently expanded in size relative to the 

control, however the overall structure of the relevant layers was maintained.   
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Figure 3.10 A) representative protein bands of hPDCs cultured in either FBS or PD-
GFC. Protein expression of phosphorylated signalling molecules; pMAPK, pSTAT3 and 
pCREB. B) quantification of protein deduced from band intensity. All samples 
expressed relative to loading control GAPDH (n=3).   
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To ensure the effective removal of cellular and nuclear components from the tissue, the 

decellularized periosteum was analysed for its DNA content. Equal volumes of sample 

(control and decellularized) were digested and subject to DNA quantification. Upon 

decellularization, DNA content significantly decreased by 12.5-fold (P<0.01) compared 

to the control sample to a final concentration of 11.9 ng/mg of dry weight (Figure 3.12A). 

This value falls significantly below the clinically acceptable level of 50 mg/ng of ECM dry 

weight (P<0.001), preventing any inflammatory or immune response that could arise 

during implantation, eliciting adverse effects. The significant decrease in DNA content is 

further confirmed in the lack of visible nuclear material in the tissue sections stained with 

DAPI in the decellularized sample relative to the control (Figure 3.12B).  

 

 

Outer 
Fibrous 

Layer

Inner
Cambium 

Layer

Protocol 1 Optimised protocol

50 µm 50 µm50 µm

Control

Figure 3.11 H&E images of native bovine tissue (control) illustrating the inner 
cambium layer and outer fibrous layer. Tissue subjected to decellularization 
using predeveloped protocol (protocol 1) and optimised protocol (scale bar= 50 
µm). 
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3.3.5 Assessing the effect of the PD-GFC on hPDC 
seeded periosteum  

 
Upon decellularization, hPDCs were seeded on the cambium surface of the periosteum, 

the layer in which they are located in vivo. The cells were cultured for a period of 7 days 

in either 10% FBS or the PD-GFC. The cells successfully attached to the surface of the 

decellularized tissue as illustrated by the H&E images in Figure 3.13. They were localised 

on the surface of the scaffold with a number of cells beginning to penetrate through the 

scaffold over the 7-day period in both media conditions (indicated in Figure 3.13). The 

cells were further subjected to gene expression analysis to determine the identity of the 

cells once seeded onto 3D scaffold.    
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Figure 3.12 Decellularized periosteum was assessed for A) DNA content 
relative to control (statistical analysis performed using student’s t-test. (n=3) 
B) DAPI stained tissue sections for DNA content (scale bar: 100 µm). 
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The expression of the mesenchymal stem cell marker NESTIN was increased in cells 

cultured in 10% FBS (1.6-fold, ns) when seeded on the decellularized scaffold relative 

to 2D monolayers, with a significant decrease illustrated in PD-GFC cultured cells (3.5- 

fold, P<0.001) (Figure 3.14). A significant increase in PRX1 expression was observed 

when hPDCs were cultured on the decellularized scaffold relative to 2D (3.5-fold, 

P0.001) in FBS, with no significant differences observed in PD-GFC cultured cells (1.6-

fold), with an overall significantly lower PRX1 expression relative to FBS (1.9-fold, 

P<0.001). Culturing the cells in the decellularized scaffold treated with FBS significantly 

enhanced the expression of the chondrogenic marker SOX9 (2-fold, P<0.001) relative to 

2D, and PD-GFC cultured cells (10.8-fold, P<0.001). The PD-GFC had minimal influence 

on SOX9 expression in the presence of the decellularized scaffold. A significant increase 

in the expression of the osteogenic marker RUNX2 was observed when the cells were 

cultured on the decellularized scaffold treated with FBS compared to 2D (4.4-fold, 

P<0.001). No difference in RUNX2 expression was observed when the cells were 

seeded in a 2D monolayer or embedded onto the decellularized scaffold. A lower 

expression profile was observed in cell cultured on the decellularized scaffolds treated 

with PD-GFC compared to FBS. COL1A1 was additionally increased in the cells cultured 

on the decellularized scaffold in FBS conditions compared to 2D (2.3-fold, ns), with a 

10% FBS PD-GFC

50 µm 50 µm

Figure 3.13 Day 7 H&E images of decellularized periosteum seeded with hPDC in 
either 10% FBS or PD-GFC. Red arrows indicate cells beginning to penetrate the 
tissue (scale bar: 50 µm). 
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significantly lower expression observed with PD-GFC seeded scaffolds (10-fold, P<0.05) 

relative to 2D. The last set of markers that were assessed included markers associated 

with hPDC; no differences in POSTN expression was observed when the cells were 

treated with FBS. A significantly higher expression was observed in the decellularized 

scaffold when the cells were treated with PD-GFC compared to FBS (1.7-fold, P<0.05), 

however, significantly lower than its 2D counterpart (3.6-fold, P<0.01). With regards to 

CTSK, a significantly higher expression was observed in the decellularized scaffolds with 

cells treated with PD-GFC relative to FBS (2.8-fold, P<0.01), with a decrease in 

expression relative to its 2D equivalent (0.3-fold, P<0.05).  
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Figure 3.14 Gene expression profile of hPDCs seeded onto decellularized periosteum. Stem 
cell markers (NESTIN and PRX1), chondrogenic markers (SOX9), osteogenic markers 
(RUNX2, COL1A1) and Periosteum specific markers (POSTN and CTSK). (Data are 
presented as the mean ±S.E.M; n=3 technical repeat).  

 



 155 

3.3.6 The effect of PD-GFC on collagen seeded 
scaffolds- a major ECM component of the 
periosteum 

 

hPDCs were embedded within a 3D collagen type-1 matrix. The aim of this study was to 

recapitulate the in vivo periosteum microenvironment by incorporating the cell 

populations in optimised culture conditions in a relevant matrix. 100,000 cells were either 

seeded in a 2D monolayer or embedded within 10% (plastic compressed) 3D collagen 

type-1 matrix. After a 14-day culture, the constructs were then paraffin embedded, 

sectioned and stained with haematoxylin and eosin to observe the collagen and cell 

distribution. Upon plastic compression of the collagen gels, a dense layer of collagen 

was visible on the fluid leaving surface (FLS) compared to the rest of scaffold (Figure 

3.15). Interestingly, this did not occur when the cells were seeded at a lower cell density 

of 30,000 cells. The 10% FBS cultured constructs had cells dispersed throughout the 

matrix. However, when cultured in PD-GFC, more hPDCs were visible within the 

construct with the majority of cells aligned along the FLS of the scaffold. Intriguingly, the 

organisation of the cells mirrored that of native periosteum as shown in Figure 3.11.  
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With further interrogation, it was hypothesized that the cellular organisation along the 

fluid leaving surface, was due to the biophysical properties of this region. The 

morphology of the collagen fibrils and matrix stiffness was therefore analysed on both 

native bovine periosteum and hPDC laden collagen type 1 scaffolds, following a 14-day 

culture in PD-GFC. Atomic Force Microscopy (AFM) stiffness measurements of either 

side of the collagen scaffold revealed no difference, unlike native periosteum where the 

fibrous layer was 1.47-fold stiffer than the cambium layer. Interestingly, the scaffold 

stiffness was in the same range as that observed with periosteum (scaffold = 5.40-5.45 

GPa, periosteum = 4.55-6.69 GPa) (Figure 3.16). With regards to collagen fibril 

morphology, collagen fibril structure and orientation was similar between the FLS and 

cambium layer of the periosteum, respectively. A similar fibril morphology was also 

observed between the bottom of the scaffold and the fibrous layer of the periosteum 

(Figure 3.16A). 
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Figure 3.16 AFM of a native periosteum and collagen type-1 seeded scaffold. A) 
Images of collagen fibril orientation in PD-GFC cultured collagen type 1 scaffolds 
at the FLS and bottom surface of the scaffold and respective cambium and fibrous 
layer of a native periosteum (scale bar: 2 µm). B) Stiffness measurements of 
native periosteum tissue and collagen type 1 scaffold. The graphs illustrate the 
median stiffness from each specific region. 
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3.3.7 Identification of signal transduction factors 
associated with PD-GFC cultured hPDCs 

 

To further determine the underlying mechanisms involved in PD-GFC culturing of hPDCs 

in a 3D environment, cells were embedded in a 3D collagen type 1 matrix and cultured 

in either 10% FBS or PD-GFC for a period of 14 days. RNA was extracted and changes 

in gene expression observed using the human stem cell signalling array. Of the 84 genes 

examined, 9 genes were significantly upregulated in PD-GFC cultured cells relative to 

FBS and 17 genes were significantly downregulated in PD-GFC cultured cells relative to 

FBS with a 2-fold or more change in expression, illustrated in the volcano plot in Figure 

3.17A. The data was further interrogated using IPA to define the likely gene network 

associated with the transcriptional profile. The gene network shown in Figure 3.17B 

represents genes from the PCR array that were either up (red) or downregulated (green) 

with additional genes that are likely to play a role also represented. It was noted that TGF 

superfamily (ACVR2B, ACVR1B, SMAD1 and SMAD4), Wnt signalling (FZD7, TCF and 

LEF1) and Hedgehog (GLI2, PTCHD2) were downregulated with an upregulation of 

CREB associated pathways (CREBBP and EP300).  
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Figure 3.17 Signal transduction factors associated with PD-GFC cultured scaffolds. A) 
Volcano plot of genes significantly up and down regulated in PD-GFC cultured hPDCs in 
a 3D construct relative to FBS cultured cells (p<0.05) with a fold change >2. B) Gene 
network representing signalling interactions between genes that were significantly up and 
down regulated in PDGFC cultured constructs relative to FBS (created in IPA). Green 
represents genes that are downregulated in the system and red represents genes that are 
upregulated.  
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3.3.8 Assessing the biomimicry of hPDC seeded 
collagen scaffolds  

 
To further assess the biomimicry of the hPDC seeded collagen gels (cell density of 

100,000 cells/ gel) compared to conventional culture methodology, a gene expression 

analysis was performed to identify the associated transcriptomic profile of the cells 

(Figure 3.18). The hPDC seeded collagen gels treated with PD-GFC at day 14, 

represented the biomimetic scaffold, with standard culture conditions representing 

hPDCs cultured on a 2D monolayer treated with FBS for 14 days.  A significant decrease 

in PRX1 expression was observed when the cells were cultured in the biomimetic gel 

relative to standard conditions (2-fold, P<0.05). With regards to the cell’s osteogenic 

potential, an interestingly significant increase in RUNX2 expression was observed in the 

biomimetic gel relative to standard conditions (4.5-fold, P<0.05), however, illustrating a 

significant reduction with regards to their chondrogenic potential, represented by SOX9 

(2.9-fold, P<0.05). A significant increase in CTSK was observed in the biomimetic gel 

relative to standard conditions (2-fold, P<0.05). Additionally, illustrating significant 

increase in POSTN expression (3.5-fold, P<0.01).  

  

Standard Biomimetic
0.0

0.1

0.2

0.3

0.4

0.5

PR
X1

 R
el

at
iv

e 
E

xp
re

ss
io

n 
(2

- Δ
C

T ) *

Standard Biomimetic
0.00

0.05

0.10

0.15

0.20

0.25

C
TS
K

 
R

el
at

iv
e 

E
xp

re
ss

io
n 

(2
- Δ

C
T ) *

Standard Biomimetic
0.000

0.005

0.010

0.015

R
U
N
X2

 
R

el
at

iv
e 

E
xp

re
si

on
 (2

-Δ
C

T )

*

Standard Biomimetic
0.000

0.005

0.010

0.015

0.020

0.025

SO
X9

 
R

el
at

iv
e 

E
xp

re
ss

io
n 

 (2
-Δ

C
T ) *

Standard Biomimetic
0.0

0.2

0.4

0.6

0.8

1.0

P
O
S
TN

 
R

el
at

iv
e 

E
xp

re
ss

io
n

 (
2- Δ

C
T
)

Figure 3.18 Gene expression of key genes associated with periosteal biology in cells cultured 
in standard vs biomimetic (100,000-cell density, cultured in PD-GFC at day 14 in plastic-
compressed gels; Data are presented as the mean ±S.E.M; n=3 technical replicates). 
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3.4 Discussion 
 

In an attempt to create a growth factor cocktail that maintains or enhances hPDC 

potency, biochemical factors were rationally selected through transcriptomic analysis 

and empirical testing. Herein, this chapter aimed to further assess the efficacy of the 

optimised growth factor cocktail as an expansion medium for hPDC in vitro. Additionally, 

assessing the potential for the development of a biomimetic environment as a means of 

achieving periosteal mimicry. It was hypothesized that the crosstalk between the 

biochemical and biophysical environment of the periosteum niche could promote 

periosteum-like tissue organisation in vitro. This would further mimic the periosteum 

microenvironment as a means of facilitating bone regeneration in vivo including a 

credible method of introducing cells into bone defects.  

 

Culturing hPDCs in the PD-GFC resulted in similar cellular morphology to human 

allogeneic serum cultured cells, with FBS cultured cells displaying distinct cellular 

features. With regards to their proliferation, a significant difference was observed in the 

proliferation of cells cultured in PD-GFC relative to FBS, as previously reported with hAS 

(Roberts et al. 2014). In addition, cell spreading of hPDCs cultured in PD-GFC mimicked 

that of cells cultured in hAS (Roberts et al. 2014). Furthermore, hPDCs cultured in PD-

GFC demonstrated significant increases in stem cell markers PRX1 and NESTIN over 

serial passages and an increase in the chondrocyte marker COL2A1 and osteogenic 

marker RUNX2. In the presence of specific chondrocytic stimulating factors, expanding 

hPDCs in the PD-GFC resulted in an enhanced chondrogenic differentiation potential 

relative to FBS. The resultant cells had a greater propensity to deposit GAGs when 

differentiated towards chondrocytes, a key finding illustrated by hPDCs cultured in hAS 

(Roberts et al. 2014). The cells interestingly displayed minimal fat droplet content when 

differentiated towards adipocytes, compared to cells cultured in 10% FBS. Indeed, this 

mirrored the results seen with hAS, however, minimal differences were observed herein 

with regards to CaP deposition. Although a robustly developed cell specific osteogenic 

differentiation protocol was used to differentiate hPDCs, it is important to acknowledge 

potential non-specific Alizarin Red staining associated with excessive calcium and 

phosphate deposition used in the culture. To resolve this limitation, bright field images 

of the cells would distinguish the presence of collagen deposition and mineralization 

relative to calcium/phosphate deposition from the differentiation medium. However, 

hPDC this study adopted an optimised osteogenic differentiation condition, which were 

not used in the earlier study (Roberts et al. 2014)(Jeroen Eyckmans et al. 2013). 
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Interestingly, periostin (POSTN) has been proposed as a key regulator of the cell’s 

differentiation capacity (Duchamp de Lageneste et al. 2018). Indeed, culturing hPDCs in 

the PD-GFC caused a significant up regulation of POSTN compared to FBS cultured 

cells at P7 and P8, which may account in part for the enhanced differentiation capacity 

of the cells. Molecular profiling of hPDCs and bone marrow mesenchymal stromal cells 

have identified periostin as being a key factor expressed in the ECM of the periosteum 

in response to bone repair, requiring a replenished pool of stem cells with the capacity 

to differentiate. Periostin knockout studies in mice have illustrated abolished PDC self-

renewal resulting in a significant reduction in bone healing. This key regulator in PDCs 

was thus used a tool to assess for hPDC fate, in vitro (Duchamp de Lageneste et al. 

2018).  

 

To further analyse signal activation, downstream signalling molecules associated with 

the IPA gene networks were analysed. Minimal differences were observed in all tested 

protein markers pSTAT3, pMAPK and pCREB phosphorylation in cells cultured in PD-

GFC compared with FBS. MAPK (ERK) is a well-established promotor of osteogenic 

differentiation of various skeletal stem cell populations (Rodríguez-Carballo, Gámez, and 

Ventura 2016). Irrespective of the degree of differentiation, culturing hPDCs in FBS and 

PD-GFC promoted successful differentiation along the osteogenic lineage. in agreement 

with these findings, a studied conducted by Roberts. et al (2014) illustrated no 

differences in phosphorylated MAPK/ERK expression in hAS cultured cells relative to 

FBS  (Roberts et al. 2014).  

 

STAT3 has been indicated as a key regulator of human mesenchymal stem cell (hMSC) 

proliferation and self-renewal mediated by the action of various soluble factors such as 

PDGF, epidermal growth factor, IL-6- factors present in serum, as previously mentioned 

(Galoczova, Coates, and Vojtesek 2018). As illustrated by S. Roberts et al. 2014, 

culturing hPDCs in hAS resulted in the significant upregulation of STAT3 phosphorylation 

(Roberts et al. 2014), an increase not observed in PD-GFC treated cells relative to FBS, 

however, did not stop the proliferative capacity mimicking that of hAS cultured cells.  

 

Phosphorylated CREB is a prominent downstream regulator of the cyclic AMP/ protein 

kinase A pathway in hMSCs, directing the expression of osteogenic stimulating factors 

such as TGF-b, BMP2, IGF-1 and IL-11 resulting in the cells differentiation. Other factors 

such as PDGF-BB has recently shown to upregulate Periostin expression TRAP
+
 

mononuclear cells through various downstream target molecules including CREB. CREB 
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function is modulated by PI3K/AKT signalling, with its direct downstream target being the 

periostin promoter (G. Ding, Zhao, and Jiang 2016). Although an enhanced periostin 

gene expression has been exhibited in PD-GFC cultured cells (at early passages), no 

differences in protein phosphorylated CREB was observed. This could be a result of the 

already established periostin  present within the system and a further indication of the 

cells maintained undifferentiated state (Siddappa et al. 2008)(Gao et al. 2019).  

 

In an attempt to further elucidate the potential of the PD-GFC on hPDC potency in vitro, 

a biophysical component was incorporated into the culture in the form of a decellularized 

periosteum scaffold. hPDCs were seeded on a successfully decellularized periosteum 

tissue in the presence of either FBS or PD-GFC. To decellularize the tissue the study 

herein, adopted an established freeze/thaw decellularization protocol using a vacuum 

assisted osmotic shock protocol to allow for cell lysis and to facilitate the infiltration of 

the decellularization solutions with minimal disruption to the ECM ultrastructure (W. J. 

Vas et al. 2018). The decellularization protocol aligned with the key objectives associated 

with a successful decellularization, including illustrating the lack of visible nuclear 

material in the tissue using DAPI and H&E detection, obtaining a total dsDNA quantity 

of less than 50 ng/mg dry tissue weight in the decellularized tissue (B. Yang et al. 

2010)(K. Chen et al. 2015)(W. J. Vas et al. 2018).  

 

With regards to the effect of applying an ECM component to the culture, the 

decellularized periosteum supported the adhesion of cells over the 7 day culture, 

however, illustrated a significant decrease in the cells progenitor, osteogenic and 

chondrogenic markers when the decellularized scaffolds were recellularized in the 

presence of the PD-GFC relative to its 2D counterpart or cells cultured in FBS. 

Interestingly, the expression of hPDC marker cathepsin K (CTSK) was significantly 

enhanced in PD-GFC cultured cells compared to FBS, however no differences observed 

relative to its 2D counterpart. A study previously conducted by Chen et al. 2015, adopted 

a similar study using rabbit decellularized periosteum as a biological scaffold for bone 

tissue engineering (K. Chen et al. 2015). PDCs were allowed to culture to a period of 14 

days, with a dense cellular population of PDCs successfully infiltrating the scaffold after 

14 days of incubation. The cells evidently proliferated over the course of the study; 

however, their progenitor status was not accounted for. In comparison to the study 

herein, the cells were cultured for a shorter period of time and may have benefited from 

a long-term culture to observe any potential effects the PD-GFC may have had on the 

cells. Overall, the decellularized periosteum, illustrated no additive benefits to achieving 

an enhanced capacity of maintaining hPDC potency, in vitro. An alternative methodology 
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was therefore implemented in attempt to assess the effects of the highly abundant ECM 

protein of the periosteum- collagen type-1 on hPDC potency in the presence of the PD-

GFC.  

 

hPDCs were therefore incorporated within a soluble collagen type-1 matrix. Interestingly, 

we observed a distinct migration of cells to the fluid leaving surface of the collagen 

scaffold by day 14 (illustrated on the bottom edge of the collagen scaffolds in Figure 3.15 

when culturing the 100,000 cells in PD-GFC). This resembled the cell distribution seen 

in native periosteum where cell density is increased in the cambium layer of the 

periosteum (as illustrated in Figure 3.15). A significant increase in expression (***, 

P<0.001) of CTSK, was seen in scaffolds cultured in PD-GFC relative to FBS by day 14. 

CTSK is a collagenase enzyme that has recently been shown to be expressed in a 

subpopulation of periosteal stem cells (Debnath et al. 2018), however in this instance it 

may be aiding matrix remodelling, thus allowing cell movement to the fluid leaving 

surface.   In an attempt to define the cues relating to cell movement we assessed whether 

matrix stiffness was regulating migration. Interestingly, no difference was observed 

between the stiffness of the two surfaces of the scaffold, although they were in the same 

stiffness range as the native periosteum. However, upon analysis of collagen orientation 

of both the scaffold and periosteum, a similar interwoven morphology was observed 

between the cambium layer and FLS of the scaffold. Additionally, a similar longitudinally 

oriented collagen fibre morphology was observed between the fibrous layer and bottom 

of the scaffold. As such, the matrix ultrastructure could be a potential cue in regulating 

the migration of cells to the various regions of the scaffold. Indeed, contact guidance and 

bidirectional migration along aligned collagen fibres is a known phenomenon in both 

wound healing and cancer biology (J. Wang et al. 2018). The increased population of 

hPDCs at the FLS in the presence of the PD-GFC suggests a synergistic effect of the 

dense interwoven collagen matrix as well as the presence of active cytokines and growth 

factors that may have encouraged the accumulation of PDCs. The patterning and 

localisation of cells in the collagen matrix is reminiscent of the cambium layer of the 

periosteum.  

 

When assessing the signalling transduction pathways associated with the 

aforementioned culture system, down regulated pathways were predominantly 

associated with the TGF-β and Wnt, and upregulated pathways associated with CREB. 

Interestingly, upregulated genes include EP300 and CREB Binding Protein (CREBBP). 

EP300 is a histone acetyltransferase and coactivator and plays a vital role in 

physiological processes including the regulation of embryonic stem cell self-renewal and 
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pluripotency (Fang et al. 2014). The homologous genes CREBBP and EP300 are 

recruited by Nanog (an identified hub gene) through a physical interaction to the Nanog 

binding loci and play a pivotal role in maintaining a proliferative and undifferentiated 

population of stromal stem cells (C.-C. Tsai and Hung 2012). Additionally, CREB-

mediated signalling has been implicated in the expansion and self-renewal of muscle 

stem cells to preserve stem cell function (Li and Fan 2017). Interestingly, CREB has also 

been linked with in vivo bone formation, with prolonged activation of the cAMP pathway 

by either dibutryl-cAMP (Siddappa et al. 2008) or forskolin (Doorn et al. 2012) shown to 

stimulate in vitro and in vivo bone formation from human MSCs as previously mentioned. 

By recollecting the effect of the PD-GFC on phosphorylated CREB protein expression, 

the upregulation of CREBBP observed herein at a gene level reiterates the importance 

of this signalling pathway in regulating hPDC potency.  

 

As previously mentioned, an overall decrease in WNT signalling was apparent in cells 

cultured in the PD-GFC relative to FBS. With reference to the initial take-one-away study, 

the presence of WNT3a had a negative effect on cell proliferation and as such was 

eliminated from further analysis. Interestingly, the six growth factors selected in addition 

to the 3D matrix induced an autonomous downregulation of WNT signalling, further 

highlighting the need to eliminate this pathway. Indeed, it is known that activation of WNT 

signalling leads to periosteal bone formation, presumably as a direct result of periosteal 

stem cell differentiation (Bolander et al. 2016). TGF-b signalling was also down-regulated 

in this system. Specifically, the type 1 receptor ACVR1B and the type 2 receptor 

ACVR2B was downregulated, receptors known to direct downstream signalling 

associated with cellular differentiation (Gordeeva 2019). These two receptors form the 

signalling complex for activins including Activin a, Activin b and Nodal. This signalling 

pathway functions through the interaction of Smad2/3 with Smad4, which is also 

downregulated in our analysis. Interestingly, Activin/Nodal signalling has been implicated 

in both pluripotent and adult stem cell fate choices (Gordeeva 2019)(Pauklin and Vallier 

2015). An overall decrease in signalling pathways associated with osteoblast 

differentiation including BMP signalling was illustrated in this system, conforming to the 

maintenance of an undifferentiated population of hPDCs.  

 

With regards to limitations of the above studies, accurately comparing conventional 

methodologies to the biomimetic scaffold developed herein, a control sample would be 

necessary to eliminate the potential effects of the growth media on the overall culture. A 

valid control condition would include the use of a collagen coated 2D culture with cells 
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exposed to both FBS and PD-GFC to ensure the observations indicated herein, are in 

fact a result of a 3D environment and the PD-GFC alone.  

 

Furthermore, when comparing the developed rat tail collagen-type 1 scaffold to a native 

periosteum, the use of a murine periosteum, specifically a rat source, would be a credible 

method for conducting such a comparison. However, due to the limitations associated 

with accessing murine tissue samples, a bovine source was used. Additionally, when 

conducting AFM on the collagen scaffolds, a liquid contact mode would have been more 

appropriate as the scaffolds would naturally increase in stiffness when dried. However, 

the aim for conducting stiffness measurements, was solely focused on determining the 

difference between the FLS and bottom of the scaffold. This would not have been 

possible had the samples been retained in the well plates, as probing the samples 

directly on their surfaces would not produce adequate data confirming differences 

between the two sides of the scaffolds, as the AFM would measure the stiffness of the 

entire depth of the sample.  

 

With regards to the western blot methodology used, a potential reason associated with 

the differences observed in the presence of the loading controls, could be a result of the 

serum albumin present in the samples. Despite carrying out extensive washes, the 

serum albumin present and accumulated in FBS cultured cells may have been 

incorporated and accounted for during protein quantification. Although theoretically, 

equal concentrations of protein were loaded on to the gels, loading controls would only 

detect levels of cellular protein. As a result, FBS cultured cells would appear to have less 

GAPDH relative to PD-GFC cultured cells. 

 

Overall, the PD-GFC developed in the current study represents a defined media for the 

expansion of hPDCs in vitro, whilst retaining cell identity and improving potency. 

Incorporating PD-GFC cultured cells in a collagen type-1 matrix mimicked native 

periosteum through cell localisation. Regulation of specific pathways in response to PD-

GFC and the environment suggest the enrichment or modification of hPDCs to mimic the 

periosteal progenitor niche. These data confirm the continuous crosstalk involved in 

regulating hPDC characteristics. Using hPDCs as an example of a stem cell population, 

herein, we provide evidence illustrating the direct effect of a biochemical and biophysical 

environment on stem cell biology. To further enhance our understanding of the myriad 

of factors associated with cell identity and potency, an immortalised stromal cell line will 

be adopted to optimise techniques to further assess the effects of biophysical 

parameters on stem cell biology.  
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Chapter 4: Investigating the effects of 
physiological and biophysical 
parameters on skeletal stem cell 
potency.  
 
Aims: Study the effect of oxygen tension and matrix stiffness on skeletal stem 

cell behaviour. 

 

Hypothesis: Culturing skeletal stem cells in biophysical and physiological 

conditions, will allow for stem cell regulation and maintenance of cell potency.  
 

4.1 Introduction 
 

Stem cell biology is directed by a myriad of niche parameters that work in synergy to 

produce the stem cell niche. The first two chapters have thus far explored the importance 

and effect of the biochemical environment on regulating stem cell fate. This was 

accomplished by firstly appreciating the differences in cellular response associated with 

a humanised culture, providing a host of undefined growth factors and cytokines relative 

to hPDCs cultured in FBS which led to the development of a defined PD-GFC. The PD-

GFC successfully mimicked aspects of hAS treated PDC biology. Implementing an 

additional biophysical parameter improved the hPDCs potential to maintain its progenitor 

cell characteristics in vitro.  

 

By demonstrating the impact of biochemical cues on stem cell potency, prompted the 

need to tap into the biophysical parameters of the stem cell’s niche. The previous chapter 

illustrated the effect of culturing hPDCs within a collagen matrix that provided similar 

topographical cues as exhibited in a native periosteum tissue in vivo. Herein, the effect 

of matrix stiffness observed, directed the need for an in-depth analysis of cellular 

response to its physical environment. 

 

This chapter thus aims to study the effect of specific oxygen conditions and biophysical 

conditions on progenitor cells which may reflect the specific micro-environmental 

features including matrix stiffness found in tissues in situ. It is apparent that a complete 

biomimetic environment of the periosteum was not established, however due to the 
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limited supply of cells in house, a shift in stem cell populations was required to continue 

the research on identifying factors associated with maintaining stem cell potency. An 

immortalised adipose derived stromal cell line (AD-MSCs) was used to limit potential 

responses associated with the use of primary cells and allow for the use of large cell 

numbers over multiple passages. In addition to their ability to differentiate along the 

mesenchyme lineages, AD-MSCs deemed to be an appropriate cell population to 

optimise and develop technology to study the effects of environmental stimuli on stem 

cell regulation. The effects of physiological parameters such as oxygen tension and 

biophysical parameters such as matrix stiffness will be assessed for their role in directing 

stem cell fate. Herein, the concept of mechanical memory will be explored and further 

demonstrated in chapter 5 (C. Yang et al. 2014a).  

 

The concept of stiffness is a relevant mechanical property relating to load and resultant 

deformation of an object/tissue. The stiffness of a material is therefore dependent on two 

factors; the load in which the material can withstand and the consequent deformation it 

endures. The ratio of these two factors make up our understanding of the term stiffness. 

The stiffer a material or tissue the larger the load it can bear, and the minimal deformation 

associated with it. It is well documented, that different tissues have different stiffnesses, 

predominantly for their ability to withstand their functional role. This bulk stiffness 

therefore has a direct impact on the components that make up the tissue, including the 

extracellular matrix. In turn, the ECM relays the mechanical force on its resident cell 

populations. Interestingly, the chain continues with cells harbouring a characteristic 

stiffness themselves- a consequence of their interaction with the surrounding ECM and 

their biological and genetic status (Guimarães et al. 2020). MSCs for example exhibit a 

mechanical stiffness of 2.5 kPa and 3.2 kPa when in a spherical or spread orientation, 

respectively (Darling et al. 2008). 

 

The mechanical stiffness of a tissue can either be dependent on the resident cell 

population that inherently govern the overall mechanical properties of the tissues, such 

as cardiomyocytes and cardiac tissue respectively (Benech et al. 2014); or can be 

dependent on whether the tissue is predominantly cell-rich or matrix-rich. With respect 

to bone marrow stromal cells destined to differentiate into osteoblasts during 

osteogenesis, resides in a highly mineralised ECM (Darling et al. 2008)(H. Yu et al. 

2010).  Herein, it has been well documented that stem cells in particular are regulated 

by the stiffness of the material in which they reside in situ. Recent studies have thus 

illustrated the importance of mechanobiology on directing cellular processes (J. Lee et 

al. 2015)(Robertson et al. 2018)(Guilak et al. 2009). Cells experiencing a mechanical or 
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physiological signal from their environment converts this signal into a biological signalling 

response (mechanotransduction) modulating its intrinsic characteristics (Robertson et al. 

2018)(Paluch et al. 2015)(Handorf et al. 2015). External forces have the capacity to 

shape the mechanical environment, making it a continually evolving and dynamic 

microenvironment for cells. The resultant signals adopted from the environment trigger 

an array of cell signalling responses associated with specific cell fates. For example, 

applying external load is vital for tissues like cartilage and bone, ensuring the 

maintenance of appropriate ECM content and composition. Impaired mobility and thus 

reduced mechanical stimulation, therefore results in decrease proteoglycan content and 

bone mineral density of cartilage and bone, respectively (Handorf et al. 2015). Without 

gravity, osteoblasts are not equipped with the necessary stimulation that instructs them 

to synthesize new matrix, therefore resulting in loss of bone mass. As with stem cells, 

the mechanical effect on their fate and function applies.  

 

It is therefore imperative a stem cell population is in constant exposure to an environment 

that will deliver the appropriate cues required for its basic cellular function and to direct 

its fate. The concentration and organization of ECM components are key factors that 

affect the mechanical properties of tissues. Critical in maintaining homeostasis and 

regeneration, various ECM factors such as density, orientation, architecture contribute 

to the overall stiffness of a tissue and are therefore the key targets in regulating stem cell 

fate. Herein, we explore the impact of collagen type 1 (an abundant ECM component) 

on stem cell fate. It is well established that the stem cell environment provides a 

quiescent and low metabolic cell state, providing the capacity to differentiate upon 

exposure to various stimuli. This allows for cellular resistance to exhaustion and the 

accumulation of gene mutations. The native tissue stiffness of a stem cell niche is 

responsible for directing the aforementioned cell state. Furthermore, the dynamic 

stiffness present within a stem cell niche in vivo regulates the balance between 

quiescence, self-renewal and differentiation (J. Lee et al. 2015)(Burke and Kelly 2012).  

 

The stiffness of an in vivo tissue is several orders of magnitude lower than that sensed 

by cells cultured on plastic, introducing substrate stiffnesses in the gigapascal (GPa) 

scale (several orders of magnitude greater than several in vivo tissues) (as illustrated in 

Figure 4.1). Thus, extensive effort has aimed to shift current culture methodologies to 

more suitable environmental conditions allowing for a better understanding of the cellular 

signalling mechanisms exhibited by the cells in vivo. To reiterate the importance of matrix 

stiffness on cellular behaviour, it has been shown that human MSCs successfully 

maintain a quiescent state when grown on a 250 Pa polyacrylamide substrates 
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mimicking the mechanical properties of the bone marrow (Winer et al. 2009). An 

additional study illustrated the enhanced ability of muscle satellite cells to self-renew and 

maintain quiescence upon subtle modification of the muscle tissue in vivo and 

manipulation of substrate elasticity in vitro (Shin et al. 2011). With their capacity to 

differentiate into various tissue types, human MSCs cultured on ECMs representative of 

the stiffness exhibited by the brain, muscle or bone, directed the expression of organ-

specific transcription factors and subsequently MSCs underwent tissue-specific cell 

differentiation (C. M. Lo et al. 2000)(Pek, Wan, and Ying 2010).  

 

The next series of studies illustrated in this chapter document the effect of biophysical 

cues on cell fate. Physiological parameters such as oxygen tension are further 

interrogated simultaneously. Oxygen tension within tissue microenvironments influences 

stem cell proliferation and differentiation (Mohyeldin, Garzón-Muvdi, and Quiñones-

Hinojosa 2010)(W. Choi et al. 2017). It has been hypothesized that stem cells reside 

within low oxygen environments within the niche. This is tissue specific, furthermore, 

various locations within the niche confer varying physiological parameters, including 

oxygen. These factors thus provide a selective advantage to the maintenance of a 

continuous population of undifferentiated cells (Mohyeldin, Garzón-Muvdi, and 

Quiñones-Hinojosa 2010). Cells undergo aerobic metabolism and are therefore 
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subjected to oxidative stress through the generation of reactive oxygen species (ROS) 

causing DNA damage. Accordingly, stem cells residing in niches composed of low 

oxygen tensions (1-9% O2), allows for minimal exposure to these ROS, thus evading 

cellular toxicity (Mohyeldin, Garzón-Muvdi, and Quiñones-Hinojosa 2010)(Keeley and 

Mann 2019). Additionally, this hypoxic environment is known to activate various 

molecular pathways associated with regulating stem cell characteristics such as 

enhanced stemness and differentiation through Oct4 and Notch signalling (Simon and 

Keith 2008)(Buravkova et al. 2014). Hypoxic stimulated cells further trigger the 

expression of HIF-1a, a signalling factor known to favour stem cell self-renewal and 

proliferation through PI3k/Akt and ERK signalling (W. Choi et al. 2017). This in turn 

increases cell-cell and cell-matrix adhesion, providing a stable metabolic state through 

the activation of glycolytic genes such as lactate dehydrogenase or pyruvate 

dehydrogenase kinase signalling (G. L. Wang et al. 1995). The degree of these effects 

is however, directly associated with the degree of oxygen tension these cells are 

exposed to. 

 

A number of studies have readily documented the effects of various oxygen gradients 

on stem cell behaviour (Mas-Bargues et al. 2019a). Low oxygen tensions (1%) have 

been shown to favour a decrease in proliferation and a maintenance of embryonic stem 

cell pluripotency, whilst higher oxygen tensions (3-5%) appear to have contrasting 

effects (Mohyeldin, Garzón-Muvdi, and Quiñones-Hinojosa 2010)(Ezashi, Das, and 

Roberts 2005). It is evident that stem cell behaviour can be regulated by gradients of 

oxygen tension present within their niche. With a direct impact on stem cell 

differentiation, bone-marrow derived and adipose-derived MSCs (AD-MSC) have 

previously illustrated decreased differentiation capacity when cultured within hypoxic 

environments, therefore maintaining an undifferentiated population of cells. In addition, 

pre-culturing AD-MSCs in a hypoxic environment enhanced the cells chondrogenic 

potential mediated by HIF-1a (Buravkova et al. 2014)(Khan, Adesida, and Hardingham 

2007). Representing a physiological response, these results suggest the need to tap into 

the physiological milieu of this highly specialized microenvironment in attempt to further 

understand the triggers directing stem cell fate.  

 

This study therefore aims to explore the key biophysical modulators of stem cell 

behaviour by developing an approach that allows for the control of multiple 

environmental factors (matrix stiffness and oxygen tension). By applying controlled 

parameters, this study will allow for the identification of the distinct mechanical and 
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physiological cues required to direct AD-MSC stem cell fates. A further understanding of 

the inherent molecular pathways by which the cells engage in response to their 

environment can be deduced. AD-MSCs were thus cultured in either a 2D monolayer or 

3D collagen scaffold. To assess the effect of stiffness, the collagen scaffolds were 

provided at two distinct collagen densities with distinct stiffnesses. The cells were 

additionally exposed to either 5% hypoxia (representative of physiological normoxia) or 

21% normoxia (representative of atmospheric oxygen).  
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4.2 Methods 
 
4.2.1 Human Immortalised adipose derive 

mesenchymal stromal cell (AD-MSC) culture  
 
AD-MSC were obtained from ATCC (ATCC

®
 SCRC-4000

™
) and cultured in Dulbecco's 

Modified Eagle’s Medium (DMEM, Invitrogen, Paisley, UK) supplemented with 10% 

batch-tested foetal bovine serum (FBS) and antibiotics-antimycotic solution (100 units/ml 

penicillin, 100 μg/ml streptomycin and 0.25 μg/ml amphotericin B; Invitrogen, Paisley, 

UK). AD-MSCs were grown in 37℃, 5% CO2/air and 95% humidity. All experiments 

described herein were carried out between passages 6-7. Cells were cultured in 225 cm
2
 

flasks for expansion purposes and seeded at various cell densities.  

 

4.2.2 Characterisation of AD-MSC  
 
AD-MSCs previously expanded in the aforementioned growth medium (as described in 

section 4.2.1) to 70% confluency, were subjected to adipogenic, osteogenic and 

chondrogenic differentiation to assess for their trilineage commitment.   

Osteogenic differentiation was assessed by seeding cells at a density of 4500 cells/cm
2
 

on a tissue culture dish in normal growth medium. After 24hrs, freshly prepared 

osteogenic media composed of growth medium supplemented with 100 nM 

Dexamethasone (Sigma, UK), 50 ug/mL L-Ascorbic acid 2-phosphate (Sigma) and 10 

mM b-glycerophosphate was incorporated and cells allowed to culture for 21 days. 

Controlled samples cultured in conventional growth medium was allowed to grow 

alongside the osteogenic supplemented cells with media changes occurring every 3 

days. Differentiation was assessed by staining calcium mineral deposition with alizarin 

red solution (pH 4.2). Additionally, samples were prepared, and qPCR conducted 

accordingly for the expression of osteogenic marker ALP (method illustrated below).  

 

Chondrogenic differentiation was assessed on AD-MSCs seeded in high-density micro-

masses at a cell density of 5,000 cells/µL in a 12 well plate (n=3). Cells were allowed to 

adhere for 2 hours before culturing in chondrogenic medium consisting of low glucose 

DMEM (Invitrogen), 1x Insulin-transferrin-selenium supplement (Corning, UK),  

Dexamethasone (100 nM, Sigma), Y27632 (10 µM, Axon, UK), ascorbic acid (50 µg/mL, 

Sigma), proline (40 µg/mL, Sigma) for 7 days. The cells were subjected to a media 

change every 48 hours. The cells were washed with PBS and fixed in ice cold ethanol 
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for 1 hour at -20°C. Differentiation was evaluated by staining with Alcian Blue (Sigma) 

(pH 2.0) overnight at room temperature. Quantification of proteoglycans was carried out 

by extracting the Alcian Blue dye from the micromass by incubating the samples in 6M 

guanidine hydrochloride for 6 hours at room temperature and measuring the absorbance 

at 620 nm. Additionally, samples were prepared for gene expression analysis to observe 

the expression of the chondrogenic associated maker COL2A1.  

 

Adipogenic differentiation was conducted as described in section 3.2.2.  

 

4.2.3 Fabrication of basic 0.2% and 10% collagen type-
1 cell seeded scaffolds 

AD-MSCs were expanded until 80% confluency was reached. Rat tail collagen type-1 

(First Link, UK) gels were prepared in accordance to the RAFT protocol. A collagen 

master-mix was prepared containing 10% 10x DMEM, 80% Rat tail collagen type-1 

(2.05 mg/ml in 0.6% acetic acid) and a 10% neutralizing agent composed of 10 M NaOH 

and Hepes buffer (ThermoFisher Scientific, UK) (Magdeldin et al. 2017) . The collagen 

solution was allowed to set for a period of 30 minutes on ice to ensure expulsion of air 

bubbles from the mixture and the formation of additional bubbles. A cell density of 30,000 

cells/ gel was prepared in the appropriate growth medium volume and incorporated into 

the collagen master mix. 1.3 mL of the collagen gel was dispensed into 24 well plates 

and allowed to gelate at 37℃ for 15 minutes. A hydrated collagen hydrogel containing a 

large excess fluid to collagen ratio (0.2% collagen type 1) is formed upon gelation. To 

achieve a denser collagen matrix composed of 10% Collagen, the hydrogels undergo an 

additional plastic compression using a hydrophilic RAFT absorber to expel the excess 

fluid, achieving a ~50-fold increase in collagen concentration (Brown et al. 2005). The 

absorber is placed on top of the hydrogel and allowed to compress the gel over a period 

of 15 minutes at room temperature. The absorber is removed and 1 mL of growth 

medium dispensed over the dense 10% collagen scaffold. The scaffolds were allowed 

to incubate for a period of 7, 14 and 21 days in either 5% O2 (hypoxia) or 21% O2 

(normoxia) to assess for the effects of oxygen tension and cell-extracellular matrix 

interactions on stem cell characteristics.  

4.2.4 Measuring stiffness of 0.2% collagen type-1 
scaffolds 

 
0.2% collagen type-1 scaffolds were fabricated using the aforementioned technique. A 

40 mm wide scaffold was made to align with the rheometer specifications. Oscillatory 
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measurements were performed on a Bohlin CVO rotational rheometer using a parallel 

plate geometry of 40 mm diameter with a measurement gap of 400 µm. The frequency 

was set to a standardized 1 Hz (Fernández Farrés and Norton 2014). A log increase of 

0.05-1000 Pa shear stress and respective strain was applied, and material deformation 

recorded over a period of 3 minutes.  

 

The linear viscoelastic (LVE) region of the material (indicated by the elastic modulus) 

was determined on the amplitude sweep, before commencing sample deformation. The 

LVE region indicates the range in which the test can be carried out without destroying 

the structure of the sample. The dynamic oscillatory measurements were thus performed 

at a strain of 0.1 Pa to determine the stiffness of the matrix without causing any 

deformation to the structure (illustrated in Figure 4.2).  

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 

4.2.4.1 Dynamic oscillatory measurements of the hydrogel  
 
To determine the stiffness of the hydrogel, the sample was placed in a similar set up, at 

a temperature of 37°C to avoid gel disruption. A defined shear stress of 0.1 Pa (strain 

within the linear viscoelastic region) was applied to the sample with a linear frequency 

increase from 1-10 Hz.  

 

The stiffness of the matrix was measured with and without a cell population, as well as 

1 and 6 hours after cellular attachment on the matrix.  
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4.2.5 Measuring stiffness of 10% collagen-type 1 
scaffold 

 

10% collagen type-1 gels (n=3) were washed with phosphate-buffered saline (PBS) and 

distilled water before being physisorbed directly on histology glass slides. Atomic Force 

Microscopy (AFM) was performed in ambient conditions using a JPK Nanowizard 1 AFM 

(JPK Instruments Ltd, Germany). For mechanical measurements, RFESPA-75 

cantilevers (k=3 N/m, tip radius 8 nm) were used. On average, 100 indentation 

measurements were performed within a 10 µm
2
 surface area in 6 locations of each tested 

region within the collagen gel. All indentation measurements were performed exclusively 

on individual collagen fibrils, which were identified using a low-resolution image prior to 

the mechanical measurements. Young’s moduli values were calculated by fitting the 

force-distance curves obtained with the Hertzian model. Young’s Moduli were plotted as 

histograms to identify the presence or not of sub-populations. 

 

4.2.6 Digestion of 0.2% collagen scaffolds for 
differentiation 

 
AD-MSCs were seeded in 0.2% collagen scaffolds for a period of 14 days under hypoxic 

(5% O2) conditions. Scaffolds were digested in 200U Collagenase I (Sigma, UK) for 1 

hour at 37°C. The cells were resuspended in growth medium and passed through a cell 

strainer to emit any debris and allow for a single cell suspension. The cells were 

subjected to an adipogenic, osteogenic and chondrogenic differentiation assay as 

previously described.  

4.2.7 Quantitative PCR 
 
Refer to section 3.2.11. 

 

4.2.8 Statistical analysis 
 
Data are expressed as mean ± standard error of the mean (SEM). Statistical significance 

was determined using one-way ANOVA with Fisher’s LSD post hoc corrections applied 

or student’s t-test. Statistical significance is indicated on all graphs as follows: * P <0.05, 

**P <0.01, *** P <0.001 (n=3 technical repeats). All statistical analysis was performed 

using GraphPad Prism version 6.0f for windows (GraphPad Prism Software, La Jolla 

California USA, www.graphpad.com). 
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4.3 Results 
 

4.3.1 Collagen scaffold stiffness is increased in the 
presence of AD-MSCs, confirming cell-matrix 
interaction 

 
Prior to assessing the effects of the biophysical properties on stem cell characteristics, 

the 3D environments composed of 0.2% and 10% collagen type-1 were subjected to 

stiffness measurements to confirm the correlation between collagen density and its 

respective material stiffness. Additionally, the scaffolds were measured in the presence 

of AD-MSCs, and their stiffness recorded.  

 

0.2% collagen scaffolds exhibited a viscoelastic solid state indicated by the larger elastic 

modulus relative to the viscous modulus (Figure 4.3). The scaffold illustrated an elastic 

modulus ranging between 43-70 Pa. The addition of cells did not significantly alter the 

stiffness of the matrix after an hour of seeding, exhibiting stiffness measurements 

ranging between 42.78-80 Pa. However, 6 hours post cell seeding, an increase of 1.25-

fold in stiffness was observed, resulting in a stiffness range of 76-100 Pa (Figure 4.3A).  

 

AFM was conducted on 10% collagen type 1 matrices before and after the inclusion of 

cells. Stiffness measurements were collected from six different regions along the 

collagen scaffolds with and without a cell population, measuring an average of 750 points 

overall. A stiffness of 4.49 GPa was measured prior to adding cells, with a 4.94 GPa 

stiffness measured 14 days after cell seeding (Figure 4.3B).  

 

Moving forward, the 0.2% collagen type 1 scaffolds were referred to as a ‘soft’ matrix 

with the 10% collagen scaffolds representing a ‘stiff’ matrix.  
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4.3.2 AD-MSC maintain multilineage potential, in vitro 
 
Prior to assessing the biophysical and physiological parameters associated with the 

maintenance of AD-MSC characteristics, the cells were subjected to an adipogenic, 

osteogenic and chondrogenic differentiation assay. The data illustrated in Figure 4.4A is 

a representation of the cell’s chondrogenic potential. AD-MSCs exhibited positive GAG 

deposition illustrated with the Alcian Blue stain and a significant 15- fold increase 

(P<0.01) in the chondrogenic associated marker COL2A1 compared to control 

conditions. Additionally, AD-MSCs directed along the osteogenic lineage resulted in a 

positive alizarin red stain for calcium phosphate deposition (Figure 4.4B) compared to 

the control sample. No increase in ALP expression was illustrated, however, a significant 

2.37-fold increase (P<0.05) in the osteogenic transcriptional marker RUNX2 was 

observed by the differentiated cells compared to control (data not shown). AD-MSCs 
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Figure 4.3 The effect of cell-matrix interaction on material stiffness. A) illustration and stiffness 
measurements of 0.2% collagen type 1 matrix with and without AD-MSCs. Stiffness 
measurements conducted within 1 hour of seeding (blue) and 6 hours post seeding (red). B) 
Illustration and stiffness of a 10% collagen type 1 scaffold. Stiffness measurements conducted 
on acellular and cellular 10% collagen type 1 scaffolds (n=3). 
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directed along an adipogenic lineage resulted in oil droplet formation, as indicated by the 

oil red O stain in Figure 4.4C. The adipogenic associated marker, FABP4 illustrated a 

significant 10-fold increase (P<0.05) in expression in cells staining positive for Oil Red O 

compared to control.  

 

 

4.3.3 Assessing the effect of 3D cultures, matrix 
stiffness and oxygen tension on the maintenance 
of AD-MSC progenitor cell gene profile 

 
To determine the physical parameters associated with regulating mesenchymal 

progenitor cell fate, AD-MSCs were cultured in either a 2D or a 3D environment. Cells 

were seeded in a 2D monolayer, 0.2% and 10% collagen matrix for a period of 7, 14 and 

21 days in either a normoxic (21% O2) environment, representative of conventional 

atmospheric cell culture conditions or a hypoxic (5% O2) environment, representative of 

physiological normoxia. All samples were subjected to gene expression analysis, 

assessing the maintenance of a progenitor cell fate (Figure 4.5).  
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Figure 4.4 Characterisation of AD-MSC. AD-MSCs were assessed for their ability to 
differentiate down the chondrogenic (A), osteogenic (B) and adipogenic (C) lineages. A) 
Micro-masses were stained with Alcian Blue after 7 days and COL2A1 expression analysed 
by qPCR. B) An osteogenic differentiation assay was conducted for 21 days, with calcium 
phosphate staining using Alizarin red, ALP gene expression analysed. C) An adipogenic 
differentiation assay was conducted over 21 days, with fat droplets analysed using Oil red O 
stain. FAPB4 expression analysed using qPCR. (Data are presented as the mean ±S.E.M, 
n=3). 
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4.3.4 Soft 3D gels enhance progenitor cell fate of AD-
MSCs compared to cells cultured in 2D 
monolayers and stiff gels  

 
The cells were assessed for their ability to maintain a progenitor profile through the 

expression of NESTIN and PRX1. Cells cultured within a 3D soft matrix, illustrated an 

overall significantly higher NESTIN and PRX1 expression relative to cells cultured in a 

2D monolayer and stiff matrix (data illustrated in Figure 4.5). This increased expression 

profile is however time and oxygen dependent.  

 

Under normoxic conditions this significantly higher expression profile was observed as 

early as day 7, with an 11-fold (P<0.001) and 4.5-fold (P<0.001) higher expression of 

NESTIN and PRX1 observed, respectively, relative to 2D monolayers (Figure 4.5). 

Furthermore, a significantly higher expression of NESTIN and PRX1 was observed 

relative to cells cultured within the stiff gels at day 7 (NESTIN: 10-fold, P<0.001; PRX1: 

4.3-fold, P<0.001). A similar trend was expressed with regards to the cells osteogenic 

and chondrogenic commitment. Under normoxic conditions a significantly higher 

expression of the osteogenic transcriptional marker RUNX2 was observed in the soft 

matrix compared to 2D cultures (4-fold, P<0.01) and stiff gels (2.7-fold, P<0.05) as early 

as day 7; additionally exhibiting a significant increase in the chondrogenic transcriptional 

marker SOX9 compared to 2D monolayers (15.2-fold, P<0.001) and stiff gels (14.3-fold, 

P<0.001) at day 7. 

 

However, under hypoxic conditions, a significantly higher expression is only observed at 

day 21 with respect to NESTIN (2D: 22.8-fold, P<0.001; stiff gel: 9.9-fold, P<0.001) and 

at day 14 with respect to PRX1 (2D: 8.4, P<0.001; stiff: 4.9, P<0.001) (As shown on 

Figure 4.5). Additionally, eliciting a significantly higher expression of RUNX2 (2D: 22.2-

fold, P<0.001; stiff gel: 10.9-fold, P<0.001) and SOX9 (2D: 14.6-fold, P<0.001; stiff gel: 

15.5-fold, P<0.001) at day 14. 

 

In summary, soft gels enhances the progenitor cell fate of AD-MSCs compared to 

culturing the cells in a 2D monolayer or within the stiff gel. This enhanced progenitor 

status is observed as early as day 7 under normoxic conditions, with a late onset 

observed under hypoxic conditions.  
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4.3.5 AD-MSC exhibit no differences in their progenitor 
status when cultured in 2D monolayers and stiff 
gels over the 21-day culture 

 

AD-MSCs cultured in 2D monolayers, exhibited minimal differences in the progenitor 

markers PRX1 and NESTIN in both normoxic and hypoxic conditions (Figure 4.5). 

Additionally, minimal differences observed with regards to the cell’s differentiation 

potential, with a no significant differences observed in RUNX2 and SOX9 expression 

over the course of the study, in either oxygen conditions.  

 

Furthermore, AD-MSCs cultured within the stiff gels demonstrated no significant 

differences in NESTIN and PRX1 expression over the course of 21 days, in either oxygen 

condition. Overall, AD-MSCs cultured in a 2D monolayer and stiff gel maintained a 

consistently low expression of progenitor and differentiation markers, irrespective of 

oxygen conditions.  

 

4.3.6 AD-MSCs cultured in soft matrices demonstrate a 
transient maintenance of its progenitor status 
under normoxic conditions  

 

Culturing the cells within a normoxic environment, maintained a transient NESTIN 

expression within the soft matrix, resulting in a significant decrease in expression after 

day 14 (3.2-fold decrease, P<0.001) (Figure 4.5). A similar expression pattern is 

illustrated with regards to PRX1. Cells cultured within the soft matrix under normoxic 

conditions, illustrated a transient increase in PRX1 expression, attenuating between day 

14 and 21 (1.3-fold decrease, P<0.001). With regards to the cell’s osteogenic potential, 

a similar trend in expression was observed with regards to RUNX2. Cells cultured under 

normoxic conditions, illustrated a transient 2-fold increase in expression between day 7 

and 14 (P<0.01), illustrating a 3.5-fold decrease by day 21 (P<0.001). Cells cultured 

within the soft matrix, illustrated a 6.4-fold (P<0.001) decrease in SOX9 expression 

between day 7 and 21 under normoxic conditions. (6.4-fold decrease, P<0.001). 
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4.3.7 AD-MSCs cultured in soft matrices demonstrate a 
late onset of its progenitor status under hypoxic 
conditions 

 

Culturing the cells within a hypoxic condition, however, results in the late onset of the 

expression of NESTIN, illustrating a significant increase between day 14 (6.5-fold 

increase, P<0.001) and day 21. With regards to PRX1 expression, a significantly higher 

expression was exhibited between day 7 and 14 (5.2-fold increase, P<0.001) and a 

further increase between day 14 and 21 (1.3-fold increase, P<0.05). AD-MSCs 

demonstrated a late onset in RUNX2 expression with a significant 20-fold (P<0.001) 

increase demonstrated by day 14, with no changes in expression observed hereafter. 

With regards to SOX9 expression, a significant 21.7-fold increase (P<0.001) in 

expression was observed between day 7 day 14, with an additional 1.46-fold increase 

(P<0.05) observed by day 21. 

 

To determine whether this late onset and maintained progenitor profile by day 21 would 

continue over a longer period of time, AD-MSCs were cultured within a soft gel for 40 

days under hypoxic conditions. Culturing cells in a 2D monolayer and within a stiff gel 

were further assessed. AD-MSCs exhibited a significantly higher expression of PRX1 

relative to cells cultured in a 2D monolayer (P<0.01) and stiff gel (P<0.05); a higher 

NESTIN (P<0.01 and P<0.05, respectively); SOX9 (P<0.001 and P<0.01, respectively) 

and RUNX2 (P<0.01 and P<0.05, respectively)  expression under hypoxic conditions 

(Figure 4.6).  
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Figure 4.5 The effect of matrix stiffness and oxygen tension on AD-MSC progenitor 
cell gene expression. AD-MSCs were cultured in either 2D or 3D (0.2% and 10%) 
collagen type-1 scaffolds for a period of 7, 14 and 21 days in either hypoxic (5% 
O2) or normoxic (21% O2) conditions. Progenitor cell markers were assessed using 
qPCR (Data are presented as mean ±S.E.M; n=3). 
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4.3.8 Culturing AD-MSCs in soft gels under hypoxic 
conditions enhances their multilineage potential  

 
Gene expression analysis indicated that the biomimetic culture which resulted in 

maintenance of the highest levels of stem cell progenitor status within the AD-MSC 

population, was the soft, 3D collagen matrix in physiological hypoxia. This was further 

confirmed using functional testing. To further assess the aforementioned physiological 

parameters favouring an osteogenic-chondrogenic progenitor profile, AD-MSCs were 

precultured in either a 2D monolayer or soft gel for 14 days under hypoxic conditions. 

The scaffolds were digested, and cells extracted for differentiation. A chondrogenic, 

osteogenic and adipogenic differentiation assay was conducted on both 2D and collagen 

pre-cultured cells.  

 

Positive glycosaminoglycan staining was observed in both pre-cultured conditions with 

a significantly higher glycosaminoglycan deposition illustrated in cells pre-cultured in the 

soft gel (P<0.05) indicative of chondrogenic differentiation (Figure 4.7A). SOX9 gene 

expression, however, was significantly higher in 2D pre-cultured cells (P<0.05). A 

significantly higher mineral deposition was observed in cells pre-cultured in the soft gel 
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Figure 4.6 The effect of matrix stiffness and oxygen tension on AD-
MSC progenitor cell gene expression assessed in a long-term study. 
AD-MSCs were cultured in either 2D or 3D (0.2% and 10%) collagen 
type-1 scaffolds for a period of 40 days under hypoxic (5% O2) 
conditions. Progenitor cell markers were assessed using qPCR (Data 
are presented as mean ±S.E.M; n=3). 
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relative to 2D cultured cells (P<0.001), indicative of osteogenic differentiation (Figure 

4.7B). No significant differences observed in the osteogenic transcription factor RUNX2 

expression between the two pre-cultured methodologies. With regards to the cell’s 

adipogenic potential, a positive Oil Red O stain was observed in both pre-culture 

conditions with larger lipid droplets (ns) and a significant increase in FABP4 gene 

expression (P<0.001) observed in cells pre-cultured within the soft gel (Figure 4.7C).  
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4.4 Discussion 
 
Understanding and identifying the key environmental factors responsible for stem cell 

potency, both in terms of maintenance of progenitor status and differentiation capability 

in vitro has implications for controlling this cell population. Environmental factors 

including the biophysical environment and physiology of the stem cell niche are 

paramount in directing stem cell potency and survival. Herein, we adopt an immortalised 

adipose derived stromal cell to further develop the current understanding of cellular 

response to its physical environment. In vitro culture methodologies continue to carry out 

basic cell culture using 2D monolayer systems. Although maintaining cellular survival 

and evident proliferation, stem cell populations experience a significant shift in their 

genotypic profile. Indeed, identifying the necessary parameters that mimic the native 

physical environment of the stem cell niche in vivo, is a credible method for regulating 

stem cell potency, in vitro.  

 

Stem cell niches are unique for different populations of cells and provide specific 

characteristics which undoubtedly maintain or help control cell behaviour. Altering or 

removing their niche can alter their function. Stem cells extracted from different 

environments relay distinct responses, altering their fate. The native environment in 

which they reside, will provide the necessary cues required to direct a specific phenotype 

favouring the overall structure and function of the niche. The cells intern will consistently 

provide the necessary cellular response that include a need to undergo self-renewal or 

differentiation to maintain tissue homeostasis. Endothelial progenitor cells (EPCs) for 

example, play a key role in vascular repair and neovascularization. Their repair process 

involves their migration from their niche by producing matrix metalloproteinases (MMPs) 

that digest the ECM and further migrate to a target site to rebuild the tissue. Therefore, 

EPC behaviour and function are greatly regulated by chemical and physical properties 

of their surrounding ECM (Lu et al. 2014)(Handorf et al. 2015). With regards to bone 

tissue- its shape and structure is highly dependent on mechanical load, implying that 

mechanical forces have the capacity to regulate its resident stem cell population, thus 

regulating the behaviour of osteoblasts and osteoclasts, the cells responsible for forming 

and resorbing bone, respectively. Increasing bone formation from MSCs is affected by 

matrix stiffness: whereby osteogenesis is enhanced with an increase in matrix stiffness. 

Using our current understanding of the effects of tissue load and stiffness on cell 

behaviour, the MSC population used herein, aided in the development and optimisation 

of technological methods to further develop an in depth understanding of the niche 

physiological and biophysical parameters in regulating cell potency.  
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The defined cell populations were thus embedded in a 3D environment composed of a 

tuneable natural polymer collagen type 1, being a predominant extracellular matrix 

protein of various human tissue including bone and adipose (Paschalis et al. 2003)(Wu 

et al. 2004)(Tzaphlidou 2005). To assess the effect of material stiffness on the 

maintenance of MSC progenitor status, two collagen densities were studied with distinct 

stiffnesses. MSCs are known to exert signature mechanical forces on collagen fibres, 

further gauging the feedback to make specific cell-fate decisions. By varying the density 

of collagen within the cell microenvironment, we were able to manipulate the stiffness of 

the extracellular matrix, and simultaneously alter the mean pore size, regulating the cells 

differentiation potential (Trappmann et al. 2012)(Joshi, Mahajan, and Kothapalli 2017). 

To characterise the matrices used herein, both scaffolds were measured for their 

stiffness, that is the extent to which the sample resists deformation in response to an 

applied force. The stiffness of a 0.2% collagen scaffold was measured using rheometry. 

To maintain the structure of the scaffold, a temperature regulated methodology was 

required, hence the need to incorporate a rheological method to assess for material 

stiffness (L. E. Jansen et al. 2015). With no differences observed immediately after cell 

seeding, a striking significant increase in stiffness was observed after 6 hours (P<0.001) 

confirming a prospective positive cell-matrix interaction as has been previously 

documented (Feng et al. 2003). A potential explanation for the progressive increase in 

stiffness could be a result of the increase cell-matrix adhesion structures (integrins) that 

inherently bind to the ECM, transmitting forces from the external surface of the cell to the 

intracellular side, producing a degree of tension to the linked actin cytoskeleton. With 

time, as the cells elongate and interact with matrix, an increased cell-matrix adhesion 

tension is produced, impacting the overall stiffness of the matrix (Mierke and Mierke 

2014). In addition to cell-matrix interactions, a more plausible explanation for the 

increase in stiffness is a result of cell mediated fibrillogenesis, whereby cellular 

remodelling of the collagen matrix has been associated with an increase in material 

stiffness (Panwar et al. 2015). Ensuring the potential matrix tethering occurrence, we 

can confidently monitor the effect of ECM physical parameters on stem cell fate.  

 

Measuring the stiffness of the 10% collagen type 1 scaffolds, however, was measured 

using AFM. With precision indentation, AFM allowed for successful mechanical testing 

at micron level. With regards to the 10% collagen matrix, a significantly higher stiffness 

measurement was achieved (P<0.001) relative to 0.2% collagen scaffold, with a minimal 

but increased stiffness in the cellular compared to the acellular scaffold. Due to the 

nature of the hyperhydrated scaffold and the large pore sizes between the collagen fibrils 

(generally associated with hydrogel-like scaffolds), conducting AFM on the 0.2% 
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collagen scaffold would result in displacement of the sample as a result of the applied 

constant force, and thus inability to procure any viable data (Rich et al. 2014). 

Additionally, the available rheometer was not calibrated to measure rheological 

parameters of a 130 µm 10% collagen scaffold and therefore could not be used. An 

additional limitation to the use of the two separate methods, were the measurement 

outcomes. It is important to note that the elastic modulus used to measure the stiffness 

of the 0.2% collagen scaffolds cannot appropriately be compared to the young’s modulus 

of AFM measurements.     

 

Additionally, oxygen tension was incorporated as a physiological stimulus known to 

trigger intracellular response allowing for cellular adaptation (Burke and Kelly 2012). 

Inhaled partial pressure of oxygen at 21% (160 mm Hg) progressively decreases as it 

enters the lungs and perfuses into various organs and tissues throughout the body, 

reaching levels as low as 1-9% oxygen (14-65 mm Hg) (Mohyeldin, Garzón-Muvdi, and 

Quiñones-Hinojosa 2010)(Brahimi-Horn and Pouysségur 2007). In this regard, 5% 

oxygen constituting physiological normoxia was appropriately selected and represented 

as atmospheric hypoxia.  Conventional in vitro conditions however, accounts for a 21% 

oxygen tension.  

 

Multiple studies have documented the effect of environmental stresses on modulating 

MSC gene expression profile, indicative of modulating early fate decisions (Knothe Tate 

2011)(Sara H. McBride, Falls, and Knothe Tate 2008)(Anderson and Knothe Tate 2007). 

Additionally, different cell types have different metabolic demands and therefore maintain 

distinct responses to environmental stimuli. Studying an adipose derived population of 

MSCs further corroborate these claims. Prior to assessing their response to 

environmental cues, it was imperative that the population of cells were characterised 

using a well-defined standardised criterion- including the ability to differentiate into 

multiple lineages, verified by their differentiation towards the osteogenic, chondrogenic 

and adipogenic lineages. Cells were thus prompted with induction media to allow for their 

differentiation into the aforementioned lineages (Dominici et al. 2006). A positive 

chondrogenic, osteogenic and adipogenic potential was observed with the AD-MSCs, 

conforming to the mesenchymal stem cell characteristics (Ogawa et al. 2004)(Guilak et 

al. 2009)(Rebelatto et al. 2008)(Okamoto et al. 2002).  

 

Culturing AD-MSCs in a 3D environment composed of a soft collagen matrix resulted in 

the highest expression of all progenitor markers, under hypoxic conditions. Interestingly, 

under normoxic conditions, this expression profile was transient and began to attenuate 
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after 14 days. Under hypoxic conditions, however, this expression profile shifted, with a 

gradual significant increase observed after day 14 and continuously expressed after a 

40-day culture. This late onset of expression illustrated by cells cultured in hypoxic 

conditions could be a result in the shift in oxygen tension experienced by the cells having 

previously been expanded under normoxic conditions, thus requiring the need to adjust 

to and withstand such conditions. With these observations considered, it is imperative to 

note the presence of a synergistic effect of both biophysiological parameters in 

establishing a condition favouring the progenitor profile being studied. This requirement 

for a synchronised mechanical and physiological stimulation may explain why MSCs can 

be compartmentalised into compliant tissues such as the bone marrow or the periosteum 

and maintain an undifferentiated state, resisting spontaneous differentiation.  

 

In reference to the effect of the 3D environments implemented in this study, the ultimate 

purpose was to re-establish a microenvironment that reflects the native MSC niche. It 

has been widely documented that the interplay between stem cells and their surrounding 

microenvironment generates an isometric tension triggering an array of intracellular 

responses, allowing for the maintenance of cell function and behaviour (Mammoto, 

Mammoto, and Ingber 2012)(Halder, Dupont, and Piccolo 2012)(Gattazzo, Urciuolo, and 

Bonaldo 2014).  

 

Respectively, several studies have confirmed the effect of matrix stiffness on human 

MSC maintenance (Winer et al. 2009). Winer et al. illustrated the successful culturing of 

bone marrow MSCs in a polyacrylamide gel with a stiffness comparable to that of the 

bovine bone marrow (storage modulus of 220 ± 50 Pa). MSCs exhibited the ability to 

self-renew and maintain multipotency compared to cells grown on stiffer substrates with 

a storage modulus above 7500 Pa (Winer et al. 2009). The cellular hydrogel model used 

in this study exhibited a storage elastic modulus ranging between 80-100 Pa. Taking into 

consideration the primary source of the AD-MSCs used, the storage modulus of the 0.2% 

collagen scaffold was not far off from the original stiffness of visceral fat measuring at 

approximately 200 Pa (Winer et al. 2009). Overall, both studies suggest that a soft matrix 

mimicking the native environment of the stem cell niche can maintain AD-MSCs in an 

undifferentiated state while preserving their differentiation capacity.  

 

With this in mind, Winer’s study upholds conventional culture methods with cells 

expanded at 21% O2 (Winer et al. 2009). However, the study herein suggests a transient 

maintenance of an MSC progenitor profile when cultured at 21% O2 conditions in 3D 

gels. Providing an oxygen tension representative of physiological normoxia, however, 
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resulted in the delayed onset, but a long-term maintenance of a significantly higher 

expression of the progenitor markers examined. Thus, the addition of a hypoxic 

environment in this study augmented the cell’s competence towards initiating 

differentiation and maintaining an undifferentiated stem cell phenotype over a long-term 

culture, further proving the equal importance of both biophysical and physiological 

parameters in driving MSC maintenance.  

 

Furthermore, culturing MSCs within a soft 3D hydrogel under hypoxic conditions, has 

previously demonstrated a potential enhancement of the cells ability to differentiate along 

the chondrogenic lineage (Foyt et al. 2019). The cells chondrogenic potential within the 

soft matrix significantly upregulated the hypoxic stimulated factor HIF1-a and its target 

gene SOX9, a key regulator of chondrogenic differentiation. Interestingly, the cells that 

are differentiated in the study herein, are not differentiated within soft 3D hydrogels under 

hypoxic conditions. However, the cells were precultured in these conditions for a period 

of 14 days and subjected to chondrogenic differentiation medium in 2D through chemical 

stimulation. Two key postulates can be made; 1) the cells herein adopted a degree of 

mechanical memory, whereby their extraction from a favourable 3D environment to a 2D 

monolayer, upheld their acquired potency; 2) the degree of differentiation illustrated, 

prompted a significantly lower expression of SOX9 when precultured in the soft matrix, 

however, the significant upregulation of the Alcian Blue stain, in fact represents a 

potentially highly committed population of cells that may have adopted an expression 

profile indicative of a chondrocyte phenotype.  

 

A key limitation associated with this study is the inability to maintain a consistent hypoxic 

environment for cells directed to be conditioned under hypoxic conditions. As cells were 

removed from the humidified incubator providing the hypoxic environment during media 

changes, the temporary reoxygenation of the cells could impact cell function and 

regulation. The changes in oxygen tension could impact cellular metabolism and HIF-1a 

associated responses to oxygen tension (detailed in section 1.4.3). These effects could 

significantly impede hypoxic mediated effects on stem cell behaviour. However, the 

results obtained herein, were comparable to the literature and was therefore used to 

develop key conclusions associated with effects of oxygen tension on stem cell 

behaviour. To prevent such effects in the future, the use of a hypoxic chamber would 

ensure consistent exposure of cells to a specific set oxygen tension throughout the 

duration of the culture.  
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AD-MSCS deemed to be a successful cellular tool in developing our understanding of 

progenitor cell response to environmental stimuli. This further enabled our understanding 

of the specific parameters that are important for obtaining a multipotent population of 

progenitor cells, in vitro. In conclusion, the physical environment of a progenitor cell’s 

niche directly effects MSC behaviour. Moreover, oxygen tension has the capacity to alter 

MSC behaviour, providing an overall synergistic effect with the cell’s mechanical 

environment. By providing the adipose derived cells with a soft collagen type 1 matrix 

closely mimicking the stiffness of its native environment in situ, and introducing oxygen 

tensions that closely mimic physiological normoxia, their progenitor status was enhanced 

and maintained over a long period of time, in vitro. Additionally, this environment 

successfully enhanced the cells potency and differentiation potential compared to 2D 

conventional culture methodologies.  

 

Herein, the development of culture conditions required for AD-MSCs were defined. The 

cells illustrated a degree of mechanical memory, a key characteristic exhibited by cells 

in vivo (C. Yang et al. 2014b). To further understand the concept of mechanical memory, 

the next chapter will employ the use of AD-MSC to assess the following:  

 

1) Cellular response to modified environments of different stiffnesses. This study 

will determine whether progenitor cells have the capacity to retain their 

characteristics when exposed to matrices of distinct stiffnesses (mechanical 

memory). 

2) Whether progenitor cells have the capacity to regain their progenitor status if 

previously exposed to environments that have the potential to trigger their 

differentiation. These experiments will bring light to various concepts associated 

with stem cell mechanical memory and factors directly impacting their responses 

to matrix stiffness.  
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Chapter 5: An in-depth analysis of the 
effect of matrix stiffness on AD-MSC 
characteristics 
 

Aims: Investigate the effects of mechanical memory and mechanical dosing on 

stem cell potency. 

 

Hypothesis: Skeletal stem cell progenitor status can be regulated in a stiffness-

dose dependent manner.  

 

5.1 Introduction 
 
To develop our understanding of stem cell biology, this project has focused on the 

elucidating the effects of biochemical, biophysical, physiological aspects of the stem cell 

niche in directing stem cell behaviour. Different stem cell populations are triggered by 

distinct niche parameters. With regards to AD-MSCs, they exhibit a significant sensitivity 

to oxygen tension and biophysical cues equally, illustrating distinct stem cell responses 

at a genotypic level.  

 

Thus, the aim of this chapter is to develop an in depth understanding of the various 

biophysical concepts responsible for regulating stem cell behaviour. The previous 

chapter eluded to the presence of stem cell mechanical memory. This was demonstrated 

by AD-MSCs precultured in the soft collagen matrix under hypoxic conditions, 

responding with a significant increase in osteochondral differentiation compared to cells 

precultured in 2D. Several studies have recently aimed to further our understanding 

associated with stem cell mechanotransduction and stem cell mechanical memory 

through Yes-associated protein (YAP) and transcriptional coactivator with PDZ-binding 

domain (TAZ) signalling (Guilak et al. 2009)(A. J. Engler et al. 2006)(Vining and Mooney 

2017)(Han et al. 2017). Working on the hypothesis that cells can sense and integrate 

mechanical cues from the extracellular matrix, directing their gene expression profile and 

respective cell fate, Yang et al. (2014) aimed to identify whether long term cultures of 

hMSCs on tissue culture polystyrene (TCP) (with an elastic modulus of 3 GPa) exposed 

a degree of bias towards MSC behaviour (C. Yang et al. 2014b). hMSCs were therefore 

cultured on TCP for either 1 or 7 days then subjected to trypsinization and relocated to 

soft poly (ethylene glycol) (PEG) hydrogels for a further 3 days.  
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YAP/TAZ signalling is activated when cells are exposed to stiff matrices. This activation 

entails YAP/TAZ translocation to the nucleus and activation of downstream factors. In 

line with specific MSC populations, this translocation results in the activation of lineage 

commitment markers such as the pre-osteogenic transcription factor RUNX2 (Lv et al. 

2014). Conversely, culturing cells on a soft matrix, deactivates the YAP/TAZ signal, 

resulting in the cytoplasmic retention of the signalling molecules, and a subsequent 

reduction of RUNX2 expression. With regards to Yang et al. (2014), a threshold dose 

was exhibited, with cells precultured on the stiff matrix for an extended period of time, 

resulting in the irreversible expression of YAP/TAZ signalling, even after relocating cells 

onto the soft matrix (C. Yang et al. 2014b). Further studies conducted by Gilbert et al. 

and Dupont et al. reported a link between the extracellular mechanical environment and 

intracellular signalling through the YAP-TAZ pathway (Gilbert et al. 2010)(Halder, 

Dupont, and Piccolo 2012)(D. D. Lo et al. 2012). These studies illustrated that YAP/TAZ 

transcription factors translocate the physical information acquired, into protein 

expression by localising to the nucleus, further regulating downstream mRNA 

expression.  

 

A recent study conducted by Chan et al. 2018, sought to explore the organization of 

human skeletal progenitors (Chan et al. 2018). Therein, they identified a BMP2 

stimulated population of adipose derived cells with the capacity to self-renew and 

additionally generate progenitors of bone, cartilage and stroma. Cells with the capacity 

to procure such characteristics, illustrated distinct gene expression profiles. MSCs that 

exhibited an early skeletal stem cell phenotype, expressed a PDPN
+
CD146

-

CD73
+
CD146

+ 
profile. A more mature population of cells along the hierarchy, exhibited 

a bone, cartilage stromal progenitor profile expressing a PDPN
+
CD146

+
CD73

+
CD146

-
 

profile. We therefore sought to determine whether these markers, indicative of distinct 

cell states, can be regulated by matrix stiffness and the overall biophysical environment 

of which the stem cells reside 

 

In light of the extensive evidence, this chapter aims to provide differential matrix stiffness 

to assess the effect of mechanical memory and mechanical dosing on AD-MSCs 

characteristics. Specifically, their effect on regulating their skeletal stem cell 

characteristics. The cells will be assessed for the way in which they interact with their 

environment (mechanotransduction) through cytoskeletal mechanics directed by 

YAP/TAZ activity, which, in turn, would regulate the direction of the cells’ lineage 

commitment. 
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5.2 Methods 
 
5.2.1 Matrix stiffness transition culture  
 
To assess the effects of stem cell memory on AD-MSCs, the cells were cultured in the 

0.2% collagen gel under hypoxic conditions before being subjected to plastic 

compression. The protocol carried out herein, have been previously described in section 

4.2.3 and 4.2.4.  AD-MSCs were expanded until 70% confluency was achieved. The cells 

were trypsinized and passage 8 AD-MSCs cultured in 0.2% collagen type 1 gel at a cell 

density of 30,000 cells/ scaffold under 5% oxygen tension (n=3). The cells were cultured 

for 14 days (control samples) and half media changes occurring every 48 hours. On the 

14
th
 day, the scaffolds were subjected to plastic compression using the RAFT absorbers. 

The growth medium was removed, and the samples were compressed for a period of 15 

mins at room temperature. Fresh growth medium was added to the samples and the 

samples were allowed to culture for a further 1 and 7 days at 5% oxygen. Samples at 

each time point were extracted for gene expression analysis and immunofluorescent 

staining of respective protein markers. Schematic of the experimental set up is provided 

below (Figure 5.1).  

 
 
 
 
 
 
 
 
 
 
 
 
 
 
5.2.2 LIVE/DEAD™ viability assay 
 
Prior to conducting the above matrix stiffness transition culture, a cell viability test was 

conducted using the LIVE/DEAD™ Viability/Cytotoxicity Kit (Invitrogen™) to assess the 

effect of compression on cells precultured in a 3D matrix for an extended period of time. 

This test was conducted to ensure viable cells were present for analysis. Passage 8 AD-

MSCs were cultured for a period of 6 days in 0.2% collagen type 1 gel at a higher cell 

density of 60,000 cells/ scaffold to achieve a relatively similar cell number in a shorter 

0.2% Collagen I
(14 Day Culture)

RAFT Absorber

10% Collagen I
(1 and 7 Day Culture)

Figure 5.1 Schematic of matrix stiffness transition culture.  
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period of time. On day 6, the cells were subjected to plastic compression using RAFT 

absorbers. The cells were allowed to culture for a further 1 and 7 days and cellular 

viability measured at all times points. At day 0, 1 and 7 post compression, the cells were 

washed with 1 mL PBS and subjected to LIVE/DEAD™ reagent staining (2 mM Calcein 

AM and 4 mM EthD-1 solution diluted in tissue-culture grade PBS). 200 µL of the 

LIVE/DEAD reagent was added to each sample and allowed to incubate in the dark at 

room temperature for 1 hour. The cells were washed with PBS and fluorescent images 

taken using an inverted Axio fluorescence imager (Zeiss, UK). Four images were taken 

per scaffold at a 12, 3, 6 and 9 O’clock orientation to prevent bias selection. Images were 

analysed for the presence of live and dead cells using FIJI open source image analysis 

software. The protocol is described below: 

1) Load image onto FIJI software. 

2) Split channels: Live cells represented by the green channel; dead cells 

represented by the red channel. (Discard the blue channel). Channels to be 

analysed separately for live and dead fluorescent channels.  

3) Use the ‘Find Maxima’ function and ‘point selection’ to count the number of dead 

and live cells. Adjust the noise tolerance values until background stain in 

excluded. This study used a noise tolerance value of 15 on each image for 

consistency. This was determined by adjusting the standard noise tolerance 

value provided to ensure the red and green tolerance values do not overlap. The 

number of points is equivalent to the number of cells positive for the stain. These 

values were subjected to the following equation to quantify the percent of live 

dead cells: 

 

Total number of cells= Live + Dead cells 

% Live Cells= (Live Cells/ Total) x100 

% Dead Cells= (Dead Cells/ Total) x100 

 
5.2.3 Fabrication of dynamic 3D culture  
 
The previous chapter showed that AD-MSCs cultured within the stiff gel had minimal 

effect on the maintenance of their progenitor phenotype compared to cells cultured within 

the soft gel. Thus, by culturing AD-MSCs in a stiff gel for 7 days and sandwiching it 

between a soft collagen gel, it was hypothesized that the migration of cells towards the 

soft gel will aid in reinstating progenitor cell phenotype.  

 



 196 

The cells were therefore cultured in a 10% collagen type-1 scaffolds at a cell density of 

30,000 cells/scaffold for a period of 7 days under hypoxic conditions. The scaffolds were 

further embedded between two 0.2% collagen type-1 scaffolds in a 24 well plate and 

incubated for a further 7 and 14 days (as illustrated in Figure 5.2). Gene expression of 

AD-MSCs was analysed using qPCR (described in section 3.2.11) and early (CD164, 

CD73, PDPN) and late (CD146) progenitor cell markers associated with the human 

skeletal stem cell were analysed in addition to NESTIN, PRX1, RUNX2 and SOX9. 

Stiffness associated markers YAZ and CTGF were tested. Gels were fixed, paraffin 

embedded, 5 µm sections prepared, and cell cytoplasm and nuclei stained with 

haematoxylin and eosin, respectively. 

 

5.2.4 Quantitative PCR 
 
All 3D samples were analysed for gene expression analysis and normalised to GAPDH 

expression. Relative differences in expression were calculated using 2
-∆∆Ct 

(Livak and 

Schmittgen 2001).  

 
5.2.5 Immunofluorescent staining  
 
Dynamic 3D gels were fixed in 10% Formalin for 1 hour. Gels were paraffin embedded 

and sectioned. Samples were deparaffinised in xylene and re-hydrated in 95% and 70% 

absolute alcohol. Antigen retrieval was performed using 10 mM sodium citrate buffer (pH 

6) at 95°C for 5 mins. Samples were blocked using 1% (w/v) bovine serum albumin (BSA, 

Sigma Aldrich) in 0.3% Triton X-100 in H20 for 1 hour at room temperate. Anti-CD73 

monoclonal antibody (Abcam), anti-CD164 monoclonal antibody (Santa Cruz 

Biotechnology, Inc) and anti-PDPN monoclonal antibody (Santa Cruz Biotechnology, 

Inc) were diluted 1:200 in blocking buffer for 1 hour at room temperature. Appropriate 

secondary antibodies were further stained at a dilution of 1:500 in blocking buffer for a 

10% Collagen I
(7 Day Culture)

+7 and 14 days

10% Collagen 

0.2% Collagen

Figure 5.2 Illustration of the dynamic culture as described in section 5.2.3.  
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period of 2.5 hours at room temperature. Cells were counter stained with Antifade 

mounting medium containing DAPI (Vecta Shield). Fluorescent signal was imaged on 

an Axiovert200M microscope (Zeiss).  

 

5.2.6 Flow cytometry  
 
The dynamic 3D gels were subjected to flow cytometry analysis for the identification of 

skeletal associated progenitor markers. Cellular 10% collagen gels were fabricated and 

cultured for 7 days under hypoxic conditions. The gels were extracted for analysis and a 

subset of scaffolds further embedded between 0.2% collagen gels. These samples were 

cultured for 7 and 14 days. The two types of gels (0.2 and 10%) were separated at day 

14 and allowed to digest in 200U and 500U collagenase I (Sigma, UK) for 1 hour at 37°C, 

respectively. Samples were resuspended in TrypLE (Thermo Fisher, UK) for 5 mins and 

washed in PBS. The cells were spun at 1700 rpm for 5 minutes and the pellets 

suspended in fresh PBS. Dead cells were stained using a LIVE/DEAD Fixable violet 

dead stain kit (Thermo Fisher, UK) for 30 mins at room temperature and fixed in 1% 

paraformaldehyde for 15 mins. Cells were stained with Podoplanin (PDPN) monoclonal 

antibody (eBioscience), CD73 monoclonal antibody (eBioscience) and CD146 

monoclonal antibody (eBioscience) for 1 hour at room temperature. Flow cytometry was 

conducted on a BD LSRFortessa
TM

. Data analysed using FlowJo
TM

 software. Respective 

isotype controls were measured alongside each protein marker for each condition.  

 

5.2.7 Statistical analysis 
 
Data expressed as mean ± SEM. Statistical significance was determined using one-way 

ANOVA with Fisher’s LSD post hoc corrections applied. Statistical significance is 

indicated on all graphs as follows: *P<0.05, **P<0.01, ***P<0.001 (n=3). All statistical 

analysis was performed using GraphPad Prism version 6.0f for windows (GraphPad 

Prism Software, La Jolla California USA, www.graphpad.com). 
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5.3 Results  
 
5.3.1 AD-MSC viability is restored upon plastic 

compression after 7 days  
 
Prior to conducting a matrix stiffness transition culture and obtaining data, the cells had 

to be assessed for their ability to withstand plastic compression upon culture in the 0.2% 

collagen gels to achieve a 10% collagen gel. Immediately after compression 64.5% of 

the cells within the culture were live cells (Figure 5.3). Interestingly, 1 day after 

compression the cells experienced a reduction in the number of viable cells, illustrating 

a 19.7% reduction. 7 days after compression, the number of viable cells increased by 

30.6% illustrating an overall higher number of viable cells at 75.4% compared to Day 0 

after compression. The immunofluorescent images illustrate presence of dead cells 

immediately upon plastic compression with a recovery of live cells by day 7 after 

compression (Figure 5.4).  

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

0.0 20.0 40.0 60.0 80.0 100.0

Day 0

Day 1

Day 7

Percent of cells (%)

Cell Viability (LIVE/DEAD)

Live Dead

Figure 5.3 Illustration of live and dead cells upon compression of AD-MSC 
seeded 0.2% collagen gels at day 0, 1 and 7 of compression.  
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5.3.2 AD-MSCs exhibit an enhanced progenitor status 

in the stiff matrix when pre-exposed to a soft 
environment for 14 days 

 
AD-MSCs were cultured in a 0.2% collagen type 1 gel in growth medium for a period of 

14 days under hypoxic conditions. As shown in the previous chapter, culturing AD-MSCs 

in this environmental condition, favoured a late onset and continuous expression of all 

progenitor markers, further promoting an enhanced differentiation potential. Using this 

condition, the aim was to determine whether these stem cell characteristics can be 

maintained when the cells exhibit a shift in matrix stiffness. The control sample in this 

study refers to the cells cultured in the 0.2% collagen gels (soft) at day 14, prior to plastic 

compression. As illustrated in Figure 5.5, the cells experienced a significant 2-fold 

reduction (P<0.01) in the MSC marker NESTIN, 1 day after the transitioning between the 

soft to a stiff 10% collagen gel. The expression level of NESTIN does however, recover 

by day 7 demonstrating similar expression levels as the control sample. With regards to 

PRX1 expression, the cells illustrated a significant 2-fold increase (P<0.05) in expression 

7 days after transitioning into the stiff matrix relative to the control.  

 

With regards to the cell’s skeletal progenitor phenotype, various markers were assessed 

for their gene expression and respective protein expression (Figure 5.5 and 5.6, 

respectively). The expression of Podoplanin (PDPN), is indicative of a skeletal stem cell 

progenitor with the capacity to differentiate along the osteogenic and chondrogenic 

lineages. The expression of CD164 and CD73 are representative of an early immature 

skeletal stem cell population with the capacity to undergo self-renewal. When the cells 

are committed for differentiation the cells will experience an increase in CD146 

Day 0 after compression Day 1 after compression Day 7 after compression 

100 µm 100 µm500 µm

Figure 5.4 LIVE/DEAD images of AD-MSCs cultured in 0.2% collagen type 1 gels and subjected to 
compression. Illustrations at 0, 1 and 7 days after plastic compression to achieve a 10% collagen type 
1 gel. Live cells represented in green and dead cells represented in red (scale bar: 100 µm and 500 
µm); n= 6 technical repeats). 
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expression. The cells experienced a significant 25-fold (P<0.01) increase in PDPN gene 

expression by day 7 relative to control. A positive PDPN protein expression was 

demonstrated in cells cultured in both the soft and stiff gel at day 7 (Figure 5.5). Cells 

illustrated a further significant 1.5-fold (P<0.05) increase in CD164 expression at day 7 

of culture within the stiff gel compared to control. An additional early stem cell marker 

CD73 illustrated a significant 1.7-fold (P<0.05) increase in expression by day 7 compared 

to control. With regards to its protein expression, an intense fluorescence representative 

of CD73 is illustrated in the cells cultured in the stiff gel at day 7 relative to the control, 

although positively expressed in both matrix conditions. The cells interestingly illustrated 

a significant 9-fold (P<0.001) reduction in CD146 expression, representative of a 

committed population of skeletal progenitor cells, by day 7 of culture within the stiff gel 

relative to control. This expression pattern is additionally illustrated at a protein level, 

with cells illustrating minimal CD146 expression within the stiff gel at day 7 compared to 

control.   
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Figure 5.5 Gene expression profile of AD-MSCs cultured in 0.2% collagen scaffolds for a 
period of 14 days then subjected to plastic compression. Cells continue in culture within a 
10% collagen scaffold for a further 1 and 7 days. Gene expression profile of progenitor 
cell markers were tested for using qPCR; human skeletal stem cell makers (CD164, 
PDPN, CD73, NESTIN and PRX1), bone-cartilage skeletal progenitor markers (CD146). 
(Data are presented as mean ±S.E.M, n=3 technical repeats). 
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Figure 5.6 Immunofluorescent staining of CD73, PDPN and CD146 of matrix transition 
culture. Schematic indicating samples in which protein expression of markers were assessed. 
(scale bar: 50 µm). 
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5.3.3 Transitioning AD-MSC from a stem cell 
progenitor-promoting-(soft) environment to a stiff 
environment activates YAP/TAZ signalling and 
enhances differentiation potential 

 

To further assess for cellular mechanotransduction, genes associated with the YAP-TAZ 

pathway were examined (Figure 5.7). A downstream marker CTGF associated with the 

YAP/TAZ signalling pathway was additionally tested for. CTGF is known to be activated 

in cells exposed to a stiff matrix. The activation further depends on the translocation of 

the YAP/TAZ transcriptional factors into the nucleus. Herein, cells illustrated a significant 

1.6-fold (P<0.05) increase in YAP expression by day 7 compared to control. A similar 

trend to increase was illustrated with the expression of TAZ, exhibiting a significant 1.4-

fold (P<0.05) increase by day 7 compared to control. Interestingly, with regards to CTGF, 

a significant 3.3-fold (P<0.001) reduction was observed 1 day after the cells were 

exposed to the transition in matrix stiffness, exhibiting no differences by day 7. The 

expression level of CTGF at was significantly lower at day 7 compared to control, with a 

2.1-fold reduction (P<0.01).  

 

 

The cells were further assessed for their differentiation potential through the expression 

of key transcription factors associated with the cells osteogenic and chondrogenic 

potential (Figure 5.8). The cells showed a significant increase in their chondrogenic 

potential, with a 4.7-fold (P<0.01) increase in SOX9 expression by day 7 compared to 

control. A significant increase in expression was similarly expressed with regards to the 

cell’s osteogenic potential, with a 3-fold increase in RUNX2 expression by day 7 

compared to control.  
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Figure 5.7 Illustration of matrix associated markers YAP/TAZ and CTGF. (Data are 
presented as mean ±S.E.M,; n=3 well technical repeats). 
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5.3.4 The dynamic 3D scaffold promoted migration of 
AD-MSC towards the soft matrix  

 
As demonstrated in the previous chapter, AD-MSCs cultured within a stiff 10% collagen 

type -1 gel exhibited a low expression profile of all tested progenitor markers. On the 

other hand, culturing AD-MSCs in a 0.2% collagen matrix exhibited a significantly higher 

progenitor cell profile under hypoxic conditions. A dynamic 3D model was thus 

implemented in this study to determine whether cells pre-cultured in 10% collagen would 

migrate towards an environment favouring their skeletal stem cell progenitor profile. 

Additionally, AD-MSCs were assessed for their ability to respond to the shift in 

environmental cues as a means of re-instating their skeletal progenitor profile when 

relocated to the soft 0.2% collagen gel. AD-MSCs were thus cultured in a stiff collagen 

gel for a period of 7 days, as minimal changes in the cells genotypic profile was observed 

after this time point in the previous study. The stiff gels were then embedded between 

two soft collagen gels and were cultured for an additional 7 and 14 days (a time point 

previously indicative of a significant increase in progenitor gene expression profile within 

a 0.2% collagen gel). As illustrated in Figure 5.9, early signs of cellular migration were 

observed by day 7, with a drastic increase in cell numbers observed by day 14. 

Confirming the migration of cells towards the soft matrix allowed for the identification of 

the cells’ skeletal progenitor profile as a potential indication of the cell’s response to their 

environment. The entire dynamic culture was subjected to gene expression analysis at 

day 7 and 14. Additionally, the cells were assessed for their response to the shift in matrix 

conditions by measuring the expression of YAP/TAZ signalling molecules.  
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Figure 5.8 Illustration of transcription factors associated with 
chondrogenic (SOX9) and osteogenic (RUNX2) differentiation. (Data are 
presented as mean ±S.E.M, n=3 well technical repeats). 
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5.3.5 Dosing AD-MSC within a stiff environment for 7 
days promoted a skeletal progenitor profile when 
exposed to a soft environment  

 
Upon embedding of the seeded 10% collagen (stiff) gel into the soft gel, the cells 

exhibited a significant 2-fold increase (P<0.001) in NESTIN expression relative to the 

cells cultured in the stiff matrix alone, as early as day 7 (Figure 5.10). This expression 

profile was maintained by day 14. With regards to the expression of PRX1, no significant 

differences were observed after embedding. An interesting significant increase in PDPN 

expression was observed by day 14 relative to the cells cultured within the stiff gel, 

illustrating a 3.5-fold increase (P<0.01) in expression. When the cells were assessed for 

their respective protein expression, the cells present within the soft matrix, exhibited a 

positive PDPN stain (indicated in Figure 5.11). The cells illustrated a further significant 

increase in CD73 expression 14 days after embedding, compared to the cells cultured 

within the stiff gel, exhibiting a 2-fold increase (P<0.001) in expression. This increase in 

expression was additionally translated into its respective protein, with cells within the soft 

matrix illustrating a positive CD73 stain. A further significant increase in CD164 

expression was observed by day 14 relative to cells cultured within the soft matrix, with 

a 1.7-fold increase (P<0.01) in expression. Additionally, a positive CD164 stain was 

observed by cells within the soft matrix at day 14. With regards to the mature skeletal 

marker CD146, an interesting significant 2.7-fold increase (P<0.001) in expression was 

observed by day 14 compared to the cells present within the stiff matrix alone. However, 

the cells present within the soft matrix at day 14, illustrated minimal expression of its 

respective protein, with cells closer to the stiff matrix illustrating signs of a positive CD146 

stain. Dosing the cells for a period of 7 days within the stiff gel and further embedding 

+7 Days +14 Days 

Figure 5.9 Development of a dynamic 3D culture to re-establish the AD-MSC progenitor 
population genotype. Dynamic cultures stained with H&E. Red arrow indicating 10% 
collagen scaffold embedded within a 0.2% collagen scaffold. Cells visible in the 2% collagen 
scaffold by day 14 (scale bar: 100 µm). 
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them within a soft gel for a further 14 days, promoted an early skeletal progenitor 

phenotype. Protein expression of CD146 within the stiff matrix alone by day 14, suggests 

the maintenance of a mature bone-cartilage-stromal phenotype.  
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Figure 5.10 Gene expression profile of progenitor cell markers were tested for using 
qPCR; human skeletal stem cell makers (CD164, PDPN, CD73, NESTIN and PRX1), 
bone-cartilage skeletal progenitor markers (CD146). (Data are presented as mean ±S.E.M; 
n=3 well technical repeats). 
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The cells were further assessed for their response to a shift in matrix stiffness (Figure 

5.12). The expression of YAP was significantly increased by day 14 compared to cells 

cultured within the stiff 10% collagen matrix, exhibiting a 1.4-fold increase (P<0.05) in 

expression. No difference in TAZ expression was observed.  Interestingly, the 

expression of CTGF was significantly decreased by day 14 compared to the cells 

cultured within the stiff matrix, exhibiting a 3-fold decrease in expression (P<0.01).  
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Figure 5.11 Immunofluorescent staining of CD73, PDPN and CD146 of the dynamic cultures at 
7 and 14 days. Red arrows indicating 10% collagen type 1 scaffold (scale bar: 50 µm, 20 µm). 



 208 

 

The cells were assessed for their osteochondral differentiation capacity by monitoring 

the expression of the transcription factors SOX9 and RUNX2 (Figure 5.13). A significant 

3.9-fold (P<0.001) increase in SOX9 expression was observed by day 14 compared to 

cells cultured within the stiff gel alone. In fact, a significantly higher expression was 

observed as early as day 7 (1.8-fold, P<0.05). With regards to the cell’s osteogenic 

potential, no significant differences were observed in RUNX2 expression by day 14 

compared to cells cultured within the stiff matrix alone.  
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Figure 5.12 Gene expression of matrix stiffness associated markers (YAP, TAZ, and 
CTGF). (Data are presented as mean ±S.E.M; n=3 well technical repeat). 
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Figure 5.13 Gene expression of transcription factors associated with 
chondrogenic (SOX9) and osteogenic (RUNX2) differentiation. (Data are 
presented as mean ±S.E.M; n=3). 
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5.3.6 A stiff environment promotes an early and mature 
skeletal progenitor phenotype of AD-MSCs with a 
soft environment promoting an early skeletal 
progenitor phenotype. 

 
Assessing the cells genotypic profile as illustrated above, provided an indication of the 

cells overall state when exposed to both matrices. However, to further determine the cell 

populations responsible for the aforementioned genotypic profile, flow cytometry was 

conducted for the expression of the early skeletal stem cell marker (CD73) and a bone-

cartilage skeletal marker (CD146). Podoplanin (PDPN), a stem cell marker was 

examined on all cell populations to ensure the presence of a skeletal progenitor 

population (Figure 5.14). FACS was conducted on the stiff gel before and after 

embedding it within the dynamic culture. Additionally, the cells cultured within the soft 

gel alone at day 14 were assessed (Figure 5.14). AD-MSC illustrated a positive 

expression of PDPN throughout the culture, confirming the presence of a skeletal 

progenitor population. With regards to the cells cultured in the stiff gel, prior to its 

embedding, 85.9% of the population illustrated a positive expression for the both PDPN 

and the early progenitor marker CD73, with only 49.1% of the population being positive 

for CD146. 14 days after embedding the gel within the dynamic culture, 86.1% of the 

population were positive for PDPN and CD73. A drastic increase in CD146 expression 

was observed with 75% of the population- a 25.9% increase from when the cells were 

cultured in the stiff matrix alone. With regards to the cells that migrated towards the soft 

matrix by day 14, 76% of its population were positive for PDPN and CD73, with a minimal 

45.5% of CD146 expression. AD-MSCs that persisted within the stiff gel, developed a 

mixed population of cells- exhibiting both an early skeletal progenitor state and mature 

bone-cartilage-stromal phenotype. Cells that migrated towards the soft matrix, however, 

exhibited a large population of early skeletal progenitor cells, with a lower population of 

mature skeletal cells.  
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5.4 Discussion 
 
To further develop our understanding regarding the role of the stem niche in directing its 

resident stem cell fate, the studies carried out herein, sought to identify the effect of 

tissue stiffness on stem cell biology. Two key concepts were examined; including 

mechanical memory and mechanical dosing as regulators of stem cell potency.  

 

Culturing AD-MSCs within a soft matrix composed of 0.2% collagen type 1 has favoured 

the maintenance of a stem cell progenitor profile with the capacity to differentiate under 

hypoxic conditions. Using these parameters, we aimed to develop a method to elucidate 

whether AD-MSCs, like other stem cell populations, implore mechanical memory to 

regulate their stem cell phenotype. AD-MSCs previously illustrated a sign of mechanical 

memory when transferred between matrices, maintaining an enhanced ability to 

differentiate. Herein, AD-MSCs were thus cultured within the soft matrix under hypoxic 

conditions for a period of 14 days and subsequently subjected to plastic compression, 

continuing AD-MSC culture within a stiff matrix for an additional 7 days. Having 

precultured the cells for a period of 14 days, a significant increase in matrix associated 

markers YAP and TAZ was observed 7 days after compression.  

 

To date multiple studies have demonstrated a positive correlation between YAP/TAZ 

signalling and cellular proliferation, survival and maintenance of stem cell fate (Dasgupta 

and McCollum 2019).  The cell fates are representative of the downstream cellular 

responses to mechanical cues. YAP/TAZ drives the reinforcement of the cytoskeleton in 

response to mechanical strain. Cellular structures such as cell-cell junctions, focal 

adhesion and the nuclear membrane, all sense and respond to external and internal 

generated forces. These mechanoresponsive structures play a role in strengthening the 

cell by enhancing the actin cytoskeleton to which they are connected, additionally 

regulating YAP/TAZ signalling (C. Yang et al. 2014b)(Dasgupta and McCollum 2019). 

The mechanical stress applied on the cells enhances cytoskeletal tension promoting 

YAP/TAZ function by orchestrating the translocation and transcription of YAP and TAZ 

signalling molecules (Dasgupta and McCollum 2019). This translocation is accompanied 

by the expression of various target markers. These downstream targets in turn direct 

stem cell fate. 

 

To reiterate the complexity of the YAP/TAZ pathway, the concept of matrix dose 

threshold should be discussed. Cells exposed to a certain matrix stiffness for an 

extended period of time (varies between different stem cell populations) have the 
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capacity to illustrate an irreversible expression of YAP/TAZ signalling. These findings 

were however, illustrated in cells precultured within a stiff matrix then relocated onto a 

soft matrix (C. Yang et al. 2014b). YAP/TAZ signalling can additionally have a reversible 

influence on cell fate. A study monitored the expression of YAP/TAZ by culturing MSCs 

initially on a stiff matrix (40 kPa) then relocating the cells and exposing them to a soft 

matrix (1 kPa). This study illustrated a shift in YAP/TAZ activation, demonstrating its 

cytoplasmic relocation and deactivation once the cells were cultured on the soft matrix. 

Two contradicting studies illustrate both a reversible and irreversible influence on cellular 

response.  

 

With regards to the effect of YAP/TAZ signalling on AD-MSCs biology, dosing the cells 

with the soft matrix for 14 days then exposing them to a stiff environment, increased 

YAP/TAZ expression. This may be in response to the cytoskeletal tension exhibited by 

the cells upon compression and exposure to a stiff environment. It is well documented 

that cells embedded within stiff matrices activate YAP-TAZ signalling. These 

transcription factors are translocated into the nucleus driving the expression of CTGF 

(Juan and Hong 2016). However, herein, we illustrated a significantly lower expression 

of CTGF when the cells were exposed to the stiff gel relative to the cells that were 

cultured in the soft gel. The decrease in CTGF expression could be a potential protective 

mechanism to ensure a phenotypic switch does not occur, thus allowing the cells to 

continue to maintain an early skeletal progenitor status. A 14-day dose of the soft matrix 

may have been the key contributor herein.   

 

Performing the matrix transition culture after dosing AD-MSCs for 14 days with the soft 

gel, interestingly, further enhanced all early skeletal progenitor markers, including the 

skeletal progenitor markers PDPN, CD73 and CD164. Additionally, the cells exhibited a 

significant increase in their osteogenic and chondrogenic potential. With regards to the 

expression of CD146- representing a mature bone-cartilage-progenitor population, a 

significant reduction was observed upon matrix transition. Having additionally illustrated 

an enhanced ability to maintain a stem cell progenitor within the soft matrix, and a 

reduction in CTGF expression, these results indicate a prospective cellular mechanical 

memory. Relocating the AD-MSCs from a soft progenitor promoting environment after a 

14-day culture, to a stiff environment illustrated the continuous and enhanced 

maintenance of their stem cell characteristics.  

 

To assess for the effect of mechanical dosing and mechanical memory in parallel on AD-

MSC characteristics, when the cells were dosed with the stiff gel for 7 days and exposed 
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to a ‘soft’ environment for a further 14 days, a significant decrease in CTGF expression 

was observed by day 14 compared to the cells that were exposed to the stiff matrix alone 

at day 7. This could indicate a possible migration of the cells towards the soft 

environment. Furthermore, the short-term culture within the stiff gel and subsequent 

long-term culture/dose within the soft matrix may have allowed for the cells to respond 

to and maintain a low CTGF expression profile to promote an early skeletal progenitor 

profile and prevent cellular commitment towards the bone-cartilage-stromal phenotype. 

 

As illustrated by the gene and FACS analysis, cells that migrated towards the soft matrix 

resulted in the expression of early skeletal progenitor marker CD73, additionally 

illustrating enhanced gene expression of NESTIN and PRX1 (representative of an 

undifferentiated human skeletal stem (progenitor) cell (hSSC population). Additionally, 

the cells illustrated a staggering lower expression of the mature bone cartilage stromal 

marker CD146 compared to the cells that were continuously cultured within the stiff 

matrix by day 14. With regards to the significant increase in the gene expression profile 

of CD146 within the dynamic culture, FACS analysis confirmed the cell population 

responsible for the expression profile, to be the cells that were continuously cultured 

within the stiff matrix alone, harbouring a PDPN
+
CD146

+
CD73

+
 population 

(representative of a mixed hSSC and human Bone-Cartilage-Stromal-Progenitor 

(hBCSP) population). The cells that migrated towards the soft matrix solely maintained 

a CD73
+
 population with minimal CD146 expression. 

 

It is evident that the YAP/TAZ signalling cascade can be complex to elucidate, to fully 

comprehend its link to the cell state we observe herein. We acknowledge that a host of 

empirical studies will need to be considered to identify the location of the signals within 

the cell, to allow for an in-depth analysis of the cell’s mechanical response through 

YAP/TAZ and whether this response influences AD-MSC fate. It is known that the 

YAP/TAZ pathway plays a significant role in directing stem cell differentiation. Thus, it is 

important to determine the activation state of the signalling molecules as an activated 

YAP/TAZ signalling may direct the differentiation of AD-MSCs. In regard to skeletal stem 

cells, Kegelman et al (2018) report the significance of YAP/TAZ in promoting bone 

development (Kegelman et al. 2018). The ablation of YAP/TAZ from skeletal linage cells, 

using Oxterix-Cre (an osteogenic associated marker), resulted in osteogenesis 

imperfecta-like phenotype, decreasing bone accrual and reducing intrinsic bone material, 

instead promoting osteoclast activity (Kegelman et al. 2018).  
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Herein, culturing AD-MSCs within the soft matrix for a period of 14 days prior to its 

compression, maintained the cells progenitor phenotype, illustrating a significant 

reduction in CD146 even after compression. However, exposing the cells to a stiff matrix 

for only 7 days, allowed for the cells to regain their immature progenitor phenotype when 

relocated to the soft stem cell promoting environment. Therefore, mechanically dosing 

the cells for an extended period of time within a soft matrix, allowed for the cells to retain 

their stem cell characteristics through mechanical memory. A period of 7 days within the 

stiff matrix however, allowed for the cells to respond to an altered physical environment, 

establishing a distinct population of skeletal progenitor cells within the soft matrix 

compared to the cells that remained within the stiff matrix within the dynamic culture.  

 

A number of limitations that need to be addressed, include the need of control samples 

for multiple studies. When assessing for cell viability upon compression of the 0.2% 

collagen type 1 matrix, a control sample measuring cell viability in the 0.2% collagen 

matrix alone is required, to ensure a comparable cellular viability is achieved upon 

compression. Furthermore, this will aid in determining the degree of cell death that is 

associated with the act of compression. With regards to the protein staining of skeletal 

stem cell markers, a control sample stained solely with the secondary antibody is 

required to ensure the fluorescence observed by the cells is not a bi product of the 

autofluorescence observed by the 10% collagen matrix.  

 

In addition to responding to the mechanical environment, the skeletal progenitor 

phenotype developed when the cells were either cultured or relocated towards a soft 

collagen gel, established a progenitor population similar to that identified by, Chan et al. 

reporting the discovery of a mouse and human cell population with a similar surface 

protein expression (Chan et al. 2018). Cells extracted from fetal and adult skeletal mice 

tissues and adult human femoral head tissues contained a PDPN
+
CD146

-
CD73

+
CD164

+
 

cell population, exhibiting self-renewing and multipotent capacity to form bone, cartilage 

and stroma upon transplantation into mice models (Chan et al. 2018). A similar 

population of cells with a similar PDPN
+
CD146

-
CD73

+
CD164

+
 phenotype derived from 

human adipose stroma was additionally identified, however, only in the presence of a 

high concentration of recombinant BMP2. In comparison to the study herein, achieving 

a PDPN
+
CD146

-
CD73

+
CD164

+ 
phenotype of adipose stromal cells was attainable solely 

by manipulating the cell microenvironment and oxygen tension. Culturing adipose 

derived MSCs in a soft collagen gel under hypoxic conditions resulted in the same 

phenotype using a chemical-independent methodology, previously attained exclusively 



 215 

through the stimulation of BMP2 (Chan et al. 2018)(Chan et al. 2015)(D. D. Lo et al. 

2012).  

    

In conclusion, the array of studies and analytic tools conducted, have brought light to the 

effect of biophysical parameters in regulating AD-MSC fate. Three key unique findings 

were established; 1) AD-MSCs employ mechanical memory to retain their stem cell 

progenitor phenotype, 2) This progenitor profile can only be maintained when the cells 

are exposed to long term mechanical dosing (14 days) in a soft collagen matrix, 3) AD-

MSCs can establish a PDPN
+
CD146

-
CD73

+
CD164

+ 
phenotype solely through 

biophysical and physiological manipulation.  

 

Additionally, the successful use and implications of the technology developed herein can 

be applied to multiple stem cell populations to understand the effect of biophysical and 

physiological parameters responsible for regulating stem cell potency. As the technique 

was optimised using an immortalised population of cells to ensure the robustness of the 

technique, it can certainly be applied to determine the effects of the periosteum’s physical 

environment in regulating hPDC potency.  
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Chapter 6: Discussion 
The research documented in this thesis aimed to elucidate parameters controlling cell 

potency by identifying the key biochemical and biophysical cues associated with 

regulating cellular behaviour. Stem cells are defined by their ability to undergo self-

renewal to maintain a continuous population of identical progeny with the inherent 

capacity to undergo tissue specific differentiation. Using current knowledge, this project 

aimed to develop an in-depth understanding of factors responsible for regulating skeletal 

stem cell potency including hPDC. Furthermore, AD-MSCs were used due to the limited 

availability of primary hPDC inhouse. With their ability to undergo osteochondral 

differentiation and consistently proliferate over multiple passages without losing potency, 

they deemed a well-suited cell source to develop technology to understand the 

complexity of a stem cell’s physical niche in vitro. By adopting a host of inhouse 

technologies to recapitulate the stem cell niche, a greater insight into the niche properties 

and cell-intrinsic and extrinsic interactions were identified. Moreover, various techniques 

were incorporated to successfully investigate properties of the stem cell 

microenvironment to recreate tissue complexity- mimicking tissue mechanics and its 

biochemical environment. These efforts sought to develop a potential stem cell based 

humanised bioengineered platform for various clinical applications including drug 

discovery, disease modelling and regenerative medicine. The series of experiments 

conducted confirmed the importance of providing appropriate biochemical signals, 

physiological factors and physical parameters that mimic the cells resident niche. 

 

Each individual tissue and its microenvironment accurately provide the necessary 

signals to regulate its resident stem cell populations. Importantly, its unique features and 

thus unique environmental cues, ensures cellular compartmentalisation for cell specific 

and tissue specific regulation. Thus, in order to utilise stem cells for their regenerative 

potential, it is evident that they are provided with the unique signals that will help regulate 

their function. Culturing stem cells with a commercialised expansion media and 

expanding them on 2D cell culture plastic to provide a one-size-fits-all solution, 

disregards the stem cells unique environment- the key regulator of its characteristics.  

 

Developing a defined growth media for the expansion of hPDC, opens avenues for their 

use in tissue engineering and regenerative medicine. Defined mediums have 

successfully been developed to sustain a host of stem cell populations and states. To 

date, multiple research groups have successfully elucidated PDC differentiation and 
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bone formation capacity in vitro and in vivo, respectively by providing a defined array of 

chemical stimulants. This was accomplished by the development of a growth factor 

cocktail to enhance PDC osteogenic differentiation (Jeroen Eyckmans et al. 2013). 

Analogous to the approach adopted for the development of the PD-GFC, the growth 

factor cocktail was based on identifying the differential activation of signalling pathways 

associated with a PDC population that successfully triggered bone formation in vivo 

when seeded on a calcium phosphate rich matrix compared to cells seeded on a 

decalcified matrix. Interestingly, signalling pathways and activated hub genes associated 

with PDCs cultured on calcium phosphate rich matrix were related to calcium signalling 

(CREB), inflammation (TNF-a, NFk-B and IL-6) and bone formation (TGF-b, b-catenin, 

BMP, EGF and ERK signalling). Compared to the genes differentially expressed in PD-

GFC expanded cells within the collagen scaffold (to promote an undifferentiated cell 

state), signalling pathways that were upregulated were associated with CREB signalling, 

a key pathway linked to periosteal biology. In contrast, a reduction in markers associated 

with promoting a differentiated cell state was observed- those identified with TGF-b and 

Wnt signalling (markers previously shown to enhance PDC osteogenesis as identified in 

the osteogenesis promoting growth factor cocktail). With both studies aligned in their 

technical approach to identify appropriate signalling molecules to promote different PDC 

cell states; investigating the differential gene expression patterns associated with a 

condition of interest, a defined medium can be developed.  

 

As a basis for a defined expansion medium, a previous study identified the superior effect 

of providing PDCs with a human source of serum, enhancing the cells proliferation, 

osteogenic and chondrogenic commitment relative to conventional culture 

methodologies (Roberts et al. 2014). The study conducted herein, thus aimed to identify 

the signalling pathways and mechanisms associated with the humanised culture of 

PDCs, to develop a defined growth medium that sustained PDC proliferation, a 

continuous maintenance of an undifferentiated progenitor state in vitro, with the ability to 

commit solely towards the osteogenic and chondrogenic lineages, as exhibited in vivo.  

 

Although providing a biochemical environment mimicking the PDC niche is imperative to 

their continuous function as a stem cell population, stem cells are equally regulated by 

their physical external microenvironment. These forces and signals are directed by their 

surrounding ECM which are in turn directed by a dynamic host of tissue functions. 

Herein, we aimed to investigate the effects of a stem cells biophysical environment in 

regulating their progenitor state. Due to the limited availability of attaining human primary 
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PDCs in sufficient numbers, an immortalised population of MSCs were used to optimise 

the technology adopted to assess the effects of physical stimuli on stem cell 

characteristics. Collagen type 1 is an ECM component widely found in various tissues 

and make up the ECM component that regulates its resident cell populations. Using the 

RAFT compression system, collagen type 1 hydrogels successfully promoted a tuneable 

3D environment to investigate the effects of matrix stiffness on progenitor cell 

characteristics. Cells are known to establish an interaction with their surrounding ECM 

through integrin engagement. The cells thus respond to an array of environmental cues, 

such as matrix stiffness resulting in its cytoskeletal reorganisation. Unlike PDCs, adipose 

derived MSCs are resident to a niche with distinct niche parameters that regulate their 

characteristics. Thus, all results identified within this project with regards to 

understanding the biophysical and physiological parameters of a stem cell’s niche, are 

associated with mimicking adipose tissue to regulate AD-MSC function. However, the 

developed techniques could theoretically be applied to any stem/progenitor cell to define 

the effect of biophysical factors. 

 

To document the effects of the cell’s response to its biophysical environment, the 

surrounding oxygen tension must be accounted for. Adipose derived progenitor cells in 

situ, experience oxygen tensions ranging between 2-9% (depending on the degree of 

vascularization of its native tissue) (Hodson 2014). The series of studies and conclusions 

made with regards to the effect of the cells physical environment were in fact 

synergistically regulated by the cells surrounding oxygen tension. Culturing AD-MSCs 

within the soft collagen matrix promoted a transient expression profile of a progenitor 

phenotype when cultured under atmospheric oxygen. However, culturing the cells under 

physiological normoxia, promoted a continuous expression profile of a progenitor 

phenotype over an extended period of time. Additionally, the physiological condition 

enhanced the cells osteogenic and chondrogenic potential, confirming the hypothesis 

that the maintenance of an undifferentiated state with the capacity to differentiate may 

require an oxygen concentration mimicking its environment in situ, in addition to other 

environmental factors. Providing a hypoxic environment for the expansion of stem cells 

activates the HIF-1a signalling pathway directing a host of progenitor promoting 

characteristics. These include sustaining cellular self-renewal, proliferation and 

differentiation capacity. Interestingly, the effect of oxygen tension observed with regards 

to AD-MSC maintenance of its progenitor status, was reliant on the presence of a soft 

matrix. This sequentially regulated environment additionally promoted for an early 

skeletal progenitor status. Furthermore, HIF-1a is highly responsive to its local 
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environment, with 21% oxygen tension known to result in its degradation within minutes 

(Brahimi-Horn and Pouysségur 2007). As observed with regards to the AD-MSCs 

cultured under atmospheric oxygen, the induced mechanical stimuli alone, was not 

sufficient for the maintenance of a long-term progenitor phenotype. The potential 

reduction in HIF-1a may have abrogated the cells ability to sustain an undifferentiated 

progenitor status in vitro.  

 

The synergistic effect of oxygen tension and material stiffness has been previously 

assessed by (Blatchley, Park, and Gerecht 2015), who developed a hybrid hydrogel 

system to simultaneously observe the effects of oxygen tension and material stiffness 

on vascular network formation. The effects of endothelial colony forming cells (ECFC) in 

producing vascular networks was directed by its surrounding oxygen tension and matrix 

stiffness. Under severely hypoxic environments (<5% O2), culturing ECFCs in stiff 

matrices limited their vascular morphogenic potential. However, culturing them within a 

soft matrix, resulted in an extensive vascular network. Herein, the physical environment 

evidently supersedes its effect on directing ECFC vascular morphogenesis. Interestingly, 

under oxygen conditions mimicking the cells native in situ environment (5% O2), a long-

term exposure to this oxygen tension enhanced the cells vascular morphogenic potential 

when cultured on the stiff matrix. It is important to note that a long-term exposure to 5% 

O2 was required. This finding interestingly, complements the observations made with 

regards to AD-MSCs- whereby the effects of the physical environment on cell state is 

highly regulated by its surrounding oxygen tension. Providing an oxygen tension 

mimicking the cells surrounding environment in vivo, reinstated ECPC’s vascular 

morphogenic potential and AD-MSCs ability to promote an undifferentiated cell state, 

with the capacity to differentiate. With regards to AD-MCSs however, both the physical 

environment and oxygen tension were indeed necessary to promote the mesenchymal 

potential of AD-MSCs.  

 

Stem cells are exposed to a host of different environments that regulate their function. 

With PDCs for example, signals directed from a fracture site, transmits a range of 

mechanical and chemically induced signals to activate their proliferation, migration to 

adjacent fracture sites and subsequent differentiation. For cells to migrate and retain 

their characteristics, it has been hypothesised that stem cells have the potential to 

remember past physical signals to ensure the maintenance of their phenotype. An 

investigation into their ability to procure mechanical memory was assessed and whether 

this memory can be exploited to appropriately dose the cells with mechanical stimuli. 

The implications of this knowledge would allow for a better understanding of the impact 
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of their surrounding environment on their progenitor cell state and could be used to 

inform their correct use for tissue engineering purposes. The system used here to 

investigate the effects of mechanical stimuli on AD-MSCs, can well be used to exploit 

any stem cell population and the effect of their environment in regulating their function.  

 

Although a significant contribution has been made to the field with the research 

conducted, a host of limitations to the study must be addressed to ensure a more 

profound reproducibility of study. When developing the PD-GFC, the ability to 

continuously use hAS cultured PDC as a comparison, would be ideal. Although the use 

of 6 soluble factors cannot directly be compared to the effects of an entire serum, its 

presence throughout the studies, could ensure the cells are mimicking cell physiology of 

a humanised condition to a certain degree. When assessing for osteogenic differentiation 

of the hPDC, additional steps could be implemented to validate the presence of concrete 

calcium phosphate mineralisation. This includes taking images of bone nodules in well 

plates, prior to staining for extracellular calcium deposition with Alizarin Red. 

Furthermore, the cells can be tested for alkaline phosphatase activity. Undifferentiated 

cells will exhibit low alkaline phosphatase activity compared to differentiated cells. This 

can be detected using BCIP/NBT	 (5-Bromo-4-chloro-3-indolyl phosphate/Nitro blue 

tetrazolium) as a substrate, which stains cells blue-violet when alkaline phosphatase is 

present. Additionally, when differentiating cells along the adipogenic lineage, it is 

important to ensure the presence of cells in proximity to fat droplet deposition, to ensure 

specificity of the fat formation by cells. The consistent need for control samples for each 

study must be included and was lacking in a number of studies conducted herein. Lastly, 

providing cells with a consistent oxygen tension throughout a study is paramount to 

prevent reoxygenation. Where possible a hypoxic chamber providing consistent oxygen 

should be implemented as this may have significant ramifications on results and overall 

conclusions being made. 

 

6.1  Future Directions: 
 

In attempt to define the biochemical factors associated with regulating stem cell 

characteristics, a PD-GFC was developed. Using cells extracted from healthy donors, 

we illustrated the maintenance of hPDC potency, in vitro. The cells illustrated the ability 

to differentiate along the chondrogenic and osteogenic lineages exhibiting a long-term 

expression of progenitor associated markers. PDCs play a significant role in bone repair 

and regeneration. Repairing large bone defects classified as a non-union (potentially due 

to a highly disrupted periosteum), are currently repaired with the gold standard bone graft 
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extracted from the patient’s iliac crest. It is commonly used due to its form, function and 

adaptability. The use of autogenous grafts remains the most effective grafting material 

as it provides the elements required for bone regeneration: osteoconduction, 

osteoinduction and osteogenic cells with the ability to regenerate bone. Limitations 

associated with such a regime include slow bone formation, minimal engraftment tissue 

availability, inherently resulting in fibrotic non-unions and brittle fractures (Hoffman and 

Benoit 2013). As such, tissue engineering and regenerative medicine have taken on the 

initiative to develop biocompatible scaffolds with the capacity to induce progenitor 

proliferation and differentiation at the site of injury. To date, however, little is known about 

the mechanisms that regulate stem cell function and behaviour- the key players in 

directing bone maintenance and repair.  

 

Using PD-GFC precultured cells and a suitable resorbable collagenous cell carrier, could 

provide for a suitable tool to deliver a population of progenitor cells (preferably extracted 

from the patient) that can be localised to the bone defect to allow for osteoinduction. 

Herein, we identified a stiff collagen matrix as a potent scaffold for the maintenance of 

hPDC characteristics. Although we implement a rat-tail collagen scaffold, a host of 

human biocompatible collagen and synthetic scaffolds have to date been developed and 

can be implemented (J. W. Yang et al. 2014)(Warnke et al. 2009). There is a large scope 

for the use of the PD-GFC for the treatment of bone defects. To date in vitro engineered 

bone grafts that are implemented in vivo, lack the defined vascular and nerve networks 

required to support cell survival and matrix synthesis. The use of the bioreactor principle 

has thus become an emerging trend, using the body as a bioreactor to cultivate the 

scaffold-cell-growth factor trio and to leverage the regenerative potential of the body to 

regenerate bone (R. L. Huang et al. 2017)(Kannan et al. 2005)(Yuchun Liu, Chan, and 

Teoh 2015)(Holt et al. 2005). Current engineered scaffolds thus far rely on the ingrowth 

of neo-vascular structures from the surrounding environment, a phenomenon requiring 

a host of chemical factors and angiogenic promoting scaffolds that are commonly 

lacking. With the research conducted herein, providing PD-GFC cultured cells as a 

potential tool for the treatment of bone defects, would require a potent scaffold with the 

capacity to deliver, localise and direct osteoinduction at the fracture site. Additionally, the 

need to test for their ability to achieve vascular networks in vitro. Chick embryo 

chorioallantoic membrane (CAM) can be used as a potential bioreactor to assess for the 

ability of PD-GFC precultured PDC seeded scaffolds for their ability to attract and allow 

for vascular network infiltration (Moreno-Jiménez et al. 2016). Incorporating key 

angiogenic factors within the PD-GFC, bFGF and PDGF are known to regulate local 

proliferation and differentiation of endothelial cells, directing our hypothesis that culturing 
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PD-GFC conditioned PDCs may direct vascularisation of the collagen construct, allowing 

scaffold-tissue integration and long-term cellular nourishment. By recapitulating the 

cellular, chemical and structural features of the periosteum, this work could lead to new 

clinical strategies for improving and directing periosteum induced fracture healing- 

promoting functional revitalisation and vascularisation at the fracture site. 

 

In addition to posing as a potential treatment tool for bone defects, the PD-GFC could 

potentially exhibit alternative uses. It is well established that ageing periosteal progenitor 

cells have a reduced regenerative responsiveness to bone injury (Gruber et al. 

2006)(Yukata et al. 2014)(Josephson et al. 2019). Stem cell ageing is a result of multiple 

factors including telomere attrition, genomic instability, cellular exhaustion and 

mitochondrial dysfunction (López-Otín et al. 2013)(Ambrosi, Longaker, and Chan 2019), 

contributing to the diminished potential to differentiate and undergo self-renewal. I thus 

hypothesize that PDCs derived from older patients with limited PDC potential, can revive 

and enhance their potency using the PD-GFC. This hypothesis is informed by 1) the 

cells’ ability to procure genetic transcriptional shift when expanded in FBS and 

subsequently exposed to the PD-GFC- implying a potential genetic manipulation when 

exposed to the PD-GFC; 2) the ability of the PD-GFC to provide a superior maintenance 

of a progenitor phenotype. The PD-GFC illustrated the ability to maintain progenitor cell 

potency enhancing the cells differentiation potential. As an alternative to the gold 

standard and use of various resorbable materials, a potential therapeutic regime could 

include reviving the patient’s population of progenitor cells prior to transplanting them, 

enhancing the chances of successful recovery and integration. 

 

Although this project has contributed in our understanding of skeletal stem cell functions, 

a host of studies are still required to ensure the development of robust methods for bone 

regeneration. The last two chapters have brought to light potential cell specific responses 

to biophysical stimuli. Before the application of the technology developed herein on 

alternative stem cell populations, a number of studies are yet to be conducted.  

 

The research conducted illustrated the presence of stem cell memory with respect to 

mechanical dosing in which AD-MSCs maintained their skeletal stem cell progenitor 

profile within a soft collagenous material when exposed to such an environment for a 

minimum period of 14 days. To better understand the mechanotransduction associated 

with this population of stem cells, locating the region of the YAP/TAZ signalling within 

the cell, will bring to light the activation state of these cells, additionally confirming in 

which particular point of culture do the cells experience an irreversible genotypic profile. 
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Herein, we additionally identified that culturing AD-MSCs within the stiff gel for a period 

of 7 days allowed for the cells to reinstate or to establish an early skeletal progenitor 

profile (PDPN
+
CD146

-
CD73

+
CD164

+
), a matrix stiffness that would have otherwise 

encouraged a committed osteoprogenitor phenotype (PDPN
+
CD146

+
). An intriguing 

future study to accompany this work would include identifying the maximum mechanical 

dose in which the cells would experience an irreversible cellular fate. By culturing AD-

MSCs within the stiff matrix for 14 days, would the cells that migrate towards the soft 

matrix establish an early skeletal progenitor profile or would the cells have committed 

towards a differentiating state. Understanding the appropriate dose will enhance our 

understanding of the dynamic state of their in vivo environment, and the potential triggers 

required to regulate their stem cell characteristics. Furthermore, these findings would 

inform for an appropriate engineered scaffold and awareness of preculture time in vitro, 

required to ensure that the correct cell state is established prior to directing tissue repair 

in vivo. This knowledge is key when appropriating any stem cell population for clinical 

use to ensure the transplanted cell population is exposed to environmental regulators 

that will maintain their characteristics.   

 

Furthermore, to expand our understanding of the role of the biophysical environment on 

stem cell characteristics, conducting similar dynamic cultures on hPDCs would be just 

as beneficial in understanding the mechanobiology involved in regulating a progenitor 

state. The in vivo location of PDCs on the surface of bones, makes them a definite 

candidate for constant mechanical influxes and triggers. Playing a significant role in bone 

remodelling and formation, PDCs undoubtedly respond to these stimuli triggering their 

migration and differentiation. Adopting a prestress state within their native environment, 

a previous study conducted by Yu et al. (2017) utilised a live cell and tissue imaging 

protocol to quantitatively measure the periosteal response during prestress and stress 

conditions (N. Y. C. Yu et al. 2017). These responses were measured in regard to 

nuclear shape and accompanying changes in the architecture of the ECM structural 

proteins. The quantitative characterisation of the periosteum and its resident progenitor 

cells is impactful in our understanding of the role of mechanics in directing periosteal 

niche quiescence. However, understanding the underlying signalling pathways that 

trigger such responses is paramount for their clinical translation.    
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Chapter 7: Appendix 
 
Table 7.1 9 growth factors selected for the development of hPDC specific media. All 9 factors were demonstrated as primary hub genes in the study. Data 
generated by IPA. P value of overlap determines whether there is a significant overlap between RNA Seq gene data set and the genes regulated by a specific 
upstream regulator (predicted regulated gene sets generated by IPA). The more significant the overlap of an upstream regulator, the more the overlap of its 
target molecules that are expressed in the gene data set and predicted by IPA. The networks involved refer to the gene networks generated by IPA of which 
these selected factors are in association with.   
 

Upstream 
Regulators 

Molecule Type P-value 
of 
overlap 

Target Molecules Main 
Networks 
Involved  

Evidence to support selection of upstream regulators 

b-estradiol 
 

Chemical - 
endogenous 
mammalian 
 

8.89E-18 
 

ACKR3,ACTC1,ADM2,AGT,BCL2A1,BIRC
3,CCL20,CD274,CDH1,CDKN1C,CNN1,CO
LEC12,COMP,CRLF1,CTGF,CXCL2,CXCL
3,CXCL8,CYP1B1,CYP26B1,DDIT4,DHRS9
,DSCAM,EDN1,EGR2,FABP5,FGF9,FGFR2,
FMOD,GIPC2,GREM1,H19,HGF,IGF1,IGF2
,ITGA2,KCND3,KRT16,KRT7,KRT81,LMC
D1,LUM,MMP1,NCF2,NUPR1,OXTR,PDK4
,PPARGC1B,RGS2,SEMA3A,SEPT4,SERT
AD4,SFRP2,SLC6A9,STC1,STC2,TFPI,THB
D,THRB,TNFRSF11B,TNNT3,TTC39A,TTN
,VCAM1,YPEL3 
 

2,4,5,7 
 

Ø Recent studies have shown that 17b-estradiol can 
effectively improve BM-MSC proliferation in mice and rats 
(Q. Wang et al. 2006) (Hong et al. 2011).  

Ø Estrogen has been confirmed to enhance the differentiation 
potential of hMSCs and to up-regulate their telomerase 
activity as a means of preventing telomere shortening via 
ERa, thus, inhibiting senescence of MSC. Upon estrogen 
supplementation, hMSCs demonstrated a significant 
increase in their proliferative rate; the cells maintained the 
differentiation potential at concentrations ranging from 10-
9 and 10-8 M (Hong et al. 2011) (Yun et al. 2009b).  

Ø 17b-estradiol can regulate and significantly improve MSC 
proliferation in vitro, effectively improving MSC numbers 
and differentiation capacity required for stem cell-based 
tissue engineering. However, (Hong et al. 2011), male and 
female donor MSC proliferation differs in the presence of 
17b-estradiol.  

Ø The above claims can be further confirmed by (F.-P. Chen, 
Hu, and Wang 2013) stating estrogens functional 
involvement in enhancing the osteogenic activity of MSCs 
and their differentiation into osteoblasts. This was 
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established by an increase in osteocalcin and ALP 
expression in estrogen treated MSCs (F.-P. Chen, Hu, and 
Wang 2013). 

Dexametha
sone 

Chemical Drug 1.15E-16 
 

ACKR3,ADAMTS15,AGT,AMIGO2,ANGP
TL4,ANOS1,ASPN,B3GNT5,BCL2A1,BIRC
3,CCL20,CDKN1C,CFHR1,COL11A1,COL1
5A1,COL4A1,COL4A3,CTGF,CXCL2,CXC
L3,CXCL6,CXCL8,CYP1B1,DDIT4,EDN1,E
DNRB,EGR2,ELN,FABP5,FKBP5,G0S2,GD
F15,HGF,IGF1,IGF2,ITGA2,KLHL24,KRT7,
MMP1,MXRA5,MYOC,NOV,OXTR,PCK2,
PDK4,PIK3IP1,PRRG4,RASL11B,RGS2,S10
0P,SCD,SEMA5B,SULT1B1,TGFBI,THBD,
TNFRSF11B,TSLP,VCAM1,ZBTB16,ZNF70
4 
 

1,4,5,6,7 
 

Ø Dexamethasone (Dex) is known to be able to exert multiple 
effects on the same cell population according to the 
concentration of Dex present around and within the cells 
system. hBM-MSCs cultured in a Dex concentration of 10-
8M has shown to negatively regulate the transcription of 
genes associated with apoptosis and differentiation, while 
genes implicated in cell proliferation were positively 
regulated by Dex.  

Ø Dex improves the quality of hBM-MSCs as it delays 
senescence and maintains its differentiation potential (Xiao 
et al. 2008).  

Ø High concentrations of dex (10-6-10-7M) suppresses the 
proliferation of hMSC-like cells but not their 
differentiation. Other studies however, have shown that this 
concentration suppresses osteogenic differentiation, 
directing the cells towards an adipogenic lineage (J.-K. 
Chang et al. 2006) (Hong et al. 2009).  

Ø A study carried out by (Xiao et al. 2010) has shown that 
MSCs cultured in low doses of Dex during the expansion 
phase, maintain a higher proliferative potential then cells 
cultured in the absence of Dex over repeated passages. Cells 
become phenotypically stable upon passaging.  

Ø Dex can also initiate osteogenesis via Wnt/ b-catenin 
canonical pathway and an alternative pathway- the MAPK 
phosphatase (MKP-1) causing the expression of 
osteocalcin, BSP and RUNX2 (Langenbach and Handschel 
2013). 

Ø Overall, Dex can induce either differentiation or 
proliferation in a dose dependent manner. 

TNFa 
 

Cytokine 8.69E-13 
 

ACKR3,AGT,ALDH3A1,ANGPTL4,BCL2A
1,BIRC3,CCL20,CD274,CDH1,CNN1,COL1
5A1,COL4A3,CRLF1,CSF2RB,CTGF,CXCL
2,CXCL3,CXCL5,CXCL6,CXCL8,CYP1B1,

4,5,6 
 

Ø Kwon, Y. W., et al (2013) investigated the expression of 
pro-angiogenic factors IL-6 and IL-8 on TNFa stimulated 
hMSCs (Kwon et al. 2013). At a concentration of 10ng/ml, 
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CYP26B1,EDN1,EDNRB,EGR2,FABP5,FGF
R2,FOXF1,G0S2,GDF15,GFRA2,H19,HGF,I
GF1,IGF2,IL21R,ITGA2,MMP1,NCF2,NOV,
NR4A2,NUAK1,PAPPA,PCK2,PPARGC1B,
RGS2,SCD,STAT4,TFPI,THBD,TNFRSF11
B,TSLP,VCAM1 
 

TNfa cultured cells stimulated angiogenesis and tissue 
repair (in 48hrs) (Kwon et al. 2013).  

Ø Furthermore, hMSC were subjected to a range of TNFa 
concentrations, from 0.5-50ng/mL, in a study carried out by 
Croes, M. et al (2015). Lower concentrations of 5ng/mL 
demonstrated higher ALP activity compared to control, and 
highest calcium deposition, both at a concentration of 
5ng/mL(Croes et al. 2015).  

Ø An additional study investigated the long term incubation 
of hMSCs with TNFa in the induction of a neural 
phenotype(Egea et al. 2011). The Cells were subjected to 
TNFa stimulation with either a concentration of 5ng/mL or 
50ng/mL. The lower dose of the cytokine exhibited a 
stimulatory effect on cell division with a 2-fold increase. 
Overall, these findings indicate the need to utilize a low 
concentration of TNFa (Egea et al. 2011).  

PDGF BB Complex 2.70E-12 
 

ACKR3,CCL20,CNN1,CTGF,CXCL2,CXCL
8,EDN1,EDNRB,EGR2,GDF15,GREM1,H19
,IGF1,IGF2,MMP1,MYH1,NR4A2,RGS2,SC
D,THBD,TRIB3,UNC5B,VCAM1 
 

4, 5 
 

Ø hMSCs cultured in a 3D polyethylene glycol (PEG) 
hydrogel in the presence of PDGF-BB were able to induce 
the activation of hMSCs, induce proliferation, spreading 
and migration (Lienemann et al. 2015). 

Wnt3a Cytokine 8.65E-10 
 

ADM2,CTGF,DDIT4,EDN1,EGR2,EPHA5,F
MOD,LBH,LEF1,LGR5,LRRC17,SFRP2,TM
EM158,TNFRSF11B,TRIB3,VCAM1,WIF1 
 

1,4 
 

Ø Wnt3a signals through the Wnt/ b-catenin canonical 
pathway in regard to its importance in bone formation 
involving MSCs.  

Ø Wnt3a-associated responsive promoter activation as a result 
of the Wnt signaling activation, depends on the MSC 
differentiation state. Wnt3a exposure has shown to inhibit 
MSC osteogenic differentiation, further decreasing matrix 
mineralization and ALP activity. (G. Liu et al. 2009) 

Ø Its overall effect drives an increase in cell number resulting 
from an enhanced proliferative activity and a decrease in 
apoptosis, particularly during the expansion of 
undifferentiated MSCs (Boland et al. 2004). 
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Ø Another study demonstrated the proliferative ability of 
Wnt3a on hMSCs while retaining pluripotency. (De Boer, 
Wang, and Van Blitterswijk 2004).  

Ø (Boland et al. 2004) has also shown that when 
osteogenically differentiated MSCs are treated with wnt3a, 
it results in a decrease in osteoblastic marker gene 
expression. Canonical Wnt signaling functions in 
maintaining an undifferentiated, proliferating progenitor 
MSC population, whereas non-canonical Wnt signaling 
drive osteogenic differentiation via Wnt5a (Boland et al. 
2004). To date, contradicting effects of wnt3a are observed 
on MSC differentiation.   

 
VEGF Group 2.44E-09 

 
ACKR3,ANGPTL4,BCL2A1,CDH1,CNN1,C
OL4A3,CRLF1,CXCL8,EDN1,ELN,FKBP5,
HOPX,ITGA2,LEF1,NR4A2,OXTR,RGS2,S
TC1,THBD,TMEM158,TNFRSF11B,VCAM
1 
 

4,5 
 

Ø VEGF belongs to the PDGF superfamily and is known to 
play a significant role in regulating angiogenesis and driving 
osteogenesis in bone repair and remodeling.  

Ø VEGF has demonstrated its role in regulating hMSC 
differentiation potential. It controls the balance between 
osteogenesis in BM-MSCs via an intracrine mechanism but 
stimulates osteoclastogenesis and adipogenesis in a 
paracrine mechanism (Yanqiu Liu et al. 2012) (Berendsen 
and Olsen 2014).  

Ø In conjunction with its effects on stem cell fate, VEGF has 
been shown to increase MSC proliferation significantly in a 
study carried out by (Z. Huang et al. 2010).  

Ø Profiled but not constant dose of VEGF had a significant 
impact on cell numbers. In comparison to the other growth 
factors tested as well in this study (IGF-1, FGF-2, BMP-2), 
VEGF demonstrated the highest proliferative rate in MSCs 
(Z. Huang et al. 2010).  

Ø According to this study, VEGF did not impact the 
differentiation potential and mineralization of MSCs. This 
is in agreement with a previous study confirming an increase 
in VEGF in the early proliferation stage of MSC during 
bone repair (Z. Huang et al. 2010).  
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Ø The effects of 17b-estradiol on hMSC proliferation have 
shown to coincide with an increase in VEGF, both 
enhancing the cells proliferative potential (Yun et al. 2009).  

Ø Furthermore, a separate study has demonstrated an 
inhibitory effect of VEGF on osteogenic commitment via 
the down regulation of BMP2 in rat MSCs, additionally 
attenuating MSCs differentiation potential (Schönmeyr et 
al. 2010). 

 
TGF- b1 Growth Factor 2.44E-09 

 
ACKR3,ANGPTL4,BCL2A1,CDH1,CNN1,C
OL4A3,CRLF1,CXCL8,EDN1,ELN,FKBP5,
HOPX,ITGA2,LEF1,NR4A2,OXTR,RGS2,S
TC1,THBD,TMEM158,TNFRSF11B,VCAM
1 
 

1, 4, 5, 7 
 

Ø As demonstrated by (Jian et al. 2006), TGF- b1 induces the 
translocation of b-catenin in MSCs in smad3- dependent 
manner, further inhibiting adipogenic differentiation (Ng et 
al. 2008). This pathway promotes the stimulation of MSC 
proliferation (Ng et al. 2008) and subsequently driving the 
inhibition of MSC osteogenic differentiation. 

Ø A more recent study carried out by (Yokota et al. 2014) have 
published findings supporting TGFb’s importance in 
regulating osteogenic differentiation. 

Ø PDGF is known to synergistically enhance osteogenic 
differentiation through crosstalk between MEK- and 
PI3K/Akt-mediated signaling (Yokota et al. 2014). PDGF 
alone, however, showed no signs of osteogenic 
differentiation in hMSCs (Yokota et al. 2014).  

Ø TGFb plays a significant role in maintaining osteoblastic 
differentiation and proliferation, although inhibiting their 
maturation and mineralization. This is induced via the 
activation of downstream intracellular effector molecules 
such as MAPKs (ERK pathway, p38 and JNK) and Smads 
(Yokota et al. 2014). 

FGF2 Growth Factor 1.06E-07 
 

ANGPTL4,CCL20,CDH1,EDNRB,ELN,FGF
R2,GREM1,HGF,IGF1,IGF2,LEF1,MMP1,N
OG,NOV,NR4A2,SCD,TFPI,VCAM1 
 

5 Ø According to (Ahn et al. 2009) hMSCs cultured in the 
presence of FGF2 demonstrated enhanced growth and 
further maintained the cells pluripotent state during 
expansion. The associated MAPK signaling cascade, 
mediated by ERK, JNK and p38 protein kinase, primarily 
drives the cell’s proliferative ability. 
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Ø In accordance to the study carried out by (Ahn et al. 2009), 
JNK was found to play a major role in the FGF2-induced 
responses in regards to increasing the proliferation rate and 
survival of hMSCs but reducing their differentiation 
potential (Ahn et al. 2009)(S.-C. Choi et al. 2008). 

IGF-1 Growth Factor 7.34E-09 
 

BCL2A1,BIRC3,CDH1,CTGF,CXCL6,CXC
L8,DDIT4,EDN1,EGR2,ELN,HGF,IGF1,IGF
2,MMP1,NCF2,NOG,NUPR1,SCD,TGFBI,T
NFRSF11B,VCAM1 
 

4 Ø IGF-1 plays a critical role in bone formation and remodeling 
(Minuto et al. 2005) (Z. Huang et al. 2010). As confirmed 
by a number of studies, neutralizing IGF-1 has shown to 
decrease ALP-2 activity and osteocalcin release from 
MSCs. Thus, demonstrating the essential role of IGF-1 in 
osteogenesis.  

Ø On the contrary, (Z. Huang et al. 2010) has demonstrated 
the inhibitory effect of exogenous IGF-1 on MSC 
osteogenic differentiation. (Z. Huang et al. 2010). 

Ø (Doorn et al. 2013) investigated the effects of IGF-1 on 
hMSC proliferation and differentiation, confirming a 
concentration of 20ng/mL demonstrating MSC 
proliferation. This study demonstrated the role of IGF-1 in 
inducing proliferation, expression of ALP and osteogenic 
gene expression of hMSC with a minimal effect of bone 
formation in vivo (Doorn et al. 2013).  

Ø These findings confirm the role IGF-1 in both bone 
formation and resorption. 
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Table 7.2 A list of all primer sets used to conduct gene expression using qPCR. 

Gene 
Name  

Forward (5’-3’)  Reverse (3’-5’)  

ACAN TGTGGGACTGAAGTTCTTGG AGCGAGTTGTCATGGTCTG 
ALP GGACATGCAGTACGTAGCTGA  GTCAATTCTGCCTCCTTCCA  

ALPK4 AACGCTGGCTAAAGGGTACA GGCTGCTTCTGTTTCTGGTTG 
ANGPTL1 TGTATGCAGGAAACTGCGCC TTGCTTCTGTAATGGCCTCCTC 

BCL2A1 ACACAGGAGAATGGATAAGGC TCAACAGTATTGCTTCAGGAGAG 
CD146 GGAAGGTGTGGGTGAAAGAG GGACATTCAGGGTGCTCAG 
CD164 CCTTAGCTTTCTCCCGAACG TGCTGGGTCGTGTTCTTG 
CD73 ACTGGGACATTCGGGTTTTG CTCTTTGGAAGGTGGATTGC 
CILP2 ACCTGGTGAAACACCCTGAG CCCATTGTGGAACCAGGAGTA 

COL10 ACGATACCAAATGCCCACAG GTGGACCAGGAGTACCTTGC 
COL1A1 CCCTGTCTGCTTCCTGTAAAC AGTCCATGTGAAATTGTCTCCC 
COL2A1 CTCCGTCAAGTCCGAGCA ACGGCTGACAAGGCCACA 

CTGF TGCCATTACAACTGTCCCG CAAGTTCCAGTCTAATGAGTTAATGTC 
CTSK TTCCCGCAGTAATGACACCC GGAACCACATGACCCTGAT 

CXCL2 CTCTCCTCCTCGCACAGC GGGCGCTCCTGCTGC 
FABP4 CATACTGGGCCAGGAATTTG GGACACCCCCTCTAAGGTT 

FGF9 GGGGAGCTGTATGGATCAGAAA GTATCGCCTTCCAGTGTCCA 
IGF-1 CTTCAGTTCGTGTGTGGAGACA CGCCCTCCGACTGCTG  

MMP1 TGTGGTGTCATCACAGCTTCC  GGGCCACTATTTCTCCGCTT 
NES GGCCACGTACAGGACCCTC CCTCTGGGGTCCTAGGGAAT 

NOGGIN CAGTACCCCATCATTTCCGAG TCATTGAAAACCCTCGCTAGAG 
PDGFA CCTGGAGATAGACTCCGTAGG GCTTCCTCGATGCTTCTCTTC 

PDK4 GTGATGTGGTAGCAGTGGTC GGTGAGAAGGAACATACACGATG 
PDPN CTCTGCTCTTCGTTTTGGGA GAGTCACCACATCATCTTCGG 

POSTN GGTCCTAATTCCTGATTCTGCC CCAGCAAAGTGTATTCTCCATC 
PRX1 CGAGAGTGCAGGTGTGGTTT GAGCAGGACGAGGTACGAT 

RUNX2 CGCATTCCTCATCCCAGTAT  GCCTGGGGTCTGTAATCTGA  
SEM3A AAAGCGTGTGCTGAGTGTTG TTGTCGTCTTGTGCGTCTCT 

SOSDC1 GCAGCAACAGCACGTTGAAT AACCCGAGTGTTCCGATCCA 
SOX9 TGGAGACTTCTGAACGAGAGC  CGTTCTTCACCGACTTCCTC  

SULT1B1 TGGCTCGTAATGCCAAGGAT ACCATAGGCCACTTTTCCAGTT 
TAGLN3 AGTTCCTAAAAGCTGCGGAG TCATCCTTGGTGACTGCAAC 

TAZ GCTACACTCCCACTTCTTCAG CGCCATCTCCTTTCTCTCTTC 
YAP CCCTCGTTTTGCCATGAACC TGTTGCTGCTGGTTGGAGTT 
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