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Abstract
The plasma membrane separates the cell interior from the external environment,
protecting the cell from adverse conditions and pathogens. However, cells need to
continually interact with their surroundings to survive and perform their metabolic
functions. These tasks are performed by a great variety of macromolecules that
crowd the cellular membrane, from cell-surface receptors to transport channels.
The physical and dynamic properties of many of these receptors, as well as their
interaction with their target ligand, are poorly understood. This is mainly due to
the technological challenges posed by studying single-molecule properties and interactions on living cells, in particular the ability to reach the required spatial and
temporal resolution at which these interactions take place. This thesis focuses on
the design and development from scratch of an innovative, fully custom-made microscopy platform, which combines light-sheet fluorescence microscopy and optical
tweezers for the study of the physical properties of receptors in the plasma membrane of living cells. The technological developments regarding fluorescence microscopy include the demonstration of single-molecule resolution using light-sheet
microscopy on single cells. With this method, the tracking of individual receptors
in the plasma membrane is achieved with a temporal resolution of tens of milliseconds. Only the top surface of adherent cells is imaged. This prevents artefacts that
typically arise in the cell membrane in contact with hard glass substrates, and enables measurements of cell-surface receptor mobility with increased physiological
relevance. Furthermore, we have developed an optical tweezers setup optimised for
the application of vertical forces on living cells using a counter-propagating beam
configuration. Single-molecule force spectroscopy on living cells is demonstrated
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by quantification of the strength of antigen-antibody bonds. The response of cells
to weak and localised mechanical stimuli is likewise measured.

Impact Statement
Membrane receptors are essential proteins for cell survival as they mediate the interaction between the cell and its environment. Although fundamental for understanding many cellular processes, the study of membrane receptors dynamics is complicated by the need for fast acquisition times and high spatial resolution; conditions
which are difficult to achieve with conventional microscopy techniques. In addition,
the interactions established by the receptors with molecules inside and outside the
cell are often weak and challenging to resolve at the single-molecule level. In order to address these problems, this thesis describes the design and implementation
of a completely custom-made microscopy setup that combines light-sheet fluorescence microscopy and optical tweezers, and it is specifically designed for the study
of the physical properties of membrane receptors in living cells. While both techniques are widely used for the study of biological samples, they are rarely employed
for single-molecule studies on living cells. With the introduction of novel designs
in the optical setup and sample substrate, we demonstrate the possibility to obtain
single-molecule resolution and fast acquisition needed to resolve inhomogeneities
in the protein motion, as well as, the possibility to specifically address weak protein
interactions. We also report the first simultaneous use of the two techniques. Our
microscopy setup is thus an instrument uniquely suited for cellular studies at the
single-molecule level. It could bring significant contributions in a wide range of biological analysis: from, for example, the study of fundamental physical properties
of membrane receptors, to the investigation of virus-entry mechanism, to microand nanoparticles uptake and drug delivery. In addition, we believe that the demonstration of the applicability of light-sheet microscopy and axial optical tweezers to

Impact Statement

6

single-molecule study on living cells, as well as the technical innovations introduced in the setup, will increase the interests and encourage additional research
around these microscopy techniques. Finally, with the help of industrial partners,
we envision the translation and commercialisation of the whole system as well as of
its single novel parts, e.g. the temperature-control box described in Chapter 2, and
the colour-splitter and sample holder presented in Chapter 3.
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Chapter 1

Introduction – Study of the physical
properties of cell-surface membrane
receptors
1.1

Molecular interactions on the cell surface

The cell membrane, also referred to as plasma membrane, is a thin biological membrane that acts as a barrier separating the cell interior and the environment. It is
composed primarily of lipids, arranged into a double layer, and proteins. The cell
membrane’s primary functions are to prevent hazardous molecules and pathogens
from entering the cell cytoplasm and to maintain a stable environment inside the cell
[2]. In addition, cells need to continuously interact with their environment, for example, to acquire molecules fundamental for their survival, interact with other cells,
move or anchor themselves to a substrate. These tasks are performed by dedicated
transmembrane proteins, which are inserted in the membrane and have domains extending into the cytoplasm and/or into the extracellular matrix.
Given the importance of these molecules for cell survival, and in general for the
realisation of fundamental physiological processes in the organism (e.g. cell signalling, homoeostasis and immune response), the membrane composition [3, 4] and
the structure of transmembrane proteins [5] have been extensively studied.
Although of invaluable importance, the analysis of the cell membrane composi-

1.2. Models of protein organisation in the cell membrane

31

tion, as well as, the study of the structure of isolated proteins only give a partial
understanding of the properties and functions of transmembrane proteins. This is
especially the case for membrane receptors, proteins that mediate transmembrane
signalling and allow cell communication with their environment.
The cellular environment is highly dynamic, and every process is the result of a cascade of interactions between macromolecules inside and outside the cell membrane
[6]. For this reason, a complete picture should include not only which proteins are
present on the membrane and in which concentration but also how the proteins are
distributed, if they are static or move on the membrane, which other molecules they
interact with, what the strength of these interactions is, and how they affect the cell
behaviour. In brief, the physical properties of membrane receptors are a fundamental aspect of the understanding of protein-mediated cell interaction.
This work focuses on the development of a single multifunctional microscopy setup
able to address, with single-molecule resolution, the distribution and movement of
cell receptors as well as to measure the strength and properties of the interactions
between membrane receptors and ligands. In this chapter, we present an overview of
the literature concerning membrane protein motion, distribution and interactions, as
well as of the techniques and technologies employed in their study. In particular, we
focus on optical tweezers and light-sheet fluorescence microscopy, the techniques
implemented in our microscopy setup.

1.2

Models of protein organisation in the cell membrane

In 1970, Frye and Edidin discovered that a fraction of the proteins in the cell membrane are mobile [7]. This observation gave rise to the fluid mosaic model of
plasma-membrane organisation, proposed by Singer and Nicholson in 1972 [8].
In this model, the membrane is homogeneous, and the lipid bilayer is seen as a
two-dimensional fluid in which proteins diffuse freely, and their mobility is influenced only by the viscosity of the bilayer. Although it introduced the concept of the
cell membrane as a dynamic environment, the model cannot accurately reproduce
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experimental observations. In particular, the diffusion coefficient of proteins and
lipids on cell membranes, Dcell = 0.01 − 0.05 µm2 /s, has been measured to be consistently one order of magnitude lower than that measured in artificial reconstructed
membranes, Dart = 0.5 − 1 µm2 /s [9]. This indicates that the sole effects of the lipid
bilayer viscosity are not sufficient to explain protein diffusion in the cell membrane.
Additionally, the model predicts only small reductions in the protein diffusion coefficient upon protein clustering. This differs from experimental observations, with
clustering causing a reduction of protein diffusion by 1-2 orders of magnitude compared to that of monomers, tens of times greater than what predicted by the model
[10, 11].
Subsequent studies have shown that the fluid mosaic model is an oversimplified
picture. The cell membrane is highly heterogeneous, being composed of a variety of phospholipids and presenting cholesterol-enriched ordered areas with high
lipid-packing density, so-called lipid rafts, in which diffusion is strongly reduced
[12]. Moreover, the plasma membrane is highly crowded with proteins making
up for around 50% of the membrane in weight [2]. The interactions between proteins, other membrane components and the environment strongly affect protein motion, with free diffusion only possible within distances of a few tens to hundreds of
nanometres.
An alternative model to the fluid mosaic model that considers the heterogeneous
behaviour of membrane proteins was proposed by Kusumi et al. [9]. Named picketfence model, it considers the two most important contributions to the restriction of
protein motion in the cell membrane: the actin cortex (fence) and immobile membrane proteins (pickets). Figure 1.1 summarises the main components of the model,
showing how the Brownian motion of a mobile transmembrane protein (in blue) is
restricted by the actin corrals (in green) and by the presence of immobile proteins
on the membrane (in grey). The presence of lipid rafts is also depicted.
The actin cortex is a network composed of actin filaments, myosin motors and actinbinding proteins, which regulates the cell shape and rigidity. The cortex extends just
below the cell membrane (~100 nm), and it is anchored to it by dedicated membrane
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Figure 1.1: Plasma membrane organisation and motion of a transmembrane protein (blue)
according to Kusumi’s picket-fence model. The image shows the cell membrane inner
layer with the presence of immobile proteins (pickets, grey), the actin cortex (fence, green
filaments) forming actin corrals, and lipid rafts (darker lipid area). The particle motion is
indicated with a blue line, showing free diffusion and infrequent hops between corrals.

proteins (e.g. ERM proteins) [13]. The actin filaments interact with the cytoplasmic
domains of transmembrane proteins restricting their motion and segregating them
into nanosized compartments (<200 nm in size) named actin corrals [14]. The actin
cortex is a dynamic structure, and it is continuously modified and turned over by the
cell. However, actin corrals have been shown to maintain their shape over tens of
seconds, representing close to fixed obstacles on the time scales of protein diffusion
(~100 ms)1 [14, 15]. The resulting motion of transmembrane proteins, referred to
as hop diffusion, is a combination of confined diffusion within the corral and rare
jumps, hops, over the corral edge to a new compartment. This is schematically
shown by the trajectory (blue line) described by the transmembrane protein in Figure 1.1.
The second component of Kusumi’s model is the presence of immobile proteins
and clusters in the cell membrane which, by steric hindrance and by the creation
of hydrodynamic friction-like effects, restrict the motion of diffusion proteins and
lipids.
1 As a rough estimation,

considering an actin corral of side 100 nm and a protein diffusion coefficient
of 0.05 µm2 /s, the average time for a protein to move across the edges of the actin corral is 100 ms.
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In addition to the interactions described in the model, transmembrane proteins interact with the extracellular environment and neighbouring cells, resulting in spontaneous crowding and clustering of membrane receptors around external anchoring
points [16]. In cell culture, the nature and stiffness of the substrate have been shown
to cause a variation of the diffusion coefficient. A significant reduction of protein
diffusion and an increase in protein clustering is observed in the membrane in contact with stiff glass surfaces in adherent cells [17].
Finally, the primary purpose of membrane proteins is to allow the interaction of the
cell with its surrounding environment. Many of the membrane proteins are receptors which signal the presence of particular conditions to the cell. The activation
of these receptors can cause local and global changes in the mobility and distribution of proteins on the membrane as well as in the behaviour of the whole cell. An
example is the activation of T cells, a type of white blood cell, upon the detection
of pathogenic antigens presented on so-called antigen-presenting cells. T cells activate when a bond between a T-cell receptor (TCR) and the antigen is detected. This
bond triggers a signal cascade comprising several additional cytoplasmic proteins
and causes a significant reorganisation of the membrane protein distribution and receptor crowding around the point of contact with the antigen-presenting cell. This
process leads to the creation of the so-called immunological synapse [18].

1.3

Specific targeting of single molecules using antibodies

The cell membrane presents hundreds of different membrane proteins [19]. Proteins are few nanometres in size [20], too small to be directly observed with optical
microscopy using white light. The resolution limit of an optical system is set by
diffraction to a size comparable to the light wavelength (~300 nm for visible light).
For this reason, single proteins cannot be readily distinguished in the cell membrane.
In order to study the properties of a single protein, a probe binding to the molecule
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Figure 1.2: a) Simplified structure of a single immunoglobulin monomer, indicating the
Fc and Fab fractions, heavy and light chain and antigen-binding site. b) Three-dimensional
structure of Mab231 monoclonal antibody obtained from x-ray diffraction [21].

of interest with high affinity and specificity2 has to be used. This is usually done
using antibodies. Antibodies are large proteins (> 150 kDa) which are produced by
plasma B cells, a type of white blood cells, as part of the immune system response
to pathogens. In brief, each antibody targets with high specificity a section (epitope)
of a protein (antigen) expressed on the pathogen surface. Other cells of the immune
system can then recognise the presence of the antibody on the pathogen surface and
attack it.
Antibody molecules are divided into various subclasses, but they all share one or
more immunoglobulin (Ig) monomers. As shown in Figure 1.2, an Ig monomer
is a roughly Y-shaped protein composed of four domains, two heavy chains and
two light chains, organised into three regions (fragments). Two identical regions,
named Fab portions, are the antigen-binding fragments which specifically recognise
the antigen. Each of the two regions has the ability to bind an antigen molecule,
resulting in each Ig monomer potentially binding two antigen molecules. On the
other hand, the third region, named Fc portion (for fragment crystallisable portion),
is conserved between antibodies of the same class and it is the domain recognised
by cells of the immune system.
2 The

affinity between two molecules determines the strength of the bond they create. The specificity
indicates the ability of a molecule to recognise and bind only their target and not other molecules
present in the environment.
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The combination of a highly specific binding domain with a highly conserved portion makes antibodies uniquely suitable for the labelling of proteins. The protein
of interest can be addressed with high specificity while the conserved part of the
antibody can be addressed to modify the antibody with a fluorescent molecule or to
attach the antibody to a surface or a particle.
In addition, in 1975, Köhler and Milstein created a protocol to produce antibodies in cell culture from cloned cells [22]. These so-called monoclonal antibodies
can be produced in large volumes, they have identical structure, and they target the
same epitope on the antigen with the same affinity, i.e. bond strength, and specificity. Due to their availability and uniform properties, monoclonal antibodies have
become the method of choice for biological experiments in which high specificity
is needed, from cell staining [23] to protein purification [24].

1.4

Fluorescence microscopy

The motion and diffusion of proteins in the cell membrane can be investigated with
fluorescence optical microscopy, as it allows high temporal resolution and minimal
perturbation of the sample. The simplest microscopy technique is brightfield microscopy. In this technique, the sample is illuminated with white light. The light is
transmitted through the sample and collected by the imaging objective. The contrast
in the image is obtained by the attenuation of the light passing through the sample
due to absorption, reflection and refraction. However, as described in the previous
section, proteins are too small to be resolved with brightfield microscopy, and they
need to be tagged with a fluorescent molecule to be observed.
Fluorescence is a physical process in which a material or molecule (fluorophore)
absorbs light at a wavelength and re-emits it at a different, usually longer, one. The
process is shown schematically in Figure 1.3a. A photon is absorbed exciting the
fluorophore to an excited electronic state. Part of the energy is dissipated with the
excitation of vibrational modes in the molecule, and finally, the fluorophore decays
into its ground state emitting light. The process is very fast, with a usual delay
between the absorption and emission of a few nanoseconds [25].
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Figure 1.3: a) Jablonski diagram of a fluorescent molecule absorbing a photon (blue arrow)
and emitting a second photon at lower energies (green line). The dark red arrows indicate
the energy dissipation in vibrational modes. b) Absorption (blue) and emission (green)
spectra of fluorescein, a commonly used fluorophore. The 488 nm laser light often used to
excite the molecule is shown in light blue along with a possible emission filter (510-560 nm,
light green). c) Essential components of a fluorescence microscope. Monochromatic light,
from a laser or a filtered source, is shone onto the sample (blue arrow). The fluorescence
emission is separated from the excitation via the combination of a dichroic mirror and a
wavelength-dependent filter.

The reduction in the energy of the emitted photon, compared to the absorbed one,
the so-called Stokes shift, allows the isolation of the fluorescence emission from
the excitation light and it is the base of fluorescence microscopy. As an example,
Figure 1.3b shows the excitation and emission spectra of fluorescein, a commonly
used fluorophore. In this case, the absorption peak is at 498 nm, while the mission
peak is shifted by 19 nm at 517 nm. Fluorescein can be excited with a 488 nm laser
light (light blue vertical line in Figure 1.3b). The fluorescence emission is separated
from the excitation using a wavelength-dependent filter with a transmission band at
longer wavelengths than 488 nm, e.g. the light green spectral band in Figure 1.3b.
Figure 1.3c shows the simplest fluorescence microscopy setup, known as epifluorescence. This technique is based on illuminating the sample with monochromatic
light, from a laser or a filtered broadband light source, exciting the fluorophores in
the sample. The fluorescence emission is collected and separated from the excitation light by a dichroic mirror. Finally, the remaining collected light is transmitted
through a filter to ensure that all the excitation light is blocked. Only fluorescent
objects in the sample are present in the final image, allowing for a signal-to-noise
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ratio unachievable under white-light illumination and for the observation of single
fluorescently-labelled molecules. A complete review of fluorescence principles and
techniques can be found in [26] and [27].

1.5

Fluorescence microscopy and the observation of
protein diffusion

Fluorescence imaging of membrane proteins can provide a large variety of information, from protein distribution [28] to clustering and co-localisation of different
proteins [29]. This thesis is centred of the observation of dynamic properties of
membrane receptors, and thus we focus on the techniques used to observe protein
mobility and diffusion.
The study of the diffusion of proteins in the cell membrane with fluorescence microscopy can be performed using two separate approaches: observing the ensemble
motion of many proteins at once and measuring their average behaviour, or studying
the trajectory followed by each protein separately through single-particle imaging
and tracking. The two approaches have advantages and disadvantages. In particular,
the simultaneous imaging of many molecules allows for fast acquisition of statistically significant data. It is also less technically challenging, not requiring high
spatial and temporal resolution. On the other hand, single-particle imaging allows
for the detection of inhomogeneities in the particle movement, e.g. the confined
diffusion within actin corrals, that are not captured by an ensemble average.
An ensemble technique commonly used to study the diffusion of proteins in biological membranes is fluorescence recovery after photobleaching (FRAP) [30].
This technique exploits the fact that the exposure to intense laser light can cause
irreversible chemical reactions in the fluorophores. These reactions quench the
fluorophore ability to emit light, a phenomenon named photobleaching. In this
technique, the protein of interest is fluorescently labelled and a region of the cell
membrane, several micrometres wide, is completely photobleached by an intense
beam of light. The recovery of the fluorescence signal is then measured. Since all
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the fluorophores in the observed area have been irreversibly bleached, the recovery of the fluorescence signal arises from labelled molecules outside the bleached
area diffusing into it. By analysing the variation of fluorescence intensity in time,
it is possible to determine the diffusion constant of the molecules under study. The
technique, however, has a rather limited spatial resolution. Although many studies
on protein diffusion have been conducted with FRAP [31, 32], this technique provides an ensemble-average measurement and does not distinguish between different
modes of diffusion of individual molecules, e.g. confinement in actin corrals or in
lipid rafts which do not exceed a few hundred nanometres in size.
An alternative technique is fluorescence correlation spectroscopy (FCS) [33]. A
laser beam is focused on the sample, and the fluorescence emission from the focal
spot is monitored in time. The fluorescently-labelled proteins diffuse in and out of
the beam waist, varying the total number of molecules excited by the laser beam and
causing fluctuation of the fluorescence signal in time. The diffusion coefficient of
the fluorescently-tagged molecules is determined by analysing the autocorrelation
of the fluorescence signal, hence the name of the technique. Similarly to FRAP,
the observation area in FCS is usually restricted by the diffraction limit to a few
hundreds of nanometres, which does not allow the resolution of actin corrals.
The low spatial resolution obtainable with FRAP and FCS as well as the measurement of a single averaged diffusion coefficient contributed to the idea of a homogeneous membrane. For this reason, the fluid mosaic model remained the standard
model for the cell membrane throughout the end of the last century.
The development of new microscopy techniques improved the spatial resolution of
the techniques and allowed to observe the inhomogeneous protein motion described
in section 1.2. In particular, the combination of FCS with stimulated emission depletion (STED) microscopy3 , the area in which the fluorescence is excited can be
reduced to tens of nanometres. This allows for the observation of fast protein dynamics and confined diffusion inside the actin corrals [35]. Even in these studies,
3 STED

microscopy is a superresolution microscopy technique which allows the achievement of resolution below the diffraction limit (<50 nm). This is done by restricting the fluorescence emission
area with the use of a doughnut-shaped depletion beam coaxial with the fluorescence excitation
beam [34].
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however, FRAP and FCS rely on the evaluation of receptor diffusion by an ensemble analysis, and only the average behaviour of proteins is observed.
The introduction of more sensitive and high-speed cameras and high-brightness and
low-photobleaching fluorescent tags, i.e. improved dyes and quantum dots [36], allowed for the observation, localisation and tracking of single proteins and lipids
with nanometre resolution [9]. This approach allowed for the study of single-protein
trajectories and was used for some of the first observations of the inhomogeneities
in protein motion and of the protein organisation in the plasma membrane [37]. The
direct observation of protein confinement and hop diffusion on the cell membrane
highlighted the inadequacy of the fluid-membrane model and prompted the development of more accurate models as the picket-fence model presented by Kusumi et
al. [9] and described in section 1.2.
The fluorescence signal from a single molecule is faint, and high-resolution localisation of the particle position requires a high signal-to-noise ratio in the fluorescence
image. Moreover, protein diffusion requires short acquisition times, down to the
milliseconds. The techniques used to achieve such conditions are described in the
next section.

1.5.1

Single-molecule fluorescence microscopy techniques

In the epifluorescence setup described in section 1.4, the whole sample is illuminated by the excitation light. This creates two main problems. First, the fluorescence emission signal is much fainter than the excitation one. In order to acquire a
clear fluorescence emission signal, the sample must be excited with high-intensity
light, causing potential damage to the fluorophores as well as to the sample itself.
Photoactivated chemical reactions can cause the bleaching of the fluorophore and
produce toxic by-products (e.g. radicals) which degrade other macromolecules in
the sample [38]. Moreover, if the whole sample is illuminated, the emission from
fluorophores away from the focal plane of the objective is partially collected and
generates a background that reduces the image signal-to-noise ratio.
A possible solution is to limit the collection of the fluorescence emission to the
objective focal plane. This can be done by blocking the light emitted away from
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the focal plane of the objective, or by restricting the fluorescence excitation to the
proximity of the focal plane.
The former approach is used in confocal microscopy. Invented in 1955 by Minsky [39], but only widely used in biology from the end of the 1980s [40, 41], this
technique is based on sequentially collecting the fluorescence emission signal from
every point in the field-of-view rather than collecting the whole image at once. As
shown in Figure 1.4a, sequentially, every single pixel is excited by a tightly focused
laser beam (in green). The fluorescence emission is then focused onto a pinhole
before being collected on a light sensor, often an electron-multiplied or avalanche
photodiode to increase the signal intensity. The light emitted away from the plane
of interest is focused slightly before or after the pinhole, and it is thus blocked (dark
red line in Fig. 1.4a), allowing a substantial suppression of the background intensity. The main draw-back of this technique is the long time needed to acquire a
single image, due to the sequential scanning. This limits the frame rate to less than
ten frames per second in commercial setups [42], i.e. more than 100 ms to acquire
a single image. An array of pinholes can be used to illuminate more than one pixel
simultaneously. This approach is used in spinning-disk confocal microscopy, and
it allows the reduction of the acquisition time of a single image to less than 10 ms.
However, the use of multiple pinholes reduces the axial and lateral resolution due
to cross-talk between pinholes [43]. In addition, since no selection is performed
in the excitation path, confocal microscopy does not reduce the photo-toxicity and
bleaching of the fluorophores in the sample when compared to epifluorescence.
A different approach is used in total internal reflection fluorescence (TIRF) microscopy. First used by Axelrod in 1981 [44], this technique achieves axial sectioning, i.e. the confinement of the fluorescence emission to the focal plane of the objective, by exploiting the evanescent field of a total-internally-reflected beam [45].
In brief, when light is transmitted through the interface between two materials with
different refractive indices (n1 and n2 ) at an angle of incidence θ1 , it is refracted and
changes its direction of propagation. In the second medium, the angle, θ2 , between
the light beam and the normal to the surface can be calculated according to Snell’s
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Figure 1.4: a) Working principle of confocal microscopy. A laser beam is focused onto the
sample (in green) to excite the fluorophores. The fluorescence emission is then collected by
the same objective and focused onto a pinhole. Only the light emitted by the fluorophores at
the objective focal plane is transmitted through the pinhole (light red lines) and collected by
a photodiode, while the rest is blocked (dark red lines). In this way, only the light emitted
around the objective focal point is collected. Every pixel of the final image is acquired
sequentially by moving the sample relative to the laser focus. b) Working principle of TIRF
microscopy. The excitation light is focused at the back focal plane of the objective (BFP)
at the edge of the objective entrance window. This results in a collimated and highly tilted
beam after the objective. The beam is totally internally reflected, creating an evanescent
wave close to the sample surface (< 100 nm). Fluorophores are excited close to the glass
surface. The fluorescence emission is collected (red lines) and imaged onto a camera. The
whole image is collected simultaneously. In both images, the red circles on the sample
indicate the excited fluorophores, while the empty circles indicate the fluorophores that are
not illuminated by the excitation light.

law:
n1 sinθ1 = n2 sinθ2 .

(1.1)

If n2 is lower than n1 , as for the interface between glass and water, Eq. 1.1 cannot
be satisfied for angles greater than θc = sin−1 (n1 /n2 ), called the critical angle. In
this case, light is totally internally reflected. An exponentially decreasing evanescent field, however, is present in the second medium, and it can be used to excite
fluorophores close to the interface [46]. The evanescent field is extremely confined,
only extending for about 100 nm into the medium and it is uniquely suited for the
imaging of processes happening in close proximity to the surface.
In TIRF microscopy, as shown in Figure 1.4b, an oblique collimated beam is cre-
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ated at the sample by focusing the excitation light at the back focal plane of a high
numerical aperture objective, near the edge of the objective entrance window (green
beam). The angle between the beam and the glass surface is larger than the critical
angle, generating a surface-confined evanescent wave and exciting the fluorophores
close to the glass surface. In this technique, only the area in proximity to the glass
substrate is illuminated, reducing photo-toxicity, and no scanning is needed, as the
whole field-of-view is excited at the same time. TIRF microscopy is perfectly suited
for the study of cell membranes in contact with the glass and, it has been widely
employed for the study of localisation and dynamics of membrane proteins. TIRF
microscopy allows a diffraction-limited spatial resolution (~300 nm) and high temporal resolution (few ms per image) [47].
However, the main limitation of TIRF microscopy is the fact that the fluorescence
excitation is restricted to an area within ~100 nm from the glass surface (the reach
of the evanescent wave). No other plane of the sample can be imaged, and thus
three-dimensional (3D) imaging and reconstruction are not possible. In addition,
the presence of a stiff and not physiological surface in contact with the membrane
can cause perturbation in the protein motion and distribution as mentioned in section 1.2, questioning the relevance of the results obtained in these conditions [17].
Light-sheet microscopy is an alternative technique able to deliver the excitation
light to a thin plane of choice and able to limit the fluorescence emission to the
focal plane of the collection objective. The light sheet can be positioned along any
plane of the sample, removing the limitations of TIRF microscopy. This allows the
observation of the sample away from stiff glass surfaces, and it is particularly attractive in the study of transmembrane proteins. This is the technique implemented
in our microscopy setup, and it is discussed in detail in the following sections.
Finally, it is important to remark that the spatial resolution of all the techniques described in this section is limited to ~200 nm by diffraction. In the last two decades,
several super-resolution techniques have been developed to surpass the diffraction
limit. A first super-resolution approach, single-molecule localisation microscopy
(SMLM) relies on the fact that diffraction limits the possibility to distinguish two
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nearby fluorophores, while the localisation of a single isolated fluorophore can be
performed with much higher precision [48]. By employing “blinking” fluorophores,
i.e. fluorescent molecules that periodically emit for short periods of time before temporarily turning dark, only a small subset of the fluorophores is emitting at every
given time. If the emitting fluorophores at a given time are sparse enough to be
further away from each other than the diffraction limit, they can be localised with
nanometric precision. In time, all the fluorophores can be observed sequentially
to build up an image and even fluorophores closer than the diffraction limit can be
discriminated.
A second approach consists in scanning the sample with a focused beam as in confocal microscopy and limiting the area in which fluorescence is excited to below
the diffraction limit. This is done in STED microscopy [49], in which a doughnutshaped depletion beam coaxial with the excitation beam prevents the fluorescence
emission in the periphery of the excitation volume. Both super-resolution approaches allow for a resolution in the tens of nanometres, an order of magnitude
lower than the diffraction limit, and they are the techniques of choice to observe
protein distribution and localisation [29]. However, the sequential observation of
the blinking fluorophores in SMLM and the scanning needed in STED microscopy
typically reduce the temporal resolution to ~1 s and in the best ~100 ms in highspeed setups, which is insufficient for the observation of the diffusion of membrane
proteins. An in-depth review of super-resolution techniques can be found in ref.
[50].

1.5.2

Light-sheet microscopy

Light-sheet microscopy, as the name suggests, uses a thin sheet of light to selectively illuminate a single plane of the sample. In its simplest form, shown in Figure
1.5a, a cylindrical lens is used to focus the excitation light along a single axis onto
the sample. The fluorescence emission is then collected by an objective with an
optical axis perpendicular to that of the excitation beam. In this way, fluorescence
is excited simultaneously throughout a plane that matches the field of view of the
collection objective, while the rest of the sample is not illuminated.
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Figure 1.5: a) Working principle of light-sheet microscopy. The excitation light selectively
illuminates the sample around the focal plane of the collection objective. The fluorescence
emission is collected in a widefield configuration, allowing for imaging at high frame rates.
b) Schematic representation of the light-sheet setup proposed by Huisken et al. [51], in
which the cylindrical lens (Cyl. lens) focuses the laser beam in the back focal plane (BFP)
of the excitation objective (Obj) along the y direction. The objective rotates the direction
of the light sheet by 90° around the optical axis (x), resulting in a beam collimated along y
and focused along z at the sample.

First employed by Zsigmondy and Siedentopf [52] in 1912 to study the scattering of
gold colloidal suspensions using white light, the idea was abandoned until the end
of the 20th century. The first attempts to couple light-sheet illumination with fluorescent microscopy were performed in the 1990s, in order to reduce the excitation
volume and thus the background signal. However, the use of a single cylindrical
lens with low numerical aperture limited the achievable minimum thickness of the
light-sheet to several micrometres and thus the overall ability to select the illumination plane. In 2004, Huisken et al. [51] improved the design by employing a
combination of a cylindrical lens and a microscope objective for the creation of
the light sheet, a configuration that is almost ubiquitous in modern light-sheet microscopy. As shown in Figure 1.5b, in order to create the light sheet, a cylindrical
lens focuses the excitation laser beam at the back focal plane of the objective. The
objective rotates the light sheet by 90° around the beam optical axis. The thickness
of the light sheet is determined by the effective numerical aperture of the objective,
overcoming the limitations observed in previous systems.
Light-sheet fluorescence microscopy allows for the selective imaging of any plane
of the sample. By moving the sample across the light sheet, 3D scanning and recon-
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struction of the sample can be performed. In addition, the simultaneous widefield
acquisition of the fluorescence emission allows for fast acquisition times (few milliseconds), combining the advantages of confocal and TIRF microscopy. For this
reason, in less than 15 years, light-sheet microscopy has become the method of
choice for fluorescence imaging of samples hundreds of micrometre in size, where
the features of interest are in the scale of a few micrometres, for instance, cell migration in embryo development [53] and growth of plants [54] and tissues [55]. In
particular, light-sheet fluorescence microscopy has been used for 3D imaging [56],
the resolution of fast dynamic processes [57] or the imaging over long acquisition
times, i.e. several hours or days [58].

1.5.3

Light-sheet fluorescence microscopy on cells

In light-sheet fluorescence microscopy, the lateral resolution of the image is determined by the numerical aperture of the collection objective, and hence, it can be
easily adjusted in relation to the size of the sample and of the features to be imaged,
e.g. whole cells on a tissue (several µm) or proteins on a membrane of a single
cell (< 300 nm). The axial resolution and optical sectioning are determined by the
thickness of the light-sheet and its uniformity across the sample. In the case of samples several hundreds of micrometres in size, e.g. embryos, and low magnifications,
light sheets several micrometres thick and uniform across the sample can be easily
obtained.
However, when moving from tissues to single cells, i.e. samples only a few micrometres thick, light diffraction imposes a trade-off between the thickness of the
light sheet and its divergence. In the case of a Gaussian beam, the thickness of the
light sheet is determined by the beam waist size, while the divergence is expressed
as the Rayleigh length, the distance from the beam focus at which the light-sheet
√
thickness is 2 times the waist size. The Rayleigh length is proportional to the
square of the waist size. When imaging a whole cell (10-40 µm across), diffraction
restricts the thickness of a Gaussian light-sheet to ~1 µm4 , which is comparable to
the cell thickness, and thus limits the optical sectioning achievable with the tech4 The

complete calculations are presented in Chapter 3
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nique.
To overcome this limitation, in the last decade, several works have employed nondiffracting light modes, such as Airy [59] and Bessel beams [60], or employed structured illumination as in lattice light-sheet microscopy [61]. In this case, the light
wave-front is engineered to create interference patterns that limit the light-sheet
thickness to hundreds of nanometres beyond the limits obtainable with Gaussian
optics [62]. The downside of these techniques is the increase in the setup complexity and cost, due to the necessity to integrate highly precise and fast active optical
elements, such as spatial light modulators.
The work described in this thesis aims to observe the dynamic behaviour of cellsurface receptors by single-molecule imaging. This requires diffraction-limited lateral resolution (< 300 nm) in order to discriminate the single receptors and high
stability in the sample position to allow the determination of the receptor position
with nanometric precision. Adherent cells are used as they grow onto a substrate
and thus are not influenced by Brownian motion. Since the receptors are confined
onto the cell membrane, the system is required to provide an axial resolution sufficient to distinguish the top apical membrane from the basal membrane in contact
with the substrate. This can be achieved, as demonstrated in section 3.1, with a
1 µm-waist Gaussian light sheet.
When imaging adherent cells, the proximity of the sample to the substrate poses a
problem in the illumination using a light-sheet. For macroscopic samples like embryos and tissues, the sample is usually immersed and immobilised in a medium
that matches the index of refraction of water, such as agar gel or a fluorinated ethylene propylene tube [53]. Adherent cells, however, are cultured on a glass substrate.
In this situation, lateral illumination is not possible without special sample preparation. In order to be focused close to the sample surface, part of the light sheet travels
into the glass substrate. The difference in refractive index between the glass and the
sample medium causes the refraction of part of the beam and thus the distortion of
the light sheet. More details are provided in section 3.5.1, in which we discuss the
design we adopted to overcome these limitations.
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Figure 1.6: Configurations used to perform light-sheet microscopy on adherent cells.
a) Both excitation and collection objectives are placed at a 45° angle to the sample surface. b) Both excitation and collection are performed with the same objective. The light
sheet, initially perpendicular to the sample surface is reflected by a micro-mirror placed next
to the sample to image. c) The excitation objective is tilted by a few degrees to avoid the
transmission trough the glass substrate. In this case, the collection objective is maintained
vertical, and excitation and collection axes are not perpendicular. d) A hydrogel spacer is
placed between the glass surface and the gel. The excitation and collection axes are perpendicular. The hydrogel index of refraction matches that of water, preventing the light sheet
distortion.

Several approaches have been proposed to image cells with light-sheet microscopy,
and an exhaustive summary can be found in reference [63]. In brief, the techniques
can be divided into three main categories, summarised in Figure 1.6a–1.6c. The
first approach is to create an oblique light sheet by rotating the excitation axis to
create a 45° angle with the sample surface (Fig. 1.6a). The collection axis is also
tilted by a 45° angle to maintain it perpendicular to the light sheet propagation axis.
This is the most common configuration and commercial setups are available on the
market. It allows for optical sectioning and 3D reconstruction of the sample. However, the oblique light sheet prevents the simultaneous and complete illumination
of the surface of a flat sample, e.g. an adherent cell. This makes it not suitable for
the study of molecular dynamics in the cell membrane, as the imaging of the entire
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cell membrane would require a linear scan along the cell, increasing the acquisition
time compared to the widefield collection used in standard light-sheet setups and
TIRF microscopy.
A second approach employs a micro-prism or mirror placed in the proximity of the
sample, as shown in Figure 1.6b. In this way, a single objective is used for both the
creation of the light sheet and the collection of the fluorescence signal. The light
sheet, initially propagating along the objective axis, is reflected by the micro-mirror
and directed parallel to the sample surface. Using a modified AFM cantilever to
reflect the light sheet, Zhao et al. [64] managed to image the distribution of RNA
polymerase proteins in the nucleus of mammalian cells, while Meddens et al. [65]
proposed a microfluidic channel with oblique (45°) reflective walls to image adherent cells. The main problem of this approach is the requirement of custom microfabricated sample holders and the challenging integration of micrometre-sized
components in the optical setup.
Recently, Ponjavic et al. [17] used a slightly tilted light sheet (5°) to prevent the
beam from transmitting through the substrate, as shown in Figure 1.6c. This reduces
the angle between the excitation and the collection axis to less than 90°. However,
for small angles, the light sheet is maintained in-focus through the field-of-view of
the collection objective. With this configuration, they demonstrated single-molecule
resolution and measured the diffusion of TCR and CD45 proteins on T-cells at an
acquisition rate of 20 frames per second.
In our setup, we propose an alternative solution by employing a hydrogel layer as
a cell-substrate (Fig 1.6d). A thin hydrogel layer (~1 mm) is used to raise the cells
from the glass substrate and grant clear optical access. This configuration has several advantages over the ones presented in this section. First, the hydrogel has an
index of refraction that closely matches that of water. This allows the transmission
of the light sheet through the hydrogel without distortions. Lateral illumination
is thus possible, and the light sheet is maintained parallel to the sample surface.
This allows for the simultaneous illumination of the entire cell membrane and the
achievement of high temporal resolution (<10 ms). In addition, the collection axis
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is kept perpendicular to the light sheet. In this way, the light sheet is maintained
in the objective focal plane throughout the whole field of view even when using
high numerical-aperture objectives (NA>1)5 , allowing for high spatial resolution
(~300 nm).
The use of a hydrogel additionally offers control over the mechanical properties
of the cell substrate. In particular, hydrogels are characterised by stiffnesses in
the tens to hundreds of kPa, which closely mimic the properties of animal tissues
[66], when compared to the stiff glass substrates usually employed in microscopy
(Young’s modulus >1 GPa). Finally, the system is of reasonably easy implementation, not needing micro-mirrors or other microfabricated components, and it can
be integrated with other optical techniques. In our case, the light-sheet fluorescence
microscope is integrated with an optical tweezer setup for single-molecule force
spectroscopy.

1.6

Addressing forces at the molecular level

While the characterisation of protein motion and distribution is of fundamental importance to the understanding of the dynamics of the interactions that take place
in the plasma membrane, another critical aspect that characterises the role and behaviour of cell receptors is the strength of the macromolecular interactions established with their target and other cell components, like the actin cortex.
As described in the previous sections, cells need to sense and interact with their
environment and, for this reason, they need to establish specific and targeted molecular interactions with other cells and the extracellular matrix. This includes, among
others, the creation of bonds to anchor and move on the substrate, the capturing of
molecules needed for cell survival, and the detection of chemical and physical cues
from the environment. These are very different tasks, but they all require fine-tuning
of the affinity between cell receptors and ligand molecules for the cell to be able to
create bonds, but also to break them when they are no longer needed.
5 High

numerical aperture objective are characterised by high spatial resolution (~200 nm) but also
extremely short depth-of-fields (~300 nm). Thus small tilts of the light sheet can cause the defocusing of the emitted fluorescence signal.
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The direct observation and study of receptor-ligand interactions present significant
engineering challenges as it requires single-molecule resolution and the possibility
to sense minuscule forces down to the pN range [67]. The introduction of atomic
force microscopy and optical tweezer setups in the last two decades allowed the
achievement of the required resolution. The main characteristics of these techniques, as well as an exhaustive description of how molecular bonds can be studied
through the application of forces, are discussed in Chapter 6. In his chapter, we
focus on the description of the principles that allow the achievement of optical trapping as this is the technique implemented in our microscopy setup to study macromolecular interactions of cell-surface receptor proteins with their specific ligands
and with the cell cortex.

1.6.1

Short history of optical trapping

The idea that light could exert a force on matter was first proposed by Kepler in
1619 to explain the tail of comets pointing away from the sun. This observation
remained without a theoretical basis for more than 200 years, until Maxwell presented his fundamental work on electromagnetism in 1864 [68, 69], which showed
that light possesses a momentum. When an object refracts, absorbs or reflects light,
it causes a variation in the light momentum and thus experiences an opposite recoil.
The existence of such phenomenon, named radiation pressure, was demonstrated in
1900 by Lebedev by measuring the pressure exerted by light on very thin metallic
vanes at extremely low air pressures [70]. Due to its extremely low magnitude, however, radiation pressure did not find any practical application until the invention of
lasers in the 1960s, which allowed the creation of high-intensity light beams (with
intensities > GW/cm2 ).
In 1970, Ashkin demonstrated the acceleration of 2.7 µm-diameter polystyrene particles in liquid by exploiting the radiation pressure of a focused, 515 nm-wavelength
laser beam [71]. In the same paper, Ashkin noticed that, on top of being accelerated
in the direction of the light propagation, the particles were attracted towards the optical axis of the laser beam. By employing two balanced and counter-propagating
beams, he was also able to show stable trapping of single particles. The trapping
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of a particle using a single beam was then demonstrated in 1986 by Askin et al. by
using a high numerical aperture objective to tightly focus a Gaussian beam [72].
They demonstrated three-dimensional trapping of polystyrene particles with diameters between 25 nm and 10 µm, inventing the optical tweezer technology.
Since then, optical trapping has been successfully employed in many applications,
for instance, in atomic physics and biology. The scientific importance of optical
tweezers was recognised in 2017 when Ashkin was awarded the Nobel prize for
Physics for the invention of the technique. Atomic physics applications were already suggested in Ashkin’s 1970 paper and subsequently allowed the achievement
of the first three-dimensional stable atom trap in 1986 [73]. A review of further
achievements in the field can be found in ref. [74]. The use of optical tweezers in
biology is described in detail in section 1.6.3. In the following section, the physical
principles which are at the basis of optical trapping are described.

1.6.2

Principles of optical trapping

The detailed explanation of the optical trapping principles depends on the relative
size of the particle compared to the wavelength of the trapping laser. In the case of
particles much larger than the wavelength of the trapping beam, the wave nature of
light can be neglected, and ray-optics theory applied [75]. Each light ray carries a
momentum, ~pray , equal to:
~pray =

nmU
ẑ,
c

(1.2)

where nm is the refractive index of the medium the light is travelling in, U is the
energy carried by the ray, c is the speed of light in vacuum, and ẑ is the unit vector
indicating the direction of light propagation. As shown in Figure 1.7a, when a light
ray passes through a transparent particle, it is refracted due to the change in the
refractive index between the particle and the surrounding medium. If the particle
displays a higher refractive index than that of the medium, a ray initially parallel to
the light propagation axis is deflected by the bead and acquires a lateral component
pointing away from the beam optical axis. This causes a change in the momentum
direction and the recoil of the trapped particle in the opposite direction, due to the
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Figure 1.7: Light-ray diagrams showing the refraction caused by a transparent dielectric
sphere in the ray optics regime. The trajectories of the rays are calculated using Snell’s law
in a custom Matlab script. The laser wavelength used is 1064 nm and the refractive indices
are 1.33 for the medium (water) and 1.54 for the particle (polystyrene). a) Refraction of a
collimated Gaussian beam caused by a dielectric particle centred along the beam propagation axis. The particle recoils due to the change in the light rays direction and acquires a
momentum directed along the light propagation axis. b) If the particle is displaced laterally
from the beam optical axis, the recoil due to the refraction of light generates a net force
directed towards the beam optical axis. c) For a focused beam, a particle placed before the
focus experience a net force in the direction of propagation of the beam. d) If the particle is
placed after the beam focus, the resulting net force is directed opposite to the light propagation. The particle is attracted towards the laser focus, allowing 3D trapping. In all diagrams,
only the momentum variation of two rays symmetrical with respect to the particle centre are
shown for clarity (black arrows). The variation of the particle momentum is shown in dark
blue.

conservation of momentum.
In the case of a Gaussian beam, the light is the most intense along the beam optical
axis. When the particle is displaced laterally from the beam axis, as shown in Figure
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1.7b, the more intense light deflected close to the beam optical axis causes a larger
variation in the beam momentum than the less intense rays in the beam periphery.
This asymmetry generates a net lateral force that moves the bead towards the centre
of the beam, i.e. the place where the light is more intense, generating the focusing
effect observed by Ashkin (section 1.6.1). When the particle lies on the beam optical axis light with the same intensity is deflected on both sides, and no net lateral
force is generated, as shown in Figure 1.7a.
In the case of a collimated beam, the particle is always accelerated in the direction
of propagation of light. The reason being that light is deflected away from the light
propagation axis, thus reducing its momentum component in the axial direction and
causing the bead to recoil forward. In the case of a focused beam, as shown in Figures 1.7c and 1.7d, instead, the particle refracts light increasing the divergence of
the beam if placed before the focus and reducing it if after the focus. This generates
a net force that always drives the particle towards the laser focus allowing threedimensional trapping with a single laser beam.
Apart from refracting the incoming light, the particle also partially reflects and absorbs it. In this case, the light momentum is transferred to the particle, and the
particle is pushed in the axial direction. The resulting force, commonly referred
to as radiation pressure, is always directed along the axial direction and has to be
overcome to achieve three-dimensional trapping.
In the case of a particle much smaller than the wavelength, the particle can be approximated to a point dipole in a uniform electric field. In this case, Rayleigh’s
scattering theory can be used. The electric field, ~E, generates a partial charge separation in the particle, thus creating an electric dipole, p~E . Assuming the material to
be linearly polarisable, we have that:
p~E = α ~E,

(1.3)
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where α is the linear electrical polarisability of the particle. Considering Rayleigh’s
theory, the polarizability of a dielectric sphere can be calculated as [76]:
α = 4πn2m ε0 a3

m2 − 1
,
m2 + 2

(1.4)

where ε0 is the vacuum permittivity, a is the radius of the particle, and m = np /nm is
the ratio between the refractive index of the particle, np , and the medium, nm . The
dipole interacts with the electromagnetic field generated by the beam and is subject
to Lorentz force:
~g = ( p~E · ∇)~E + d p~E × ~B,
F
dt

(1.5)

where ~B is the magnetic flux density. Rearranging using Eq. 1.3, the vector calculus
identity, ~E · ∇~E = 12 ∇E 2 − ~E × (∇ × ~E), and Faraday’s law of induction, ∇ × ~E =
−d ~B/dt, the force can be rewritten as:
~g = α
F

1 2
d~S
∇E + µ
2
dt

!
,

(1.6)

where µ is the permeability of the material composing the particle and ~S is the
Pointing vector, defined as ~S = µ1 ~E × ~B. ~S points in the direction of propagation
of light, and its magnitude represents the light intensity. Considering a light source
constant in time, d~S/dt = 0, and that E 2 = 2I/(cnm ε0 ), where I is the beam intensity
and c the speed of light in vacuum, the force acting on the particle can be rewritten
as:
3 2
~g = 2πnm a m − 1 ∇I.
F
c
m2 + 2

(1.7)

The force is proportional to the gradient of the light intensity, and for this reason, is
referred to as gradient force.
Using Rayleigh theory, it is also possible to calculate the force generated by the
light scattered by the trapped particle as [76]:
2

4 6 2
~Fs = 8πnm k a m − 1 I ẑ,
c
m2 + 2

(1.8)
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where k = 2π/λ is the laser wave number and ẑ is the unit vector indicating the
direction of propagation of light. The scattering angle in the Rayleigh regime is
symmetric between the forward and backward directions. Since part of the light is
back-scattered, the net momentum of the light is reduced, and the particle moves in
the direction of propagation of light, ẑ. Contrary to the gradient force, the scattering
force is proportional to the light intensity and not its gradient. For this reason,
highly focused beams are required to achieve 3D trapping of a particle with a single
beam, i.e. to overcome the scattering force in the axial direction.
Both ray optics and Rayleigh’s theory yield similar qualitative results. The trapped
particle is attracted by the point of maximum light intensity and displaced in the
direction of light propagation by the light scattering. However, the two theories
don’t produce quantitatively accurate results when the size of the trapped particle is
comparable to the wavelength of the trapping beam (a = 0.1λ − 10λ ). This is often
the case in optical tweezer applications where 0.5–2 µm-diameter beads are usually
trapped with near-infrared light 800–1100 nm. In the experiments described in this
thesis, we use 1 µm-diameter beads and a 1064 nm trapping laser. An analytical
solution for the scattering of homogeneous isotropic spheres of any dimension was
derived by Mie and Lorentz [77] at the beginning of the 20th century for plane
waves and generalised to non-plane illumination by Gouesbet and Grehan in 1982
[78]. However, the theory is particularly complicated and provides little additional
qualitative insights into the working principles of optical tweezers. For this reason,
no additional detail is provided in this work. For further information, the reader can
refer to refs. [79] and [80].
A final observation can be drawn by observing the trapping behaviour at the two
discussed extremes. In the Rayleigh regime, the polarisability of the sphere, and
thus the gradient force, is proportional to the volume of the particle (Fg ∝ a3 ), thus
the larger the particle, the stronger the force acting on it. On the other hand, in
the ray optics regime, the variation in the light momentum is determined by how
strongly the particle refracts the light rays. Small particles present a highly curved
surface which results in larger deflections of the light rays. In this case, the gradient
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force decreases with the particle size. This qualitative observation indicates that
the highest trap gradient force, and thus the highest trap stiffness, is obtained with
a particle of dimension comparable to the trapping wavelength. This is confirmed
by Mie’s theory [81] and empirical measurements [82], and it is the reason why
1 µm-diameter particles are used throughout this work. Maximising the gradient
forces maximises the force exerted on the sample, which reduces the need for a
high-intensity beam, and thus the potential sample photodamage.

1.6.3

Optical tweezers in biology

An important property of optical tweezers is the fact that for small displacements
of the trapped bead from the trap centre, the energy landscape felt by the trapped
particle can be approximated with high accuracy to a harmonic potential, i.e. the
force applied on the particle is linearly proportional to the displacement of the particle from the trap centre. Considering that the particle position can be determined
with nanometric precision using microscopy or interferometry techniques and that
the typical stiffness of an optical trap is 10-100 pN/µm [83], after careful calibration, optical tweezers can be used to exert and measure very weak forces, in the
pN regime. This high force sensitivity made optical tweezers one of the principal
techniques used in the study of single-molecule interactions.
In the simplest experimental setup, a single optical trap is used to control and monitor the position of a bead linked to a molecule on the substrate, as shown in Figure
1.8a. This configuration has been used to observe the motion of molecular motors,
most notably the motion of kinesin molecules on microtubules [84]. The trapped
bead is connected to a kinesin molecule by a flexible linker close to the sample
surface. The kinesin motion on the microtubule can be observed as a stepwise displacement of the bead from the trap centre. A similar configuration has been used
to study DNA unfolding [85]. In this case, a DNA strand connects the surface to
the bead, and the unfolding is measured by observing the strand elongation under
the application of a force. The tethering of the bead to the sample surface, however,
introduces noise in the system due to instabilities in the sample position, which are
created by mechanical drifts and vibrations [86].

1.6. Addressing forces at the molecular level

58

Figure 1.8: a) Typical configuration used in single trap optical tweezers. A linker is anchored on the surface and attached to the bead. The bead is raised above the surface and
moved parallel to the surface. The force (F) is applied at an angle, α, from the surface, coupling the axial and lateral components of the optical trap force. b) Dumbbell configuration
in which a single molecule held between two trapped beads by DNA handles. One trap is
moved laterally to apply a force perpendicular to the propagation axis of the two trapping
beam. c) Configuration used in axial optical tweezers. The setup is similar to the one in (a),
but the force is applied axially, perpendicularly to the glass surface.

A different approach is the creation of two or multiple optical traps. This can be
done by using several laser beams [87], by quickly moving a single beam with
acousto-optic deflectors or galvanometer-driven mirrors [88] or by shaping the beam
wavefront with spatial light modulators (holographic optical tweezers) [89].
Figure 1.8b shows the most common use of a dual trap, the so-called dumbbell configuration. Two beads, connected by a linker, usually DNA or a linear polymer, are
trapped by two separate traps. In this way, vibrations of the sample affect the two
beads equally and cancel out. One of the traps is held in a fixed position while the
second is displaced to exert a force on the linker. The position of the two beads is
monitored to measure the linker elongation in response to the applied force. This
system has been widely employed to study the properties of single and doublestranded DNA, and also to investigate protein folding. In this case, the protein of
interest is tethered to both beads by DNA handles of known mechanical behaviour
[90].
Here we have described the most commonly used optical tweezer configurations.
Many other setups have been tested in the last two decades. More comprehensive
reviews are presented in refs. [86] and [91].
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Axial optical tweezers

Optical tweezers have been employed mostly to produce lateral forces, i.e. in the
direction perpendicular to the propagation axis of the trapping laser beam. This is
the case for two main reasons. Firstly, the trap displays a higher stiffness in the
lateral direction compared to the axial one. This asymmetry is due to light diffraction, which allows a tighter focusing of the Gaussian trapping beam in the lateral
directions than in the axial one. A tighter focus results in a higher intensity gradient
and thus a higher optical force, as explained in section 1.6.2. The ratio between the
axial and lateral stiffnesses depends on the setup and particularly on the numerical
aperture of the trapping objective. Typically, the trap stiffness along the axial direction is 5 to 10 times lower that that in the lateral direction [92].
Secondly, the application of lateral forces does not require the axial motion of the
sample relative to the trapping objective. Optical tweezer setups usually employ
oil-immersion objectives in order to achieve high numerical apertures (NA: 1.3–1.4)
and thus stiffer traps. The use of immersion oil creates a refractive index mismatch
between the oil and the water solution in which the sample is immersed.
A first effect of this mismatch is the creation of spherical aberrations. In ideal
conditions, the intensity profile around the focal point of the Gaussian beam is bellshaped in both lateral and axial direction. In the presence of a change in the index
of refraction, however, rays at high numerical aperture are focused before the rays
travelling close to the optical axis, as shown in Figure 1.9a. This distorts and broadens the intensity profile, reducing trapping efficiency [93]. In addition, the effect
is dependent of the relative position between the objective and the sample surface,
as the distortion increases the further the beam is focused away from the surface
(Figure 1.9a) [94]. This ultimately makes the trap stiffness dependent on the axial
position of the trapped bead [95] and excludes the possibility to passively compensate for the effect.
A second effect of the change is refractive index is shown in Figure 1.9b. The light
is refracted at different angles in oil and water. This generates a shift in the axial
position of the laser focus, hence in the trap position, that depends on the relative
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Figure 1.9: a) Top: The mismatch in the index of refraction between oil and water causes
spherical aberration. The peripheral rays are focused closer to the objective than the one in
the proximity of the optical axis. Bottom: The aberration pattern changes with the axial position of the beam focus at the sample. b) Top: When using an oil-immersion objective, due
to the index of refraction mismatch between the immersion oil and the water in the sample,
the axial position of the objective focal plane depends on the relative distance between the
objective and the sample (focal shift in the figure). Bottom: The focal shift is not present if
water is used as the immersion medium.

position between the objective and the sample surface [96]. Moving the sample
axially thus results in an unwanted drift of the trapped particle position, as shown
by the dashed red lines in Fig. 1.9b. No variation in the trap position or stiffness is
instead present when the sample is moved laterally, as the relative distance between
the objective and the sample is not changed.
However, the application of lateral forces also carries significant problems. When
applying lateral forces with a single trap, the molecule of interest is bound to the
sample surface by a linker. During the experiment, as shown in Figure 1.8a, the
bead is lifted from the surface and then moved laterally, i.e. in the direction parallel
to the sample surface. This procedure produces an oblique force which couples the
axial and lateral components of the trap stiffness. Moreover, the angle varies with
the extension of the tether, greatly complicating the analysis of the data obtained by
such experiments [85]. In order to reduce the axial component of the optical force,
long tethers up to several micrometres are used to link the bead to the substrate. The
amplitude of the thermal fluctuations introduced by the tether scales with the tether
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length [97]. The use of long tethers, thus, increases the noise in the measurements.
Besides, the mechanical properties of the linker have to be well characterised and
considered in the analysis of the experimental data.
The tether length is also problematic in dumbbell setups. As shown in Fig. 1.8b, a
long tether between the two particles is needed to prevent crosstalk between the two
trapping beams.
The application of axial forces, i.e. along the optical axis of the trapping beam,
using a single trap, as shown in Figure 1.8c, eliminates the coupling between the
axial and lateral trap stiffness and the need for a long linker between the particle and the substrate. Additionally, axial tweezers mirror the configuration used
in other technologies used in single-molecule analyses, such as atomic force microscopy and magnetic tweezers, allowing for the use of protocols developed for
those techniques, while exploiting the strength of optical tweezers, i.e. 3D control
of the particle position, high spatial and temporal resolution as well as sub-pN force
sensitivity.
For these reasons, in the last decade, several works have been aimed at the development of axial optical tweezers. Deufel and Wang [98] demonstrated the detection
of sub-nanometer axial displacements of a bead stuck on a glass surface. Carter et
al. [99] developed a feedback system that measures the position of a fixed marker
on the substrate to compensate and correct for the environmental noise. With this
system, they managed to obtain a spatial resolution down to a single DNA base pair
(<0.5 nm) with axial optical tweezers, approaching the resolution obtained in the
dumbbell configuration.
Moreover, several works have reported strategies to reduce the effects of optical
aberrations observed when moving the sample axially while employing an oilimmersion objective. This can be done by engineering the focal spot of the trapping
laser with spatial light modulators [100] and deformable mirrors [101] or the use of
non-Gaussian laser modes [102]. The use of a water-immersion objective has also
been explored. This allows to match the refractive index of the medium and thus
eliminate focal shifts and aberrations, as shown in Figure 1.9b, at the expense of a
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lower numerical aperture (up to 1.2) [95].
In conclusion, axial optical tweezers have been shown to achieve comparable performance to conventional systems and are used in situations and geometries in
which lateral motion is not possible or desired. Of particular interest is the ability to perform experiments on adherent cells and lipid bilayers, which are usually
performed with atomic force microscopy, and study low force regimes that are below the AFM force limit (<10 pN). Nawaz et al., as an example, investigated the
mechanical response of cells both with AFM and optical tweezers, observing clear
differences in the cell response to high (>100 pN) and low forces (~20 pN). By
using axial optical tweezers, a trapped bead can be positioned on top of an adherent
cell and used to apply vertical forces on the cell but also to target single receptors
in the cell membrane [103]. This opens to the study of molecular bonds and protein unfolding in-vivo, as well as of interactions between the molecules and other
cellular components, such as the membrane and the cytoskeleton.

1.7

Integration of optical tweezers and fluorescence
microscopy

Optical tweezers require a high-resolution microscopy setup and, for this reason,
are easy to integrate with other microscopy techniques and in particular with fluorescence microscopy. As early as 1991, Chu [104] imaged the stretching of a
fluorescently-labelled DNA strand between two beads in a dumbbell configuration.
Since then, several fluorescence microscopy techniques have been combined with
optical tweezers for the study of biological samples, from widefield fluorescence
microscopy [105] to TIRF and confocal microscopy [106].
The combination of fluorescence microscopy and optical tweezers produces a powerful tool for the manipulation and visualisation of single-molecule interactions. In
particular, these setups have been used for the study of interactions between proteins and DNA [107] or other linear molecules [108]. A comprehensive summary
of the literature in this field can be found in refs. [109] and [110]. In brief, in these
experiments, optical tweezers are used to immobilise the DNA strand and measure
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its mechanical properties, while the motion, position and activity of the protein interacting with DNA strand is observed via fluorescence microscopy [111, 112]. A
particularly interesting combination is the use of optical tweezers and fluorescence
resonance energy transfer (FRET)6 for the study of conformational changes in DNA
and in proteins caused by the application of forces in the pN-range [113].
The simultaneous use of fluorescence microscopy and optical tweezers has also
been tested on living cells. In most of the applications, the optical trap is used
to immobilise a cell to perform fluorescence imaging while avoiding interactions
with the surface [114, 115]. While in the literature few examples of the combination of fluorescence microscopy and optical tweezers are reported for the study of
the conformation of membrane tubules [116] and dynamics of actin filaments inside filopodia7 under mechanical stress [117], the combination of optical tweezers
and fluorescence microscopy in living cells remains largely unexplored, especially
regarding the study of membrane protein response to localised mechanical stimuli. The main reason for this is the technological challenge of performing highspeed and high-spatial-resolution fluorescence imaging of cells with conventional
microscopy techniques. The presence of living cells complicates the integration
of optical tweezers and TIRF microscopy. The bottom cell membrane, in contact
with the glass, cannot be accessed by an optically trapped bead, and the top membrane extends too far from the surface (>1 µm) for the fluorescence to be excited by
the evanescent wave of the totally-internally-reflected excitation bead. Epifluorescence produces a signal-to-noise ratio unsuitable for single-molecule tracking, and
confocal microscopy poses limitations to the image acquisition speed, as described
in section 1.6.4. In order to address these problems, in this work, we present a
multifunctional microscopy setup that combines optical tweezers and light-sheet
6 FRET microscopy is a fluorescence microscopy technique based on Förster resonance energy trans-

fer. According to this mechanism, an excited fluorophore, donor, can transfer energy to a second
photosensitive molecule, acceptor, without the emission of a photon. The two molecules have to
be at a distance of a few nanometres for this to happen. Since the energy is transferred without the
emission of a photon, the donor emission is quenched when in proximity of an acceptor molecule.
This can be used to study changes in protein conformation with nanometric resolution.
7 Filopodia are actin-rich membrane protrusions used by cells to probe the surrounding environment.
They are usually, but not exclusively, found in the protruding edge of migrating cells.
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fluorescence microscopy.

1.8

Thesis overview

In this thesis, we present the design and performance of a novel microscope setup
that combines fluorescence light-sheet microscopy with optical tweezers for the
study of membrane receptors in living cells. The work is divided as follows:
Chapter 2: In this chapter, we discuss the setup stability needed for singlemolecule studies. We describe the solutions implemented in the setup
to achieve such stability and demonstrate nanometric control of the
sample position. We also present a custom-made temperature-control
system to maintain the sample at 37°C.
Chapter 3: We describe the fluorescence light-sheet setup. The design choices are
discussed and justified, and an innovative solution for the imaging of
adherent cells is presented, with the introduction of a hydrogel gel substrate.
Chapter 4: Here, we evaluate the performance of the light-sheet setup, e.g. sensitivity, spatial and temporal resolution. In addition, we report axial
optical sectioning and 3D reconstruction of adherent cells and the observation of single-molecule motion of CD4 cell-surface receptor on
living cells.
Chapter 5: In this chapter, we describe the optical tweezer setup integrated into
our microscope. We discuss and justify the design choice made and
highlight the novel solution introduced to perform force spectroscopy
studies on living cells. In particular, we introduce the use of a counterpropagating beam which allows the fine control of the trap position
along the axis of propagation of the trapping beam. We also report the
simultaneous use of optical tweezers and light-sheer microscopy.
Chapter 6: Here, we introduce the theory behind dynamic force spectroscopy. We
analyse the presence of non-specific interactions between surfaces at
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close contact, particularly in the case of a trapped bead near a cell
membrane. The bead functionalisation protocols used to specifically
target CD4 receptors in the cell membrane are also discussed.
Chapter 7: We present the results of force spectroscopy experiments. We first experimentally test the functionalisation strategies presented in the previous chapter and then report the study on CD4-antibody bonds using
axial optical tweezers. Finally, we measure the mechanical properties
on the actin cortex in response to weak stimuli.
Chapter 8: In this concluding chapter, we summarise the results presented in this
thesis and describe future prospects.

Chapter 2

Microscope setup essentials:
instrument description, mechanical
stability and temperature control
In order to study the physical properties of membrane receptors, we have designed,
built and operated a custom-made multifunctional microscopy setup that combines
optical tweezers and fluorescence light-sheet microscopy for single-molecule studies on living cells. The setup is required to achieve single-molecule sensitivity in
both fluorescence imaging and trapping applications. This requires nanometric resolution and control over the sample position, stable and accurate alignment of the
optical components, and the suppression of external sources of noise. In addition,
the instrument needs to create an environment suitable for cell survival. In particular, the sample has to be maintained at 37°C, without compromising the setup
stability.
In this chapter, after a brief description of the optical setup, we focus on the solutions implemented to achieve the stability and resolution of the sample position
needed for single-molecule studies, as well as the control over the sample temperature.
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Figure 2.1: Simplified optical diagram of the microscope setup. The fluorescence excitation
paths are shown in light blue and light green, the collection paths in dark green and red,
while the infrared paths used for trapping are shown in dark red (1064 nm) and purple
(835 nm). The brightfield imaging path is indicated in light yellow.

2.1

Description of the microscopy setup

A simplified optical diagram of the setup is presented in Figure 2.1. The fluorescence and optical tweezer setups are described in depth in Chapters 3 and 5,
in which design choices are described and justified and performances accurately
evaluated. Here, we present a brief summary of the setup components and their
applications.
The setup combines four laser sources: two infrared lasers of wavelengths 1064 nm
(dark red in Fig. 2.1) and 835 nm (purple), used for optical trapping, and two visible
lasers of wavelengths 488 nm (light green) and 561 nm (light blue), which are used
to excite the sample fluorescence. The fluorescence excitation path combines the
two visible lasers and generates a horizontal light-sheet at the sample by combining
a cylindrical lens and a long-working-distance objective. The details of the setup,
including part numbers and additional specifications are provided in Chapters 3
and 5 and Appendix A.1, in which the light-sheet and optical tweezer setups are
described in great detail.
The fluorescent light emitted by the sample is then collected by two high nu-
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Figure 2.2: a) Picture of the exposed microscope setup. The coloured areas indicate the
different parts of the setup. Red: optical tweezers; green: fluorescence excitation paths,
yellow: microscope tower and sample holder; blue: fluorescence collection paths. b) Photograph of the microscope tower showing the sample position and the optical path of the
two infrared lasers (red: 1064 nm and purple: 835 nm) and the fluorescence excitation and
collection (blue and green, respectively).

merical aperture (NA) objectives perpendicular to the light-sheet optical axis: a
water-dipping objective positioned above the sample (Nikon, CFI Plan 100XC W,
working distance (WD): 2.5 mm, NA: 1.1) and a water immersion objective below
the sample (Zeiss, W Plan-Apochromat, WD: 1.7 mm, NA: 1). The use of water
as the immersion medium is necessary as it prevents the axial shift in the objective
focal points when the sample is moved vertically along z as described in section
1.6.4, thus maintaining a stable alignment between the two objectives.
The sample fluorescence emission is imaged on a single electron multiplied charged
coupled device (EMCCD) camera. The fluorescence signal can be imaged simultaneously in two spectral bands (500–550 nm and 580–640 nm) onto the two halves
of the CCD camera sensor. A dedicated colour splitter has been designed and implemented for this purpose.
The optical trapping is performed using the 1064 nm laser in an upright configuration, i.e. the optical trap is created by focusing the laser with the objective placed
above the sample. The trapped particle position is monitored with a quadrant photo-
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diode (QPD) by observing the deflection of the trapping laser caused by the particle.
The second infrared laser is focused on the sample using the bottom objective, and
it is used to monitor the alignment of the two objectives (IR alignment in Figure
2.1), as well as to allow for the fine control of the axial position of the trapped
particle.
Additionally, the microscope includes a brightfield imaging system, described in
detail in the next section. The light of a white LED is partially focused on the
sample by the bottom objective to illuminate the sample and collected by the top
objective. A dedicated camera is used to acquire the final image (Brightfield in
Figure 2.1). A system of flip mirrors and dichroic mirrors is used to integrate the
different parts of the setup.
Figure 2.2a shows the microscope, highlighting the optical tweezer setup in red, the
fluorescence excitation optical path in blue and the fluorescence collection system
in green. The microscope tower1 , i.e. the area where the sample and the objectives
are mounted (yellow area in Fig. 2.2a), is presented in Figure 2.2b, showing the
sample position and the integration of the fluorescence and optical tweezer optical
paths.
Throughout the rest of this work, the following axis convention is adopted. The
z-axis refers to the vertical axis, i.e. the direction of the infrared trapping beam
axis, and the direction in which the light sheet is focused at the sample. The x-axis
identifies the direction of propagation of the light sheet and the y-axis refers to the
direction in which the light sheet is collimated at the sample.

2.2

Brightfield imaging

In the operation of the microscope, brightfield imaging is used to correctly position the sample in both fluorescence imaging and force spectroscopy experiments.
The white light from a bright LED source (Thorlabs MWWHL3) is diffused by a
1 The

microscope setup is completely custom-made and it is not built around a conventional microscope body. In this work, we indicate as microscope tower the area around the sample where the
brightfield, optical tweezers and fluorescence microscopy optical path are combined
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glass diffuser and then partially collimated by a Fresnel lens. The diffuser prevents
the LED from being imaged on the sample, while the incomplete collimation results in the white light being only partially focused on the sample2 . This allows the
achievement of a compromise between illumination intensity, since most of the light
is focused onto the microscope field of view, and uniformity of the background illumination, as no tight focal spot is created on the sample. The white light is aligned
by a single broadband mirror and focused on the sample by the bottom objective.
The top objective is used to image the sample. Two 1× telescopes are used to limit
the angular spread of the collected light through its long optical path and thus prevent the loss of light intensity in the periphery of the field of view (vignetting).
An achromatic doublet with a focal length of 150 mm generates the final image on
a CMOS monochrome camera (Thorlabs, DCC1545M). The magnification of the
system is calculated as the ratio between the focal length of the achromatic doublet,
fad = 150 mm, and that of the top objective, fobj = 2 mm:
M=

fad
,
fobj

(2.1)

resulting in M =75×.
Brightfield images acquired with the setup are shown in Figure 2.3. The illumination is uniform throughout the field of view and the high numerical aperture of
the top objective guarantees high resolving power when imaging samples with a
high index of refraction, such as glass and polystyrene particles, as shown in Figure
2.3a. In the case of adherent cells, which are almost transparent and have an index of refraction that closely matches that of the culture medium, the image quality
is deteriorated by the low contrast, and only the cell contour and nucleus can be
clearly distinguished in the images, as shown in Figure 2.3b. The lack of contrast is
partially compensated by adjusting the black and white levels of the image via software in the LabVIEW (National Instruments) user interface that controls the camera
2 In

a dedicated brightfield setup, Köhler illumination is usually employed. The light is focused at
the back focal plane of the condenser, resulting in uniform and collimated light at the sample. In
our setup, the system cannot be implemented without significant modification to the optical tweezer
and fluorescence setups.
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Figure 2.3: a) Brightfield image of 5 µm-diameter polystyrene beads. b) Brightfield image
of adherent NIH 3T3 mouse fibroblast cells.

acquisition (section 5.8.3). The quality of the final image is sufficient to clearly observe the trapped bead and the position of the cells. This allows the positioning
of the sample in both fluorescence imaging and optical tweezer experiments, hence
accomplishing the goal of the brightfield imaging system.
The contrast could be increased with the implementation of phase contrast or differential interference contrast microscopy [118], which are commonly used for the
imaging of biological samples. However, this would require an unnecessary increase in the setup complexity, with the introduction of additional optical elements
into the optical tweezers and fluorescence optical paths, and it is thus avoided.

2.3

Mechanical stability of the optical system

In order to achieve single-molecule resolution in both fluorescence microscopy and
optical tweezers, the sample position has to be controlled with nanometric resolution. This implies the accurate elimination of all the sources of mechanical noise in
the system. In particular, the main sources of noise are mechanical vibrations and
air currents. In this and the following section, the solutions adopted in the setup to
achieve nanometric resolution on the sample position are presented. Finally, in section 2.6.1, the sample drift is measured, and stability suitable for single-molecule
experiments is demonstrated.
Mechanical vibrations can be caused by moving parts in the instrumentation, e.g.
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Figure 2.4: Photograph of the setup when enclosed in the metallic shell. One door is left
open to show part of the optics composing the microscope.

cooling fans, by the movement of the operator, as well as by vibration of the building in which the setup is placed. In order to guarantee an adequate insulation from
mechanical noise, the setup is mounted on a high-performance vibration-insulation
optical table (Newport, RS4000), commonly used in high-resolution optical setups. Moreover, the electrical and electronic components with cooling fans, such
as the power supplies of the lasers and computer-controlled translation stages, are
mounted outside of the optical table to avoid the propagation of vibrations.
Air currents and dust are an additional source of noise in optical setups [119]. Air
currents can cause low-frequency mechanical vibrations of the optical components,
as well as instabilities in the laser beam, due to perturbations in the refractive index
of air. In addition, dust particles act as scattering centres both when airborne or
deposited on the optics, distorting the laser beams [120].
In order to minimise dust and air currents, the whole setup is enclosed by a custommade shell enclosure made out of 1 mm thick aluminium panels provided and cut to
size by Metal Supermarkets. The aluminium panels are mounted onto an aluminium
frame composed by anodised 25 mm construction rails (Thorlabs, XE25). The shell
is mounted onto the optical table and has a double door in front of the microscope
tower to allow for the mounting of the sample, as shown in Figure 2.4. The door
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arms are magnetically blocked when closed, to avoid the introduction of additional
vibrations. The cables needed for the control of the electronic components, i.e.
cameras, translation stages and temperature sensors, are introduced from three circular 5 cm-diameter holes, which are protected by brush wall plates to minimise air
drafts and the entrance of dust particles. All panels composing the shell are fitted
with handles and easily removable, either by lifting them or sliding them off the
construction rails, which allows for easy access to the optics during alignment.
The shell also encloses the laser beams allowing for the safe operation of the microscope. The inner surface of the shell is spray-painted in opaque black to avoid
possible hazardous reflection of stray laser beams.

2.4

Nanometre resolution in the sample positioning

The sample position is controlled with nanometric precision by the combination
of a micrometric mechanical translation stage (microstage) and a high-speed nanometric piezo-stage (nanostage). Figure 2.5a shows the complete setup holding the
sample. The microstage is mounted directly onto the optical table. The nanostage is
mounted on top of the microstage and holds the sample holder, as shown in Figure
2.5b. Both stages are remotely controlled via a dedicated software written in LabVIEW so that the sample can be moved in an accurate and repeatable fashion while
maintaining the setup enclosed in the aluminium shell (section 5.8.1).
The microstage (ASI FTP-2000) allows the relatively fast motion of the sample (at
speeds 1.75 mm/s along x and y and 0.7 mm/s along z) in three directions. The microstage also guarantees high-resolution over the sample position for a lead-screw
based system (minimum step <100 nm according to the manufacturer data). The
microstage is used for the mounting and rough positioning of the sample. Higher
nanometre-precision positioning is achieved with the nanostage (Optophase, LFHS33 ), shown in Fig. 2.5b. In order to control the sample position with nanometric
precision and avoid hysteresis in its movement, the nanostage employs a closed3 According

to the manufacturer data, the stage has a motion resolution of 0.03 nm, repeatability of
0.06 nm and linearity of 0.02%. The resonance frequency of the system is 3 kHz along x, 2 kHz
along y and 1.5 kHz along z.
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Figure 2.5: a) Photograph of the microscopy setup showing the position of the micropositioning and nanopositioning stages. The white lines and arrows indicate the position of the
linear stages composing the 3D micropositioning stage. b) Photograph showing the sample
holder mounted directly on the nanopositioning stage, and the integration of the stage and
sample with the three objectives.

loop design in which the sample position is monitored in real-time by an integrated
silicon sensor.
Since the nanostage is used to move the sample during force spectroscopy experiments with high spatial and temporal resolution (Chapter 7), we carefully analyse
its time response, i.e. the time the nanostage takes to reach the final stable position
after a command is given as input. This allows the determination of the maximum rate at which the stage position can be changed via software. The nanostage
time-response is tested by controlling the nanostage position with the LabVIEW
software, while measuring the actual displacement using the internal sensor of the
nanostage through a data acquisition board (National Instruments, USB-6363). The
nanostage presents a millisecond-response to an input step, shown in Figure 2.6a,
with an exponential response typical of a low pass filter, along all three axes. The
nanostage response time can be calculated by fitting the nanostage measured position to the function:



t − t0
y = A 1 − exp
,
τ

(2.2)

where A is the final position, τ is the time constant and t0 the delay of the nanostage
response. Figure 2.6b shows the dependence of the time constant on the step size.
The analysis is conducted for steps of amplitude between 750 nm and 7.5 µm. The
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Figure 2.6: a) Stage response when a 7.5 µm step is given as an input along the three axes.
b) Time constant of the stage step response as a function of the step size, showing a small
decrease with the step size.

time constant weakly decreases with the size of the step and varies between the
three axes, with τx ≈ 2 ms, τy ≈ 4 ms, τz ≈ 7 ms. The difference is due to the
internal design of the nanostage. The nanostage is composed of three linear piezoelectric actuators stacked on top of each other with the z-axis at the bottom having
to move a larger mass and thus having more inertia and a longer response time. The
time response of the nanostage limits the rate at which the nanostage position can
be varied to ~100 instructions per second.

2.5

Objective motion and sample mounting

The high numerical apertures of the objectives mounted above and below the sample guarantee sub-micrometer spatial resolution both in fluorescence imaging and
in optical trapping. However, due to their high magnification, the objectives are
highly sensitive to misalignments, and they require a careful alignment with micrometre precision. Moreover, the working distances of the two objectives are respectively 2.3 mm and 1.7 mm, resulting in a distance between the two lenses of
only 4 mm, during the operation of the microscope. This requires the two objectives
to be moved apart every time the sample is mounted onto the setup. For this reason,
the relative position of the two objectives has to be controlled with sub-micrometre
precision over a >1 cm range, necessary for the sample holder to be mounted be-
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Figure 2.7: a) Computer-generated render of the stage system that moves the bottom objective, highlighting the 5-axis of motion. b) Photograph of the translation system of the
bottom objective showing the integration with the sample stages and the optical paths of
the fluorescence collection (f.c.), white light (w.l.) and the infrared lasers (835 nm and
1064 nm) used for the optical trapping.

tween the objectives.
The top objective is fixed on the microscope tower and immobile. This is done to
guarantee the maximum stability, as it is the objective used for brightfield imaging
and optical trapping, and it is the objective principally used for the collection of the
fluorescence emission in the light-sheet microscopy setup.
On the other hand, the position and orientation of the bottom objective are controlled
by a custom-assembled 5-axis stage, as shown in Figure 2.7a. A custom assembly
is needed to accommodate the geometrical restriction present in the setup. In particular, the objective has to fit through the nanostage and microstage central hole,
as well as through the temperature control box, described in section 2.6. Moreover,
the stages guarantee a clear optical path to the bottom objective to allow brightfield
imaging, the collection of the fluorescence emission and trapping beam, as well as
the transmission of the 835 nm beam (see Figure 2.7b).
The movement of the bottom objective along z is performed by a linear translation
stage (Newport, MFA-CC) mounted in a vertical position. The stage guarantees a
25 mm travel range and a spatial resolution of 150 nm, according to the manufacturer’s data. The long range and fast speed (2.5 mm/s) of the stage are needed as
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the bottom objective has to be moved up and down when the sample is mounted.
The linear stage is mounted with a 1.27 cm-thick aluminium bracket onto two linear translation stages mounted with perpendicular axes to allow movement in the x
and y directions (Newport, 9062-COM-M), as shown in Fig. 2.7a. The two stages
are controlled by two piezo-inertia actuators (New Focus, 8302), which allow for
very high spatial resolution (~20 nm) over a 12.7 mm range. All three directions
are controlled remotely through custom software written in LabVIEW, described in
section 5.8. The remote control of the position is needed as the microscope can be
fully operated without opening the external enclosure, maximising stability. The xy
position of the objective is also automatically controlled by the LabVIEW software
to correct for slow drifts between the position of the two objectives. Misalignment
between the two objectives occurs at a rate of few micrometers per hour. It is due
to instabilities in the objective mount and the friction generated when the sample is
moved.
In addition to the x, y and z axes, the tilt of the objective (angles α and β in Figure
2.7a) is controlled with a manual kinematic mount (Thorlabs, KC1-T/M). The tilt
adjustment is used to finely correct the small angular misalignment introduced in
the assembly of the bottom objective stage, and to collimate the optical axes of the
top and bottom objectives. It is only performed during the setup alignment.
In order to mount the sample, the micropositioning stage and the bottom objective
are moved downwards to create a 1.5 cm-wide gap between the two objectives. The
sample is placed on the sample holder, and a water drop is placed on the bottom
objective lens. The sample and objective are then automatically approached to the
top objective, creating a water meniscus both below and above the sample. The approach movement is reproducible to ~1 µm, requiring minimal manual corrections
when a new sample is mounted onto the setup.

2.6

Control of the sample temperature

During experiments with live cells, a constant temperature of 37°C is required. Although cells can survive for short periods at room temperature, the cells alter their

2.6. Control of the sample temperature

78

metabolic processes in response to the hostile environment, undermining the reliability of the results obtained in such conditions. Moreover, molecular-diffusion and
bond-dissociation rates are highly dependent on temperature [103, 121].
The microscope setup is located within a temperature-controlled laboratory with a
stable temperature of 22 ± 1°C. Maintaining a temperature gradient of 15°C between the sample and the surrounding environment poses several challenges. First,
the density of air decreases with temperature. This creates a convective flow with
hot, less dense air raising and being replaced by colder air in the surrounding environment. The presence of air currents has to be avoided due to the instabilities
generated in the optical path as described in section 2.3. In addition, the use of a
water-dipping objective requires the liquid surface of the sample to be exposed to
the air. Air drafts near the sample cause the motion of the fluid surface and introduce significant noise in the system.
Moreover, the optical and mechanical components in the setup expand with increasing temperatures. This is especially significant for the objective lens and the sample,
for which even microscopic variations in the component positions can compromise
the achievement of single-molecule resolution. For these reasons, the temperaturecontrol system implemented in the setup has to guarantee temperature stability to
less than 1°C and the prevention of air drafts around the sample [120].
The unusual geometry of our setup poses several engineering problems to the realisation of a suitable temperature-control system, and it prevents the use of commercially available temperature-control equipment for live-cell microscopes. As
already observed in the previous sections, the trapping objective needs to be immersed in the sample, making it impossible to use commercial stage-top incubators4 , generally employed on inverted microscopes.
An alternative solution often employed on commercial microscopes is the use of
a microscope-cage incubator, a large enclosure mounted around the microscope
4A

stage top incubator is a small sealed chamber that encloses only the sample and allows to control
the sample temperature and atmosphere. An example of commercial stage-top incubators can be
found at: http://www.oko-lab.com/stage-top
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Figure 2.8: a) Technical drawing of the temperature-control box. The text highlights the
main components. b) Picture of the temperature-control box showing the placement of the
resistive heating strip. c) Schematic representation of the temperature-control box highlighting the presence of two separate components: a heated top box (green) and a bottom
plate (blue). The two components are not in contact. The objectives (grey) are added for
reference. d) Close-up photograph of the gap in between the temperature-control box components showing how the bottom plate inserts into the hole at the bottom of the top box.

body5 . However, the custom nature of our microscope with no commercial microscope body, as well as the presence of the light-sheet optics on one side of the
sample, makes it challenging to fit a microscope-cage incubator in our case. Additionally, in these incubators, the temperature is usually controlled by circulating hot
air, which would create instabilities at the sample fluid surface.
For these reasons, we have designed and built a custom-made temperature-control
box around the sample. The box has been designed in Solidworks and machined
by Widenoble Service Ltd. A technical drawing and a photograph of the box are
5 An

example of commercial cage incubators can be found at: http://www.oko-lab.com/cageincubator
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Figure 2.9: a) Diagram showing the structure of the top part of the temperature-control
box. b) Computer-generated render of the backside of the part, showing the holding pillars
and the plastic spacer used for thermal insulation.

shown in Figures 2.8a and 2.8b, respectively. It is composed of two independent
parts, a heated aluminium box and a separate bottom plate that holds the sample
and connects it to the micropositioning stage (Fig. 2.8c). The chamber is heated by
two resistive heating strips placed on the two side walls of the top component, as
shown in Fig. 2.8b. The high thermal conductivity of aluminium (245 Wm−1 K−1 )
allows the heat generated by the strips to warm the inner surface of the box evenly.
In this way, the air inside the box is evenly warmed from all directions, limiting the
creation of drafts and convective currents. The schematic drawing in Fig. 2.8c and
the photograph in Fig. 2.8d show how the bottom plate and the top box are not in
direct contact to allow 3D motion of the sample, which is mounted on top of the
bottom plate. In addition, the box is designed to minimise the airflow between the
inside and the outside of the box.
In more detail, the top piece is an aluminium square box with 225 mm long sides
and 10 mm thick walls, as shown in Fig. 2.9a. In the initial design, the box was attached to the steel pillar holding the microscope tower and to two supporting pillars,
one on each side, as shown in Figure 2.9b. However, the box was later disconnected
from the central pillar holding optical components to improve the setup stability to
thermal fluctuations as described in the next section. A 2 cm-thick acrylic plastic
spacer and nylon screws are used to connect the box and the pillars (Fig. 2.9b).
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This guarantees the thermal insulation of the box due to the extremely low heat
conductivity of acrylic and nylon plastic (~0.2 Wm−1 K−1 ), which is three orders of
magnitude lower than that of aluminium.
In order to insert the objectives and the cables needed to operate the nanostage, four
holes are present in the box, as shown in Fig. 2.9a. A large 100 mm × 100 mm hole
in the bottom surface allows the integration of the top part with the bottom plate.
Two smaller 45 mm × 45 mm holes are present on the top and side of the box, to
allow the insertion of the lateral objective used to create the light sheet and of the
top objective. In order to allow the motion of the lateral objective, the lateral hole
allows a 2.5 mm clearance between the objective mounting plate and the box wall,
while the hole at the top of the box is completely sealed by the plate holding the
top objective. The absence of an aperture at the top of the enclosure prevents the
warmer and less dense air inside the chamber from escaping, much like in a hot-air
balloon, reducing air circulation and currents. Finally, a 20 mm × 30 mm hole is
present on the box side to insert the cables for the control of the nanostage and the
temperature sensors. The front side of the box presents a 16 mm × 16 mm square
door to allow access to to the optics and sample area during the mounting of the
sample.
The bottom part of the temperature-control box is mounted directly onto the microstage, and it holds both the nanostage and the sample holder. The bottom plate
presents a central hole for the insertion of the bottom objective. As shown in Figure 2.10a, it is characterised by a c-shaped profile which wraps around the bottom
surface of the top piece of the temperature-control box leaving a 1 cm gap between
the two when centred. This geometry allows for the relative motion of the top and
bottom parts of the temperature-control box. The presence of warmer air inside the
box prevents the creation of cold air currents moving into the box. In addition, air
present in the gap between the top and bottom components is forced to pass through
a narrow gap before reaching the sample chamber (arrows in Figure 2.10b). In this
way, it warms up due to the contact with the hot metal surface before reaching the
main chamber. This further minimises the temperature fluctuations in the box.
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Figure 2.10: a) Sketch showing the bottom part of the temperature-control box. The Macor
ring is shown in pale yellow. b) False-colour sketch showing an indicative temperature
distribution in the aluminium plates. The arrows indicate the possible paths followed by the
air to enter the temperature-control box.

Similarly to the top piece, the bottom plate of the temperature-control box is made
of 1 cm thick aluminium sheets, together with a central Macor ring, 1 cm thick.
The Macor ring guarantees thermal insulation between the top half of the piece,
which is exposed to the inner chamber and thus at 37°C, and the bottom half, which
is in contact with the microstage at room temperature. Macor is a machinable ceramic with a thermal conductivity (k) two orders of magnitude lower than that of
aluminium (1.46 Wm−1 K−1 ), meaning that most of the temperature gradient falls
inside the insulation ring, as shown schematically by the colour gradient in Figure
2.10b.
It is possible to estimate the temperature at the interface between aluminium and
ceramic using the one-dimensional Fourier law of heat conduction:
q = kA

dT
dx

(2.3)

where q is the heat flux, A is the area of the material cross-section and dT /dx
the temperature gradient. Supposing a 1 cm thick Macor layer between two 3 cm
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thick aluminium sheets and temperatures of 37°C and 22°C at the two extremes,
the temperatures at the two Macor-aluminium interfaces are 22.2°C and 36.8 °C.
This simplified calculation confirms the insulation ability of the Macor ring and
that the temperature can be considered uniform across the aluminium components
at equilibrium. Macor is preferred to acrylic plastic used in the top component for
its hardness. This ensures that the Macor ring is not deformed by the weight of
the aluminium plate and nanostage. Since the nanostage, and hence the sample, are
mounted directly on the aluminium plate, any deformation of the insulating ring
could cause variations in the position and alignment of the sample surface.
The box needs to be maintained at a constant temperature of 37°C, 15°C above room
temperature. A rough estimation of the heating power needed to maintain the temperature difference, ∆T , is obtained by considering a flat surface of the same area
as the external surface of the chamber (A ≈ 0.3 m2 ). Since the temperature-control
box is not in thermal contact with any other part of the microscope, convection is
the dominant heat dissipation mechanism. In this case, the heat transfer rate (Q̇),
i.e. the power dissipated, between the box and the environment can be calculated
using:
Q̇ = hA∆T,

(2.4)

where h is the heat transfer coefficient and has a value of ~5 W/K/m2 for free convection [122]. The calculated dissipated power is ~30 W. This is the estimated
power that the heating strips have to provide to maintain a stable temperature at the
sample of 37°C.
Two 30 W polyimide heating strips, placed on the lateral sides of the top component of the temperature-control box, as shown in Figure 2.8, are used to guarantee
sufficient power (Omega, 115V, KHA-203/5). The strips directly warm the top part
of the enclosure. The bottom piece, as well as the objectives and the sample, are indirectly heated due to contact with the warm air inside the chamber. In this way, the
thermal inertia of the air prevents sudden changes in the temperature of the optics
and sample, improving the thermal stability of the setup.
Two-dimensional finite-element simulations are performed using Energy2D [123]
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Figure 2.11: Snapshots of the finite-element simulation showing the temperature distribution inside the temperature-control box during warm-up at times: a) 2 minutes; b) 4 minutes;
c) 15 minutes, i.e. steady state. The time and temperature values do not represent the values
measured in the setup as the warming strips are maintained at 40°C, and the heating power
is not controlled.

to observe the heating dynamics of the air inside the temperature-control box and
confirm the absence of significant air currents inside the box once a stable temperature is reached, as shown in Figure 2.11. In the model, the two objectives are
approximated by aluminium blocks of similar dimensions. The heating strips are
simulated as components at constant temperature (40°C) and the micropositioning
stage as an aluminium surface at a temperature of 22°C. Although simplified, the
simulation shows how, after an initial transition stage (Fig. 2.11a and 2.11b), the
temperature is maintained uniform and constant to 1°C (Fig. 2.11c), and no air
currents are formed inside the chamber due to the uniform temperature distribution.
Moreover, as calculated in the previous paragraphs, the Macor ring effectively insulates the bottom plate of the chamber from the micropositioning stage.
The temperature is controlled and maintained stable by a proportional-integralderivative (PID) controller (West Instruments P6100 PID). The PID regulates the
heating process with a relay system. When the relay is powered, the current is supplied directly from the electrical mains to the heating strips. The heating strips are
connected in series so that a 115 V voltage drop is created across each strip, as per
the manufacturer’s design. When the relay is turned off, no power is supplied to
the strips, and the heating is stopped. The temperature inside the chamber is mea-
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sured with 0.1°C resolution using a PT1000 temperature sensor (Correge, D04718)
placed in the proximity of the sample, and the PID controller regulates the relay
on/off time to minimise the temperature fluctuations.
The system performance is evaluated by measuring the temperature inside the box
with K-type thermocouples. The signal is acquired with a data acquisition board
(NI6363-USB, National Instruments) at 100 points per second, and it is integrated
for 1 second to reduce the sensor noise. As shown in Figure 2.12a, the temperaturecontrol box takes ~50 minutes to reach 37°C from room temperature. However, it
produces a small overshoot, reaching 39°C before slowly cooling to the set temperature in the following hour. The warm-up time is mainly due to the need to warm
the sample stage and the optics. For this reason, although the measured temperature
is reduced by up to 5°C when the warm box is opened to mount the sample, a stable
37°C temperature is recovered within 3 minutes.
The temperature stability in steady-state conditions is also evaluated. Figure 2.12b
shows the temperature fluctuations in the sample medium (red line) and inside the
temperature-control box, close to the enclosure wall (blue line). The periodic fluctuations of around 0.8°C amplitude are due to the heating strips turning on an off
to maintain a stable temperature. However, the fluctuation is barely present in the
sample medium due to the thermal inertia of the air in the box and the sample
medium. The standard deviation of the temperature measured in the sample medium
is 0.15°C, which ensures the temperature stability needed for single-molecule resolution [120]. The control over the sample temperature achieved in our temperaturecontrol system is comparable to that obtained in commercial table-top and cage
incubators. In addition, the lack of moving parts and the suppression of air currents
improve the stability of the system and make our design viable and significantly less
expensive compared to the above-mentioned commercially available solutions (~£
2,000 compared to >£10,000).
Finally, the performance of the temperature-control box can be controlled by tuning
the PID controller, and the power of the heating strips determines the warm-up time
and the amplitude of the steady-state temperature fluctuations. The PID coefficients
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Figure 2.12: a) Temperature measured at the sample holder during the temperature-control
box warming-up. The sample takes roughly 1 hour to heat up and a second hour to reach
the steady-state. Heaters are turned on at minute 10. b) Temperature fluctuations during the
steady-state measured near the chamber wall (blue) and inside the sample medium (red).
Due to the thermal inertia of air and the medium, the fluctuations due to the switching on
and off of the controller relay are strongly attenuated in the sample. c) Temperature of the
heating strip during the warm-up of the chamber (a).

are set through an automatic tuning routine performed by the temperature controller.
Regarding the heating-strip power, strips with higher maximum power are faster to
react to temperature changes, decreasing the chamber heating time but also causing
large variations in the temperature of the aluminium walls, i.e. making the system
unstable. On the other hand, reducing their heating power would allow for a more
stable steady-state temperature but would make the system slow in reacting to sudden temperature changes, like, for example, the opening of the chamber during the
mounting of the sample. A possible future improvement of the system performance
could be achieved by changing the temperature controller technology from a binary
relay to a linear controller. In this way, heating strips with higher maximum power
output could be used and finely controlled by linearly varying the input current.
However, this is not considered necessary given the negligible impact of the relay
operation on the sample temperature observed in Figure 2.12b.

2.6.1

Image stability and drift correction at 37°C

Finally, we evaluate the thermal fluctuations of the sample position, and thus the
system stability, at a temperature of 37°C. This is done by calibrating the bright-
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field image with a reference graticule (National Physics Laboratories, United Kingdom). A bead stuck on the glass surface is then imaged, the bead centre position is
obtained through image processing, and the change in bead position is determined
over time. A periodic oscillation in the sample image, several micrometres in amplitude, is observed when the box is connected to the pillar holding the top objective.
The oscillation corresponds to the heating and cooling cycles of the temperaturecontrol box, and it is resolved by completely disconnecting the temperature-control
box from the microscope tower, which holds the optical elements.
While the sample temperature is nearly constant, the heating strips quickly increase
the aluminium temperature at the box walls by several degrees when powered on, as
shown in Figure 2.12c. Aluminium has a relatively high thermal expansion coefficient, 24 × 10−6 K−1 , which, for a cubic box with 22 cm-long sides, corresponds to
an expansion of 5.3 µm/K. To prevent any direct displacement of the objective, the
holder of the top objective, cannot be placed in direct contact with the temperaturecontrol box. As shown in Figure 2.9a, a 9 mm wide, 6 mm thick layer of PVC foam
prevents air exchange between the chamber interior and the environment while mechanically insulating the objective from the chamber expansion.
The stability of the sample position and the presence of thermal drifts are carefully
analysed. The sample position is monitored with a custom made LabVIEW program by tracking the position of a 5 µm-diameter polystyrene bead stuck on the
glass surface of the sample holder in > 0.5 M solution of sodium chloride in water.
Figure 2.13 shows a screenshot of the software user interface, showing the brightfield image of the stuck particle, the threshold image used to determine the particle
position, and a plot showing the drift measured in the previous thirty minutes along
x (red), y (blue) and z (green).
In order to determine and correct the displacement of the bead from its initial position, the software operates as follows. The brightfield image of the bead is acquired,
and a double threshold is applied to isolate the particle from the background. The
threshold minimum and maximum values are adjusted manually by the user. In the
first frame, the software measures the radius and the centroid in the xy plane of the
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Figure 2.13: Screenshot of the LabVIEW user interface used to track the drift in the microscope brightfield image due to temperature fluctuations.

selected particle and records them as reference. For each of the following frames,
the software compares the particle position to the reference value. If a displacement larger than 50 nm is detected, the software moves the nanopositioning stage
to correct it. The nanostage position is recorded, effectively tracking the particle
displacement, as shown in Fig. 2.14a.
The variation in the particle position along z causes the particle to defocus and thus
changes its apparent radius. When the variation of the particle radius exceeds a
threshold set by the user, the vertical position of the sample is adjusted and the
nanostage displacement recorded.
A clear periodic oscillation along the y-axis is present, with a peak-to-peak amplitude (App,y ) of ~5 µm and a mean period of 12 minutes. Smaller but significant
oscillations are recorded in the vertical, z, direction (App,z ≈ 2 µm), while the oscillations are barely observable along the x-axis (App,x < 0.5 µm).
The drift can be caused by the motion due to thermal fluctuations of the sample, e.g.
sample holder, microstage, nanostage and their mounts, or the optics used to collect
the brightfiled image, in particular the top objective. We discriminate between the
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Figure 2.14: a) Drift in the microscope image measured in all 3 directions for a 5 µmdiameter polystyrene bead stuck on a glass coverslip. b) Images of the reflection of the
1064 nm laser on the sample glass surface, showing the predominantly one-directional oscillations. The trajectory followed by the spot is overlaid to the images to highlight the
oscillations. c) Top: Trajectory of the reflection of the 1064 nm laser on the sample holder
glass surface along x and y. Same data used in (b). Bottom: temperature variation measured
close to the aluminium box walls at the same time as the data in the top plot, showing the
correlation between drift and temperature variation. d) Drift of the 1064 nm laser reflection
on the sample holder glass surface along x and y after detaching the temperature-control
box from the post holding the microscope tower.

two cases by observing the lateral position of the reflection of the top IR trapping
laser beam onto a glass microscope slide (Figure 2.14b). Since the glass surface is
perpendicular to the laser beam, the position of the laser reflection is independent of
the sample lateral position. Figure 2.14c displays the laser spot position over time.
The plot shows the same asymmetric behaviour observed when tracking a fixed particle, with a significant oscillation along the y direction, while the position along x
remains almost stable. A clear correlation with the temperature of the temperaturecontrol box walls is shown in the same figure (bottom plot). This demonstrates that
the oscillation is created by the motion of the optics rather than of the sample, and
that it is created by temperature fluctuations of the aluminium box walls.
A direct mechanical connection between the top objective and the box is excluded
as removing the foam that seals the objective mounting plate to the box does not
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Figure 2.15: a) The temperature-control box and the microscope tower (optics) are supported by the same pillar. b) The expansion of the box, due to the increase in temperature,
moves the centre of mass away from the post. The increased torque causes the post to bend.
The optical components are also moved, displacing the optical axis. c) In the x direction, the
box expansion is symmetric and does cause a shift in the centre of mass. The deformation
is greatly exaggerated to highlight the phenomenon.

affect the measured oscillations.
The most prominent feature of the drift is the strong asymmetry of the recorded
movement, which is linked to the geometry of the system. In particular, the largest
oscillations are observed along y. This is the direction in which steel pillars are connected to the temperature-control box and the microscope tower, as shown in Figure
2.15a. This suggests that the whole microscope tower is affected by the expansion
of the temperature-control box. In particular, when the box expands, its centre of
mass is shifted away from the pillar, as shown in Figure 2.15b. This increases the
torque on the pillars and makes them buckle forward. In turn, the pillar moves the
whole microscope tower and in particular, the top objective mounted on it. The
buckling motion of the pillars results in the motion along y and z, as observed in the
experimental data (Fig. 2.14a and 2.14b). Along x, the expansion is symmetrical
with respect to the pillar holding the box, resulting in no net force and no displacement in this direction, as shown in Figure 2.15c.
This hypothesis is tested by detaching the box from the pillar holding the microscope tower while sustaining it only with the two additional lateral pillars, which
are not connected to any optical component, as shown in Fig 2.16. As shown in
Figure 2.14d, in these conditions, the tracking of the trapping laser reflection on
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Figure 2.16: Photograph of the back side of the temperature-control box showing that only
the two lateral pillars are used to sustain the box. No connection is present to the pillar
holding optical components and the top objective.

the sample glass surface along x and y shows no oscillation and the residual drift
observed is reduced to <0.5 µm/hour. This rate corresponds to a drift of ~3 nm over
30 s, the typical duration of the acquisition of a single fluorescence image or a force
measurement (see Chapters 4 and 7), creating the stable conditions necessary for
single-molecule experiments.

Chapter 3

Light-sheet design and
implementation
In this chapter, we focus on the description and analysis of the light-sheet fluorescence path in the microscope setup, which is designed for the imaging of receptor
molecules on the top surface of adherent cells. We first analyse both the design
choice and the performance of the light-sheet setup used for the excitation of the
fluorescence signal. We then describe the fluorescence emission collection system,
which allows for the simultaneous collection of the fluorescence signal in two spectral bands on a single high-sensitivity camera. Finally, we introduce the use of
acrylamide gel as a cell substrate for the imaging of adherent cells with light-sheet
fluorescence microscopy, and we characterise the physical properties of the gel and
its suitability for cell growth.

3.1

Light-sheet design

The need to image the top cell membrane imposes two main design constraints
on the light-sheet size. It has to be thinner than the height of an adherent cell
(~3 µm) and uniform along the length of a cell (a few tens of micrometres) [124],
as schematically shown in Figure 3.1a. Throughout this work, the thickness of
the light sheet refers to the beam dimension along z, while the width indicates the
size of the light sheet along y, i.e. the direction in which the beam is collimated
(Figure 3.1b).
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Figure 3.1: a) Schematic representation of the combination of a cylindrical lens and an
objective used to create a light sheet viewed from the side (xz plane). b) Light sheet viewed
from the top (xy plane).

The light sheet is produced by combining a cylindrical lens a with focal length, fcyl ,
of 50 mm and a long-working-distance objective (Mitutoyo 50x M Plan Apo SL,
WD: 20.5 mm, NA: 0.42 and focal length, fobj : 4 mm) in the configuration first
employed by Huisken et al. [51].

3.1.1

Theoretical calculations

The propagation of a focusing Gaussian beam is schematically represented in Fig.
3.2. The minimum radius assumed by the beam is referred to as beam waist, w0 ,
while the Rayleigh length, zR quantifies the beam divergence and can be calculated
as:
xR =

πw0 2
,
λ

(3.1)

where λ is the wavelength of the incoming light. As shown by Eq. 3.1, due to
diffraction, the smaller the waist of the beam, the shorter the Rayleigh length. In
other words, the design requires a compromise between the minimum thickness and
the divergence of the light sheet, i.e. its uniformity along the x direction. The lightsheet thickness can be controlled by varying the radius of the incoming beam, and
thus the effective numerical aperture of the system. In order to determine the ap-
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Figure 3.2: Schematic representation of a focusing Gaussian beam showing the beam waist
(w0 ), the Rayleigh length (xR ), and the divergence angle (θ ).

Figure 3.3: a) Calculated light-sheet waist, w0 , for a collimated beam at the entrance of the
Mitutoyo long-working-distance objective with radii ranging between 0.1 mm and 2.5 mm,
and 488 nm (blue) and 561 nm (green) wavelengths. b) Calculated Rayleigh length, xR for
the same input radius range and wavelengths as in (a).

propriate beam radius at the objective entrance, the light-sheet waist is calculated
for radii varying from 0.1 mm to 2.5 mm. The calculation is performed using raytransfer matrices and Gaussian optics, which are explained in detail in Appendix
A.2. The calculation considers that the focusing beam travels in air for 10 mm before entering the water-filled sample holder with 160 µm thick walls (see section 3.5
for further information). The incoming Gaussian beam is assumed to be a perfect
TEM00 mode, and no diffraction or aberrations are considered.
Figure 3.3a shows the results of the calculation of the waist for 561 nm (green line)
and 488 nm (blue line) input wavelengths, while Figure 3.3b shows the calculated
Rayleigh length in the same conditions as in Fig. 3.3a. As expected, the light-sheet
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Figure 3.4: Schematic representation of the drift in the light-sheet focus caused by the
translation of the sample along x.

waist decreases with the increase in the incoming beam radius down to 290 nm for
an incoming beam radius of 2.5 mm. However, in this case, the Rayleigh length is
also drastically reduced to less than 1 µm. The initial design constraints, which require the light sheet to be ~1 µm thick and uniform along x for over 10 µm, are met
for an input radius of ~0.6 mm. In this case, the light-sheet waist measures 1.1 µm,
i.e. its thickness is 2.2 µm, and the Rayleigh length is 8 µm. A small difference
between the two wavelengths is also observed, with blue light allowing for thinner
but faster diverging beams due to its shorter wavelength. The difference is however
small, ~10%, and it is neglected in the design of the optical setup.
As shown in Fig. 3.4, the translation of the sample along x changes the length of
the path that the beam travels through the air and water. Due to the higher refractive index of water compared to that of air, the light rays have a lower inclination
in water than in air. For this reason, the motion of the sample causes a shift in the
position of the light-sheet focus. In particular, the objective focal distance linearly
increases when the sample is moved closer to the objective. The light-sheet waist
and divergence are instead independent of the sample position.
Finally, the width of the light sheet along the y axis has to match the size of an adherent cell. In this way, all the excitation light is directed towards the imaged cell,
increasing the light intensity and reducing the exposure in the rest of the sample.
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Along y, the cylindrical lens and the objective are arranged in a Keplerian telescope
configuration, as shown in Fig. 3.1b, and thus the light-sheet width, wLS , is determined by the input beam diameter, din , as:
wLS =

fobj
din .
fcyl

(3.2)

The ~0.6 mm input radius determined previously results in a light-sheet width of
42 µm, which is sufficient for the imaging of a whole adherent cell.

3.1.2

Light-sheet characterisation

The light-sheet waist and the Rayleigh length are tested experimentally in a simplified setup composed of a single Keplerian telescope followed by the cylindrical
lens and the long-working-distance objective, as shown in Figure 3.5a. The same
convention as in the final setup is used to define the axes: x is the light-sheet direction of propagation, z is the direction in which the light-sheet is focused, and y is
the remaining orthogonal direction.
A laser beam of wavelength 561 nm and radius 3.5 mm, the same used in the final
setup, is first expanded and collimated by the telescope. The magnification, M, is
controlled by choosing the focal length of the lenses composing the telescope:
M=

fl1
,
fl2

(3.3)

where fl1 is the focal length of the first lens of the telescope and fl2 is that of the
second lens. The magnification is varied from a factor of 1× to 5× using the combinations of lenses listed in Table 3.1.
After the expansion, the beam is focused in the z direction by the combination of
the cylindrical lens and the long-working-distance objective. The light is collected
with a 40× objective (PLN 40X, Olympus, NA: 0.7), and a tube lens (Thorlabs,
TTL200, f = 200 mm) is used to image the light-sheet onto a CCD camera (Thorlabs, DCC1545M). The collection objective has a higher numerical aperture, i.e. resolving power, than the focusing objective, ensuring that the distortions and diffraction effects observed are not artefacts introduced by the imaging system, but they
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Figure 3.5: a) Schematics of the setup used to experimentally measure the dependence of
the light-sheet thickness from the input beam radius. b) Cartoon showing how the yz crosssection images of the light sheet are combined to image the light-sheet propagation on the
xz plane.

are present in the light sheet.
The imaging objective is mounted onto a manual translation stage (Thorlabs,
SM1Z) to allow for the axial scan of the light sheet. The scan is performed moving the objective along x in 500 nm steps and for a total range between 30 µm and

First lens fl [mm]
60
60
75
60
45
30
30

List of telescopes
Second lens fl [mm] Magnification
60
1×
75
1.33×
100
1.5×
100
1.67×
90
2×
90
3×
150
5×

Beam radius [mm]
0.35
0.47
0.53
0.58
0.70
1.17
1.75

Table 3.1: List of the lenses, beam magnification and calculated beam radius at the objective
used for the experimental determination of the light-sheet thickness.
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Figure 3.6: Images of the light-sheet propagation at the objective (Obj3) focal plane using the 561 nm laser with magnification of the input beam of: a) 1×, b) 1.33×, c) 1.5×,
d) 1.67×, e) 2×, and f) 3×.

60 µm, depending on the beam magnification, centred around the light-sheet waist.
At each position, an image of the light-sheet cross section in the yz plane is acquired.
The images are then stacked together to create a 3D matrix. By averaging along
the y axis, an image of the light-sheet propagation in the xz plane is obtained, as
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Figure 3.7: a) Light-sheet profile at 5 planes near the beam waist for an input beam radius
of 0.58 mm (system magnification: 1.67×) displaying a clean Gaussian profile. The black
lines are the Gaussian fits used for the calculations of the beam waist and Rayleigh length.
b) Measured light-sheet waist against the radius of the input laser beam (blue dots). The red
line shows the theoretical waist calculated in section 3.1.1. c) Measured light-sheet Rayleigh
length against the radius of the input laser beam (blue dots). The error bars indicate the 95%
confidence interval of the fit. The red line shows the theoretical Rayleigh length calculated
in section 3.1.1.

schematically shown in Figure 3.5b. Instabilities in the mount motion create a slight
offset in the light-sheet position along z between images. The misalignment is corrected by fitting the light-sheet profile along z to a Gaussian function at every axial
position. The images are then re-centred by aligning the centres of the Gaussian
fits.
Images of the light-sheet propagation are shown in Figure 3.6. It is possible to observe that no significant distortions or aberrations are present up to a magnification
factor of 2× (Fig. 3.6a-d). Figure 3.7a presents the light-sheet profile at different
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axial positions for a magnification factor of 1.67× (input radius: 0.58 mm), the one
used in the final setup, showing a clear and stable Gaussian beam profile along z.
For magnifications of 3× and 5×, Fig. 3.6e and 3.6f respectively, optical aberrations decrease the light-sheet quality, although the light-sheet waist is reduced.
Figures 3.7b and 3.7c show the measured dependence of the light-sheet waist and
the Rayleigh length on the input beam radius at the objective, respectively. The
results of the calculation performed in section 3.1.1 are also reported for comparison (red lines). The experimental results are in good agreement with the calculated
theoretical values and confirm that an input beam radius of 0.5-0.6 mm meets the
design requirements.

3.2

Excitation path

The excitation path is designed to accomplish two-colour excitation, magnify the
laser beam to match the calculations in the previous section and allow for the precise steering of the light sheet at the sample. The focal lengths of all the lenses used
in the setup are listed in Appendix A.2.
The two-colour excitation is achieved by combining the emissions of two lasers of
wavelengths 488 nm (blue) and 561 nm (green). The lasers employed are respectively the OBIS 488LX and OBIS 561LS (Coherent) which produce a maximum
power of 50 mW. The wavelengths are chosen to match the excitation band of commonly used fluorescent labels like green fluorescent protein (GFP) and mCherry or
fluorescein and rhodamine B. The beams are single-transverse mode TEM00 with a
radius at the laser output of 0.4 mm for the blue laser and 0.35 mm for the green
laser.
Both beams are first shrunk by a 0.2× telescope (T1G and T2G in Figure 3.8). This
first reduction of the beam radius is needed for the beam-steering system and will
be further discussed in the following section. Then, telescopes T2G and T2B are
used to match the radii of the two laser beams. T2G magnifies the green beam by
a factor of 1.7× while T2B expands the blue one by a factor of 1.5×. This results
in both beams having a radius of 0.12 mm before they are combined onto the same
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Figure 3.8: Optical diagram of the fluorescence excitation path. All the telescopes as well
as the gimbal mirrors are named and referenced in the main text. The details of the lenses
used are described in Appendix A.1. The inset shows the xy (top) view of the setup near the
sample, highlighting how the light sheet is created by focusing the laser beam in the back
focal plane of the objective.

path.
The beams are combined using a long-pass dichroic mirror with a single edge at
538 nm (Semrock, FF538-FDi01), Di1 in Fig. 3.8. Finally, the two beams are magnified to achieve a 0.57 mm beam radius at the cylindrical lens, in agreement with
the calculations in section 3.1. This is done by expanding the beams by a factor of
2.7× with telescope T3 and by an additional factor of 1.8× with telescope T5. The
additional telescope, T4, has a magnification factor of 1×. It does not modify the
size of the beam, and it is used to allow the creation of a conjugated plane of the
back focal plane of the objective, Obj3, at mirrors M1G and M1B. This is needed
to steer of the light sheet in the z direction, as described in the following section.

3.2.1

Light-sheet steering

As described in section 2.5, to guarantee high image stability, the objective used
for the collection of the fluorescence signal from above the sample is fixed onto
the microscope tower. For this reason, in order to align the fluorescence excitation
and collection paths, the light-sheet position has to be accurately adjusted during
the setup alignment. Along the x and y directions, the light sheet has to illuminate
the field of view (FOV) of the objective, which is several tens of micrometre in
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size. The steering system is thus required to achieve a position resolution of a few
micrometres.
Along z, the light sheet has to match the focal plane of the objective in order to
obtain a sharp image of the fluorescence emission. In other words, the resolution
on the light-sheet position has to be higher than the depth of field (DOF) of the
objective. The depth of field of an objective denotes the distance from the focal
plane at which an object is considered no longer in focus. The DOF of a lens can be
calculated in the limit of a high numerical aperture using Shillaber’s criterion [125]:
p
n2 − NA2
DOF =
,
NA2
λ

(3.4)

where λ is the wavelength of the light collected by the objective, n is the refractive
index of the medium the objective is immersed in, and NA is the numerical aperture
of the objective. In our case, as described in section 2.1, the objective is immersed
in water (n = 1.33) and has an NA of 1.1, resulting in a DOF ≈ 300 nm.
The setup presents two alternative ways of steering the 2-colour fluorescenceexcitation beam: via the linear translation of part of the optical path or through
the tilting of accurately positioned gimbal mirrors.
In the first case, the translation in the y and z directions is achieved by rigidly moving all the optics between mirror M2 and objective Obj3, as shown in Figures 3.9a
and 3.9b. Along the y direction, the position is adjusted with a manual stage (Thorlabs, MT1/M). The position resolution achievable by the stage is ~1 µm, which is
sufficient to align the light sheet with the collection objective’s FOV. In the z direction, a computer-controlled motorised stage (Thorlabs, Z812), allows for a position
resolution of < 200 nm, matching the DOF of the collection objective.
An additional computer-controlled piezoelectric inertia stage (Thorlabs, PD1/M) is
used to move the objective and the cylindrical lens along the x-axis, allowing for
high-resolution displacements (~1 µm) over a 20 mm range. Along the x direction,
the position of the light sheet depends on the sample position, as observed in section 3.1. Moving the sample along this direction changes the distance the light sheet
travels in air and water and thus the objective working distance. The inertia stage is
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Figure 3.9: a) Side view of the system of translation stages used to align and move the
light-sheet. The position of the translation stages is shown in dark red while the fluorescence
excitation path in blue/green. b) Top view of the system of translation stages used to align
and move the light-sheet. The optics between the gimbal mirror (M2) and the objective
(Obj3) are mounted on a single breadboard to allow their rigid translation in y and z.

used during the experiments to compensate for the focal shift and maintain the light
sheet in the field of view of the collection objective.
The light sheet can also be steered along the z axis with the use of three mirrors on
gimbal mounts (M1G, M1B and M2 in Fig. 3.8). Mirrors M1G and M1B allow
for the separate adjustment of respectively the green and blue beams, while M2 is
used for the simultaneous translation of both colours. In addition, M1G and M1B
are employed to achieve fine control on the light-sheet displacement at the sample, while M2 is used for coarse displacements. These three mirrors are located
in planes conjugate to the back focal plane of the objective, and the gimbal mount
allows for a pure rotational motion of the mirror surface around its central axis. In
this configuration, the angular tilt of the mirror is converted into the translation of
the light sheet along z without any tilt of the optical axis, as shown in Figure 3.10a.
This is not the case if mirrors are placed in any other position along the optical axis
(Fig. 3.10b). For this reason, the telescopes described in section 3.2 are used to
image the back focal plane of the objective at the gimbal-mirror plane. The correct
and precise positioning of the mirrors is extremely difficult to achieve while main-
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Figure 3.10: a) Optical diagram showing how an angular tilt at the back focal plane of a
lens, or one of its conjugate planes, is transformed into a purely transverse translation after
the lens. b) If the mirror is not in the lens back focal plane, tilting the mirror results in an
unwanted tilt of the focusing beam.

taining the magnification constraints discussed in the previous sections. To ease
the alignment, and increase the flexibility of the system, a delay line is introduced
between T3 and T4. The delay line allows the control of the optical path length to
maintain mirrors M1G and M1B at the conjugate plane of the back focal plane of
the objective.
The relation between the vertical light-sheet displacement (∆z) and angular tilt (θ )
of a given mirror can be calculated using geometrical optics, resulting in the formula:
∆z =

fobj
sin θ ,
MMO

(3.5)

where MMO is the magnification of the system of lenses between the mirror and the
light-sheet objective, and fobj is the focal length of the objective.
The angular resolution of the gimbal mirrors is ~0.01 degrees. Considering the
blue laser path, the total magnification of the system is 1.42×. In these conditions,
according to Eq. 3.5, the minimum step in the light-sheet translation that can be
achieved by a mirror placed before all the lenses in the optical system is 490 nm.
This value is larger than the collection objective DOF and hence, it does not meet
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the design requirements.
In order to improve the resolution in the light sheet position at the sample, the
telescope T1B shrinks the beam by a factor of 5× before mirror M1B. The beam is
successively expanded to ensure an overall magnification of 1.4×. In this way, the
magnification of the optical system between the gimbal mirrors and the objective is
increased to 7.1×, resulting in a theoretical minimum controllable movement of the
light sheet at the sample of 100 nm. Due to the asymmetry in the initial beam sizes,
the path of the green laser has a slightly higher magnification of 1.6×, resulting in
a slightly smaller minimum step of 85 nm.
The third gimbal mirror, M2, is placed before the last expanding telescope T4. In
this case, the total magnification of the optical system between the mirror and the
objective is 1.8×. This results in a minimum step of 400 nm, 4 times coarser than
that obtained with the previous two mirrors. For this reason, M2 is used only for
coarse alignment of the light sheet.
A second important parameter is the maximum displacement achievable with each
mirror, i.e. the maximum tilt the mirror can generate before causing the beam to be
clipped by one of the lenses in the system. Using the paraxial approximation, the
maximum tilt for each mirror is calculated to be 12° for M1G, 10° for M1B, and
11° for M2. The maximum tilts correspond to ranges of ±100 µm, ±100 µm, and
±430 µm, respectively, for the translation of the light sheet along z. Although the
calculation overestimates the maximum angle achievable since it does not consider
the possibility of two mirrors being tilted at the same time, the range is more than
sufficient to ensure comfortable alignment of the light sheet with the focal plane of
the collection objective.

3.3

Collection of the fluorescence emission signal

The fluorescence collection system is shown in Figure 3.11. It allows the imaging from both the top and the bottom of the sample. This configuration confers
flexibility to the setup and allows the integration of fluorescent imaging and optical tweezers setup presented in Chapter 5. When only the fluorescence setup is
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Figure 3.11: Optical diagram showing all the components used for the collection and imaging of the fluorescence emission. The arrows indicate the position at which the system is
integrated with the optical tweezers setup and the excitation system. The bright-field path
is also indicated.

employed for the imaging of the top membrane of adherent cells, the fluorescence
signal is typically collected from above the sample, preventing the possible distortion caused by the transmission of the light through the cell cytoplasm. However,
if the optical tweezers are used to trap a bead on top of the sample, the fluorescence signal can be collected from below the sample, avoiding the refraction from
the trapped bead. In addition, the fluorescence signal is collected in two spectral
bands, from 500 nm to 550 nm (green channel) and from 580 nm to 640 nm (red
channel) using a dual-band bandpass filter (Semrock, FF01-532/610-25), F1 in Fig.
3.11. This allows the imaging of two fluorescently-tagged proteins simultaneously
for co-localisation and correlation studies.
The objectives used are a 100× water-dipping objective (Nikon, CFI Plan 100XC
W, WD: 2.5 mm, NA: 1.1) on top of the sample (Obj1 in Figure 3.11) and a
20× water-immersion objective (Zeiss, W Plan-Apochromat, WD: 1.7 mm, NA:
1) placed below the sample (Obj2 in Figure 3.11). The final image is formed by a
tube lens (L1 in Figure 3.11) (Thorlabs, ITL200, focal length: 200 mm), onto an
EMCCD camera, (Evolve Delta 512, Photometrics) which is equipped with a 512
× 512 pixel sensor, with pixels of size 16 µm × 16 µm.
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The total magnification of the system is adjusted in order to guarantee both high
resolution and high signal-to-noise ratio (SNR). The magnification (M) generated
by the objective and tube lens pair can be calculated as:
M=

fTL
,
fobj

(3.6)

where fTL is the effective focal length of the tube lens and fobj is the focal length of
the objective (2 mm for Obj1 and 8.5 mm for Obj2). This results in a magnification
factor of 100× for Obj1 and a magnification factor of 25× for Obj2.
The resolution limit (∆x) for the shortest wavelength collected (λ ≈ 500 nm) can be
calculated using the Rayleigh criterion [126]:
∆x = 0.61

λ
,
NAobj

(3.7)

where NAobj is the numerical aperture of the objectives. This results in ~280 nm for
the top objective and ~300 nm for the bottom objective.
The camera sensor is composed of a discrete matrix of pixels, which converts the
analogue signal into a digital image. In order to prevent the reduction of the image
resolution by the digitalisation process, the system has to obey the Nyquist theorem
[127]. In other words, the pixel size has to be smaller than half the size of the point
spread function at the camera, imposing a lower limit on the system magnification.
Given the size of the camera’s pixels, the minimum magnification needed is 114×.
On the other hand, too high magnifications would result in the emission of a single
point-like source (such as a fluorophore) to be imaged over many pixels, quadratically reducing the intensity of the signal of each pixel and decreasing the SNR.
A magnification of 133× is chosen as a compromise by adding a telescope with a
magnification of 0.75× (T8 in Figure 3.11) in the collection path before the tube
lens. Obj2 has a 4.25 times longer focal length than Obj1, resulting in a reduction
of the image magnification by the same factor. To compensate for this, a telescope
with magnification 0.25× (T7) is present in the bottom collection path. The user
can switch between the bottom and top collection paths by moving a flip-mirror, as
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shown in Figure 3.11.
Due to construction constraints, the top collection path is more than a meter long.
In order to prevent a dramatic reduction of the field of view and the introduction
of vignetting, two telescopes with a magnification of 1× (T5, and T6 in Fig.) are
included in the setup to reduce the spread of the collected light rays [128].

3.3.1

Single-camera colour splitter

Only one camera is used to acquire the fluorescence signal. In order to collect two
colours simultaneously, the two spectral bands are split and imaged each onto one
half of the camera’s sensor. Although this arrangement halves the field of view,
compared to the use of two cameras, it does not require any synchronisation of the
acquired images and it is significantly cheaper, as a high-speed and high-sensitivity
camera costs more than £ 10,000.
A compact system of mirrors, shown in Figures 3.12a and 3.12b, has been designed in Solidworks and machined by the Atomic, Molecular, Optical and Positron
Physics (AMOPP) workshop. The system is placed after the tube lens, L1, and
consists of two perpendicular dichroic mirrors, Di4 and Di5 in Figure 3.11, each
followed by a parallel broadband mirror. The two dichroic mirrors have a similar cut-off wavelength, ~560 nm, placed between the two emission filter bands.
However, Di4 is a long-pass dichroic (Semrock, FF562-Di03), reflecting the wavelengths shorter than the cut-off, i.e. green and blue light, while Di5 is a short-pass
dichroic (Semrock, FF553-SDi01), reflecting red light. The splitter operation principle is shown in Figure 3.12c. Di4 reflects green light and lets the red light pass.
The red light is then reflected by the broadband mirror and transmitted once again
through the dichroic. At this point, the two beams are parallel and laterally dis√
placed by 2 times the distance between the broadband mirror and the dichroic (d
√
in Figure 3.12c). In addition, the red light has travelled an additional 2 2d distance
compared to the green one. At the second mirror, the opposite happens. If the distance between the two dichroic mirrors and the respective broadband mirrors is the
same, after the second dichroic, the green and red light paths have the same length,
and thus the two images are created in the same plane. In addition, they are laterally
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Figure 3.12: a-b) Photographs of the colour splitting system used to separate and focus
on the two-colour emission onto a single camera sensor. c) Optical diagram of the colour
splitter highlighting the relation between the final lateral displacement of the two images
and the separation between the dichroic mirrors and the respective broadband (BB) mirrors.
d) Optical diagram of the fluorescence collection path showing how the slit in T8 prevents
the image in the two colour channel from overlapping. The optical components are labelled
as in Fig. 3.11.

√
displaced by a distance of 2 2d. By adjusting the distance between the dichroic
mirrors and the respective broadband mirrors, the separation can be set to half the
size of the camera sensor.
The system has the characteristic of not introducing any image distortion or artefact.
The spectral split is performed after the tube lens. In this way, both colours pass
through the centre of the tube lens preventing optical aberrations to the final image.
Moreover, the two paths are always parallel to each other and perpendicular to the
camera sensor plane, thus avoiding the introduction of any tilt.
In order for the two images not to overlap at the camera sensor, a vertical slit is
placed in the focal plane of telescope T8. Since this is a plane conjugated to the image plane, no vignetting is introduced in the final image, as shown in Figure 3.12d.
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Figure 3.13: a) Transmission spectra of the dichroics and filter used in the colour splitter.
b) Spectra of the total transmission of the colour splitter channels (solid lines). The emission spectra of fluorescein and tetramethylrhodamine are also shown by the dash lines to
highlight the importance of the spectral superposition between the fluorescence collection
system and the fluorophore used.

The main drawback of this system is the fact that it forces the use of the same acquisition settings for both channels. It thus requires the use of two fluorophores with
similar brightness and lifetime to avoid saturation effects and low signal-to-noise
ratio in one of the channels.
The wavelength-dependent light transmission of the colour splitter channels is analysed by measuring the transmission spectra of each of the wavelength-dependent
components with a UV-VIS spectrophotometer (Shimadzu UV-1800). The complete data are shown in Figure 3.13a. Both dichroic mirrors are characterised by a
nearly total reflectivity (R > 99%) on one side of the cut-off while presenting a high
but not total transmissivity on the other side (T≈ 97% for Di4 and T≈ 95% for Di5).
No difference in the mirror spectra is observed if the light enters the mirror from the
reflective or back surface. The collection filter blocks the wavelengths outside the
500–540 nm and 584–640 nm spectral bands with a transmission that is below the
instruments detection limit (< 10−4 ). The transmission within the bands is ~96%.
Combining the measurements and considering the light-path inside the colour splitter, the total transmission spectra of the optical system is calculated and shown by
the solid green and red lines in Figure 3.13b. Both channels have a similar transmissivity of ~85% throughout their respective spectral bands. The red band is 35%
wider than the green one resulting in higher total light intensity in the red channel.
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However, the spectral overlap between a specific fluorophore emission and the filter
bands, as well as the characteristic brightness of the dye used, can have an important effect in the intensity of the signal in the two channels. As an example, in Figure 3.13b, the emission spectra of fluorescein and tetramethylrhodamine are plotted
with the transmission spectra of the two channels of the colour splitter. Although
the red channel has larger bandwidth, the larger superposition of the fluorescein
emission spectra with the transmission spectra of the green channel results in a total
higher intensity in the final image. A careful selection of the fluorescent dyes is
thus of fundamental importance in the case the two spectral channels are collected
simultaneously. The non-ideal profile of the dichroic-mirror spectra causes the a
small fraction of the red light to be reflected by Di4 and green light by Di5. This
effect however does not generate visible artefacts as in this case, the light follows a
shorter path than the tube lens working distance and thus is not focused on the camera sensor. An in-depth analysis of the performance of the beam splitter is presented
in section 4.1.3.

3.3.2

EMCCD camera and acquisition noise

The EMCCD camera Evolve 512 Delta used in the system guarantees high acquisition speeds and high sensitivity to allow the detection of single fluorophores. It is
a CCD camera, meaning that the charge accumulated in each pixel is read sequentially by a single amplifier, as opposed to CMOS cameras, where each pixel has
its dedicated amplifier. Compared to CMOS, CCD sensors allow for higher light
sensitivity, as without an amplifier next to each pixel the light-sensitive area can be
maximised. They also reduce the image noise as, by using a single amplifier, no
variability is introduced when reading the signal in each pixel [129].
The drawback is a reduction in the pixel readout speed, which in our case limits the
maximum frame rate to 67 frames per second (fps) when using the full sensor at the
maximum resolution (512 × 512 pixels). However, according to the manufacturer’s
data, the frame rate can be drastically increased up to over 1000 fps (1 ms per frame)
by reducing the imaging area to 16 × 16 pixels, thus reducing the number of pixels
read.

3.3. Collection of the fluorescence emission signal

112

The main feature of our camera is the electron multiplication process. In brief,
before reaching the amplifier, the electrons are accelerated by a high-voltage and
generate secondary electrons via impact-ionisation [130]. This process multiplies
the pixel signal by a factor that can be controlled with the applied accelerating voltage. The maximum gain obtainable with the Evolve 512 Delta is 1000.
The three primary sources of noise in the camera are shot noise, dark current, and
readout noise. The first originates from the discrete nature of photons and is equal to
the square root of the signal intensity. Dark current is created by the thermal production of free electrons inside the pixel photosensitive material and can be reduced by
cooling the sensor. The sensor of the Evolve 512 Delta is thermoelectrically cooled
to -75°C and, according to the manufacturer, dark current is 0.0015 e− /pixel/sec.
Finally, readout noise is the additional noise generated by the analogue-to-digital
translation.
Since shot noise and dark current are generated before the multiplication stage, the
EM process only improves the SNR when the readout noise is the primary noise
source. This is the case for very low light intensities for which the noise introduced
by the electronics is comparable to the optical signal. However, the electron multiplication is a stochastic process and thus adds noise to the measurement [131].
Typically, this is accounted for by multiplying the existing noise source by an additional factor, F, which, depending on the multiplication gain and the camera sensor,
is usually between 1 and 1.4. In conclusion, the SNR, can be calculated as [132]:
Qe · S
SNR = q
,
2
2
2
Qe · S · F + nd · F + (nro /M)

(3.8)

where Qe is the quantum efficiency of the sensor, S is the intensity of the optical
signal, nd is the noise generated by the dark current, nro is the readout noise, and M
is the EM gain.
In experimental conditions, the SNR strongly depends on the fluorescence signal
intensity. In our setup, the SNR obtained in single-molecule imaging is ~2, as
shown in section 4.2.3, while brighter commercial fluorescent beads allow for SNR
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of 10 –100.

3.4

Light-sheet setup operation: software and controls

The motion of the light-sheet objective (Obj3) is controlled via Thorlabs proprietary
software, as the objective is only moved during the alignment procedure, and no integration with the optical acquisition system is required.
To minimise photobleaching, the sample is illuminated by the excitation laser beams
only during the acquisition of the fluorescence image. This is achieved via a system of shutters and a flip mirror controlled via an Arduino Uno board. The system,
shown schematically in Figure 3.14a, controls the illumination of the sample with
both the fluorescence excitation lasers and the white light used for brightfield imaging. It also allows the switching between the CMOS camera used for brightfield
imaging and the EMCCD camera.
The shutters are custom-made. As shown in Figure 3.14b, they are composed of a
plastic enclosure presenting a 5 mm through-hole to allow the transmission of the
laser beam. A linear non-latching pull-action solenoid in encased in the box and a
block of black plastic is mounted at the end of the solenoid shaft to act as a beam
blocker. The shutters are powered by a 7 V power supply and controlled via a relay on a 4-relay Arduino shield. When no current flows in the solenoid, the central
metal shaft falls to the bottom of the box and closes the hole blocking the laser light.
When the coil is powered, it generates a magnetic field that lifts the shaft, opening
the shutter.
The white LED source used to illuminate the sample in brightfield imaging is also
controlled through the Arduino board. A 7 V relay is placed between the LED
controller and the power supply acting as a remote switch. The relay is, in turn,
controlled through one of the relays of the Arduino shield, with the 7 V supply being the same that powers the solenoids in the fluorescence laser shutters.
Besides controlling the shutters and thus the light source, the Arduino board selects
the camera in use. As shown in Figure 3.11, two different cameras are used for
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Figure 3.14: a) Schematics used for the circuit that controls the shutters, cameras and
brightfield light source (W.L.) though an Arduino board. The three relays directly connected to the Arduino are part of a single Arduino shield and are drawn as separate parts for
clarity. The power supplies for the Arduino board and the flip mirror are omitted for clarity.
b) Computer-generated render of the custom-made shutters used to control the fluorescence
excitation. Part of the box is removed to show the internal solenoid. c) Screenshots of
the LabVIEW user interface used to control the shutters, brightfield illumination and the
cameras.

the brightfield and the fluorescence emission. In order to switch between the two,
a motorised flip mirror (Thorlabs, MFF101/M) is moved synchronously with the
shutters. The flip mirror moves between the two possible positions when it detects
a rising voltage edge (from 0 to 5 V), which is provided by the Arduino board.
The Arduino board is operated using LabVIEW with the Lynx toolkit (Diligent).
A screenshot of the software user interface written for the system is shown in Figure 3.14c. The software allows independent control of the laser shutters as well
as of the white LED light and the flip mirror. It also allows the switch switching
between the brightfield and fluorescence imaging. In this case, the white light is
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first switched off, preventing it from reaching the delicate EMCCD camera sensor.
The flip mirror is then activated and, finally, the fluorescence shutters, either both
or only one of them, are powered illuminating the sample. This sequence is needed
because the collection of white light by the EMCCD camera could damage the sensor when high EM gains are used. For the same reason, the software produces a
warning message and requires additional confirmation if the flip mirror is moved to
allow the white light to reach the EMCCD camera or, conversely, if the white light
is turned on when the EMCCD camera is selected.

3.5

Sample holder

Contrary to most fluorescence imaging techniques, in light-sheet fluorescence microscopy, the excitation path is perpendicular to that of the fluorescence collection,
as shown in Figure 3.15a. For this reason, commercially available sample holders,
like glass-bottom Petri dishes, cannot be used. This section will discuss the problems introduced by the lateral illumination and describe the solution employed in
our setup.

3.5.1

Light-sheet distortion on a glass surface

As discussed in section 1.5.3, the lateral excitation employed in fluorescence lightsheet fluorescence microscopy is well suited for the imaging of samples suspended
in a uniform medium, e.g. embryos immersed in agar [51]. However, the proximity to a surface with an index of refraction significantly different from that of the
immersion medium, as in the case of adherent cells on a glass coverslip, alters the
light propagation and distorts the light sheet. As shown for the bottom beam in
Figure 3.15b, when approaching the glass surface part of the light sheet is strongly
refracted or reflected by the glass surface. This results in significant distortions of
the light sheet shape at the sample.
Figure 3.16 shows cross-sections of the sample holder, highlighting the areas in
which the fluorescence collection from the top (Fig. 3.16b) and bottom (Fig. 3.16c)
objectives, as well as the excitation from the light sheet (Fig. 3.16a), can be achieved
without distortions. In Fig. 3.16d it is possible to observe that the area in which all
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the three objectives can be used simultaneously (red area) is placed several hundreds
of micrometres above the glass slide. No imaging of few µm-thick adherent cells
directly on the glass surface can be performed, as shown in Figure 3.16e. In order
to raise the sample into the described area, a 1 mm-thick hydrogel spacer layer is
used as the cell substrate.

3.5.2

Acrylamide gel spacer

Hydrogels are networks of low density crosslinked hydrophilic polymeric chains.
In order to be used in microscopy as cell substrate, without causing distortions
in the fluorescence excitation and emission light, the gel has to closely match the
optical properties of the cell medium, i.e. of water. It also has to be biocompatible
and suitable for cell adhesion and growth. Several polymers have been developed
in the last decades for the production of hydrogels for cell studies [133], the most
common being polyacrylamide, due to the low cost and simplicity of use.
Polyacrylamide (PA) is a polymer formed by acrylamide subunits that can
be crosslinked with the use of N,N’-methylenebisacrylamide (bis-acrylamide
crosslinker) by vinyl-addition polymerisation initiated by a radical-generating ini-

Figure 3.15: a) Diagram showing the use of light-sheet fluorescence microscopy to image
adherent cells. The top membrane of a cell is illuminated by a light-sheet (green) exciting just the fluorophores in that area (red filled circles) while the others stay dark (hollow
circles). The collection is performed either above or below the sample, perpendicularly to
the excitation light optical axis. b) Schematics, using geometrical optics, of the light-sheet
entering the sample holder, away from (top) and in close proximity (bottom) to the bottom
surface. In the second case, part of the beam enters the sample holder from the bottom
surface, and it is strongly refracted or reflected.
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Figure 3.16: Schematics showing an xz section of the sample in the proximity of the lateral
and bottom glass surfaces showing: a) The area that can be excited by the undistorted
light sheet; b) The area in which the fluorescence emission can be collected by the top
objective; c) The area in which the fluorescence emission can be collected by the bottom
objective. d) Superposition of the three previous figures showing the area accessible by all
three objectives. e) Close up of the bottom-left corner in (d) showing that it is not possible
to simultaneously excite and collect the fluorescence of adherent cells of a glass surface.

tiator [134]. The chemical formula of the two monomeric components and the
crosslinked form is shown in Figure 3.17.
When crosslinked, the acrylamide creates a soft hydrogel with a refraction index
that closely matches that of water [135]. Despite monomeric acrylamide being
highly toxic, crosslinked hydrogels are biocompatible and routinely used in gel
electrophoresis [136] and even in commercial cosmetic products.

Commonly

used initiators are the combination of ammonium persulfate (APS) and tetramethylethylenediamine (TEMED) [137] or alternatively UV-reactive species, such as
Irgacure [138]. The protocol followed for the formation of the PA gel can be found
in Appendix B.2.
While the polymerisation protocol and concentration of initiator have been shown
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Acrylamide content
Vacryl . (µl) Vbis (µl) Vwaterl (µl) Virg (µl)
250
51
499
200
250
102
448
200
250
155
395
200
250
208
342
200
250
263
287
200
250
319
231
200

Table 3.2: Table containing the volume of single components used to produce 1 ml of
hydrogel. Conc.: crosslinker concentration in the final gel. Vacryl : volume of acrylamide
solution 40% w/v in water, Vbis : volume of N,N’-methylenebisacrylamide 2% w/v in water.
Virg : volume Irgacure solution, 10 mg/ml in water.

to affect the physical properties of the hydrogel [134, 139], more effective control
of the gel mechanical and optical properties can be achieved by varying the concentration of crosslinker in the solution [140].
The changes in the mechanical and optical properties of the gel are investigated in
this work by keeping the concentration of monomeric acrylamide constant while
varying the amount of bis-acrylamide used. The percentage of crosslinker, C, is
determined according to the formula [140]:
C=

mbis
× 100%,
macr + mbis

(3.9)

where mbis is the mass of crosslinker used and macr is the mass of monomeric acrylamide. The exact values are reported in Table 3.2.
The bulk compressive modulus of the PA gels at varying crosslinker concentrations
is analysed with a custom-made press. Cylindrical PA gels are produced for this purpose (~1 cm radius,~5 mm height) and carefully measured. The gels are then placed
between two glass slides, and the compressive stress is applied with 40.0±0.1 g
weights. The variation in the gel height is measured for increasing stresses, and the
relative deformation is used to calculate the Young’s modulus of the gel. The measure is repeated on three samples for each crosslinker concentration. As shown in
Fig. 3.18a, the Young’s modulus (E) increases with the concentration of crosslinker
in a range between 20 kPa and 100 kPa, in agreement with what is reported in the
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Figure 3.17: Simplified structural formula of, in order, the acrylamide monomer, the N,N’methylenebisacrylamide (bis-acrylamide) monomer and the 3-(Trimethoxysilyl)propyl
acrylate used to attach the gel to a glass surface. To the right, the polymerisation, crosslinking and attachment to glass processes are represented.

literature [140].
The stiffness of the gel closely resembles the rigidity of mammal tissues (E ≈
1 − 30 kPa) [66]. This allows the study of cell behaviour in conditions closer to the
in vivo environment when compared to the very stiff glass or plastic substrates usually employed in cell culture and microscopy (E > 1 GPa). Significant differences
in the substrate stiffness have been known to alter cell behaviour, from alterations
in the differentiation potential of stem cells [141] to changes in cell motility and
migration [138, 142].
The optical properties of the gel are even more important than the mechanical response, in the context of microscopy. The index of refraction of the PA gel is determined to be 1.34 ± 0.02 by measuring the refraction angle of a 633 nm laser beam
caused by a semicircular gel. This is within 1% of that of water and in agreement
with the value reported in the literature [143].
Another critical parameter is the optical clarity of the gel as light scattered from
the gel may cause distortion in the light sheet as well as scatter the light emitted
by the fluorophores, increasing the background in the final image. Despite being
transparent and virtually invisible when immersed in water at low crosslinker concentrations, the PA gel turbidity increases with the increase in the concentration
of crosslinker. This effect is due to the segregation of the polymer into denser areas which act as light scattering centres [144]. Turbidity measurements, obtained by
recording the transmission of a 680 nm laser through a 1 cm-thick gel, are presented
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Figure 3.18: a) Compressive Young’s modulus of PA gel at cross-linker concentration between 1% and 6%. b) Transmission of 860 nm laser beam though a 1 cm-thick PA gel at
difference cross-linker concentrations. The transmission value is presented relative to the
transmission measured in water.

in Figure 3.18b and show that a significant reduction in the gel transmission is observed for crosslinker concentrations above 4%. The light transmission is >99%
at a crosslinker concentration of 3%, while it decreases to 93% for a crosslinker
concentration of 5% and to 37% at a crosslinker concentration of 8%.

3.5.3

Cells on acrylamide gels

A final parameter to be considered in the selection of the appropriate gel is the impact of the gel stiffness on cell viability and growth. Despite being biocompatible,
cells do not adhere to the bare PA gel surface. In order to promote cell adhesion, the
gel surface has to be functionalised, typically with collagen [134, 144]. Collagen is
a central component of the extracellular matrix, and it is known to aid cell adhesion
by establishing links to surface receptors such as integrins [145].
Sulfo-SANPAH (sulfosuccinimidyl 6-(4’-azido-2’-nitrophenylamino)hexanoate) is
used to covalently attach collagen to the top surface of the gel. Sulfo-SANPAH is
a heterogeneous amine-amine crosslinker. It contains an amine-reactive NHS (Nhydroxysuccinimide) ester on one end and a photo-activatable nitrophenyl azide on
the other end. The complete protocol for the collagen conjugation is described in
Appendix B.2.3. In brief, the sulfo-SANPAH solution is placed on the PA gel and
exposed to UV light. Sulfo-SANPAH molecules bind to the amine present on the

3.5. Sample holder

121

Figure 3.19: a) Confocal cross section of a 1 mm-thick functionalised PA gel showing a thin
uniform collagen coating. The collagen is fluorescently tagged with fluorescein, in green,
while the red fluorescent beads, 200 nm in diameter are embedded in the gel. The image is
obtained with a Leica TCS SPE confocal microscope at the LMCB at UCL. b) Brightfield
image of NIH 3T3 mouse fibroblasts cultured on top of a collagen-coated PA gel with 4%
acrylamide concentration. c) Cell spread area after 48, 72 and 96 hours from seeding on top
of a PA gel with 3% acrylamide concentration (Young’s modulus of ~60 kPa). d) Same as
(c) on top of a PA gel with 6% acrylamide concentration (Young’s modulus of ~90 kPa). In
both (c) and (d), no significant correlation is present between the cell area and the culture
time or substrate stiffness.
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acrylamide molecule. A collagen solution is then poured on the gel. The NHS group
on the sulfo-SANPAH molecules binds the amine present on collagen, covalently
linking it to the gel. In this way, a thin collagen coating is created on the gel surface,
which allows cell adhesion and proliferation. In Figure 3.19a, the cross section of
a gel functionalised with fluorescently-tagged collagen is presented showing a thin
uniform layer of collagen on top of the acrylamide gel. The measured thickness
of the collagen layer is <1 µm, which is comparable to the diffraction limit of the
instrument. Since the gel is not fluorescent and cannot be observed, red fluorescent
beads are embedded in the gel to show its position.
The growth of NIH 3T3 fibroblasts on the collagen-coated acrylamide gel is investigated for gels with a Young’s modulus between 60 kPa and 90 kPa. An image of
cells growing on a gel with E = 78 kPa is shown in Figure 3.19b. No significant
differences in cell growth rate and cell morphology are present between the tested
stiffnesses, as shown by the variation in the cell area with time in Fig. 3.19c for a
substrate stiffness of 60 kPa and in Fig. 3.19b for 90 kPa. Changes in cell spreading
with the substrate stiffness have been reported in the literature for NIH 3T3 cells.
However, they became apparent only for variations of the gel Young’s modulus of
more than 100 kPa [144], much larger than that tested. Given the negligible impact
of the gel stiffness on cell growth, the gels obtained with a crosslinker concentration
of 3% (E ≈ 60 kPa) are used as spacers for light-sheet imaging, as they provide the
highest optical clarity.

3.5.4

Acrylamide gel casting

In order to be used as a spacer in the setup, the PA gel needs to be fabricated with
a reproducible and constant height of 1 mm. The spacer has to be high enough
for the light sheet not to be transmitted through the glass substrate but also thinner
than the working distance of the bottom objective (1.7 mm), as discussed in section 3.5.1. High flatness and smoothness are also required for the top surface of the
gel to maintain the cells at the same height and thus to maintain a constant focal
plane during imaging. Finally, the lower surface of the gel needs to be chemically
attached to a glass coverslip as the PA gel does not adhere to the glass surface. Hav-
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Figure 3.20: a) Side view of the casting system showing the glass slide at the bottom, the
spacer attached to it and the mask clamped on the spacer. b) Top view of the mask (top)
and the spacer (bottom), composing the casting system. The 3 slits in the mask match the
ridges on the spacer, allowing to clamp the two parts together. c) Schematics of the process
used to coat the coverslips with a 1 mm thick polyacrylamide gel using UV polymerisation.
The spacer (bottom part of the casting system) and a microscope slide are attached with
silicon grease, and a drop of polyacrylamide solution is placed in every well. Functionalised
coverslips are placed on top of each well and clamped by the mask. The exposure to UV
light polymerises the solution and creates a gel with the desired height and smooth surface.
The final image of the PA-gel-coated coverslip is enlarged for clarity.

ing a density close to that of water, the gel displays neutral buoyancy and moves
with the surrounding fluid, making it impossible to use for imaging if not anchored
to the substrate.
In order to fulfil these requirements, a dedicated casting system is designed in SolidWorks and manufactured via 3D printing at the Institute of Making at UCL. Photographs of both the top and side views are shown in Figures 3.20a and 3.20b. The
casting system is made of polylactic acid (PLA) and composed of two separate
parts. The bottom half (spacer in Figure 3.20) is attached to a microscope slide with
silicon grease and presents six square holes 1 mm in height. These form the casting
pools where the acrylamide solution is poured. Grooves around each casting pool
allow the correct positioning of the coverslips to be coated with the gel, and three
ridges are used to align the bottom part with the top half of the casting system.
The top half (mask in Fig. 3.20) is characterised by six square holes that aligned
with the ones in the bottom part. The holes are 2 mm smaller on each side than
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the ones on the bottom part and act as shade masks during the UV polymerisation
process. Three slits are also present on the component which match the position of
the ridges in the bottom spacer and are used to clamp the two parts and lock the
functionalised coverslip in place.
The acrylamide spacer is produced as follows. First, the coverslip glass surface is
functionalised to present acrylate groups that act as anchoring points for the acrylamide gel. This is done by using 3-(Trimethoxysilyl)propyl acrylate, a molecule
presenting a silane group and an acrylate group. The complete protocol is presented
in Appendix B.2.1. In brief, the silane groups covalently bind to the carboxilyc
groups present on the glass surface, exposing the acrylate groups. These groups
react with the acrylamide monomers during polymerisation, covalently binding the
gel to the glass, as shown in Figure 3.17.
The acrylamide gel is then cast onto the functionalised coverslip following the process that is schematically represented in Figure 3.20a. The spacer is attached to
non-functionalised microscope slide, and the acrylamide solution is poured in the
casting pools in the spacer. The use of a glass substrate for the casting pools guarantees the flatness and smoothness of the PA gel surface. Each pool then is covered
by a functionalised coverslip, and the mask is clamped on top of the spacer. The
system is exposed to UV light for 10 minutes to polymerise the acrylamide solution. A commercial UV oven (Rio, 496/5433) is used as a light source. UV light
is transmitted through the holes in the mask, resulting in the polymerisation of the
gel only in the central area of the coverslip [144]. In this way, imperfections in the
walls of the mould are not transferred to the final gel. Due to the diffusion of the
initiator and acrylamide monomers, a concentration gradient is formed at the edge
of the gel. This results is a smooth transition between the optical properties of the
gel and the surrounding fluid, hence additionally reducing possible reflections and
distortions due to the already minimal variation in the diffraction index [146]. The
casting system is then disassembled and the coverslips, covalently linked to the PA
gel are gently detached from the casting pools. Finally, the gel-coated coverslips are
placed in PBS or cell medium for 1 day to remove residual acrylamide monomers
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and equilibrate the gel with the solvent, to prevent creep or drift during fluorescent
imaging.

3.5.5

Final sample holder design

In addition to the gel support, a sample holder needs to be designed around the
geometrical constraints of the setup. The first obvious requirement is the presence
of a lateral glass window to allow the transmission of the light sheet. Moreover,
the gel surface needs to be accessible by both the top and bottom objectives, and
the sample holder structure must not obstruct the light-sheet path. Finally, a few
millimetres clearance needs to be guaranteed around each of the objectives to allow
the motion of the sample in the x and y directions and to allow imaging across the
gel surface.
The final sample holder design can be seen in the photograph in Figure 3.21a. A
computer-generated render in Figure 3.21b shows the integration of the sample
holder with the three objectives present in the setup.
The sample holder is designed using Solidworks and manufactured by the mechanical workshop at the Francis Crick Institute. The chamber, made out of aluminium,
is opened at the top to allow the use of the water dipping-objective. A glass window
is present on both sides to increase flexibility and prevent any possible reflection
of the laser beam on the metal. The collection of the fluorescence emission from
the bottom is permitted via and additional 1 cm2 square window at the centre of the
sample holder, as shown in Figure 3.21a.
The sample holder presents a central chamber of dimensions 30 mm × 24 mm ×
8.3 mm, in which the sample and cell medium are placed. The length and width of
the chamber allow for a >3 mm horizontal clearance between the top objective and
the sample walls, as shown in Figures 3.21c and 3.21d. The maximum capacity of
the sample chamber is ~6 ml, although the use of liquid volumes of at most 3 ml is
recommended during the experiments to prevent any spillage onto the underlying
optical and electronic components.
At the bottom of the chamber, the central glass window is raised by oblique walls
with an inclination of 30°. This slope is higher than that of the focusing rays cre-
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Figure 3.21: a) Photograph of the sample holder. b) Computer-generated render showing
the sample holder (SH) with all three objectives used in the setup. c-d) Technical drawings
showing the sample holder design and how it accommodates the top and bottom objective
in the y (a) and x (b) directions.

ating the light sheet (< 13°) and lower than the bottom objective tip angle (< 38°)
(see Figure 3.21c). This maintains the correct distance between the gel surface and
the two objectives while at the same time avoiding the clipping of the light-sheet by
the metal frame (Fig. 3.21c). For all glass windows, ~160 µm-thick coverslips are
used. The glass windows are sealed with silicone grease, which is easily removable
and biocompatible [147]. Finally, four M3 screws are used to fix the sample holder
onto the nanopositioning stage.

The sample holder concludes the description of the hardware and software developed for the construction of a horizontal fluorescence light-sheet setup designed for
the imaging and analysis of single molecules on adherent cells. Several innovative
solutions have been introduced to achieve this goal. In particular, a custom-designed
aberration-free system of mirrors is used to perform two-colour imaging on a single
camera. Moreover, a completely novel sample-holder geometry has been designed,
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and a novel use of a hydrogel spacer is introduced to allow for the light-sheet access
to the top membrane of adherent cells.
In the following chapter, the system performance is analysed, and its application to
the imaging and tracking of proteins on the top cell membrane demonstrated.

Chapter 4

Light-sheet fluorescence microscopy:
performance and single-molecule
tracking
In this chapter, we detail the performance of the fluorescence-light-sheet setup described in the Chapter 3. First, we analyse the microscope’s temporal and spatial
resolution and demonstrate optical axial sectioning and three-dimensional reconstruction of the sample. Finally, we show the imaging of membrane receptors in
the top membrane of adherent cells with single-molecule sensitivity and discuss the
results obtained by observing the motion of CD4 receptors in the cell membrane of
NIH 3T3 mouse fibroblasts.

4.1

Microscope calibration and performance

The fluorescence collection system is calibrated, and its performance evaluated using fluorescent latex beads of diameter 200 nm and 1 µm due to their brightness
and ease of use. All tests are performed on top of a 1 mm-thick polyacrylamide gel
(crosslinker content: 3%), the same substrate used for the imaging of adherent cells
described at the end of the chapter.
Firstly, the system magnification is calculated by measuring the conversion factor
between the camera pixel size and the corresponding distance at the object. This is
done by imaging red fluorescent beads, 200 nm in diameter (Bangs Labs, FSSY002,
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Suncoast Yellow), stuck onto the acrylamide gel surface. The nanopositioning stage
is moved in 5 µm steps over a 50 µm range along both the x and y directions and
an image is recorded at each step. Five beads per frame are analysed. The average displacement is calculated and used to determine the conversion factor of 9.8 ±
0.3 px/µm along the x direction and 9.4 ± 0.3 px/µm along y.

4.1.1

Image spatial resolution

The diffraction of light fundamentally limits the resolution of an optical system.
When a point-source is imaged by an optical system with a circular aperture, a
diffraction pattern, referred to as Airy disk, is produced at the image plane. The
size of the disk depends on the numerical aperture of the system, i.e. the portion
of the fluorescence emission which is collected by the optical system. A typical
way to define the theoretical diffraction limit of an optical system is the Rayleigh
criterion (Eq. 3.7), which indicates the distance of the first minima of the Airy disk
from its centre, as shown in Figure4.1a. However, the secondary lobes of the Airy
pattern are faint compared to the central one, and in experimental conditions, they
are often masked by the background noise. For this reason, the Airy disk is often
approximated by a Gaussian function. The best approximation, which maintains
the amplitude of the central lobe of the Airy disk, is shown in Figure 4.1b, and it is
calculated as the Gaussian function with standard deviation [148]:
σ ≈ 0.21

λ
,
NA

(4.1)

where λ is the wavelength of the light used, and NA is the numerical aperture of the
optical system. In our fluorescence setup, considering the central wavelength of the
red channel of the collection filter, λ = 615 nm, and the numerical aperture of the
top objective, NA = 1.1, the standard deviation of the diffraction-limited Gaussian
spot is 117 nm, which corresponds to an Airy-disk diameter of 341 nm.
Although smaller than the wavelength of the emitted light, the diameter of the beads
(200 nm) is comparable to the size of the Airy beam. In this case, the beads cannot
be considered as a point-source, and the size of their diffraction-limited image is
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Figure 4.1: a) Intensity profile of the image of two point-sources at the minimum resolving distance, according to the Rayleigh criterion. The Airy disk of each individual source
is shown by the dotted black line. b) Diffraction-limited Airy disk of a point-source, in
red, and the Gaussian approximation according to Eq. 4.1, in blue. c) Broadening of
the diffraction-limited spot, in green, due to the non-negligible size of the imaged object
(dashed black line). The Airy disk of a point-source is shown in red for comparison.

Figure 4.2: a) Image of the red fluorescent beads, 200 nm in diameter, stuck on PA gel.
b) False-colour image generated by averaging the 700 bead profiles used in the determination of the spatial resolution of the setup. The white line represents the Gaussian fit of the
average profile.

calculated by the convolution of the Airy disk with the particle shape. As shown in
Figure 4.1c, the bead image is broader than the Airy disk from a point-source and,
in this case, the standard deviation of the diffraction-limited image is increased to
161 nm.
The resolution of our microscopy setup is measured experimentally by observing
the intensity profile of fourteen red fluorescent beads, 200 nm in diameter, over 50
frames on top of the acrylamide gel, which results in a total of 700 profiles. Figure
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4.2a shows one of the frames used. A false-colour image obtained by averaging the
fluorescence spot profiles measured, with normalised intensity, is shown in Figure
4.2b, together with the Gaussian fit of the average bead profile (white line) used to
measure the size of the point spread function. The value of the standard deviation
of the mean Gaussian fit is 185 ± 37 nm (mean ± standard deviation), in good
agreement with the previous theoretical value (161 nm). The uncertainty in the
measurement can be attributed to the variation in the bead size (the manufacturer
indicates a ± 10 nm uncertainty over the particle diameter) and a slight displacement on the particle position from the focal plane due to the non-perfect gel flatness
which can cause defocusing and broadening of the particle image.

4.1.2

Image acquisition speed

The maximum acquisition speed of the fluorescence collection setup is determined
by two factors, the read-out time of the EMCCD camera and the setup sensitivity. In
the case of a bright fluorescent object, the acquisition is limited only by the camera
read-out time, i.e. the time that the camera electronics take to read the content of all
pixels. The read-out time depends on the size of the image since, as described in
section 3.3.2, CCD cameras sequentially read the signal from each pixel through a
single amplifier.
This is the case for the red fluorescent beads used to calibrate the setup. Figure 4.3
shows the diffusion of 200 nm diameter beads in water above PA gel. The bead
motion is tracked with the ImageJ plug-in TrackMate1 [150], and shows the presence of particles stuck on the PA gel while others freely diffuse on the gel surface
(red and blue trajectories). The video is acquired at the maximum acquisition speed
allowed by the EMCCD camera, 115 fps (~9 ms per frame) for a 116 × 241 pixel
image. However, the exposure time for each frame is kept at 1 ms, which means
that the camera read-out time is responsible for ~90% of the total acquisition time.
On the other hand, in the case of faint objects, like single fluorophores, the signal
has to be integrated over time in order to clearly discriminate it from the background
1 TrackMate

allows for the use of several detection and tracking algorithms. For the analysis, the
fluorescent spots were detected using a Laplacian or Gaussian filter and the tracks produced with a
LAP (linear assignment problem) algorithm [149].
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Figure 4.3: Diffusion of 200 nm-diameter fluorescent beads on top of acrylamide gel. The
bead trajectories are superimposed onto the image and show the presence of beads firmly
attached to the surface, slowly moving and freely diffusing. The frame rate is 115 fps.

noise and obtain a sufficient SNR to detect the particle position accurately. In this
situation, the exposure time is the factor that limits the acquisition speed.
An alternative approach to lengthening the exposure time is to increase the fluorescence emission by increasing the power of the excitation light, i.e. of the light sheet.
This approach, however, has the draw-back of increasing the sample bleaching and
photo-damage. The impact of the excitation intensity on the fluorophore lifetime
highly depends on the nature of the fluorophore and has to be determined experimentally (see section 4.2.3). In the case of rhodamine-tagged NeutrAvidin used to
stain CD4 receptor proteins in live-cell imaging (section 4.2.5), the SNR and photobleaching limit the acquisition time to ~80 fps.
Finally, the emission signal can be boosted by the electron multiplication performed
by the EMCCD camera. Gain levels up to 600× are used in the acquisition of
single-molecule images described in this chapter. However, as discussed in section
3.3.2, the signal multiplication introduces additional noise in the image, and thus,
increasing the collected fluorescence signal is preferable when possible.

4.1.3

Demonstration of simultaneous two-colour imaging

As described in section 3.3.1, the setup allows for the simultaneous imaging of two
fluorescence colour channels onto the same camera. This is demonstrated in Fig-
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ure 4.4a, in which 1 µm-diameter, green fluorescent beads (Thermofisher, F8776)
and 200 nm-diameter red beads are imaged. The image is used as an example to
evaluate the performance of the colour-splitting system.
While the image clearly shows the separation of the two channels onto the two
halves of the camera sensor, a faint replica of the green channel image is observed
onto the red one (dashed white square in Figure 4.4a). The comparison between the
light intensity profile of a green bead in the green channel and that of the respective replica in the red channel is presented in Figure 4.4b. The ratio between the
intensity of the two spots is <20%. The effect can be caused by the colour splitter
allowing some green light through the red channel or by the bleed-through caused
by the broad spectral emission of the fluorescent dye in the green beads.
Firstly, the hypothesis of the incomplete separation of the spectral channels by the
colour splitter is considered. The dichroic spectral response (Figure 3.13a) highlights good but not complete filtering of the wavelengths above or below the mirror
cut-off wavelength. This results in the transmission of ~0.5% of the incoming green
light by Di3 and an unwanted reflection of ~5% by Di4. Figure 4.4c shows the three
possible paths followed by this stray light. Path 2 and 3, in which the green light
is either reflected or transmitted by both dichroic mirrors, have a path length that
does not match the tube lens working distance. This results in the light not being
focused at the image plane. The two paths also produce an image at the centre of
the camera sensor, in between the green and red channels. No such a feature is observed in the microscope images. On the other hand, path 4 follows the same path
as the red channel: it is firstly transmitted twice through Di3 and then reflected by
Di4. It also has the same path length as the red channel resulting in a focused image
on the camera sensor. However, the intensity of the light following this path, Ip4 ,
is negligible, being 6 orders of magnitude lower than that of the light entering the
system, Iin : Ip4 =(0.5%)2 · 5% Iin = 1.25 × 10−6 Iin . This value is much smaller than
the background noise and thus cannot be observed in the final image.
The origin of the replica image has to be attributed to the broad emission spectrum
exhibited by organic dyes, which extends in both acquisition channels. As shown
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Figure 4.4: a) Image of red and green fluorescent polystyrene beads, 200 nm and 1 µm in
diameter, respectively. The image shows the separation of the camera sensor in two channels
for the simultaneous imaging of the two colours. The dashed white squares indicate a green
bead and the corresponding replica image in the red channel. b) Intensity profile of the green
bead fluorescence emission in the white square in (a) and that of the respective replica in
the red channel. c) Possible paths followed by green light in the colour-splitting system,
taking into consideration the imperfect transmission of the dichroic mirrors. A simplified
sketch showing the effect on the final image is also shown. The intensities of the spots
generated by paths 2, 3 and 4 are exaggerated compared to path 1 as they would normally
be invisible. Effects of double reflections on the same mirror are not shown. d) Emission
spectrum of the green fluorescent beads, as from manufacturer data. The green and red areas
show the transmission bands of the emission filter, highlighting the portion of the emitted
light leaking into the red channel.

in Figure 4.4d, organic dyes are characterised by broad and asymmetric emission
spectra. In particular, they present a long “red tail” which extends for more than
100 nm away from the main emission peak [151]. In the case shown in Figure 4.4a,
considering the manufacturer’s data of the emission spectrum of the green fluorescent beads, and the total transmission of the two channels in the setup, the ratio
between the emission intensity in the red channel and in the green one can be as
high as 20%, which fully explains the observed artefact.
The bleed-through of the fluorophore’s emission also explains the absence of crosstalk from the red to the green channel. The fluorescence emission occurs at longer
wavelengths than the excitation light due to the loss of part of the incoming photon
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energy to the excitation of molecular vibrations, as discussed in section 1.4. The excitation wavelength used for the red beads (561 nm) is longer than the wavelength
admitted by the green channel filter, thus no light in the green spectrum is emitted
by the fluorophores.
This example demonstrates the spectral division of the image into the two halves
of the camera sensor, and hence the imaging of two different fluorescently-labelled
molecules simultaneously. It also shows that no spectral cross-talk is introduced by
the colour splitter designed for the setup, and highlights the importance of the selection of fluorescent markers with emission spectra that match the spectral response
of the fluorescence collection system, as already discussed in section 3.3.1.

4.1.4

Axial optical sectioning and 3D reconstruction

Chapter 1 has discussed how the use of a light sheet has been exploited to restrict the
fluorescence emission to only one thin slice of the sample, thus achieving axial optical sectioning. By moving the sample perpendicularly to the light sheet along z, different planes are sequentially imaged and combined to obtain a three-dimensional
image of the sample. Optical sectioning and 3D imaging with our light-sheet setup
are demonstrated by imaging fluorescent beads (200 nm in diameter) embedded in
a PA gel.
In order to prepare the gel, the fluorescent beads are dispersed in acrylamide solution and after gel polymerisation remain trapped in the crosslinked polymer matrix.
Although simple, this method is incompatible with the UV-assisted polymerisation
of the gel described in section 3.5.2. The prolonged exposure of the sample to UV
light bleaches the fluorophores on the beads. For this reason, APS and TEMED
(2 µl each), which do not require activation with UV light, are used as radical initiators of the PA polymerisation in place of Irgacure. All other parameters of the gel
preparation protocol are unchanged.
In order to obtain a 3D scan of the gel, the sample is slowly moved along z using the
nanopositioning stage while the fluorescence signal is acquired at 9 fps. The whole
200-frame stack is acquired in just over 20 seconds.
Figure 4.5 shows the resulting image and demonstrates fast 3D sectioning and im-
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Figure 4.5: a) Volumetric reconstruction of 200 nm-diameter fluorescent latex bead embedded in PA gel. b) Projections of the 3D image in (a) onto the xy plane. c) Projections of
the 3D image in (a) onto the yz plane.

age reconstruction of 3D samples. Figure 4.5a shows a 3D volume reconstruction
of the beads in the gel, while the projections onto the xy and yz planes are shown
in Figures 4.5b and 4.5c. The bead shape is elongated along z due to the larger
diffraction limit, ∆z, in the axial direction compared to the lateral one. According
to Abbe’s criterion:
∆z =

2λ
.
NA2

(4.2)

In our system, considering λ = 600 nm, ∆z = 990 nm, more than three times larger
than the diffraction limit in the lateral direction (∆x = 270 nm).

4.2

Single-molecule imaging in live adherence cells

In order to capture molecular dynamics on living cells, the receptor of interest has
to be tagged with a fluorescent marker. One possible approach is to genetically
modify the cell line in order to express a fluorescence molecule linked to the protein
of interest. Alternatively, the protein can be stained with a fluorescent dye just
before imaging, usually by attaching a fluorescent antibody. Both approaches are
used in this work to demonstrate single-molecule imaging and tracking, and optical
sectioning on living cells.
The fluorescence imaging reported in the next sections focuses on the CD4-surface
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receptor. CD4 is a transmembrane receptor expressed by some of the cells in the
immune system. In particular, in T cells, it is linked to the activation of the Tcell receptor (TCR) upon the recognition of antigen-presenting cells. It is also the
primary receptor used by the human immunodeficiency virus type 1 (HIV-1) to
anchor to the plasma membrane and initiate the infection of the cell.
In this work, we use NIH 3T3 murine fibroblasts which have been stably transfected
to express CD4 receptors by the Marsh group at the Medical Research Council
Laboratory for Molecular Cell Biology (MRC LMCB) at UCL. In particular, we
focus on: NIH 3T3 M39 and NIH 3T3 RhN7 cell lines. NIH 3T3 M39 cells express
human wild-type CD4 and lck. Lck is a cytoplasmic protein present in T cells which
has been shown to interact with CD4 during the T-cell activation. Colocalisation of
lck and CD4 in the cell line used in the experiments has been shown in previous
works from the Marsh group [23]. On the other hand, NIH 3T3 RhN7 cells express
rhesus macaque CD4 carrying a fluorescence label (mNeon) at the cytoplasmic end
of the receptor.
I have cultured the cell lines and prepared the samples for the experiments using
the facilities present in the Marsh laboratory. The protocols used are presented in
Appendix B.2.4.

4.2.1

Axial sectioning on living cells: discrimination of the top
and bottom membrane

As discussed in section 1.5.1, most single-molecule studies on protein diffusion in
the cell membrane are performed using TIRF microscopy in contact with the glass
substrate. The presence of a non-physiological stiff surface alters the membrane
topology and the mobility of membrane proteins protruding from it, as described
in Chapter 1. The use of a light sheet allows for the imaging of the top membrane
away from the glass substrate. In this section, we demonstrate 3D imaging of cells
adhered onto the PA gel, and to discriminate between the cell apical (top) and basal
(bottom) membrane.
Figures 4.6a–4.6c show the distribution of CD4 receptors on an NIH 3T3 RhN7 cell
in three axial sections: on the basal membrane in contact with the PA gel, in the cell
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Figure 4.6: a-c) Image of an NIH 3T3 RhN7 expressing mNeon-tagged CD4 at the bottom
cell membrane (a), cell cytoplasm (b) and top cell membrane (c). d) Confocal image
of the same cell line showing the CD4 expression though out the cell cytoplasm. e) 3D
reconstruction of the same cell shown in (a-c).

cytoplasm and in the apical cell membrane. The images demonstrate the possibility
to selectively excite the fluorescence of the top and bottom membrane of adherent
cells. In addition, Figure 4.6e shows a 3D reconstruction of the same cell.
The axial sectioning, however, highlights a problem in the cell line used. CD4 is
not exclusively localised in the cell plasma membrane, but it is also present in the
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cell internal organelles and cytoplasm. This is confirmed by the image of the same
cell line in Figure4.6d obtained with a Leica TCS SPE confocal microscope at the
LMCB. The over-expression of the fluorescent molecule in the cell body generates
a high background signal. In these conditions, only the detection of bright protein
clusters is possible, and thus the cells are unsuitable for single-molecule tracking.

4.2.2

Live immunostaining

Single-molecule tracking of fluorescently labelled poses two main requirements:
high contrast between the particle and the background in order to achieve high resolution in the determination of the particle position and a low density of fluorescent
molecules. The second condition is needed because, while the position of a single
fluorescent spot can be determined with nanometric resolution, molecules closer
than ~200 nm cannot be distinguished in conventional optical microscopy due to
light diffraction. As discussed in the previous section, the over-expression of CD4
in the cell cytoplasm observed in NIH 3T3 RhN7 cells does not meet any of these
requirements.
In order to obtain fluorescent staining of living cells suitable for single-molecule
tracking experiments, a live-immunostaining protocol has been developed. The live
immunostaining is performed on the NIH 3T3 M39 cell line, and the protocol is
described in detail in Appendix B.1. In brief, the cells are incubated with a biotinylated monoclonal anti-CD4 antibody (Thermofisher, RPA-T4) solution in cell
medium. Only a fraction of the CD4 molecules on the cell surface are labelled with
the antibody in order to guarantee a low density of fluorophores and to maintain
intermolecular distances above the diffraction limit. The density of labelled CD4
molecules on the cell surface can be controlled by varying the concentration of the
primary antibody in the incubation solution. A concentration of 0.1 µg/ml is used
in the experiments.
The cells are then washed and incubated with a solution of tetramethylrhodamineconjugated NeutrAvidin (fluorescent NeutrAvidin) in cell medium. NeutrAvidin
binds biotin molecules on the antibody and fluorescently stains CD4 receptors.
NeutrAvidin is tetravalent, i.e. it presents four identical units each with a biotin-
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Figure 4.7: a) NIH 3T3 RhN7 cells live-immunostained with biotinylated RPA-T4 and
rhodamine-conjugated NeutrAvidin, red channel. The fluorescent signal from the mNeontagged CD4 is shown in green. Little superposition of the two channels is present indicating
that most of the CD4 is expressed inside the cytoplasm, rather than in the cell membrane.
b) Confocal image of NIH 3T3 M39 live-immunostained as described in (a). The inset
shows the possibility to distinguish the single antibody molecules. c) Immunostaining of
NIH 3T3 M39 cells performed after cell fixation. The staining is performed with Q4120
monoclonal primary antibody and anti-mouse IgG green secondary antibody, showing a
distribution similar to that in (b). Hoechst is used to stain the DNA in blue. Scale bar:
10 µm.

binding site. In order to reduce the probability of a NeutrAvidin molecule crosslinking two or more antibodies, NeutrAvidin is used in large excess during the staining
process (100 times the concentration of the primary antibody). However, clustering
of the CD4 molecules due to the staining process cannot be completely excluded.
Even in the absence of NeutrAvidin, each antibody presents two antigen-binding
domains, as described in section 1.3, and can bind and link two separate receptors.
The results of the live-staining are shown in Fig. 4.7a for NIH 3T3 RhN7 cells
and in Fig. 4.7b for NIH 3T3 M39 and are compared to a conventional staining
protocol for fixed NIH 3T3 M39 cells (Fig. 4.7c). All samples are imaged with
a Leica TCS SPE confocal microscope at the LMCB to test the suitability of the
staining technique for single-molecule imaging. In order to be imaged by the confocal microscope, the live-immunostained samples are fixed with 3% formaldehyde
solution in 1X phosphate buffered saline (PBS) solution2 after the staining. The
immunostaining of fixed cells is performed using monoclonal Q4210 anti-CD4
antibody and an Alexa488-conjugated secondary antibody. The cell nucleus is also
stained with Hoechst DNA dye. The protocols used for the cell fixation and staining
2A

1X PBS solution contains 137 mM NaCl, 2.7 mM KCl and 4.3 mM Na2 HPO in water.
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are described in Appendix B.1.
The low level of co-localisation between the fluorescent antibody and the mNeonlabelled CD4 observed in NIH 3T3 RhN7 cells, Figure 4.7a, further confirms the
presence of a significant portion of CD4 in the cytoplasm, inaccessible to the
staining antibody. Whereas, similar results are obtaining in the case of live immunostaining and conventional staining of NIH 3T3 cells (Figures 4.7b and 4.7c,
respectively). Single fluorescent dots can be observed in both images (inset in
Fig. 4.7b), which indicates that the staining protocol is suitable for single-particle
tracking.

4.2.3

Demonstration of single-molecule sensitivity

Proteins are typically few nanometres in size [20], which is around two orders of
magnitude lower than the diffraction limit for visible light. For this reason, the
number of proteins in a fluorescent spot cannot be determined by its dimension.
However, single-molecule sensitivity can be demonstrated by observing the bleaching dynamics of a single fluorescent spot. In the presence of a small number of
fluorophores and with an instrumental sensitivity high enough to discriminate the
emission of a single molecule, the bleaching of each fluorophore can be observed
as a step-wise reduction in the spot intensity. Since all fluorophores have in first
approximation the same fluorescence emission intensity, each of them contributes
to the spot total intensity by the same amount and the steps observed during the
bleaching process have the same size.
This can be observed in our setup, and it is shown in Figure 4.8. The fluorescence
intensity of a single spot, in the top membrane of a cell stained with fluorescent NeutrAvidin, is recorded at 126 fps. The laser power is set to 50 mW, which causes fast
bleaching dynamics and the complete inhibition of fluorescence emission within
1 second. The fast acquisition speed allows for the visualisation of the step-wise
bleaching process. Only the last step is partially masked by the background fluorescence produced by the cell. The histogram in Figure4.8b shows the distribution of
the recorded intensity and further highlights the presence of three discrete intensity
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Figure 4.8: a) Fluorescence intensity versus time for a single fluorescence spot observed
in the top membrane of a live-immunostained NIH 3T3 M39 cell (biotinylated RPA-T4 and
rhodamine-conjugated NeutrAvidin). The red dots are the raw experimental data while the
blue line indicates the rolling average over a 10-data-point interval. A discrete step-like
bleaching process is clearly visible. The equispaced dotted horizontal lines are added to
highlight the uniformity in the step height. b) Images of the spot analysed at each “bleaching
step” and when only the background fluorescence of the cell is visible. Scale bar: 300
nm.c) Histogram of the measured fluorescence intensities showing 3 discrete population
corresponding to the steps observed in (a).

values, as well as the final background. This demonstrates the single-molecule sensitivity of our setup.
It has to be pointed out, however, that the bleaching dynamics shows only the number of fluorophores present in the spot, which is not necessarily the same as that
of proteins. Each NeutrAvidin molecule is likely to be bound to several fluorescent molecules. This is usually advantageous as it magnifies the fluorescence signal. However, it does not allow for the precise determination of the number of
NeutrAvidin molecules present in each fluorescent spot. It is likely that the bleaching dynamics shown in Figure 4.8 is generated by a single NeutrAvidin molecule
bound to 3-4 fluorophores. In order to achieve single protein counting, a monovalent fluorescent-labelled molecule should be used, i.e. a molecule modified to link
a single fluorophore molecule [14].

4.2.4

Analysis of protein diffusion and mean square displacement

In the following section, we observe the diffusion of CD4 receptors in the cell membrane. A commonly used method to discriminate and classify the behaviour of dif-
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fusing particles is to observe their mean squared displacement (MSD), which is
defined as:
MSD(τ) = h|x (t) − x (t + τ) |2 i,

(4.3)

where the angle brackets indicate the time average, x is the particle position, τ is
the lag time. In the case of normal diffusion, i.e. the motion of a particle due to
Brownian motion, the MSD increases linearly with time, following, in the case of
2D motion, the equation:
MSD(τ) = 4Dτ +C,

(4.4)

where D is the diffusion coefficient of the particle, and C is a constant that accounts
for the error in the particle localisation.
Particles can also display a sub- or super-linear MSD. In the latter case, referred
to as super-diffusion, particles move faster than expected by pure diffusion, showing a preferential direction of motion. The limiting case is the direct linear motion between two points, which results in a quadratic MSD [152]. On the other
hand, if the particle motion is restricted or confined, the MSD grows less than linearly and ultimately reaches a plateau. The three cases are shown in Figure 4.9. In
Fig. 4.9a, the trajectories of particles in 2D is simulated in the case of normal diffusion (blue), super-diffusion (red), and confined motion (green). The MSD, shown
in Figure 4.9b, highlights the different behaviours with a super-linear trend in the
case of super-diffusion and the presence of a plateau in the case of confined motion.
Confined diffusion is observed in molecules moving within the actin corrals described in section 1.2. In this case, the MSD can be fitted according to the following
equation [37, 153]:



Lc2
8Dc τ
MSD(τ) =
1 − exp
+C,
2
Lc2

(4.5)

where Dc is the diffusion coefficient for confined diffusion, and Lc is the length
scale of the confinement region.
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Figure 4.9: a) Simulated 2D trajectories of a particle in the case of normal diffusion (blue),
super-diffusion (red) and confined diffusion (green). b) Mean squared displacement calculated from the trajectories in (a).

4.2.5

CD4 diffusion dynamics on the top plasma surface

An image of the live-immunostained top plasma membrane of an NIH 3T3 M39 cell
collected with our fluorescence light-sheet setup is shown in Figure4.10a. The low
density of fluorescence molecules and a strong reduction of the fluorescent background compared to NIH 3T3 RhN7 cells (Figure 4.6c) is clearly visible. In these
conditions, tracking of the fluorescence spots over large cell areas is possible. The
tracking is performed using TrackMate, an ImageJ plug-in, while the trajectories
are analysed using custom scripts in Matlab.
Figures 4.10b–4.10d show the tracking of fluorescent CD4 receptors imaged at
7 fps, and with a power of the fluorescence excitation laser of 5 mW. The analysis of the 15 recorded trajectories reveals a highly heterogeneous behaviour of the
fluorescently-tagged CD4, with 8 spots being immobile, 4 displaying restricted diffusion and 3 showing normal diffusion. Example tracks are shown in Figures 4.10e,
4.10f and 4.10g, and the respective MSD functions in Figures 4.10h, 4.10i and 4.10j.
The immobile particles display MSDs that do not vary with time, as shown in Figure 4.10h. The non-zero value of the MSD (hMSDimm i < 700 nm2 ) is due to the
error in the particle localisation, and it is used to calculate the spatial resolution of
p
the tracking process: ∆r = hMSDimm i < 30 nm.
The particles showing a time-dependent MSD are fitted to both Eq. 4.4 and 4.5.
Since Eq. 4.4 can be obtained by the Taylor expansion of Eq. 4.5 in the limit of
large Lc , the fits to the two equations yield virtually identical results in the case of
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Figure 4.10: a) Fluorescent image acquired with our fluorescent light-sheet setup of a liveimmunostained NIH 3T3 cell showing low-density labelling of CD4 receptors. The staining is performed with biotinylated anti-CD4 RPA-T4 monoclonal antibody and rhodamineconjugated NuetrAvidin. Scale bar 10 µm. b-d) Frames of a video showing the diffusion
of the CD4 receptors in the same cell as in (a). The video is acquired at 7 fps. The red to
yellow lines indicate the trajectories followed by the receptors. e-g) Trajectories followed
by the receptors marked with the arrows in (d). h-j) Mean squared displacements calculated
for the trajectories in (e-g). The three traces show a heterogeneous dynamic behaviour of
CD4 with immobile particles (e, h), confined diffusion (f, i) and normal diffusion (g, j). The
arrows in (g) indicate portions of the trajectory which seem to suggest transient confinement
of the receptor. Similarly, the arrow in (j) shows a plateau for short lag times in the MSD,
which might indicate the short-term confinement of the receptor.

4.2. Single-molecule imaging in live adherence cells

146

linear MSDs. For this reason, the traces are considered to display anomalous diffusion if the r-squared value of the fit to Eq. 4.5 is significantly higher than that
obtained with the fit to Eq. 4.4 [154]. From the visual inspection of the data, an
increase in the fit r-squared parameter of 0.1 is used as a threshold.
A visual analysis of both the trajectories and MSDs of the particles displaying an
overall linear diffusion, seem to reveal periods of temporary confinement, as shown
by the arrows in Figure 4.10g and Figure 4.10j. However, the frame rate is too low
when compared to the receptor diffusion dynamics to determine with certainty if
receptor confinement is present or the anomalies in the traces are only due to statistical fluctuations in the data.
Reducing the acquisition area and increasing the laser power up to 50 mW, allows for acquisition rates higher than 100 fps. This significantly increases the time
resolution at the expenses of the signal-to-noise ratio and the lifetime of the fluorophores, as discussed in section 4.8. The increased time resolution can, however,
reveal important information regarding the dynamics of surface receptors.
In Figure 4.11, the diffusion and clustering of two CD4 molecules, or molecular
clusters, is observed at 78 fps at a laser power of 25 mW. Figure 4.11a shows four
of the frames used to track the protein position, while in Figure 4.11b, the trajectories of the proteins in the cell membrane are plotted. Over a few seconds, the two
spots diffuse towards each other and then permanently fuse into a cluster.
A more in-depth analysis of the trajectories reveals that, rather than a continuous
diffusion, the particle motion is divided into discrete compartments. Within each
compartment, the molecules move in a confined diffusion fashion before hopping
to a new area and resuming the confined diffusion. In Figure4.11c, the confined
compartment are highlighted with different colours to show how clear boundaries
are present between each of them.
It is also possible to observe that these boundaries seem to be static, at least at the
time scales of the molecular motion, and do not change their position during the observation time. As an example, a clear separation is present between compartment 2
and 4, although 6 seconds pass between the particle entering the former and leaving
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the latter. In addition, at interval 9, the particle hops back into the compartment
occupied in interval 7, which shows that the compartment shape has not varied significantly between the two intervals.
In addition, the fusion of the two initial particles takes place between intervals 3
and 4. The motion of the resulting cluster is still confined by the same boundaries
observed before the clustering event took place. In particular, a clear separation
is present between compartment 2 (pre-clustering event) and compartment 4 (postclustering event). This indicates that the compartment position and shape does not
depend on the size of the diffusing particle.
The diffusion constant, D, and the length of the confinement, Lc , can be extracted by
the analysis of the mean squared displacement for each section. Except for compartments 1, 2 and 5 for which the residence time is too short to allow the observation of
confined motion (the MSD appears linear as for normal diffusion), the MSD closely
follows the expected behaviour for confined diffusion described by Equation 4.5, as
shown in Figure4.11d for the diffusion in compartment 8. The length-scale of the
confinement is 76 ± 36 nm, where the error is calculated as the standard deviation
of the Lc values obtained for each compartment. The diffusion coefficient shows
more significant variations with an average of 1.2 × 10−3 µm2 /s, but ranging between 180 nm2 /s in compartment 4 and 4.2 × 10−3 µm2 /s in compartment 6. The
average residence time in a compartment, Tc is 1.7 s, with a minimum of 0.5 s and
a maximum of 4 s. All data are summarised in Figure 4.11e.
The confinement length-scale observed are consistent with the size of actin corrals
reported in the literature, between 50 nm and 200 nm, for both lipids [9] and membrane proteins [155, 156]. The persistence of the boundaries for tens of seconds
has also been demonstrated in previous studies for actin corrals [14, 15], suggesting
that it is the underlying actin cortex that creates the observed compartments and
restricts the motion of CD4 receptors in the cell membrane. The residence time,
although much longer than the tens of milliseconds observed by Kusumi et al. for
lipids [9], is comparable to the values described in the literature for membrane proteins, with Lee et al. [157] observing an average time of 0.7 s between boundary
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Figure 4.11: a) Frames showing the diffusion and fusion of CD4 receptor molecules, fluorescently stained as described in section 4.2.2. The overlay shows the trajectory followed
by the receptors. Time is represented by the line colour going from red to yellow. Scale
bar: 1µm b) Detected trajectory of the two fluorescent spots in (a). The dot colour indicates
the particle while the line colour indicates the elapsed time. c) Same trajectories as in (b).
The separate compartments are shown in different colours and labelled (a-c for the first spot
and 1 to 9 for the second) showing the presence of confined diffusion and hopping between
actin corrals. d) MSD of the particle trajectory in compartment 8 showing confined diffusion. The red line is the fit to Eq. 4.5. e) Plots showing, from top to bottom, the diffusion
coefficient (D), the confinement length (Lc ) and the residency time (Tc ) for each compartment. The dashed vertical line indicates the approximate time of the fusion event. The grey
areas in the Lc indicate the impossibility to measure the confinement length due to a linear
MSD.
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hops for G protein-coupled receptors, and Jaqman et al. [156] reporting a residence
time >10 s for membrane protein CD36.
The diffusion constant measured in our experiment is one order of magnitude lower
than the value reported in the literature for CD4 and other membrane proteins
(>0.01 µm2 /s) [155, 158, 159]. The most probable reason for this discrepancy is
the presence of a CD4 cluster rather than a single molecule. Even within a single
corral, the receptor diffusion is restricted by the interaction with other mobile membrane proteins and transmembrane proteins anchored to the underlying cytoskeleton
(pickets), which causes steric hindrance and hydrodynamic friction, as described in
section 1.2. The size of the cluster increases the frequency and magnitude of these
interactions reducing the particle diffusion coefficient [9].
An alternative explanation to the observed slow diffusion can be given considering
that the cell line used expresses lck as well as CD4 (section 4.2). Lck is known
to interact with the cytoplasmic domain of CD4 [23]. The presence of a cytoplasmic protein attached to CD4 restricts the receptor motion by increasing the steric
hindrance with the actin cortex, as well as, with other cytoplasmic proteins present
below the plasma membrane.
A final possible contribution in the reduction of the protein diffusion is the size of
the fluorescent label attached to the diffusing molecule. The antibody-NeutrAvidin
complex has a molecular mass of ~210 kDa, which is 5 times larger than that of
the extracellular domain of CD4 (41 kDa). The label does not strongly influence
the diffusion time of an isolated protein, since the lipid bilayer is >100 times more
viscous than water [9] and, thus, the transmembrane domain dominates the protein
motion. On the other hand, the fluorescent label increases the overall size of the
molecule, and thus increases the steric interaction with other proteins in the membrane. However, Mascalchi et al. reported a diffusion coefficient of ~0.05 µm2 /s
[155], fifty times higher than the one measured in our experiment, using biotinylated RPA-T4 and streptavidin-coated quantum dots as fluorescent labels. Quantum
dots have a radius of ~10 nm, almost an order of magnitude larger than that of NeutrAvidin, and they should cause much stronger steric interactions than in the case of

4.3. Concluding remarks

150

the labelling used in this work. For this reason, we exclude that the size of the label
used is the main cause of the low diffusion rate observed.
In conclusion, The data presented clearly show a time-dependent and heterogeneous
diffusion dynamics of CD4 receptors that proves the need for single-molecule imaging methods as opposed to ensemble average ones. Over seconds, the receptor can
display long-range normal or confined diffusion. However, at faster imaging rates
(~100 fps), the confined diffusion of CD4 receptors within discrete compartments
with stable-in-time and clear boundaries becomes evident. Longer range motion between compartment is performed by the infrequent hopping over the compartment
boundaries. We propose that actin corrals present below the plasma membrane
cause the restriction and compartmentalisation of CD4 diffusion by interaction with
the receptor cytoplasmic domain and, possibly, with lck molecules bound to the
receptor. This is supported by the compartments size and residence time observed
which are in agreement with the measurements on surface receptors present in the
literature. The low diffusion rates seem to suggest the presence of protein clusters, which might be attributed, at least in part, to the fluorescence staining with
multivalent antibodies and NeutrAvidin.

4.3

Concluding remarks

In this chapter, we have analysed the performance of the fluorescence light-sheet
setup described in Chapter 3. We have first demonstrated a spatial resolution in
agreement with the calculated diffraction limit and simultaneous acquisition in two
spectral bands. The achievement of optical axial sectioning of the sample and 3D
imaging and reconstruction has been presented in both PA gels and in adherent
cells, which demonstrates the ability to differentiate between the basal and apical membrane of adherent cells. In addition, single-molecule sensitivity in the
cell membrane has been demonstrated, as well as frame rates of ~100 fps, i.e. a
time resolution of 10 ms. The setup thus combines the high frame rate obtainable
with widefield fluorescence collection, which made TIRF microscopy the most used
technique for single-molecule diffusion studies, with the ability to image at any ax-
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ial position in the sample.
The single-molecule sensitivity, diffraction-limited spatial resolution and high
frame rate demonstrate the unique suitability of our setup for the observation of
high-speed receptor dynamics on living cells. These characteristics have allowed
for the observation and tracking of single receptors in the apical membrane of adherent cells with <30 nm spatial resolution and 12 ms temporal resolution. In particular, we have observed the time-dependent diffusion dynamics of CD4, the main
receptor involved in HIV-1 entry on NIH 3T3 fibroblasts. Through single-particle
tracking, we have reported the direct observation of the presence of discrete compartments <100 nm in size, which temporarily confine the diffusion of the receptor
for time intervals of ~1 s. This results in a hopping diffusion for the receptor in
agreement with Kusumi’s picket-fence model and confirms the influence of actin
corrals in the diffusion of membrane receptors.

Chapter 5

Optical tweezer setup design and
evaluation
As mentioned in Chapter 1, optical tweezers allow for the trapping and 3D manipulation of a dielectric bead using a focused laser beam. In this chapter, our optical
tweezer setup is discussed in detail. After the description of the optical components, the techniques used for the detection of particle position and trap stiffness are
discussed. We then determine the system spatial and temporal resolutions as well
as the precision in the determination of the force applied with the trapped particle.
The sample holder and the software used to operate the system are described, and
finally, the stability of the trap stiffness needed to perform experiments in living
cells is analysed. The chapter concludes with a demonstration of the simultaneous
use of optical tweezers and light-sheet fluorescence microscopy for the purpose of
the analysis of photobleaching of trapped fluorescent particles.

5.1

Optical tweezer setup

The setup used to achieve optical trapping is shown in Figure 5.1. A near-infrared
laser of wavelength 1064 nm (dark red in Figure 5.1) is expanded and focused on
the sample to create the optical trap. The position of the trapped particle and the
applied force are monitored by a quadrant photodiode (QPD in Figure 5.1), while
a second 835 nm laser beam (purple in Figure 5.1) is used to maintain the alignment between the objectives and control the particle position inside the trap. The
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Figure 5.1: Optical diagram of the optical tweezer setup implemented in our microscope.
The path of the two laser sources (dark red for 1064 nm laser and purple for 835 nm) and
the brightfield path (light yellow) are shown. The blue line shows the back focal plane of
the bottom objective (Obj2) being imaged onto the quadrant photodiode (QPD) in order to
detect the position of the trapped bead. The light-red arrows indicate the position at which
the setup is integrated with the fluorescence-collection optics.

brightfield setup, used to observe the sample during the experiments, is also shown
in yellow in Figure 5.1.
We use an upright configuration in our setup, i.e. the objective used to create the
optical trap is placed above the sample. This configuration is uncommon for optical
tweezers, and it is a design choice to allow the exertion of axial forces on cells. Conventionally, optical tweezer systems are mounted onto inverted microscopes, with
the trapping beam reaching the sample from below. This configuration allows for
the use of an oil-immersion objective which guarantees a high numerical aperture,
due to the high refractive index of the immersion oil (noil ≈ 1.5). A high numerical
aperture produces a tight laser waist and hence a stiff trap. This is desirable as it
allows the reduction of the laser power and thus of the possible photodamage of the
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sample. However, as described in section 1.6.4, with oil-immersion objectives, the
laser focus position and trap stiffness depend on the relative axial position between
the objective and the sample substrate, due to the mismatch between the refractive
index of oil and that of cell medium (nm ≈ 1.34) [160]. Hence not ideal for axial
force measurements in which the relative vertical position of the objective and sample need to be modified.
In addition, in an inverted microscope, the trapping laser passes through the sample
before forming the optical trap. The transmission through the sample is not problematic for in-vitro experiments, where proteins and polymers are tested directly
over the glass surface, and the sample does not scatter or deflect the trapping light.
However, for experiments with living cells, the presence of a cell in the laser path
can partially distort the trapping beam, and thus alter the trap stiffness. In an upright configuration, on the other hand, the laser forms the optical trap before passing
through the sample, and any distortion caused by the substrate does not affect the
trapping stiffness.
The main laser source used in the setup is a near-infrared laser with 1064 nm wavelength and 1 W maximum laser output (Ventus 1064, single Gaussian TEM00 mode,
1.2 mm beam radius, from Laser Quantum). The laser power is controlled by the
combination of a half-wave plate (λ /2) and a polarising beam splitter (see “Power
reg.” dotted square in Figure 5.1). By rotating the polarisation axis of the incoming
beam, the power of the beam transmitted through the beam splitter can be controlled. This power regulation system is used to avoid changing the laser input
current during the experiment, which could cause instabilities in the laser output,
and hence in the trap stiffness.
The laser beam radius is doubled with a single telescope (T1IR in Figure 5.1) to fill
the entrance pupil of the top objective (Obj1 in Figure 5.1). The objective (Nikon
100× water dipping objective) focuses the laser beam creating the laser trap. A water immersion objective (Zeiss, W Plan-Apochromat), Obj2 in Figure 5.1, collects
the infrared light transmitted through the sample. The objectives are the same used
for the collection of the fluorescence emission and are described in Chapter 3. A
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system of lenses focuses the collected infrared light on a quadrant photodiode (QPD
in Figure 5.1) to allow the detection of the displacement of the trapped particle from
the laser focus and the measurement of the force exerted on the trapped particle (see
section 5.2).
The presence of a second near-infrared counter-propagating beam (bottom beam) is
unique to our setup. The beam is produced by a diode laser with 835 nm wavelength
and 650 mW maximum power (LD830-SE650, single transverse mode, 1.2 mm
beam radius, from Thorlabs), and it is characterised by an elliptical cross-section.
The beam shape is corrected by an anamorphic prism pair (Thorlabs, PS875-B) and
its size is adjusted with a telescope with a magnification of 1.5 (TIR3 in Figure 5.1).
The beam optical axis is then matched to that of the 1064 nm-wavelength laser using a long-pass dichroic mirror (Di7 in Figure 5.1). The beam is weakly focused
onto the sample using the bottom objective (Obj2). The top and bottom objectives
are arranged so that their focal points coincide, i.e. both laser beams are focused at
the same position. The bottom beam is collected and collimated by the top objective
and focused onto a CMOS camera (CMOS2 in Figure 5.1, Thorlabs, DCC1545M)
by a single achromatic doublet (L2IR). The image of the 835 nm laser is used to
maintain the alignment of the two beams over time by employing a feedback loop
that controls the bottom objective position, as described in section 5.8.2.

5.1.1

Trapping beam expansion

In an optical tweezer setup, the trap stiffness is determined by the effective numerical aperture of the system and the quality of the trapping beam. The numerical
aperture is maximised by expanding the laser beam to fill the aperture of the objective used to generate the optical trap. However, an excessive over-filling of the
objective causes power loss and the deformation of the Gaussian beam shape due to
the clipping of the beam [93].
In our setup, the effects of the trapping beam expansion are determined by measuring the transmission of the objective and the whole trapping setup. The combination
of two telescopes with magnification factors of 1.5× and 2× placed after the polarising beam splitter are used to expand the beam by factors: 1×, 1.5×, 2× and
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Beam magnification
Filling factor
Setup transmission (%)
Objective transmission (%)

1x
0.56
42
61

1.5x
0.86
40
61
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2x
1.14
30
46

3x
1.7
18
30

Table 5.1: Table showing the transmission of the 1064 nm optical path and the trapping
objective for magnification of the trapping laser beam of 1×, 1.5×, 2× and 3×.

3×. This corresponds to beam radii at the objective between 1.2 mm and 3.6 mm.
The effective entrance aperture of the trapping objective (Obj1) is 2.1 mm in radius,
which results in filling factors of 0.56, 0.86, 1.14 and 1.7.
The transmission is calculated by measuring the laser intensity before and after the
objective with a photodiode power sensor (Thorlabs, S120C). The values are reported in table 5.1. The objective transmission at 1064 nm is 61%1 . The partial
clipping of the beam is already evident at a magnification of 2× with a 25% reduction of the transmitted power. For a magnification of 3×, the objective transmission
is reduced to 30%. Considering the losses introduced by the other optical elements
present in the setup, the optical system transmits only 18% of the laser power to the
sample in the case of a 3× magnification. On the other hand, no stable trapping is
achieved for a beam magnification of 1.5 or lower, due to the excessive reduction of
the effective numerical aperture. For these reasons, a magnification of 2×, which
corresponds to a beam radius at the objective of 2.4 mm, is considered an adequate
trade-off between high effective numerical aperture and power transmission, and it
is implemented in the system.

5.2

Back-focal-plane interferometry

The relative position between the trapped particle and the laser focus is measured
using a back-focal-plane interferometry (BFPI) system. This method is based on
the analysis of the interference between the trapping beam and the light scattered
by the trapped particle. When the trapping laser is collected by a lens, Obj2 in our
setup, an interference pattern is generated at the back focal plane of the collecting
1 The

manufacturer provides transmission data up to a wavelength of 1000 nm. In particular, the
objective transmission decreases in the near infrared and it is 67% at 1000 nm, in agreement with
our measurements.
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Figure 5.2: Schematic representation of the back focal plane interferometry working principle. The trapped particle scatters part of the trapping beam. This causes a change in the
intensity distribution at the back focal plane (BFP) of the collecting lens, which is detected
by a quadrant photodiode.

lens. The pattern is dependent on the relative position between the trapped particle
and the laser focus, and it can be used to measure the particle position relative to
the trap centre, as shown in Figure 5.2a.
If all scattered light is collected, the total momentum transfer between the light
and the particle can be directly determined, and from it, the force exerted on the
particle [161]. However, the complete collection of scattered light is difficult to
implement for tightly focused, i.e. quickly diverging, beams. Ghislan et al. [162]
and later Visscher et al. [163] demonstrated that, if the system is calibrated, even a
partial collection of the interference pattern can be used to measure the particle displacement. In addition, the determination of the centroid of the interference pattern
is sufficient to measure the lateral position of the trapped particle, eliminating the
need for high-resolution imaging [164]. The position of the bead along the direction of propagation of light is determined from the total intensity of the interference
pattern [165].
In a typical BFPI system, the back focal plane of the collecting lens is imaged onto a
QPD [165]. A QPD is composed of four photodiodes arranged to form a 2 by 2 matrix. In order to determine the bead position, the electronics inside the QPD perform
simple algebraic sums on the photodiode signals. Naming the diodes from 1 to 4 in
a clockwise order starting from the top-right one, as shown in Figure 5.2, the parti-
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Figure 5.3: a) Optical diagram showing how a single lens can be used to image the back
focal plane of the objective onto the QPD. b) Optical diagram of the BFPI system used in
the setup. The red line indicates the optical path of the infrared light, while the green one
shows how the BFP is imaged onto the QPD. The position of a second plane conjugate to
the BFP of the objective is indicated by the grey arrow (BFP image). The distance between
the objective and the first lens of the system (~520 mm) is shortened for clarity.

cle displacement along x is proportional to VQPD,x = (V1 +V2 )−(V3 +V4 ), that along
y to VQPD,y = (V1 +V 4) − (V2 +V3 ), and that along z to VQPD,z = V1 +V2 +V3 +V 4.
Given its simple design, the QPD allows for fast acquisition rates over 100 kHz,
which makes it suitable for the measuring of fast dynamics and for the accurate
calibration of the trap stiffness (as described in section 5.3.2). Our setup employs a
near-infrared indium gallium arsenide (InGaAs) QPD (Thorlabs, PDQ30C) with a
sensor diameter of 3 mm.
The collection system is designed to create an image of the interference-pattern
image, which is half the size of the QPD sensor, to avoid artefacts created by the
clipping of the collected beam. BFPI setups usually employ a single lens to image
the collecting lens back focal plane onto the QPD sensor, as shown in Figure 5.3a.
A careful selection of the lens position and focal length guarantees the desired beam
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magnification at the sensor. In our setup, however, due to the size of the microstage
and the need to integrate the optics of the fluorescence setup, the minimum distance
between the objective and the focusing lens has to be at least 520 mm, zi . This poses
a constraint on the maximum focal length of the lens. The focal length, f , of the
focusing lens can be calculated using geometrical optics as:
f≈

zi rQPD
,
rQPD + 2rbeam

(5.1)

where rQPD = 1.5 mm is the radius of the QPD sensor, and rbeam is the radius of
the entrance window of the bottom objective, 8 mm. According to equation 5.1, the
focal length of the imaging lens is 40 mm. This short focal lens results in a fast
diverging beam at the sensor, and small misalignments can cause the rapid degradation of the system performance.
As shown in Figure 5.3b, the introduction of a telescope with magnification 0.5×
(T2IR in Fig.5.1) shrinks the laser beam and allows the use of a lens with a longer
100 mm focal length (L1IR in Fig.5.1), which simplifies the mounting and alignment process. In this case, the image of the back focal plane is positioned 118.8 mm
after the focusing lens for a beam diameter at the QPD sensor of 1.5 mm.
In addition, T2IR generates a second conjugate plane to the back focal plane of
the collecting lens which is placed between the two lenses of the telescope (BFP
image in Figure 5.3b). Placing an iris in this position can allow the control of the
numerical aperture of the interference collection system, which has been shown to
influence the detection sensitivity [166]. In this work, however, the full numerical
aperture of the bottom objective is used.
Finally, the QPD signal is acquired using a USB-6363 data acquisition board (National Instruments) which allows a maximum sample rate of 2 MS/s and 16-bit
resolution over a ±10 V range (minimum resolution: 0.3 mV).

5.3

Calibration of the optical trap

The output of the QPD, as mentioned in the previous section, is a set of three voltage
signals (VQPD,x , VQPD,y and VQPD,z ) which can be related to the x, y and z positions
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of the trapped particle relative to the laser focus. This is done by calibrating the
QPD signal using a bead fixed on the sample surface, as explained section 5.3.1.
The force acting on the trapped particle can then be determined by considering that
the trap can be approximated as harmonic for small displacements of the particle
away from the trap centre (see section 5.3.2). The trap stiffness is multiplied by the
particle displacement to obtain the force exerted on the bead.
The QPD calibration, as well as the trap stiffness, depends on the particle size and
composition. Since 1 µm-diameter polystyrene beads are used throughout this work,
all the values reported in this chapter assume the use of these beads.

5.3.1

Calibration of the QPD signal

The calibration of the QPD signal is performed by recording the QPD signal across
a bead stuck to the glass surface. The bead is moved relative to the trap in all
three directions across the bead centre, in 100 nm steps along x and y, and 200 nm
steps along z, to obtain a 3D map of the QPD voltage response as a function of the
bead position. Figures 5.4a and 5.4b show a 2D map of the QPD signal obtained

Figure 5.4: a) False-colour image of the axial QPD signal (VQPD,z ) measured for a 1 µmdiameter polystyrene particle on the xz plane passing through the centre of the bead. b)
False-colour image of the QPD signal in the x-direction (VQPD,x ) along the xy plane passing
through the centre of the bead. c) VQPD,z along the black line in figure (a). The yellow area
indicates the linear region of the QPD response used to obtain the QPD calibration factor
Sz . d) VQPD,x along the black line in figure (b). The yellow area indicates the linear region
of the QPD response used to obtain Sx .
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through the centre of the bead on the xz and xy planes. As shown in Figures 5.4c and
5.4d, along the axis passing through the particle centre, the QPD signal increases
linearly with the bead displacement for small displacements from the laser focus.
The linearity range, the yellow-shaded area in Figs. 5.4c and 5.4d, is ~400 nm wide
along the lateral direction and ~1 µm along the axial one.
Inside the linear range, the QPD response can be fitted to a straight line (black line
in Figures 5.4c and 5.4d) to obtain a conversion factor S [V/µm], which depends on
the displacement direction and the power of the trapping laser. At a trapping power
at the sample of 250 mW, typically used in our experiments, Sx,y ≈ 4 V/µm and
Sz ≈ 1 V/µm. The particle displacement from the trap centre along the i-direction,
δi , can be measured as:
δi =

0
VQPD,i −VQPD,i

Si

,

(5.2)

0
where VQPD,i
is the QPD signal along i recorded when the particle is at the trap

centre.

5.3.2

Trap stiffness calibration by power spectral density analysis

Several approaches can be used to measure the trap stiffness and thus translate the
particle position into measurements of force applied to the trapped bead [163]. Most
commonly, the Brownian motion of a trapped bead is recorded and analysed.
A microscopic particle undergoes Brownian motion in liquid due to the collision
with thermally excited liquid molecules. This causes the particle to diffuse with a
mean displacement that increases as the square root of the elapsed time, τ:
h|r|i =

√
6Dτ,

(5.3)

where the angle brackets indicate the average over time, |r| is the three-dimensional
displacement of the particle, and D is the diffusion coefficient of the particle.
In the case of a trapped particle, diffusion is limited by the trap’s restoring force
that pulls the bead towards the trap centre. The effect of the trap on the particle
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motion can be used to determine the trap stiffness. Several methods have been employed for this purpose, including the analysis of the autocorrelation of the particle
displacement and the particle’s mean square displacement [83]. We will focus on
the analysis of the power spectral density of the particle position signal.
The thermal motion of a microscopic particle trapped in the optical potential well
can be described by the overdamped Langevin equation, in which the particle inertia
is neglected2 [167]. Considering the one-dimensional case for simplicity:
dx(t)
1 ∂U(x) √
=−
+ 2DWx (t)
dt
γ ∂x

(5.4)

where Wx (t) is the Brownian fluctuating force due to random impulses caused by
the collision with fluid molecules, U(x) = κx (x − xc )2 /2 is the harmonic potential
created by the optical trap of stiffness κx and centred in xc , and γ is the friction
coefficient of the particle. γ is linked to the diffusion coefficient, D, by Einstein’s
relation:
D = kB T /γ.

(5.5)

By applying the Fourier transform to Eq.5.4, we obtain the function describing the
particle position in the frequency domain, X( f ). By squaring the modulus of X( f )
we obtain the power spectral density (PSD) of the bead displacement from the trap
centre, which can be expressed as:
PSDx ( f ) = |X( f )|2 =

1
D
,
2
2
2π fc,x + f 2

(5.6)

where fc,x is the corner frequency for the bead displacement along the x-direction,
defined as:
fc,x =

2πkB T
κx .
D

(5.7)

2 A Brownian particle moving in fluid experiences inertial effects on very short time scales, described

by the momentum relaxation time τm = m/γ, where m is the mass of the particle and γ the dynamic
viscosity of the fluid. For a polystyrene bead of radius 0.5 µm, τm = 0.5 ns, several orders of magnitude smaller than the experimental sampling time (10–100 µs). At this time scale, the direction and
velocity of the particle motion at every frame is independent of the one measured in the previous
frame and thus inertia can be ignored.

5.3. Calibration of the optical trap

163

Figure 5.5: a) Power spectrum density of a trapped particle displacement from the trap
centre along z. b) Power spectrum density of a trapped particle displacement from the trap
centre along x. The blue dots are the experimental data, the orange dots are the result of
the blocking procedure with base 1.3, and the red line is the final fit to Eq. 5.6. The dashed
green line indicates the corner frequency of the fit. The measured stiffnesses in this example
are: κz = 28.2 ± 2.2 pN/µm and κz = 241.4 ± 6.7 pN/µm. The uncertainty is determined
considering the standard error of the fit.

Experimentally, it is possible to numerically compute the fast Fourier transform
(FFT) of the acquired bead displacements from the particle centre due to thermal
fluctuations and fit the data to Eq. 5.6. In this way, it is possible to determine
the corner frequency and thus, the trap stiffness along each direction. It is important to remark that the data points in the FFT are not normally distributed and so
the least-squares fit cannot be directly performed. This problem can be solved by
averaging over many measurements or by grouping the data in blocks with an exponentially increasing multiplicity, a method called blocking [168]. As an example,
using blocking in base 2, starting at the lowest frequency, the first two data-points
are grouped together, then the following four, then the following eight, and so on.
The average value for each block is used in place of the raw data and fitted to Eq.5.6.
Figures 5.5a and 5.5b show examples of the fitting procedure in both the axial, z,
and lateral, x, directions. The raw data from the FFT of the particle position signal,
blue dots, are averaged in exponentially spaced intervals according to the blocking
algorithm (orange equispaced dots) and finally the fit to Eq. 5.6 is performed and
the trap stiffness is obtained.
The power spectrum method has the advantage of analysing the position fluctuations of the trapped particle in the frequency domain, which allows for the filtering
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of low-frequency noise and other noise sources with a well-defined frequency, like
electrical signals from the mains (50 Hz) or ambient mechanical vibrations (few Hz
to 100 Hz). On the other hand, it requires data to be collected at regular intervals
and sampling rates of tens to hundreds of kHz, depending on the trap stiffness. As
an example, for a trap stiffness of 300 pN/µm, a typical value for the optical trap
lateral stiffness, the PSD corner frequency is 5.3 kHz. For an accurate fit, the position data have to be collected at a frequency at least one order of magnitude higher
than fc , as shown in Figure 5.5b.
In addition to the trap stiffness, the QPD voltage-vs-position conversion factor, S,
can be calculated from the power spectrum. This is done by comparing the diffusion
coefficient measured using the PSD of the QPD signal (Dexp ) and the theoretical
diffusion coefficient (Dtheor ). Dexp can be calculated from the value of the power
spectral density at zero frequency (see Eq. 5.6), i.e.:
Dexp = 2π 2 fc2 PSD(0).

(5.8)

The theoretical diffusion coefficient can be calculated from the friction coefficient
of a spherical particle using Einstein’s relation (Eq. 5.5). For a spherical particle
at very small Reynolds numbers (Re  1)3 , which is the case for optically trapped
microscopic particles, the friction coefficient is described by Stokes’ law [169]:
γ = 6πηa,

(5.9)

where η is the dynamic viscosity of the fluid and a is the particle radius. For a 1 µmdiameter bead in water at room temperature (22°C), γ ≈ 10−9 kg/s and Dtheor ≈
3 × 10−4 µm2 /s.
The QPD’s voltage-to-particle-displacement conversion factor, S, can be calculated
3 The

Reynolds number is a dimensionless parameter defined as the ratio between the inertial and
viscous forces acting on a particle in a fluid. It is used to identify the flow regime of the fluid
around the particle. At low Reynolds numbers (Re < 1000) the flow is laminar, while it typically
becomes turbulent for Re> 5000.
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Figure 5.6: a) Distribution of the measured trap stiffness along the x (blue) and z (red)
directions. The data are collected from 150 measurements in deionised water at 22°C, using
1 µm-diameter polystyrene beads at a trapping beam power of 350 mW. The solid lines are
Gaussian fits of the two distributions. b) Plot of the trap stiffness as a function of the power
of the trapping laser (1064 nm) power at the sample in the lateral (blue) and axial (red)
directions. The points represent the mean of 10 measurement and the error bars, partially
covered by the markers, show the standard error of the mean.

as:

s
 
VQPD,x [V]
Dexp
V
Sx
=
=
.
m
xreal [m]
Dtheor

(5.10)

The precision in the determination of the trap stiffness with this method is determined by taking 150 measurements of trap stiffness at 22°C in deionised water,
and using a trapping beam power at the sample of 350 mW. Figure 5.6a shows the
distribution of the measured trap stiffnesses in both the lateral (κx , in blue) and axial directions (κz , in red). Along the lateral direction, the average calculated trap
stiffness is 327 pN/µm. The standard deviation of the stiffness distribution, σdist , is
7 pN/µm (<3% of the mean value). In the axial direction, the stiffness is 39 pN/µm,
and the standard deviation 4 pN/µm (~10%).
Figure 5.6b shows that the trap stiffness increases linearly with the power of the
trapping laser, as expected from theory (section 1.6.2). In particular, in the lateral
directions, the rate of the trap stiffness increase with power is ~1.3 nN/µm/W, while
it is ~0.17 nN/µm/W in the axial direction. The bottom beam is not used in the
measurement.
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Figure 5.7: a) Raw data (blue dots) of the particle displacement from the trap centre in the
x (lateral) direction calculated from the QPD signal (VQPD,x ).The sample is moved in 5 nm
steps, repeated every 1 s (dashed vertical lines). The red line is the average over 2000 points
(20 ms). b) Same as (a) for VQPD,z along the z (axial) direction.

5.3.3

Position resolution of the BFPI system

The minimum bead displacement observable with the back-focal-plane interferometry system is determined by focusing the 1064 nm trapping beam, at 230 mW laser
power, on a bead stuck on the sample glass surface. The nanopositioning stage is
moved in steps of known amplitude from 50 nm to 2 nm, in all three directions. The
smallest detectable step in both the lateral and axial directions is 5 nm, as shown in
Figure 5.7 along x (a) and z (b).
Considering our typical trap stiffness of κx,y ≈ 350 pN/µm in the lateral directions
and κz ≈ 40 pN/µm in the axial, the force resolution of the system is < 1.5 pN in
the lateral direction and < 0.2 pN in the axial direction. As described in Chapter 6,
force spectroscopy experiments on single bonds and the testing of the mechanical
properties of cells require force resolution in the pN range, which is easily achieved
by our setup. In particular, along z, the direction used in the experiments on cells,
our setup guarantees force resolution more than ten-fold higher than that achievable
with atomic force microscopy, which is the standard technique used to apply and
measure forces on adherent cells [170].

5.3.4

Quadrant photodiode sensor

Two types of sensor are usually employed in QPDs: silicon-based and InGaAsbased photodiodes. They mainly differ in the absorption spectrum, as shown in
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Figure 5.8: a) Normalised absorption spectra of silicon (red) and InGaAs photodiodes
(blue), showing the sharp drop in the absorption of silicon for wavelengths longer than
1000 nm. The absorption curve might differ slightly depending on the device. The ones reported here are that of Thorlabs PDQ80A and PDQ30C sensors, respectively. b) Schematic
drawing of the p-n junction used in most photodiodes designs. The light absorbed by the
semiconductor generates an electron (blue circle) and hole (red circle) pair. If the light is
absorbed in the depletion zone, the charge carriers are immediately separated by the electric
field present in the depletion zone. Otherwise, the charge carriers diffuse in the material
before being separated, causing a delay in the sensor response and thus a reduction of the
sensor bandwidth. The plot on the side of the sketch shows how the voltage varies only
inside the depletion zone, generating a localised electric field.

Figure 5.8a. Silicon photodiodes are cheap and widely used in applications with
visible light, such as commercial camera sensors. They are characterised by high
absorption in the visible range with a peak in the near-infrared, at ~900 nm (red line
in Fig. 5.8a). However, the sensor sensitivity drops for wavelengths longer than
1000 nm to below 20% of the absorption maximum. InGaAs sensors, on the other
hand, display an absorption band that extends from 900 nm to 1800 nm (blue line
in Fig. 5.8a).
Although the most common wavelength for the trapping laser in optical tweezer
setups is 1064 nm, the low sensitivity of silicon sensors is usually overlooked. The
power used for trapping is of the order of hundreds of mW, and even the low absorption of silicon sensor guarantees a strong signal. The low cost and availability of
silicon-based sensors explain their widespread use even for infrared optical tweezers [165]. However, the low absorption at 1064 nm reduces the sensor bandwidth,
and, for this reason, an InGaAs sensor is used in our setup.
The reduction in the sensor bandwidth is due to the structure of the photodiode,
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shown schematically in Figure 5.8b. In brief, a photodiode is a p-n junction in which
a voltage is applied to create a shallow depletion area. In this area, the electron-hole
pair created by the absorption of a photon is quickly separated and collected, generating a current proportional to the intensity of the incoming light. In silicon sensors,
due to poor absorption in the near-infrared, most of the light is not collected in the
depletion region but deeper in the semiconductor. Since no electric field is present,
and the generated charge carriers have to diffuse into the depletion zone before being collected. The slow diffusion causes a reduction of the photodiode bandwidth
at high-frequencies, with a corner frequency that depends on the wavelength of the
incident light (5-10 kHz for 1064 nm) [168]. The use of InGaAs sensors results in
the nearly total absorption of the near-infrared light in the depletion zone, which
increases the time-response of the sensor and extending its bandwidth in the MHz
range.
The reduction in the sensor bandwidth has a direct impact on the calibration of the
trap stiffness in our setup as shown in Figure 5.9, in which the PSD of the position
fluctuations of a trapped particle is shown for a silicon sensor (a) and the InGaAs
sensor (b) used in the final design. The corner frequency generated by the trap
restoring force (described in section 5.3.2) is at ~5 kHz. The additional pole introduced by the silicon sensor (dashed grey line in Figure 5.9a) at ~8 kHz complicates
the fit used for the determination of the trap stiffness and compromises its accuracy.

5.4

Harmonicity of the optical trap

The analysis performed in the previous sections relies on the assumption that the
energy landscape created by the trap can be approximated by a harmonic potential.
The harmonicity of the trap potential can be verified, in the proximity of the trap
centre (~30 nm), by observing that the distribution of the particle displacements
from the trap centre describes a Gaussian curve [83]. Since the trapped particle is
in thermal equilibrium with the surrounding fluid, the probability distribution of its
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Figure 5.9: a) Power spectral density (PSD) calculated from the BFPI signal of a trapped
bead measured with a silicon-based QPD sensor. It is possible to observe the additional
pole present at ~8 kHz (grey vertical dashed line). The yellow line further emphasises the
change in the PSD slope, from the theoretical function (Eq. 5.6, red line). b) The use of an
InGaAs sensor removes the additional pole.

Figure 5.10: a) Probability distribution of the position of a trapped particle in the axial
(blue) and lateral (green) directions. The red lines are Gaussian fits highlighting the normal
distribution of the data. b) Energy potential landscape created by the optical trap, calculated
from the position distribution shown in (a) using Eq. 5.12. The red lines are parabolic fits
showing the good approximation to a harmonic potential. Both plots used the same data as
in Figure 5.5.
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position along each axis, P(x), follows the Maxwell-Boltzmann distribution:


U(x)
P(x) = P0 exp −
,
kB T

(5.11)

where P0 is a normalisation factor, and U(x) is the energy potential generated by
the optical trap. For a harmonic potential of stiffness κx , U(x) = κx (x − xc )2 /2, the
displacement distribution describes a Gaussian shape. In addition, by solving Eq.
5.11 for U(x), we can obtain the shape of the trapping potential from the recorded
position distribution as:
U(x) = −kB T log [P(x)] +C,

(5.12)

where C is a constant.
The distribution of the particle displacements from the trap centre in our setup is
presented in Figure 5.10a along both the axial and lateral directions. The trapping
beam power is 230 mW and the power the bottom beam is 280 mW. The displacement distribution shows a Gaussian shape. In Figure 5.10b, the same data is used
to calculate the trapping potential using Equation 5.12. In both directions, the trap
is very well approximated by a harmonic potential, as shown by the parabolic fits
(red lines).

5.4.1

Demonstration of the harmonicity of the trap for large displacement

In the experiments, the trap stiffness is considered to be constant for the whole QPD
linear range (±200 nm along x and y, and ±400 nm along z). Since the Brownian
motion of the particle only extends for tens of nanometres away from the trap centre,
it cannot be used to test if the trap is harmonic for large displacements of the trapped
bead.
To prove the harmonic shape of the trapping potential for large displacements, we
instead observe the response of the trapped particle to a stepwise displacement of
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the sample holder. In the case of a harmonic trap, the maximum displacement of
the particle is linearly proportional to the amplitude of the nanostage step. This can
be observed with both analytical and numerical calculations.
When the nanostage is moved, the sample medium is displaced around the trapped
bead. The drag exerted on the particle is proportional to the velocity of the liquid,
vflu (t). Ignoring for simplicity the thermal fluctuations and considering that the
particle inertia is negligible, we can describe the particle motion as:



dx(t)
−γ
− vflu (t) − κx x(t) = 0,
dt

(5.13)

where x is the particle displacement from the trap centre, κx is the stiffness of the
trap, and γ is the drag coefficient of the particle. In the case of an ideal step, i.e.
if the stage instantaneously moves between two positions, the fluid velocity is an
impulse, vflu = Aδ (t), with the same amplitude, A, as the step. By applying the
Laplace transform to Equation 5.13, the particle response to an impulse can be
determined as:
κx

x(t) = Ae− γ t .

(5.14)

Thus, if the trap is harmonic, the maximum displacement of the bead in response
to a stepwise movement of the sample holder equals the step’s amplitude, before
exponentially decaying back into the trap centre. By increasing the step size, it is
possible to displace the bead further away from the trap centre and measure the
range of positions over which the trap is harmonic.
In experimental conditions, due to the finite time-response of the stage, the sample
motion is not a perfect step. Figure 5.11a, shows the stage displacement in response
to an input square wave for displacements between 1 µm and 30 µm. The electronics in the stage acts as a low-pass filter, and the rise and fall edges present an
exponential dynamics. As already observed in section 2.4, the stage dynamics is
mostly independent of the amplitude of the stage motion. To confirm that, in this
condition, the maximum displacement of a particle trapped in a harmonic potential
depends linearly on the stage displacement, as for the case of an ideal step, we sim-
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Figure 5.11: a) Nanopositioning stage displacement measured with the stage internal sensor in response to a step input signal. The stage has a fast exponential response with minimal overshoot. b) Maximum displacement of a simulated particle in a harmonic trap,
κhar = 40 pN/µm, (red dots) and in a sinusoidal potential that approximates the harmonic
ones for small displacements (blue dots). The experimentally measured position of the stage
(a) are used in the calculation. The inset shows the shape of the two potentials. c) Example
of bead displacement curves recorded when moving the stage in a step-wise motion of amplitude 5, 15 and 25 µm in the z-direction. d) Maximum bead displacement experienced by
a trapped bead under a step-wise motion of the sample as a function of the amplitude of the
sample displacement in both the lateral (green dots) and axial (blue dots) directions. The
trapping laser power is 300 mW, and the bottom laser power is 385 mW. The red lines are
linear fits.
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ulate the motion of a bead in a harmonic trap of stiffness κhar = 40 pN/µm. The
fluid drag used in the simulation is calculated from the experimental values of the
stage position shown in Figure 5.11a. The particle trajectory is calculated solving
the 1D time-discrete overdamped Langevin equation, which is derived from Eq. 5.4
[167]:
xi =

1
1 + ∆t·κγ har

√
(xi−1 + ∆t · vflu ) + 2D∆twi ,

(5.15)

where xi is the particle position along the stage direction of motion at the time,
ti , D is the bead diffusion coefficient, vflu is the velocity of the fluid around the
particle, and ∆t = 10 µs is time step used in the simulation, which matches the
acquisition time of the QPD signal used in the experiments. wi is an independent
random number from a Gaussian distribution with zero mean and unitary variance,
which simulates the Brownian component of the particle motion. Figure 5.11b,
shows the linear increase in the maximum displacement obtained in the simulation
for amplitudes of the stage steps between 1 µm and 35 µm.
In order to observe the sensitivity of the technique to deviation from the harmonic
potential, the displacement of a particle trapped is also simulated in a sinusoidal
potential, Usin , which approximates the harmonic potential for small displacements:


T
2π
Usin =
κhar cos
x ,
2π
T

(5.16)

where T = 5.2 µm is the period of the sinusoidal potential. The potential profile is
shown in the inset of Figure 5.11b. In this case, for large displacements, the force
increases less than linearly with the particle displacement from the centre of the trap
and, thus, the particle is displaced further away from the trap centre when compared
to the harmonic potential case (blue dots in Figure 5.11d). This result demonstrates
the ability of the proposed procedure to detect deviation from the harmonic potential.
The harmonicity range of the trap is tested experimentally by moving the sample
stage with a square wave of frequency 5 Hz. The particle displacement is recorded
at 100 kHz using back-focal-plane interferometry. The power of the trapping laser
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is 300 mW and that of the bottom laser is 385 mW. 1 µm-diameter polystyrene
beads are dispersed in water. Examples of the recorded bead trajectories are shown
in Figure 5.11c. The damped oscillations observed after each step are not present
in the simulation. They are caused by the inertia of the fluid in the sample chamber
and are ignored in the analysis 4 .
The maximum displacement of the particle, measured for stage displacements between 1 µm and 28 µm is shown in Figure 5.11d. The particle is displaced by up to
700 nm in the axial direction (blue dots) and 250 nm in the lateral direction (green
dots) and the displacement linearly increases with the amplitude of the stage movement, i.e. with the increase in the fluid drag, as shown by the linear fits (red lines).
This result confirms that the trap retains a harmonic behaviour over a range comparable to the linearity of the QPD signal, described in section 5.3.1, and hence that
we can assume a constant trap stiffness when measuring forces.

5.5

Measuring wall effects with optical tweezers

All the experiments in this work are performed in the proximity of the sample surface. Close to a flat surface (wall) the drag exerted by the fluid on a particle increases. Intuitively, this is caused by the restriction of the fluid movement between
the particle and the wall. The fluid cannot move freely around the particle and thus
exerts a higher resistance to the particle movement. This effect was first studied by
Faxén, who theoretically quantified the increase in drag for particles in the Stokes’
regime (Re  1). Faxén expressed the variation in the fluid drag as a power series
of the ratio of the particle radius, a, to the distance between the centre of the particle and the wall, s. Truncated at the fifth-order term, the expression for the drag
coefficient in the direction parallel to the wall surface is [171]:
γk =
4 Fluid

1−

γ∞
,
9
1 3
45 4
1 5
16 u + 8 u − 256 u − 16 u

(5.17)

inertia effects are visible in this case as the sample is moved by up to 30 µm in ~10 µs.
The resulting sample speed is few meters per second. During force spectroscopy experiments, the
sample speed is 6 orders of magnitude lower and thus the fluid inertia does not cause any detectable
effect on the particle position.
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Figure 5.12: Reduction of the diffusion coefficient, D, along x and y for a 1 µm-diameter
polystyrene bead approaching a glass slide. Each point represents the mean of 10 measurements, and the error bar the standard error of the mean. The solid line indicates the
theoretical behaviour according to Faxén’s theory (Eq. 5.17). The distance to the surface is
calculated from the bottom of the particle (z = s − a) so that z = 0 corresponds to a particle
in contact with the surface.

.
where u = a/s and γ∞ is the fluid drag at an infinite distance from a wall, which is
described by Eq. 5.9.
The increase in drag does not significantly affect the particle position for particle
velocities of a few µm/s. However, it can lead to significant errors in trap calibration. As described in Equation 5.10, the trap stiffness is calculated by measuring the
corner frequency of the power spectral density of a trapped particle. The calibration
requires the knowledge of the particle diffusion coefficient, which is calculated using Stokes’ law (Eq. 5.9). In the proximity of the surface, the wall effects become
prominent and Eq. 5.9 is no longer valid, with a ~40% increase in the drag coefficient at a distance of 1 particle radius from the surface. The calibration procedure,
thus, results in the determination of the wrong trap stiffness. For this reason, during
the experiments, the trap stiffness is always measured at a distance of more than 5
times the particle diameter from the surface, where wall effects are < 5%, comparable to the uncertainty of the trap stiffness calibration.
However, the sensitivity of the trap calibration process to the distance between the

5.6. Control of the axial position of the particle within the trap

176

particle and the surface can be used to measure the reduction in the particle diffusivity due to wall effects, and hence to experimentally verify Faxén’s formula. The
trap stiffness in the direction parallel to the wall surface is firstly determined away
from the surface (κ∞ ) for a trapping laser power of 230 mW. Then, the particle is
brought into contact with the surface and pulled away by the desired distance. In
this position, the trap stiffness is measured again (κwall ). Since no other experimental parameter is changed, the apparent variation in the trap stiffness can be used to
determine the change in the diffusion coefficient using the relationship:
Dk
κwall
=
,
D∞
κ∞

(5.18)

where Dk = kB T /γk is the diffusion coefficient of the particle in the proximity of
the wall. The procedure is repeated for distances between 0.3 µm and 3 µm, and
the trap stiffness is measured 10 times for each axial position. The mean measured
stiffnesses in both the x and y directions are plotted in Figure 5.12 against the distance of the particle from the surface (z = s − a). The theoretical value predicted by
Faxén’s formula is also plotted and shows a very good agreement with the experimental results.

5.6

Control of the axial position of the particle within
the trap

With a single trapping beam, the radiation pressure displaces the position of the trap
centre from the beam focus in the direction of light propagation, as shown in Figure
5.13a. This displacement is determined by the ratio between the gradient force and
the scattering force produced by the beam (see section 1.6.2). It thus depends on
the effective numerical aperture of the trapping objective and cannot be easily controlled during experiments. The shift in the trap position moves the particle away
from the point of maximum light intensity and reduces the maximum bead displacement obtainable before the bead escapes the trap, as shown schematically with the
dashed black circle in 5.13a.
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Figure 5.13: a) Sketch showing the downwards displacement of the trap centre from the
laser focus in a single-beam optical trap due to the scatting force (Fs ). The bead moves
away from the point of maximum light intensity and towards the edge of the volume where
trapping is possible (trapping volume). b) A counter-propagating beam (purple) balances
the scattering force and allows control of the particle vertical position in the trap. c) The
mildly focused bottom beam shields the trapped particle from other beads diffusing in the
proximity of the trap, by pushing them away with its radiation pressure.

In our setup, the problem is particularly significant as the trapping objective presents
a numerical aperture of 1.1, which is quite modest for optical trapping. Moreover,
the use of an upright geometry makes a single beam trap particularly unsuitable for
the generation of vertical pulling forces onto a horizontal substrate. As shown in
Figure 5.13a, the scattering force pushes the bead downwards towards the sample
surface. When the bead is bound to the substrate, and the trap is moved upwards
to exert a pulling force, the particle is displaced even further away from the area of
maximum light intensity, which causes the bead to escape at low forces and thus,
hinder the ability to testing molecular interactions on the cell surface.
In addition, the linear regime of the QPD (section 5.3.1) is centred around the position of the laser focus. The displacement caused by the radiation pressure moves
the bead towards the edge of the linear range. This complicates the determination
of the particle position, and thus, the interpretation of the experimental data.
Gravity also contributes to the particle displacement, but for 1 µm-diameter
polystyrene beads (ρPS = 1050 kg/m3 ) used in this work, the buoyancy of the beads
almost completely counteracts the effect of gravity, and the resulting gravitational
force is negligible (Fg = 0.26 fN).
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Because of the above, we implemented a 2-beam design that allows for the precise
control of the axial position of the trap centre relative to the trapping beam focus,
allowing for the application of vertical tensile forces onto the sample substrate, e.g.
adherent cells. The control of the axial position of the trap centre is achieved with a
second counter-propagating beam (bottom beam), as described in section 5.1. The
bottom beam, 1.5 mm in diameter at the objective entrance aperture, is weakly focused on the particle to match the position of the trapping beam focus. The beam
waist at the sample is 2.1 µm. The light from the bottom beam exerts an upwards
radiation pressure that counters the downward displacement caused by the top trapping beam and moves the bead position towards the focal spot, as shown in Fig.
5.13b.
The position of the particle can be controlled by varying the relative powers of the
top and bottom beams. As shown in Figure 5.14a, the position of the bead depends
linearly on the power of the bottom beam allowing for the control of the trap position with a resolution of ~20 nm, and over a range >700 nm. The exact range, as
well as the sensitivity of the particle position to the bottom beam power, depends
on the stiffness of the trap, and ultimately on the power of the trapping beam. In
the case shown in Figure 5.14, for a trapping laser power of 250 mW, the measured
sensitivity is 1.6 µm/W. In Figure 5.14b, the position assumed by the particles during the Brownian motion inside the optical trap are shown for various powers of
the bottom beam (65 mW, 175 mW, 310 mW and 400 mW). This shows how the
displacement caused by the bottom beam is several times larger than the uncertainty
over the particle position due to Brownian fluctuations.
Although not able to generate enough forces to trap a particle, the presence of the
bottom beam affects the trap stiffness in both the lateral and axial directions. This
is due to the light intensity gradient created by the focusing bottom beam, which
attracts the dielectric particle increasing the trap stiffness, as described in section
1.6.2. The influence of the bottom beam on the trap stiffness has to be considered
in the trap calibration, but it does not compromise the harmonicity of the trap, as
shown in section 5.4. It also does not influence the linear dependence of the trap
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Figure 5.14: a) Mean axial position of a 1 µm-diameter polystyrene particle in the optical
trap for powers of the bottom beam at the sample between 0 mW and 450 mW. b) 3D plot
describing the positions assumed by the trapped bead due to Brownian motion at the power
of the bottom beam corresponding to the same colours in (a). For clarity, the scale on the x
and y axis is enlarged 5 times compared to z.

stiffness on the power of the top trapping beam. The two beams have different
wavelengths, and they do not interfere, hence their effects on the particle can be
treated as independent.
We test the effect of the bottom beam on the trap stiffness by varying the bottom
beam power between 140 mW and 350 mW while using a power of 200 mW for
the trapping laser. Five measurements are performed at each power. The results
are shown in Figure 5.15 in both the lateral (a) and axial directions (b). In both
cases, the trap stiffness increases linearly with the bottom beam power, as expected
from theory: between 298 ± 5 pN/µm and 418 ± 3 pN/µm along x (slope linear fit: 600 pN/µm/W), and between 32 ± 1 pN/µm and 45 ± 1 pN/µm (slope:
70 pN/µm/W). The uncertainty values reported indicate the standard error of the
mean. The small saturation effect observed for the trap stiffness is present in both
directions at a bottom laser power of 350 mW. This is attributed to the bead being
displaced away from the QPD linearity and trap harmonicity ranges.
A second practical advantage of the bottom beam is the ability to prevent additional
unwanted particles from entering the trap. In the absence of the bottom beam, even
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Figure 5.15: a) Plot of the measured trap stiffness as a function of the power of the bottom
beam along x. b) Plot of the measured trap stiffness as a function of the power of the bottom
beam along z. In both cases, the power of the trapping laser is 200 mW. The trap stiffness
linearly increases with the bottom power due to the gradient force applied by the weakly
focused beam. Five measurements are taken at each power, and the error bars indicate the
standard error of the mean.

when a bead is trapped, other particles present in the solution can be attracted by the
trapping laser beam and fall into the optical trap. The presence of multiple beads
changes the properties of the trap and doesn’t allow a reliable determination of the
applied force. The beads have to be released by interrupting the trapping laser, and
a new single bead has to be trapped before continuing the experiments. This causes
delays which can significantly lengthen the experimental time.
As shown in Figure 5.13c, the bottom beam has a larger waist at the focal point
that the trapping one (~2 µm compared to ~400 nm). This results in the bottom
beam exerting radiation pressure over longer distances from the optical axis than
the trapping one, few micrometres away from the centre of the trap. If a particle, in
its random motion, approaches the trap, it is accelerated away by the radiation pressure of the bottom beam before being attracted by the tighter optical trap, generated
by the top trapping beam, and it is thus pushed away. This process does not guarantee the complete screening of the optical trap. However, it increases the average
time a single bead is maintained in the trap before attracting a second particle, even
at relatively high particle concentrations. This ultimately results in more efficient
use of the experimental time and an overall reduction of the experiment duration.
Finally, the bottom beam can be used to maintain a stable alignment between the
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top and the bottom objectives, which is crucial in achieving precise tracking of the
particle position through back-focal-plane interferometry. The bottom beam waist
is much larger than the trapped particle, hence the beam is not strongly deflected by
the presence of the particle. This makes it insensitive to the particle position and
allows its use for the detection of misalignments of the two objectives. The bottom
beam is collected by the top objective and imaged onto a CMOS camera (CMOS2
in Figure 5.1). The position of the spot is tracked by dedicated Labview software,
described in section 5.8.2, and it is used to correct for any drift in the bottom objective alignment.
The drawback of using a second beam is the increase in the radiation intensity on
the sample. The potential sample photo-damage is minimised by the careful choice
of the laser wavelength, 835 nm. This wavelength has been shown in the literature
to maximise the survival of optically trapped cells [172] and bacteria [173]. Moreover, it minimises the sample heating due to the low absorption of water in this
spectral region [174]. The linearity of the measured trap stiffness with the power of
both lasers, shown in Fig. 5.6 and Fig. 5.15, additionally, indicates that no significant change in the water viscosity, and hence of its temperature, is observed in the
experiments.

5.7

Magnetic Petri dish mount

The custom sample holder described in Chapter 3 can be used for optical tweezer experiments as well, and it is employed in the experiments presented in section 5.10,
when the integration with the light-sheet illumination is required. However, the
sample holder needs to be cleaned and resealed every time the sample is changed.
This is impractical and causes unnecessary delays during the conduction of experiments. For this reason, when only the optical tweezer setup is in use, commercial
35 mm-diameter glass-bottom Petri dishes (glass thickness: ~160 µm) are employed
to contain the sample.
In order to achieve single-molecule resolution, the dish movement has to be minimised. For this reason, a custom aluminium sample mount is designed to secure
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Figure 5.16: a-b) Technical drawing of the sample mount bottom support plate (a) and
clamp (b). c) Computer-generated render showing the sample holder system with the top
objective, in the configuration used during the experiments. d) Schematic representation of
the sample mount mechanism. The bottom plate holds the Petri dish while the top clamp
prevents it from moving, thanks to the magnetic attraction between the neodymium magnets
and the set screws.

the Petri dish onto the nanopositioning stage. This component is designed in SolidWorks and manufactured by the AMOPP workshop at UCL. The technical drawings
of the component are shown in Figures 5.16a and 5.16b, alongside a computergenerated render showing how the sample can be approached by the top objective
when placed in the holder (Fig. 5.16c).
The mount is composed of two parts, a bottom plate that supports the sample (Figure 5.16a), and a clamp that locks the Petri dish in position (Figure 5.16b). The
bottom plate presents a central hole, 30 mm in diameter, which allows the access of
the bottom objective to the sample and a concentric groove, 5 mm deep and 37 mm
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in diameter, for the correct positioning of the Petri dish. Six aluminium pillars, held
by M3 mounting screws, connect the bottom plate to the nanopositioning stage. The
clamp features a central hole, 35 mm in diameter, that allows the immersion of the
top objective into the Petri dish.
The two components are connected magnetically, as shown in Figure 5.16d. Four
disk-shaped neodymium magnets (6 mm in diameter and 3 mm high) are glued in
dedicated housing holes onto the bottom plate. Four iron set screws are housed in
the clamp to match the position of the magnets on the bottom plate. The screws
are attracted by the magnets and hold the two parts together, clamping the Petri
dish. The height of the clamp can be adjusted by varying the vertical position of
the iron screws, which allows for the use of Petri dishes of different heights. The
magnetic interaction is strong enough to prevent the motion of the Petri dish, while,
at the same time, the two parts can be separated easily by hand, which allows for
comfortable mounting of the sample.

5.8

Operating software and user interfaces

The setup is operated via a bespoke software package written in LabVIEW. Three
main programs and user interfaces (VIs) allow for the control of the sample stages,
the data acquisition, the automatic control of the objective alignment, and the visualisation of the brightfield image of the trapped bead. They are described in detail
in the following sections.

5.8.1

Microscope control

A first VI allows for the control of the microscope for optical tweezer experiments.
A screenshot of the VI user interface is shown in Figure 5.17. The VI controls the
sample mounting and positioning, and it records the quadrant photodiode signal in
real-time. In this way, after mounting the sample, the microscope can be operated
with the software, while keeping it entirely enclosed in the aluminium shell described in Chapter 2. This prevents the creation of mechanical vibrations and air
currents and thus minimises the experimental noise.
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Figure 5.17: Screenshot of the user interface of the VI used to control the microscope setup.
The image shows the tab used to automatically approach the substrate.

An automatic routine is implemented to mount the sample by pressing the “mount”
button on the user interface. First, the sample holder is moved towards the top objective using the micropositioning stage. When the sample is in place, the bottom
objective is moved upwards to match the focal plane of the top objective. Since both
the top and bottom objectives need to be immersed in water, during the mounting
motion, both the bottom objective and the stage exceed the final position by 0.5 mm.
This ensures the creation of a water meniscus both on top and below the sample. The
motion is then inverted, and the final operating position reached. When the sample
mounting is completed, fine adjustments of the stage and objective positions can
be made by the user by remotely controlling the micro- and nanopositioning stages
as well as the linear translation stage that moves the bottom objective in the axial
direction (section 2.5).
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In addition, the software allows for the remote control of the mechanical shutter
present in the optical path of the bottom beam. The control of the bottom-beam
shutter is required since, as described in section 5.6, the bottom beam prevents the
trapping of a bead, and it has to be switched off when loading a new particle into
the trap.
Finally, the software allows for five automated operation modes which are used in
the calibration of the trap stiffness and of the QPD signal, as well as to perform
force spectroscopy experiments. These operation modes are:
• Line scan: Performs a line scan along any direction. The inputs required are
the start and end coordinates and the number of steps. The QPD signal is
measured at each position and displayed in real-time.
• Area scan: Records the QPD signal while performing a raster scan on the xy,
xz or yz planes. The inputs required are the centre of the area scan, its range in
each direction and the step size. The QPD signal is acquired at each position
at 100 kHz, and 100 samples are averaged to reduce the experimental noise.
The readings of all the three QPD channels are displayed in real-time.
• Volume scan: Performs a 3D volume scan of the sample while recording the
QPD signal. The settings are the same as for the area scan. The QPD reading
is not shown in real-time, but only at the end of the scan. After the scan, for
each QPD channel, it is possible to visualise the results of the measurement
at any section of the volume scan on the xy, xz or yz planes.
• Approach: This is the protocol used in dynamic force spectroscopy experiments in order to apply pushing and pulling forces on the substrate. In brief,
it runs the following sequence: the sample is moved along one of the axes at a
constant speed, then the motion is stopped and reversed. The user can adjust
the length of the forward and backward motion and the waiting time before
the inversion of the sample motion. Other parameters that can be controlled
are the velocity of the stage, the QPD acquisition rate and the size of the steps
used in the motion of the nanopositioning stage.
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The VI automatically detects the moment when the trapped bead makes contact with the substrate. This is achieved by monitoring the QPD signal in the
direction of motion during the approach. Two parameters are analysed: the
deviation of the QPD signal from the initial value and the reduction of the
standard deviation of the QPD signal. In the first case, the signal variation
indicates that the bead is moving away from the trap centre, i.e. the normal
force exerted by the substrate is acting on it. In the second case, the software
detects the reduction of the particle’s Brownian motion caused by the friction
with the sample surface.
In addition, the software allows for the automatic repetition of the approach
at the same position or in a raster scan along one or two directions. The steps
and range of the scan are set by the user, as well as the number of repetitions. The signals from all three channels of the QPD signal are displayed in
real-time during the approach.
• Square wave: Records the QPD signal while driving the nanopositioning
stage between two positions along one of the axes. The user can set the amplitude, frequency, duration and direction of the stage movement, and the QPD
acquisition rate. This operation mode is used to drive the stepwise motion of
the nanopositioning stage used in the determination of the trap harmonicity
range in section 5.4.1.
If the step amplitude is set to zero, no motion of the stage is performed, and
the software records the Brownian motion of the particle in the optical trap.
This is used for the calibration of the trap stiffness.
• Wavefunction: Similarly to the previous operation mode, it records the QPD
signal while the sample is moved according to a sinusoidal wave. This mode
can be used to apply periodic stimulations to the substrate in microrheology
experiments.
The QPD signal measured during the five routines, as well as the sample position
and the settings used in the acquisition, are saved as text files to be further analysed
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with custom Matlab scripts (see section 7.2).

5.8.2

Alignment of the infrared beams

A second LabVIEW VI, shown in Figure 5.18a, is employed to maintain the stable
alignment between the top and bottom objectives, and thus the alignment between
the trapping and bottom beams. This is the software that controls the feedback
loop on the position of the bottom objective, described in section 2.5. The software
continuously acquires the image of the bottom-beam focal spot using the camera
CMOS2 in Fig. 5.1 at 1 frame per second. For each frame, a threshold is applied
to the acquired image to convert it into binary and isolate the laser from the background, as shown in Figure 5.18b. The software then calculates the centroid of the
beam on the xy plane. The threshold level, as well as the camera exposure time,
are set by the user to obtain a single central spot over a dark background, as shown
in Figure 5.18b. When the feedback loop is activated, the position of the beam
centroid is saved and used as a reference for every successive frame. A maximum
distance between the current beam spot position and the reference position is set
by the user, in pixels. A displacement of 5 pixels, corresponding to ~300 nm, is
typically used during the experiments. If the maximum displacement is exceeded
in any of the two directions, the software automatically moves the bottom objective
to correct the infrared beam position.

Figure 5.18: a) Screenshot of the main tab of the user interface of the LabVIEW VI used
in to maintain a stable alignment between the top and bottom objectives. b) Screenshot
showing the threshold image used to calculate the 835 nm laser focus position.
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The VI also allows for the manual movement of the bottom objective during alignment. The position can be controlled using the dedicated controls in the user
interface or the arrow keys on the computer keyboard. When the manual control of
the objective is activated, the automatic feedback loop on the position is halted. The
software would otherwise counteract the user movement to maintain the previously
set position.

5.8.3

Brightfield image acquisition

Finally, a third VI is used to display the brightfield image of the sample and the
trapped particle (Figure 5.19). The VI controls the camera frame rate and exposure
time as well as the selection of a region of interest. In addition, it controls the
black and white levels of the acquired image in real-time. This reduces the dynamic
range of the image but significantly increases the contrast to allow clear imaging of
adherent cells, as described in section 2.2. In addition, the software allows saving
of the acquired images in JPEG, PNG and TIFF formats. Finally, a marker can be
used to identify the position of the optical trap on the displayed image as a reference
during the use of the optical tweezer setup (red circle in Fig. 5.19).

5.9

Trap stiffness stability

An essential requirement for the setup to be able to perform force spectroscopy
experiments is the stability of the trap stiffness over time. Three major factors contribute to it: i) the power stability of the top and bottom lasers; ii) the alignment of
the two beams; iii) the properties of the trapped particle and the medium.
The stability of the laser power can be assessed by measuring the laser power over
time. Both the top and bottom lasers show power fluctuations < 0.1%. The alignment between the two laser beams is maintained automatically by the software described in section 5.8.2 with sub-µm resolution.
The trapped particle has to maintain stable optical and physical properties under exposure to the trapping laser. This is the case for materials transparent to the near-IR
such as polystyrene and glass. Moreover, the variability of the particle size within
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Figure 5.19: Screenshot of the user interface of the LabVIEW VI used to observe the microscope brightfield image. The red circle superimposed to the image indicates the position
of the optical trap.

the same batch has to be reduced to a minimum. The trap stiffness is calculated
from Eq. 5.7. The theoretical diffusion constant used in the calculation depends on
the particle diameter (Eq. 5.9) and thus the error in the determination of the particle size results in error in the measurement of the force acting on the bead. The
uniformity in the particle diameter varies considerably between products and manufacturers, with some products declaring a relative uncertainty in the bead diameter
of more than than 10%. In all the experiment presented in this work, particles with
size dispersion lower than 1% are employed to reduce to a minimum the error in the
trap calibration. Additionally, the trap stiffness is measured every time a new bead
is trapped to ensure the consistency of the trap stiffness between beads.
Finally, the properties of the medium used during the experiments should not vary
over time, e.g. viscosity, pH and temperature. Changes in the medium properties
can be caused by the reaction of the medium components to the infrared light or by
the experimental conditions. Change in the bulk properties of the medium due to
chemical reactions photo-activated by the infrared beam are highly unlikely, given
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Figure 5.20: Normalised trap stiffness measured over time in various media: a) deionised
water at 22°C, b) DMEM + 10% FBS + 20 mM HEPES + 40 mM bicarbonate at 37°C,
c) DMEM + 10% FBS at 22°C, d) DMEM without FBS at 37°C, e) DMEM + 10% FBS at
37°C with an evaporation-preventing sleeve, and f) DMEM + 10% FBS + 40 mM HEPES +
4 mM bicarbonate with an evaporation-preventing sleeve. Each bead is represented with a
different colour. While sudden reductions in the trap stiffness are an indication of a second
bead entering the trap, progressive degradation of the trap stiffness is present in cell medium,
especially in (b) and (e). The laser power is 300 mW for the trapping laser and 385 mW for
the bottom one.
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the small volume occupied by the trapping laser when compared to the total volume
of the sample. More significant is, instead, the effect of the experimental conditions,
i.e. the sample temperature, pH buffering system and chamber humidity. Changes
in the sample temperature can alter the medium viscosity, and, for this reason, the
temperature is controlled to within ±0.2°C with the temperature-control box described in section 2.6. On the other hand, the variation of pH and salt concentration,
caused by the sample evaporation and ineffective buffering, can substantially alter
the structure and behaviour of biological macromolecules and especially of proteins, which can denature and aggregate [175].
The experiments on cells are conducted at 37°C and without control of carbon dioxide (CO2 ) concentration and humidity in the air. The impact of this experimental
conditions on the stability of the trap stiffness is tested by measuring the trap stiffness over time in different sample media, deionised water and commercial cellculture medium, and at temperatures of 22°C and 37°C. In order to extract the trap
stiffness for each particle, the Brownian motion of trapped particles is measured for
1 s at an acquisition rate of 100 kHz, and the power spectral density of the signal is
analysed as described in section 5.3.2.
As shown in Figure 5.20a, the trap stiffness remains stable in deionised water over
time. However, this is not the case for measurements in cell medium. The resulting
variation in the trap stiffness can be observed in Figure 5.20b, in which, the stiffness
of the optical trap is measured for one hour in Dulbecco’s modified Eagle medium
(DMEM) with the addition of 10% fetal bovine serum (FBS) at 37°C. After an initial period of relative stability, the trap stiffness quickly decays at an average rate of
~10% per minute. When a new bead is trapped, the initial trap stiffness is recovered
only to fall at the same decay rate. The same behaviour is observed in both glass
and polystyrene beads, and it does not depend on the particle functionalisation, i.e.
the molecules conjugated on the bead surface, and on the powers of the top and
bottom beams.
For force-sensing experiments, the particles have to be trapped and brought above
the sample, which usually takes up to a few minutes. The sample has to be tested
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Figure 5.21: a) Brightfield image of a protein aggregate trapped by the optical trap.
b) Brightfield image of a 1 µm-diameter bead in the optical trap.

for tens to hundreds of times to acquire a statistically significant set of data (see
Chapter 7). For this reason, the time-scale of the experiments is >1 hour, and each
bead is maintained in the trap for several minutes. Over this time, the trap stiffness
has to be maintained stable. This is not possible in the conditions reported in Figure
5.20b.
On the other hand, the trap stiffness is maintained stable over time if the measurement is performed at room temperature (22°C, Fig. 5.20c) or in the absence of
proteins in the medium, i.e. in DMEM without the addition of FBS (Figure 5.20d).
The decrease in measured trap stiffness with time in the trap stiffness is attributed
to the aggregation of proteins due to the increase in ionic strength and the alkalinisation of cell medium over time. These variations in the medium properties are
caused by evaporation and by the insufficient buffering of the medium pH. Protein
aggregates are attracted to the optical trap and can be observed in brightfield images, as shown in Figure 5.21a. Due to their small size (<200 nm), they cannot be
easily visualised in the presence of a trapped bead (Fig. 5.21b). However, when in
the trap, they change the size, shape and optical properties of the trapped particle
and cause a significant variation in the measured trap stiffness.
The reduction of the sample evaporation alone does not solve the decay of the trap
stiffness, as shown in Fig. 5.20e. On the other hand, the use of an appropriately
buffered medium together with minimisation of the evaporation slows the rate at
which the trap stiffness decreases to ~2% per minute, although, it does not completely eliminate it (Fig. 5.20g).
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The stability of the trap stiffness is of fundamental importance for the correct determination of the forces applied on the substrate and, ultimately, to eliminate systematic errors in the study of the response of the substrate to mechanical stimuli. This
subject is, however, often overlooked in the literature when using optical tweezers,
for which the trap stiffness is given as a parameter and assumed constant during the
experiments. Our results indicate that great care has to be used when considering
the possible causes of variation of the system performance and how they can be
minimised. In the following sections, we describe in detail the causes of the change
in pH and ionic strength of the sample medium, as well as the approaches taken to
minimise these problems.

5.9.1

Control of the medium pH

In cell culture, the pH of the medium is usually buffered by maintaining the sample
in 5% CO2 atmosphere. The cell medium contains bicarbonate ions (HCO3+ ) at a
concentration of 40 mM. In the presence of CO2 , the bicarbonate keeps the pH of
the solution at 7.4, via the bicarbonate buffer system:
–
+
−−
*
−−
*
CO2 + H2 O )
−
− H2 CO3 )
−
− HCO3 + H .

In the absence of CO2 , however, the equilibrium is shifted toward the left of the
equation, and the solution quickly turns alkaline (pH>8).
As the temperature-control box in our microscope is not sealed (section 2.6), a 5%
CO2 controlled atmosphere is not maintained near the sample. In these conditions,
HEPES buffer can be employed instead to buffer the medium. HEPES is a CO2 independent buffer that is able to maintain a neutral pH in the absence of bicarbonate.
However, the bicarbonate buffer is also the mechanism employed by mammalian
cells to maintain a constant pH. In the absence of bicarbonate, the overall pH of the
solution is maintained, but cells fail to control the pH locally [176]. Moreover, bicarbonate ions are used by a variety of ion transporters and other cellular processes,
which makes it an essential component of the cell medium [177].
The absence of bicarbonate might compromise the cell viability and hence the va-
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Bicarbonate
conc.
1 mM
3 mM
5 mM
7 mM
10 mM

HEPES 25 mM
60 h
144 h
7.2
7.2
7.3
7.2
7.5
7.3
7.6
7.5
7.8
7.7
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HEPES 40 mM
60 h
144 h
7.0
7.2
7.1
7.1
7.1
7.2
7.3
7.3
7.4
7.4

Table 5.2: pH readings of the cell medium used to culture cells at HEPES concentrations of
25 mM and 45 mM, and bicarbonate concentrations of 1 mM, 3 mM, 5 mM, 7 mM, 10 mM.
The pH is measured 60 hours and 144 hours after cell seeding.

lidity of the experimental data. For this reason, the cell viability in the absence
of bicarbonate is tested by culturing cells in bicarbonate-free DMEM containing
30 mM HEPES and an additional 10 mM of sodium chloride to maintain the correct
ionic strength. While cells initially spread on the substrate, which indicates that the
conditions are suitable for their short-term survival, they fail to grow and duplicate.
The cells eventually die after less than a week.
An adequate balance between bicarbonate and HEPES concentration is determined
by testing cell viability and pH stability while varying the concentration of the two
buffering agents. Cells are seeded in 6-well plates (~3 × 105 per well), in DMEM +
10% FBS with the addition of 25 mM or 45 mM HEPES and bicarbonate concentration between 1 mM and 10 mM. The cells are kept at 37°C and 100% humidity
in a cell incubator at atmospheric levels of CO2 (~400 parts per million). The cell
viability and growth are assessed by visual inspection under a low magnification
brightfield microscope, and the pH is tested with a digital pH meter (Accumet AE6,
Fisher Scientific) 60 hours and 144 hours after cell seeding.
The measured pH values and the concentrations of HEPES and bicarbonate tested
are shown in table 5.2. The pH is stable over time at all HEPES and bicarbonate
concentrations, and it is maintained in the 7.0–7.8 range, which is suitable for cell
growth [178]. The increase in HEPES concentration causes a mild reduction of the
pH, while higher concentrations of bicarbonate turn the medium mildly alkaline.
The cells display a stable growth in all the media tested, and they reach 100% con-
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Figure 5.22: a) Brightfiled image of the NIH 3T3 fibroblasts in DMEM containing 40 mM
HEPES and 5 mM bicarbonate, 60 hours after cell seeding. b) Brightfiled image of the same
sample, 144 hours after cell seeding.

fluency5 within 144 hours for all bicarbonate concentrations but 1 mM, for which
cell growth appeared slower than in the other samples. No sign of cell distress, e.g.
a large number of cells displaying a round shape or detaching from the substrate,
is observed in any of the samples. As an example, images of cell growth in the
medium with 40 mM HEPES and 5 mM bicarbonate after 60 hours and 144 hours
form cell seeding are presented in Figure 5.22.
The analysis presented here indicates that even low concentrations of bicarbonate
(>1 mM) are sufficient to guarantee cell viability and growth in the absence of a 5%
CO2 atmosphere when the medium pH is buffered using HEPES. For this reason,
all experiments conducted with living cells are performed in DMEM supplemented
with 10% FBS and containing 40 mM HEPES and 4 mM bicarbonate.

5.9.2

Control of the evaporation and ionic strength of the
medium

A second important problem with biological samples is maintaining the physiological ionic strength (160 mM). Ions are fundamental for cell survival, as they are
involved, among other things, in cell signalling, in the establishment of the transmembrane electrical potential and in the activation of enzymes [179]. In addition,
the ion concentration of the medium is one of the main factors determining the os5 In

cell culture, confluence indicates the percentage of the culture dish covered by adherent cells.
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Figure 5.23: a) Evaporation of DMEM (10% FBS and 35 mM HEPES) measured at 22°C
(yellow), and inside the temperature-controlled box at 37°C, both in an open dish (blue) and
below the objective with the plastic sleeve at 37°C (red). The initial total volume is 3 ml
and 35 mm petri dishes are used to contain the medium. b) Electrical conductivity of the
same samples as in (a).

motic pressure across the cell membrane and hence membrane tension [180].
In order for the ion concentration to be maintained constant, the evaporation of the
medium has to be minimised. In cell incubators, evaporation is prevented by circulating air saturated with water vapour6 inside the incubator chamber. However, this
is impossible in our setup. The sample holder cannot be enclosed due to the need to
immerse the top water-dipping objective in the medium. Moreover, the air humidity
inside our temperature-controlled box cannot exceed 50%, due to the sensitivity to
condensation of the piezoelectric elements in the nanopositioning stage.
We measure the evaporation rate by monitoring the reduction in mass of the sample. 3 ml of DMEM are placed in 3.5 cm-diameter Petri dishes, and the samples are
weighed on an analytical balance (Fisherbrand, resolution: 0.1 mg) at 30 minute
intervals for 2 hours. The evaporated volume is calculated by dividing the mass loss
by the medium density (~1 g/ml).
As shown in Figure 5.23, at room temperature (22°C) the evaporation of the cell
medium in an open dish is negligible (<1 µl/min) over few hours, the typical length
of the force spectroscopy experiments. The evaporation becomes much more sig6 The

concentration of water vapour in the air is usually expressed in terms of relative humidity, i.e.
the ratio between the partial pressure of water vapour in the air and the equilibrium vapour pressure
of water at a given temperature and pressure. When relative humidity is 100%, the air is referred to
as saturated. Any addition of water vapour or reduction in temperature, in this condition, results in
water condensation.
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nificant at 37°C (blue dots in Figure 5.23). After two hours, a dish without lead
loses ~700 µl, 25% of the initial volume. Since the number of ions remains constant
in the solution, the value of the ionic strength, Ic , in time can be calculated as:
Ic (t) = Ic,0

Vflu (0)
,
Vflu (t)

(5.19)

where Ic,0 is the initial ionic strength of the sample and Vflu (t) is the volume of fluid
in the sample at time t. In the case of a 25% decrease in the medium volume, the
ionic strength of the solution increases by ~30%, which compromises cell viability and the validity of the experimental results. Although the presence of the top
objective reduces the liquid surface in contact with air and reduces the evaporated
volume to ~300 µl after two hours, evaporation remains a significant problem.
In order to reduce the evaporation to a minimum, a loose plastic sleeve covering
the sample is mounted on the objective (Figure 5.24a). The sleeve is maintained in
contact with the sample holder by a plastic ring, as shown in Figure 5.24b, but it is
not fixed to it. In this way, it allows the movement of the sample without causing
instabilities in the position of the top objective. The sleeve isolates the air around
the sample. In this way, when the medium starts to evaporate, the humidity inside
the sleeve quickly increases close to saturation. This reduces the evaporation rate
to <1 µl/min, similar to the rate measured at room temperature (red line and dots in
Fig. 5.23a).
In addition to measuring the evaporation, the ionic strength of the solution is investigated by measuring the conductivity of the medium with a digital conductivity
meter (Hanna Instruments, HI 99300). As shown in Figure 5.23b, the medium conductivity closely follows the evaporation pattern. The conductivity slowly increases
over time at room temperature (~0.6 mS/hour), while the rate is increased by a factor of 5 at 37°C to ~3 mS/hour. When the sleeve is used, the increase in conductivity
at 37°C is similar to that observed at room temperature, ~0.6 mS/hour.
It is important to remark that the sleeve does not entirely prevent evaporation, and
the ionic strength does vary slightly over time. The exact variation of the ionic
strength depends on the sample volume, as the evaporation depends on the fluid
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Figure 5.24: a) Plastic sleeve mounted onto the top objective to reduce the evaporation of
the sample medium. b) Sketch of the sample holder with the two objective and the plastic
sleeve, showing how the sleeve isolates the air around the sample. This allows for humidity
level close to 100% with minimal evaporation of the medium.

surface in contact with air. In particular, the increase in ionic strength is inversely
proportional to the medium volume. In our experiments, 3 ml of cell medium are
used as a compromise between the minimisation of the evaporation and the sample
mounting ease, i.e. the prevention of spillages. For a volume of 3 ml, the rate of
increase in the ionic strength is 6% per hour. For this reason, when performing
experiments on cells, the sample is changed every 2 hours in order to prevent the
occurrence of significant variation in the medium properties that might alter the cell
functionality.

5.10

Photobleaching dynamics of a trapped bead

In this section, we present a demonstration of the simultaneous use of light-sheet
fluorescence microscopy and optical tweezers to observe the bleaching dynamics
of fluorescent beads trapped by the optical tweezers. Photobleaching is the alteration of the chemical structure of a fluorescent dye induced by the excitation light,
which makes it unable to fluoresce [181]. Photobleaching, as already discussed in
section 4.2.3, is a significant concern in fluorescence imaging, as it produces a loss
of signal with time, which limits the duration of observations. In addition, photobleaching poses a limit to the maximum intensity of the excitation light. While the

5.10. Photobleaching dynamics of a trapped bead

199

increase in the excitation power increases the fluorescence emission signal, and thus
the brightness of the fluorescent features in the final image, it also increases the rate
of photobleaching, which creates a trade-off between the image brightness and the
duration of the imaging.
The presence of an optical trap has been shown in the literature to enhance photobleaching of fluorescent dyes [182] despite the fact that near-infrared (NIR) photons
have lower energy compared to visible ones, and they are not significantly absorbed
by fluorophores that emit in the visible spectrum. The mechanism is not well understood and might vary between fluorescent molecules. However, the works of van
Dijk et al. [182] and Zheng et al. [183] suggest a two-photon process, with the
absorption of a NIR photon by an already excited fluorophore, which results in the
formation of non-fluorescent species.
We test the effect of 1064 nm and 488 nm laser light on 1 µm-diameter green fluorescent beads (Thermofisher, F8776). The beads are dispersed in deionised water
at 22°C, and the light sheet is aligned to match the optical trapping plane. When
a bead enters the optical trap, fluorescence is excited by the light sheet, and the
photobleaching process is recorded on the EMCCD camera. Figure 5.25a shows
examples of the acquired images used to determine the bleaching of the trapped
fluorescent particles. The decay of the fluorescence intensity is fitted to a double
exponential decay, I(t) = A exp(t/τ1 ) + B exp(t/τ2 ), and the effective decay time,
τeff , is calculated as [184]:
τeff =

Aτ1 + Bτ2
,
A+B

(5.20)

where A and B are fitting parameters indicating the intensity of each of the two
exponential decays. Figure 5.25b shows examples of the bleaching decay curves
measured for different values of the NIR and visible light intensities. A significant
reduction in the decay time is observed when increasing the visible laser power
(blue dots), while a much smaller effect is observed for a ten-fold increase of the
infrared laser power (red dots). This means that the photobleaching of the particles
is mainly caused by visible light.
The small use of two exponentials greatly increases the quality of the fit, indicating
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Figure 5.25: a) Frames showing the bleaching process of a trapped fluorescent bead (1 µm
in diameter) in different illumination conditions. Scale bar: 2 µm. b) Sample bleaching
curves showing the much weaker effect of the IR laser on the fluorophore bleaching compared to the visible laser. The solid lines are the double exponential fits used in the analysis.
c) Two decay constants (τ1 and τ2 ) used in the exponential fits plotted against each other.
The data display a linear correlation, which means that they are both affected by the increase
in infrared power. d) Effective decay time for different trapping beam powers showing a
mild decrease in the fluorophore lifetime with the power of the infrared trapping beam.
Error bars indicate standard deviation over 3 measurements.

that two distinct mechanisms are causing the bleaching [181]. This effect, however,
is not linked to the presence of two laser beams of different wavelengths, as the
two decay times, τ1 and τ2 , are correlated, as shown in Figure 5.25c, and display
the same dependence on the intensity of NIR and visible light. This indicates that
no single decay process can be attributed solely to the presence of the NIR light.
An alternative explanation for the double-exponential behaviour is given by Song
et al. [181], who both theoretically derived and experimentally measured similar
photobleaching dynamics in fluorescein. They attribute the effect to the presence
of two competing pathways for the dye inactivation: triplet-triplet interaction and
oxygen-induced bleaching.
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The effect of the infrared laser on the photobleaching time is shown in Fig. 5.25d, in
which the effective decay time is plotted against the infrared laser power. Each data
point shown is an average of at least three experimental measurements (error bars
are the standard deviation at each ). A small decrease in the fluorophore lifetime
with the increase in the infrared light intensity is observed. In particular, a 33%
reduction of the photobleaching time is present with a ten-fold increase in the IR
laser power (from 36 mW to 302 mW).
In conclusion, the photobleaching dynamics of trapped fluorescent beads are observed, and they demonstrate the simultaneous operation of the fluorescence lightsheet and optical tweezer setups. Visible light is mainly responsible for the photobleaching, and only a weak dependence of the photobleaching time is observed
with increasing infrared light intensity. This indicates that, with the careful selection of an appropriate fluorescent dye, the simultaneous use of the optical tweezers
does not compromise fluorescence imaging with the light-sheet setup described in
Chapter 4.

5.11

Concluding remarks

In this chapter, we have described the optical tweezer setup integrated into our microscope. The setup allows for the application and detection of forces in 3D with
sub-pN resolution and temporal resolution down to 10 µs. The system is optimised
for the application of axial forces on living cells. This has required the development
of unique and innovative features which distinguish our instrument from other optical tweezer microscopes described in the literature (see section 1.6.3). In particular,
the setup presents an upright configuration, with a water-dipping objective and the
trapping beam approaching the sample from above. In this configuration, the immersion medium matches the refractive index of the sample medium. In this way,
as described in section 1.6.4, the trap position is independent of the axial position
of the sample. Moreover, the upright configuration ensures that no distortion of the
trapping beam by the sample alters the trap position and stiffness, as the beam is
focused, creating the optical trap, before being transmitted through the sample.
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In addition, the setup integrates a second counter-propagating beam for the fine
control of the relative position between the trapping beam focus and the trapped
particle equilibrium position. Counter-propagating beams in optical trapping have
been used since the invention of optical tweezers by Ashkin et al. [71], and since
then employed in a variety of fields, from biology, e.g. the trapping of whole cells
[185], to optical cooling [186]. In these applications, the purpose of the two identical counter-propagating beams is the achievement of stable optical trapping at low
numerical apertures, for which the gradient force cannot overcome the radiation
pressure experienced by the trapped particle.
A similar setup is used for the trapping and analysis of airborne particles and
droplets [187, 188]. In this case, in order to perform optical and spectroscopic
studies, the trapped particle has to be maintained at the focal plane of one of the objectives. This is obtained with an asymmetric power balance between the two beams
[189]. Athanasiadis et al. increased the setup asymmetry by introducing the use
of objectives with different numerical aperture: a long-working distance objective
(NA: 0.42) is combined with a high numerical aperture objective (NA: 1.20), which
is also used for confocal and fluorescence-lifetime imaging microscopy [190].
In all the aforementioned examples, both counter-propagating beams are needed to
achieve stable optical trapping, and this limits and complicates the control over the
particle position. In our setup, we eliminate this limitation by using a single beam,
the 1064 nm laser, to achieve optical trapping of dielectric particles7 . In this way,
the power of the second counter-propagating beam can be freely varied to control
the axial position of the trapped particle without compromising the trap stability
and, thus, greatly increasing the flexibility of the setup. By controlling the power
of the counter-propagating beam, the particle position can be adjusted by several
hundred nanometers, both above and below the 1064 nm-laser focus, to allow the
application of both tensile and compressive forces. In addition, the presence of the
second beam increases of the experiment productivity by avoiding the simultaneous
trapping of two or more beads.
7 As

shown in section 5.6, the power of the bottom beam causes a variation in the trap stiffness.
However, it does not influence or compromise the trap stability at any laser power.
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The presence of living cells poses restrictions to the experimental conditions by requiring the use of cell medium, a temperature of 37°C and the presence of a suitable
pH buffering agent. The stability of the optical trap stiffness in these conditions is
often overlooked in the literature. In this chapter, we have reported a comprehensive analysis of the impact of evaporation and pH changes on the stability of the
measured trap stiffness. In particular, we have shown that increases in the ionic
strength and pH of the medium cause the formation of protein aggregates, which
are attracted to the optical trap and result in the fast reduction of the measured trap
stiffness. For this reason, in our setup, we use cell medium containing a concentration of 40 mM of HEPES and 4 mM of bicarbonate to stabilise the pH in the
absence of CO2 . We also minimise the evaporation by covering the sample with a
flexible sleeve attached to the trapping objective.
In addition, we have demonstrated the integration of the optical tweezers with the
light-sheet fluorescence microscopy setup presented in Chapter 2 and 3. Few examples of the integration of the two techniques are described in the literature. A
first example is reported by Yang et al. [185]. In their work, they present a lightsheet microscope with all-optical confinement abilities, meaning that a counterpropagating optical trap is used to immobilise the sample, few tobacco BY-2 cells.
This allows the restriction of the sample motion without the use of anaesthetics or
by embedding the sample in a gel matrix, as usually done for embryos in light-sheet
fluorescence microscopy. In this example, however, the role of the optical trapping
is limited to sample mounting for fluorescence imaging. No mechanical study of
the sample is possible with the setup.
Bambadekar et al. instead presented a setup designed to apply localised forces and
measure the mechanical properties of the cell membrane in the early stage of the development of fruit fly embryos [191]. They describe an interesting technique which
allows the application of mechanical stresses on the cell membrane without the use
of a probe, only exploiting the optical force generated across the membrane by the
variation in the refractive index. The membrane deformation is observed with lightsheet fluorescence microscopy. In this case, light-sheet microscopy is used for its
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ability to simultaneously illuminate a large sample, and thus the image magnification used does not allow for the discrimination and study of single molecules. In
the same way, the applied forces are used to study the mechanical properties of the
cell composing the tissue instead of single-molecule interactions. A final example
is proposed by Kashekodi et al. [192] . They reported the implementation of fluorescence light-sheet illumination on an optical tweezer setup. However, in their
paper, they do not show simultaneous use of the two techniques, and they envision
the optical trap only as a mean to mount and hold cells in place during fluorescence
imaging as opposed to a precision instrument for simultaneous force-spectroscopy
experiments.
We present a development of the aforementioned examples with a setup that is
designed to exploit the high-sensitivity and resolution offered by the two techniques. Our microscope allows the combination of single-molecule fluorescence
microscopy and force spectroscopy for addressing of single-molecule interactions
on living cells.

Chapter 6

Measuring molecular forces in living
cells: background and procedures
Optical tweezers are a particularly attractive tool for the study of weak interactions
present between biological macromolecules, as well as to measure the mechanical response of soft substrates. This is because of the ability of optical tweezers
to exert forces in the picoNewton range with sub-pN resolution, the microsecond
time resolution, and because optical tweezers offer three-dimensional control of the
probe positioning with nanometric precision. Our upright optical tweezer setup is
specifically designed for the application of vertical axial forces on top of adherent
cells with single-molecule resolution. In this chapter, the theoretical basis behind
the measurement of forces exerted on molecular bonds is first described, and the
challenges generated by the direct testing of these forces on living cells explained.
Finally, the strategies used to target a molecule of interest through the functionalisation and passivation of the particle surface are presented.

6.1

Dynamic force spectroscopy: background and
theory

6.1.1

Molecular bonds in biology

At the cellular level, living organisms create and break chemical bonds between
proteins and other macromolecules in order to perform their biological functions,
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from cell attachment to the substrate, to activation of cells of the immune system
upon recognition of an antigen, to the creation of actin filaments and microtubules.
Although greatly varying according to their function, the interactions between biological macromolecules usually rely on the establishment of a series of weak,
when compared to covalent bonds, hydrogen bonds and van der Waals’ interactions. These are much weaker and short-lived than the covalent and ionic bonds
usually found in inorganic materials. Cells rely on the continuous formation and
dissociation of these links to adapt to and interact with the dynamic surrounding
environment [193]. The binding/unbinding process between two molecules, R and
L1 , to form the complex LR is usually represented as:
kon

−
*
R+L −
)
−
− RL,
koff

(6.1)

where kon is the association rate constant of the two molecules, and koff is the dissociation rate constant of the complex RL. At dynamic equilibrium, the concentration
of the reagents and products does not change with time:
kon [R] [L] = koff [RL] ,

(6.2)

where the square brackets indicate the concentration of the chemical species. The
ratio between the dissociation and association rate is called equilibrium dissociation constant, KD = koff /kon , and it indicates the strength of the bond that creates the complex. The lower the value of KD , the stronger the bond. For covalent
bonds KD < 10−15 M, while it is significantly higher for protein-protein interactions
(KD ≈ 10−9 M) [194].
This representation of the affinity between two molecules is reminiscent of the
experimental techniques usually employed to study the interaction between two
molecules, which adhere to the following general pattern [195]. Known concentrations of two molecules are first allowed to react, either in solution or immobilis1 The

theory presented is applicable to any molecular interaction. However, this work focuses on the
interactions between membrane receptors and ligands, hence the choice of R and L.
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ing one of the reagents onto a solid substrate. The concentrations of the measured
reagents at equilibrium are used to determine KD and to measure the affinity between the two reagents.
This approach produces an ensemble-average measurement at equilibrium, where
reagents are free to interact, and no stress is applied on them. These conditions
rarely, if ever, occur for proteins in the cellular environment and particularly for
receptors at the cell membrane. Membrane receptors bind other cell receptors or
proteins in the extracellular matrix, effectively establishing a junction between the
cell membrane and the external environment. For this reason, they are likely to
sustain mechanical stresses that can substantially modify the bond behaviour.

6.1.2

Fundamentals of force spectroscopy

An alternative approach to traditional techniques is addressing a single-molecular
bond directly by probing it with a constant external force. From an energetic point
of view, a bond can be seen as a potential well. For the two molecules, it is energetically favourable to stay close to each other at a given distance, x0 , which is
considered the length of the bond [196]. A sketch of the energetic profile of a
molecular bond is presented in Figure 6.1a.
The rupture of a molecular bond can be treated as a thermally activated escape from
a potential well [197]. The presence of thermal energy in the system causes the
molecules forming the bond to stochastically move around the equilibrium position
and eventually receive enough energy to escape the potential well and break the
bond. The time it takes on average for the bond to spontaneously dissociate depends on the temperature of the environment around the molecule, and it is defined
as the bond lifetime: τ(T ) = 1/koff (T ).
If a constant force, F, is applied on the bond, the energy landscape, U(x) is modified by adding an energetic term that decreases linearly with the distance from the
equilibrium point:
U(x) = UF=0 (x) − Fx.

(6.3)

The introduction of this term has two main effects: it slightly increases the equi-
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Figure 6.1: a) Schematic representation of the energy landscape of a bond presenting a
single potential well. The application of a force (dashed black lines) lowers the energy
barrier and facilitates the rupture of the bond through thermal fluctuations. b) Logarithm
of the dissociation rate constant (log(koff )) as a function of the applied constant force as
described by Equation 6.4 (Fβ = KB T /xβ ).

librium distance between the two molecules and, more importantly, it reduces the
height of the energy barrier keeping the molecules together, as shown in Figure 6.1a.
This reduces the thermal energy needed to escape the potential well, thus reducing
the bond lifetime. In particular, as shown in Figure 6.1b, the mean dissociation rate
constant increases exponentially with the magnitude of the applied force, as first
derived by Bell [198]:
0
koff (F) = koff
exp




Fxβ
,
KB T

(6.4)

0 is the dissociation rate constant when no force is applied, K T is the therwhere koff
B

mal energy, and xβ is the dissociation length, i.e. the distance between the minimum
of the potential well and the energy barrier of the unperturbed potential. koff (F) is
determined by probing a large number of bonds and then calculating the bondsurvival probability, Ps (τ), i.e. the probability that the bond is still present after a
time interval τ. Ps (τ) decreases exponentially with time as [197]:
Ps (τ) = e−koff (F)τ .

(6.5)

0 can be deterBy repeating the experiment at different applied forces, xβ and koff

mined from Eq. 6.4.
Up to this point, the bond has been represented as a one-dimensional potential.
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This is a simplification. The energy landscape of the bond is three-dimensional,
and, more importantly, it may not be isotropic. The molecules may experience a
different energy barrier depending on the direction of their motion. In an unperturbed bond, it can be assumed that, in most cases, the rupture would occur along
the “easiest path”, i.e. where the energy barrier is the lowest. This is referred to as
the reaction coordinate and justifies the 1D simplification.
The direction of application of the force, in general, does not coincide with the
spontaneous dissociation reaction pathway. The molecules are bound to the probe
and the substrate with limited possibility to reorient themselves along the direction
of the applied force. In addition, the relative orientation between the bond and the
force varies every time a bond is established, due to the impossibility to accurately
control the molecule orientation. For this reason, the result of the experiments has
to be interpreted as an averaged projection over the possible configurations assumed
by the molecules along the direction of the applied force [196].
An alternative approach to the application of a constant force involves the increase
in the applied force with time at a constant force loading rate, i.e. the variation of
the force magnitude in time, in what is called dynamic force spectroscopy. In this
case, the bond lifetime, and thus the bond-rupture force, does not only depend on
the magnitude of the force but also on the loading rate, rf . Intuitively, the application of a slowly increasing force slowly decreases the energy barrier and hence gives
more time for the molecule to escape the potential well at low forces via thermal
fluctuations.
The bond survival probability, Pd , in the presence of a force increasing at a constant
rate can be expressed as [199]:


1
1 f
Pd ( f ) = exp f −
e −1 ,
r
r

(6.6)
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Figure 6.2: a) Schematic representation of a bond presenting 2 energy barriers. While
the outer barrier dominates the rupture dynamics at low forces, at high forces, the inner
barrier emerges, which changes the bond response to the applied force. b) Dynamic force
spectroscopy data for streptavidin-avidin bonds showing a change in the dependence of the
most probable rupture force on the applied rate around 104 pN/s. This reflects a change in
the escape pathway, as shown in (a). Data adapter from [1].
0 , with F = K T /x . Given this distribution, the
where f = F/Fβ and r = rf /Fβ koff
B
β
β

most probable bond-rupture force, Fr∗ , is:
Fr∗

= Fβ ln

rf
0
Fβ koff

!
.

(6.7)

The most probable bond-rupture force is thus dependent on the logarithm of the
force loading rate. If the experiment is repeated at various loading rates, across a
0 , can
few orders of magnitude, Fβ and the unstressed dissociation rate constant, koff

be calculated by fitting the dependence of the most probable rupture force from the
force rate to Eq. 6.7.
Dynamic force spectroscopy allows for the study of molecular bonds beyond the
determination of the dissociation rate constant. The application of an external force
can also be used to investigate the shape of the energetic landscape of a molecular
bond. The approximation of a macromolecular bond potential as a single well is
an oversimplification. The presence of multiple hydrogen bonds and electrostatic
interactions can result in more complicated energy landscapes (Fig. 6.2a), and different responses to the applied force can be observed while varying the force rate.
An example is the study of the streptavidin-biotin bond by Markel et al. [1]. They
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showed the presence of a steep increase in the dependence of the rupture force on
the loading rate for loading rates above 104 pN/s (Figure 6.2b). This can be explained by the presence of two energetic barriers at two different bond elongations,
as shown in Figure 6.2a. The two barriers are affected differently by the application
of an external force. The outer barrier dominates the rupture dynamics at low forces
(∆E1 in Figure 6.2a) and the barrier closer to the equilibrium distance emerges with
the application of high forces (>100 pN).
The streptavidin-biotin bond is one of the strongest non-covalent bonds in nature
(KD ≈ 10−15 ) and can be used as an upper bound for the expected rupture force in
biological bonds. As shown in Figure 6.2b, Fr∗ ≈ 45 pN at a loading rate of 20 pN/s
while it increases to >150 pN at a loading rate of 10 nN/s,. This indicates that pNforce resolution is needed to address single-protein interactions.
In conclusion, by addressing single-molecule bonds, force spectroscopy allows the
direct analysis of the response of a bond to mechanical stresses, which are likely to
be sustained in the cellular environment. In addition, it represents a powerful tool
for an in-depth analysis of the energy landscape of the bond, which would not be
possible with traditional equilibrium affinity measurements. This approach requires
single-molecule resolution and the ability to measure forces in the pN range.

6.1.3

Force spectroscopy on cells

Typically, force spectroscopy experiments are performed in vitro. The molecules of
interest are isolated and grafted on an artificial substrate, usually glass. The bond
is then addressed in controlled conditions outside the cellular environment. These
experiments have allowed for the characterisation the response to an applied force
of a variety of biological bonds: from the already mentioned biotin-streptavidin interaction [1] to the antigen-antibody complex [200], and oligosaccharide complexes
like cyclodextrin [201].
However, these experiments are conducted in a simplified system, in which only
the two molecules creating the bond are present. In cells, the receptor-ligand system is not isolated. The receptor interacts with other molecules in the membrane
and in the cytoplasm, which can modify its behaviour and conformation. Addi-
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Figure 6.3: a) Application of a tensile force onto a single receptor that is linked to the
actin cytoskeleton. The applied force causes elastic deformation of the cytoskeleton that
dissipates the stress over an area much larger than the single anchoring point. b) Force-vstime curve response in the case of a link to the cytoskeleton (a). The cytoskeleton response is
stiff and elastic (linear) up to the failure of the antibody-receptor bond, indicated by the jump
in the signal. c) In the absence of a link to the cytoskeleton, the stress is dissipated along the
plasma membrane. The lipid bilayer is easily deformed and a long tubular structure, tether,
forms around the receptor. d) Force-vs-time curve observed in the case of the rupture of
the bond between the receptor and the cytoskeleton, as reported by Evans et al. [103]. The
response is linear when the link to the cytoskeleton is present, as in (b). The failure of this
link causes rapid plastic deformation of the cell membrane at an almost constant force, with
the creation of a tether (c). When the bond between the particle and the receptor fails, the
bead moves back to the centre of the trap, and the measured force goes back to zero, as in
(b).

tionally, membrane proteins usually display reduced solubility in water due to the
presence of the lipid-binding transmembrane domain. In order to be attached to
a substrate, they need to be made soluble by removing the hydrophobic domains.
This process can impact protein properties. For these reasons, a more accurate study
of receptor-ligand bonds can be obtained by directly testing the interaction in the
plasma membrane of living cells [202].
The use of living cells, however, presents a series of challenges. First of all, the experimental conditions have to be adjusted to maintain cell viability, which requires
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the use of cell medium and a temperature of 37°C. In addition, the cell membrane
presents a large variety of proteins which might generate competitive reactions, as
explained in section 6.2.2.
Moreover, cells behave as a soft material which can deform under the application
of mechanical forces. In dynamic force spectroscopy, the force rate is usually set
by displacing a probe of known stiffness at a constant velocity (see section 6.1.4).
If the stiffness of the cell is comparable to that of the probe, the cell deforms under
the applied force, which reduces the probe displacement and the force applied on
the bond. This variation in the force rate has to be accounted for in the analysis of
force spectroscopy data.
The increase in experimental complexity relegated force spectroscopy on living
cells to experiments which cannot be performed in vitro. In particular, it has been
mainly used to test cell adhesion and multi-bond interactions. In these experiments,
using atomic force microscopy (AFM), a cell is typically attached to the AFM cantilever and brought into contact with a second cell or a functionalised substrate.
Multiple bonds are then addressed simultaneously with the application of forces in
the nN range [203, 204].
Evans et al. [199], instead, pioneered a single-molecule approach to study the links
between cell-membrane receptors and the underlying cytoskeleton. Membrane receptors are embedded in the easily deformable lipid bilayer composing the plasma
membrane. However, if the reception is linked to the cytoskeleton, directly or indirectly, the force is dissipated through the actin network over an area much larger
than the anchoring point, as shown in Figure 6.3a. This generates a stiffer and elastic response, with a linear increase in the applied force with time (Fig. 6.3b). In
the absence of an internal connection to the cytoskeleton, the membrane acts as a
viscoplastic material. As shown in Figure 6.3c, the membrane easily deforms with
minimal increase in the applied force and forms a long tubular structure, tether,
around the receptor.
Evans et al. demonstrated the use of the distinct difference in the mechanical response of the membrane and the cytoskeleton to study the properties of the links
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between the cytoskeleton and P-selectin2 [205] or integrins3 [103]. Upon the rupture of the link to the cytoskeleton, the initial elastic response turns into the plastic
elongation of the membrane, with a substantial reduction of the measured force rate,
as shown in Figure 6.3d. The force at which the transition between the two regimes
occurs identifies the rupture force of the cytoskeleton-receptor bond.
The study of receptor-ligand bonds on living-cell membranes remains mostly unexplored, especially with the use of optical tweezers [206]. Relevant exceptions are
the study of Notch1 and Notch-ligand Delta-like1 bonds4 by Shergill et al. [207],
in which the rupture force was identified to be 19 pN at a pulling rate of 250 pN/s,
and the demonstration by Arya et al. [67] that the bond between the glycoproteins
Ib-IX complex and von Willebrand factor5 displays a rupture force that depends
logarithmically on the loading rate, as described by theory. Both studies employed
traditional lateral optical tweezer setups, in which the force is applied perpendicular to the optical axis of the trapping laser and parallel to the sample surface, as
described in section 1.6.4. In the case of adherent cells, like the one used in the
reported works, lateral optical tweezers result in the application of a force with a
significant component parallel to the cell membrane, rather than the perpendicular force considered in Figure 6.3. This can result in dragging the receptor across
the cellular membrane, which dissipates part of the applied force and complicates
the analysis of the results. We build on these works with the development of axial
optical tweezers, thus combining the sensitivity of optical trapping and the application of a vertical force, i.e. perpendicular to the cell surface, similarly to AFM
experiments.
2 P-selectin

is a cell adhesion protein present in the plasma membrane of endothelial cells.
are a family of transmembrare receptors which have two main functions: attach to the
extracellular matrix and act as mechanosensors by signalling variations in the force applied by the
extracellular matrix to the cell.
4 The Notch signaling pathway is an important cell-cell signalling system present in most mammals
and involved in the regulation of cell differentiation and regulation of gene expression.
5 Ib-IX and the von Willebrand factor are glycoproteins that are involved in the initial stages of
hemostasis. They provide the first connection between platelets and the ruptured endothelium in
wound sites.
3 Integrins
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Experimental techniques

The application of force to a single macromolecular bond requires nanometric position resolution and high force sensitivity. An estimation of the force regime required
for these experiments can be made by considering that the thermal energy, kB T , at
37°C is ~4 pN·nm. Considering that the typical length-scale of the bond between
two proteins is ~1 nm [197] and that the dissociation rate increases exponentially
with the ratio between applied and thermal forces (Eq. 6.4), pN-scale forces are
needed for the investigation of molecular interactions between proteins.
Three main ultrasensitive techniques allow for force resolution in the pN range and
for the 3D control of the probe position in liquid: AFM, biomembrane force probe
(BFP) and optical tweezers (OT). In an AFM setup, a nanometre-sized tip at the
end of a flexible cantilever few hundreds of micrometres long is functionalised and
brought into contact with the cell. The probe is then moved upwards, away from the
cell. In the case a bond is formed with the molecule on interest on the cell surface,
a tensile force is applied, as shown in Figure 6.4a. The deflection of the cantilever
from its equilibrium position is used to measure the applied force. In the case of
BFP, depicted in Figure 6.4b, a vesicle, or red blood cell, is captured and pressurised
by a micropipette. Hydrostatic pressure is applied on the vesicle to control its membrane tension, and thus, its stiffness. A functionalised bead is attached to the vesicle
and used to bind the protein of interest on the target cell, which is held in place by a
second pipette. After the bond is established, the two pipettes are moved apart, and
the applied force is measured by observing the vesicle deformation.
In all three cases, either the displacement or the deformation of a soft probe is observed. The force applied to the bond can be calculated by multiplying the probe
displacement and its stiffness. All three techniques allow for nanometric resolution
and sub-millisecond temporal resolution. They differ in the probe-stiffness ranges,
with OT being the softest probe (5–500 pN/µm), AFM the stiffest (104 –108 pN/µm)
[208], and BFP having a probe stiffness in the range 102 –104 pN/µm [197].
The stiffness of the probe limits the maximum force that can be applied by the system: ~100 pN for OT and up to 10 nN with AFM. Besides, the probe stiffness affects

6.1. Dynamic force spectroscopy: background and theory

216

Figure 6.4: a) Application of vertical tensile stress on a single antibody-receptor bond on a
cell using atomic force microscopy. The bond is established with the cell, and then the AFM
cantilever is displaced upwards to exert a force. The force is calculated by measuring the
deflection of the cantilever from its equilibrium position. b) Experimental procedure used
with a biomembrane force probe. A vesicle is captured and pressurised by a micropipette.
Hydrostatic pressure is applied on the vesicle to control its membrane tension, and thus, its
stiffness. A functionalised bead is attached to the vesicle and used to bind a receptor on the
target cell. The cell is held in place by a second pipette. The two pipettes are moved apart,
and the applied force is measured by observing the vesicle deformation.

the noise in the force measurement. In the case of a soft trap, the probe is affected
by thermal fluctuations due to collisions with the liquid molecules, which reduce the
resolution achievable in the determination of the particle position. However, since
the force is calculated multiplying the probe displacement by its stiffness, in the
case of a low probe stiffness, the applied force can be determined with sub-pN resolution, even in the presence of nm-scale thermal fluctuations of the probe position.
On the other hand, in the case of a stiff trap, a small uncertainty in the determination
of the probe position can have a significant effect on the applied force. As an example, a ± 1 nm uncertainty in the particle position in the case of a probe stiffness of
104 pN/µm, i.e. for a very soft AFM cantilever, causes an uncertainty in the applied
force of ±10 pN, a value comparable to the rupture force of a molecular bond.
A second significant difference between the above-mentioned techniques is the experimental geometry. AFM measurements are conducted on a horizontal substrate
while BFPs require the immobilisation of the cell or bead onto a micropipette tip,
as shown in Figure 6.4. This is not a major concern in the case of in vitro experiments, as it only impacts the nature of the substrate the protein is grafted on, i.e. a
flat surface or a microparticle. However, in the case of experiments on living cells,
the geometry of the experiment is dictated by the sample. In the case of adher-
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ent cells, BFPs cannot be employed as it would require the cell detachment from
the substrate. Moreover, even suspension cells need to be immobilised on the micropipette. This is usually done by applying a mild suction to create hydrostatic
pressure on the cell membrane, which might affect the cell behaviour and response
to the applied stimuli.
In our axial optical tweezer setup, with an axial trap stiffness of ~35 pN/µm we
can achieve sub-pN force resolution, as shown in section 5.3.3, and sub-ms temporal resolution thanks to the back-focal-plane-interferometry (BFPI) system used to
measure the displacement of the trapped particle (section 5.2). The setup uniquely
combines the versatility and high force-resolution guaranteed by the soft optical
tweezer probe with the application of forces perpendicular to the surface of adherent cells.

6.2

Non-specific interactions

The optical tweezer setup described in Chapter 5 is optimised for the detection of
axial forces with sub-picoNewton resolution, and it fulfils the technical requirements described in the previous section which are needed to perform the study of
molecular bonds on living cells. A second essential requirement is the ability to
specifically target the interaction between the ligand on the functionalised bead and
the receptor of interest. In particular, a significant problem is the presence of competing non-specific interactions that occur when the bead is placed in contact with
the substrate, which can mask the receptor-ligand interaction. Non-specific interactions can arise from multiple processes and may be caused by the direct interaction
between the bead and the sample surface or by the creation of links between the
ligand and a molecule on the substrate other than the receptor of interest [209]. In
this section, we describe the most relevant causes of non-specific interaction between two surfaces. Section 6.2.1 describes passivation strategies used to reduce
non-specific interactions, while section 6.2.2 focuses on the particular case of interactions with the cell membrane.
A cause of non-specific binding is van der Waals’ interactions, which are caused
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by the dipolar interactions between atoms and molecules. An in-depth analysis of
van der Waals’ interactions is presented in ref. [210]. In brief, these interactions are
present between all bodies6 , and are always attractive and relevant for very small
separation distances between the two bodies (a few nm). In the case of a microscopic bead, the strength of the van der Waals’ interaction depends on the nature of
the bead and the substrate, and on the nature of the solvent. According to Hamaker’s
theory of the interaction between macroscopic bodies, the energy of the interaction
(EvdW ) between a sphere and flat surface can be expressed as [211]:
EvdW = −

Ar
,
6d

(6.8)

where r is the sphere radius, d is the separation distance between the two bodies, and
A is the Hamaker constant, which depends on the material the two bodies are made
of and the nature of the solvent. Typical values for A are in the range 10−21 –10−19
J. Values of the Hamaker constant have been reported in the literature for many materials both in water and vacuum [212]. However, van der Waals’ interactions are
highly sensitive to the roughness and purity of the surface, i.e. to the presence of
adsorbed species [213]. For this reason, Eq. 6.8 provides a rough estimation of the
van der Waals’ interactions in most experimental conditions, rather than a precise
quantification. As an example, using a Hamaker constant of 10−20 J, for the interaction between silica and polystyrene in water [210, 212], the force deriving from
van der Waals’ interactions between a 1 µm-diameter polystyrene bead and a glass
surface can be estimated to be ~1 pN at a separation of 30 nm and ~9 pN if the distance is reduced to 10 nm. This distance is roughly the size of the receptors present
in the cell membrane and of the proteins used in the functionalisation of the beads
in this work, as described in detail in section 6.3. This shows how van der Waals’
interactions become highly significant when the surface separation is reduced in the
nanometer range, and they can result in non-specific bonds that cannot be ruptured
6 Even

non-polar molecules experience non-zero instantanous dipole moments due to fluctuation
in the electronic density of their electron clouds. These instantaneous dipoles induce dipoles in
the neighbouring atoms and molecules, causing the dipole interactions that creates van der Waals’
forces.
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with optical tweezers, i.e. requiring forces of tens to hundreds picoNewton.
Electrostatic effects also cause non-specific interactions present between the bead
and the substrate. They can be attractive or repulsive depending on the net charge
of the substrate and bead, and they are usually longer-ranged than van der Wall interactions. In an electrolytic solution, such as saltwater, the ions are attracted by the
surface charges of opposite sign. As shown in Figure 6.5a, at equilibrium, due to
thermal fluctuations, the ion density, ρ, is distributed according to the Boltzmann
distribution:


qV (r)
ρ(r) = ρ0 exp −
,
kB T

(6.9)

where ρ0 is the mean density of ions, q is the charge of the dissolved ions7 , V (r)
the electrostatic potential and kB T is the thermal energy. The ions partially screen
the surface charge and create an electric potential exponentially decaying with the
distance from the surface8 (Fig. 6.5a). The length scale of the interaction is strongly
dependent on the ionic strength of the solvent, i.e. the concentration of ions in the
solution. The decay constant of the electric potential is named Debye length (λD )
and defined as [215]:
s
λD =

ε0 εr kB T
,
2NA q2 Ic

(6.10)

where ε0 and εr are the dielectric constants of vacuum and solvent, respectively, NA
is Avogadro’s number, and Ic is the ionic strength of the electrolytic solution.
The combination of van der Waals’ and electrostatic interactions is described by
the DLVO (Derjaguin, Landau, Verwey and Overbeek) theory [216]. One of the
main results of this theory is that, at high ionic strengths, the Debye length becomes
shorter than the length-scale of van der Waals’ interactions and even surfaces with
charges of the same sign experience a net attractive force when brought in close
proximity (few nm). This phenomenon is shown in Figure 6.5b, in which the inter7 For

simplicity, here we assume that all the ions of the solution have the same valency, i.e. the same
charge. The case with ions with difference valency is described in ref. [214]
8 Some of the ions in solution adsorb onto the surface, become immobile and form what it is known
as Stern layer. In this layer, the electric potential decreases linearly with distance from the surface.
The thickness of the layer is of the same order of magnitude as the ionic radius, much smaller than
the size of proteins, and it is thus omitted from our analysis for simplicity.
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Figure 6.5: a) Ion distribution in the proximity of a charged surface in an electrolytic solution. The ions are attracted by the electric charges on the surface causing an exponential
decay of the electric potential (bottom plot) b) DLVO interaction potential between a flat
surface and a microscopic bead with surface charge of the same sign in an electrolytic
solution. The energetic potential is created by the combination of repulsive electrostatic interactions and attractive van der Waals’ interactions. At high ionic strength, van der Waals’
interactions dominate, and a net attractive force is present between surfaces with the same
charge.

action potential between a bead and a flat surface, both positively charged at ionic
strengths of 1.6 mM, 16 mM and 160 mM, are shown. It is possible to observe how
the energetic barrier present at low ionic strengths (blue line), is first reduced and
then ultimately disappears (green line) when the ion concentration is increased, and
the resulting interaction goes from repulsive to attractive.
Additional interactions are produced by the hydrophobicity of the surfaces and the
molecules absorbed on them. Hydrophobic effects are caused by the polarity of water molecules. In brief, water molecules generate a dynamic network of hydrogen
bonds between the partially positively charged hydrogen atoms and the partially
negatively charged oxygen atoms. A non-polar hydrophobic solute cannot interact
with the water molecules, having no net electric dipole. On the contrary, it disrupts the network of hydrogen bonds and restricts motion and orientation of water
molecules, which increases the energy and decreases the entropy of the system. In
order to minimise this effect, water molecules exclude the solute causing it to aggregate with other hydrophobic molecules [217, 218]. Hydrophobic interactions are of
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fundamental importance in biology, particularly in the determination of the folding
and tertiary structure of proteins [219]. In the presence of a strongly hydrophobic
surface, proteins have been observed to modify their conformation to expose internal hydrophobic domains to the surface and adhere to it [220].
In our experiments, we use polystyrene microparticles. Although polystyrene is a
strongly hydrophobic material, the beads used in this work are coated with charged
groups, i.e. carboxylic or amine groups, and with macromolecules that make the
particles hydrophilic and stabilise their suspensions in water. For this reason, hydrophobic effects are considered to be non-significant in our optical tweezer experiments.
Finally, hydrodynamic effects can be observed when two surfaces are brought in
close contact. This is due to the compression of the fluid present between them and
causes a force that prevents contact between the two surfaces. Conversely, when the
surfaces are pulled apart, the fluid viscosity causes it to resist from flowing into the
space between the surfaces, and this results in a force that resists the surfaces’ motion. However, this phenomenon is observable only if the two surfaces are moving
at relatively high speed (several µm/s). For slow approaches, like the one described
in this work, the fluid molecules can escape away from the contact area, and no
observable resistance to the surface motion is observed [221].

6.2.1

Surface passivation and polyethylene glycol

The reduction of non-specific interaction is achieved by the chemical treatment of
the interacting surfaces. A common approach is to coat the surface with an inert
molecule that prevents close contact between the sample surface and the bead by
steric hindrance, i.e. the size of the molecule physically prevents close proximity
between the two surfaces.
Bovine serum albumin (BSA) is a globular protein widely used to reduce nonspecific adsorption of proteins to container walls, to reduce background in immunostaining and to passivate glass surfaces in single-molecule fluorescence imaging. BSA is one of the most abundant natural proteins. For this reason, it is usually
employed in large excess compared to the protein of interest, to attempt to statis-
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tically inhibit all the non-specific binding sites. Passive adsorption, however, does
not guarantee a total and uniform coverage of the surface. This can be improved by
covalently grafting BSA on the surface by targeting the amine or carboxylic groups
on the protein surface, as described in section 6.3.3.
A second approach is the use of polyethylene glycol (PEG). PEG is a linear polymer
chain with repeating unit −(O−CH2 −CH2 )−, which is 3.5 Å in length and 44 Da
in molecular weight. When PEG is grafted onto a surface, the polymeric chains
arrange into a brush-like configuration that extends several nanometres away from
the surface. The exact height of the layer depends on the polymer chain length. This
creates a spacer between the bead and the substrate which prevents the two surfaces
from reaching the attractive region described by the DVLO theory (Fig. 6.5b), reducing the non-specific interaction. Upadhyayula et al. demonstrated that in vitro
the best suppression of non-specific interactions is achieved with PEG chains of
5 kDa molecular weight (~113 monomers, >10 nm thick layer) [222].
A final common technique used for the suppression of non-specific interactions is
the addition of surfactants, such as Tween-20. These are amphiphilic molecules,
i.e. molecules that present both hydrophobic and hydrophilic regions. The hydrophobic region of the molecule is attracted to the hydrophobic surface leaving
the hydrophilic section exposed to the solvent. In this way, these molecules create
a self-assembled layer on the surface screening possible hydrophobic interactions
[223]. Although widely used in in vitro biological assays [224, 225], surfactants
damage the membrane’s lipid bilayer and are used to create pores in the membrane
in cell permeabilisation assays [226, 227]. For this reason, they cannot be used in
experiments with living cells.

6.2.2

Non-specific and competitive interactions in living cells

In the case of the cell membrane, the primary source of non-specific interactions is
the electrostatic potential of the weakly negatively charged lipid bilayer [228, 229].
In order to prevent electrostatic interactions, the surface charge of the bead has to
be reduced to a minimum. In particular, the total surface charge of proteins varies
with the pH of the solution. The main cause is the presence of carboxyl (−COOH)
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and amine (−NH2 ) groups on the protein surface. These chemical groups undergo
protonation and deprotonation according to the concentration of hydrogen ions in
solution:
–
+
−−
*
R−COOH )
−
− R−COO + H ,
+
−
*
R−NH3+ −
)
−
− R−NH2 + H ,

where R is the protein to which the carboxyl or amine group is attached. At high
H+ concentrations, i.e. low pH values, the equilibrium of the reactions is shifted
to the left resulting in the amines acquiring a positive charge. At high pH values,
the equilibrium is moved to the right, and the carboxyl groups acquire a negative
charge. The pH level at which the effects balance out and a protein displays a
zero net charge is called the isoelectric point. In order to minimise the bead surface
charge, the protein used for the functionalisation of beads should have an isoelectric
point close to the pH of the cell medium (~7.4).
In addition, the membrane presents a heterogeneous collection of membrane proteins and other macromolecules, which may form specific competitive bonds with
the molecules present on the bead. In order to show how the presence of competitive interactions can complicate or even invalidate the results of force spectroscopy
experiments, the next paragraphs report examples of interactions caused by proteins
commonly used in bead functionalisation and single-molecule studies.
Protein G is widely used in immunopurification assays to purify and concentrate a
specific protein [230]. It is a 65 kDa protein produced by streptococcal bacteria,
which binds the Fc portion of IgG antibodies (see section 1.3) of several mammalian species [231]. In particular, it binds with high affinity to mouse IgG and
human IgG antibodies. It is in our experiments to bind antibody molecules and
specifically target cell-surface receptors (details in section 6.3.1). The natural form
of protein G interacts with albumin. Albumin is a protein present in the fetal bovine
serum (FBS) which is supplemented to the culture medium and thus might deposit
onto the cell surface and cause unwanted binding events. For this reason, recombinant protein G, used in biological assays, has the albumin-binding site removed
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without compromising the ability of the protein to bind antibody molecules [232].
Avidin-biotin conjugation is also a common strategy used for the functionalisation
of probes for single-molecule studies (section 6.3). Typically, biotin is covalently
bond to the protein of interest, and an avidin-conjugated probe is used to capture the
protein. Avidin is a protein found in the albumen of several vertebrate species which
binds to biotin molecules creating one of the strongest non-covalent bonds known
in nature (KD ≈ 10−15 M). The bond can be considered irreversible in physiological
conditions, as only the denaturation of the protein causes its detachment [233].
However, avidin presents carbohydrate moieties that can interact with lectins9 on
the cell surface and result in frequent unwanted interactions.
Streptavidin is an alternative biotin-binding protein. It binds biotin with an affinity
similar to that of avidin, and it is widely used for the functionalisation of substrates in in vitro experiments. Streptavidin presents the amino acid sequence
Arg–Tyr–Asp (RYD) that mimics the Arg–Gly–Asp (RGD) binding sequence of
fibronectin. Fibronectin is a glycoprotein found in the extracellular matrix that
functions as a ligand for several membrane proteins such as integrins and is directly
involved in cell adhesion [234]. For this reason, in the literature, streptavidin has
been shown to cause non-specific binding in cell fluorescent staining assays [235].
In order to minimise non-specific interactions in our force spectroscopy experiments NeutrAvidin, a deglycosylated10 form of avidin is used in this work.

6.3

Bead functionalisation for optical tweezer experiments

The particles used in our optical tweezer experiments are 1 µm-diameter polystyrene
beads. Polystyrene has a higher index of refraction than silica and thus allows the
achievement of a higher trapping stiffness (see section 1.6.2). The 1 µm diameter is
9 Lectins

are a group of proteins which establish specific bonds with carbohydrates. They are ubiquitous in living organisms, and they mainly play a role in cell-cell recognition and contact.
10 The deglycosylation of a protein is the removal of the sugar chains covalently attached to the
protein. The removal of the sugar chains prevents the interaction with lectin and, thus, reduces
non-specific interactions.
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Figure 6.6: Cartoon showing the spherical cap used in the estimation of the number of
antibodies per bead needed to establish single-molecular bonds.

chosen to maximise the trap stiffness and, at the same time, maintain a small contact
area with the substrate, as described in this section.
We focus on the CD4 receptors, the same membrane proteins observed with lightsheet fluorescence microscopy in Chapter 4. The receptors are specifically targeted
by functionalising the bead surface with monoclonal antibodies.
The density of antibody molecules on the bead is critical to reliably achieve singlemolecule resolution. A too high concentration of molecules on the bead results in
the creation of multiple bonds upon contact with the cell surface. Multiple interactions display higher rupture forces when compared to single bonds, and usually
cannot be broken with the force applied by axial optical tweezers (<30 pN). On the
other hand, a very low concentration of antibodies excessively reduces the probability of creating a bond when approaching the cell surface. This increases the
time needed to collect statistically significant results and the ratio of non-specific to
specific adhesion events. In the literature, a good trade-off between the two requirements is considered to be achieved when ~10% of approaches lead to the formation
of a specific bond [207], with the remaining ~90% leading to no bond formation.
In order to prevent multiple bonds, only a few ligand molecules should be present,
on average, on the contact surface between the bead and the cell. A rough estimation of the contact area between the cell and the bead can be calculated considering
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Figure 6.7: Functionalisation strategies used to conjugate antibody molecules onto the surface of polystyrene beads: a) Protein G beads directly bind antibody molecules (in green);
b) NeutrAvidin beads bind the biotin groups (black dots) on biotinylated antibodies; c) The
antibody is covalently bound to the bead surface. The surface is then passivated using BSA
(in blue) or methyl-PEG (black lines).

a spherical cap of radius r = 0.5 µm, and height 20 nm. The radius is that of the
trapped bead, while the height is estimated considering the sum of the length of an
antibody and a CD4 molecule (~10 nm each) [236] (see Figure 6.6). The contact
area, Sc , can be calculated as: Sc = 2πrh = 0.06 µm2 . Sc is ~2% of the total bead
area (~3 µm2 ). Assuming an idealised uniform distribution of ligand molecules on
the bead surface, a concentration of 50 molecules per bead would guarantee that a
single antibody molecule is present in the contact area. However, considering that,
in turn, the receptors are sparsely distributed in the cell membrane, a concentration
of a few hundreds of molecules per bead is considered appropriate to prevent the
formation of multiple bonds while maintaining a non-negligible probability of establishing an antibody-receptor bond.
In order to conjugate the antibody onto a bead, the particle surface has to be modified to present functional groups. Several methods have been developed to create a
functional group on polystyrene beads by exploiting the presence of a styrene group
[237] or the hydrophobicity of the surface. However, due to the widespread use of
polystyrene particles, commercial beads already presenting functional groups are
cheap and readily available. Three strategies depicted schematically in Fig. 6.7 are
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employed for the functionalisation of the beads in this work: i) protein-G-coated
beads (protein G beads) that bind the Fc portion of the antibody (Fig. 6.7a); ii) biotinylated antibodies on NeutrAvidin-coated beads (NeutrAvidin beads), as shown
in Fig. 6.7b; iii) direct covalent binding of the antibody to carboxyl-coated or aminecoated beads (Fig. 6.7c). The advantages of the three methods, as well as the characterisation of the beads, are discussed in the following sections.

6.3.1

Functionalisation of protein G beads

Commercial protein-G-coated carboxylated polystyrene beads are purchased from
Polysciences (part number 21106-1). Since protein G spontaneously binds the Fc
portion of antibodies in physiological conditions, the functionalisation is performed
by incubating the beads in 1X PBS solution at the desired antibody concentration.
Anti-CD4 monoclonal IgG1 antibody Q4120 is used in the functionalisation. BSA
is added to a concentration of 2 mg/ml to prevent non-specific attachment of the
antibody to the container walls. The complete protocol is described in Appendix
B.3.1.
The number of antibodies per bead, ntheor
ab , is controlled by varying the number of
proteins in the incubation solution using the following equation:
ntheor
ab = α

Nab
cabVab NA mbead
=α
,
Nbead
Mab cbeadVbead

(6.11)

where Nab and Nbead are the total numbers of antibodies and beads used in the
functionalisation, respectively, cab and cbead are the concentrations of antibodies
and beads in the stock solution, Vab and Vbead are the volumes of the antibody stock
solution of antibodies and beads used in the functionalisation, NA is Avogadro’s
number, Mab is the molecular weight of the antibody (~150 kDa), and mbead is the
mass of a single bead. Finally, α is a parameter indicating the capturing efficiency
of the process, i.e. the number of antibodies collected by the beads over the total
number of antibodies in solution.
Figure 6.8 proves the presence of antibody molecules on the surface of protein G
beads after the functionalisation protocol. The beads are immunostained and ob-
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Figure 6.8: Confocal image of immunostained protein G beads functionalised with Q4120
anti-CD4 antibody. An anti-mouse secondary antibody binding Q4120 and conjugated with
Alexa Fluor488 dye is used for staining.

served under a confocal microscope (Leica TCS SPE) at the LMCB. The primary
antibody used is Q4120, while the secondary antibody is a polyclonal anti-mouse
goat antibody tagged with Alexa Fluor 488.
The main advantage of using protein G is the directionality of the antibody bond
(see Fig. 6.7a). By binding the Fc portion of the antibody, protein G leaves the
antigen-binding portion of the antibody exposed on the bead surface and facilitates
the interaction with a receptor molecule on the cell surface (see section 1.3).
On the other hand, the affinity of protein G is comparable to the affinity of antibodyantigen bonds. The latter depends on the antibody used and can range between
10−5 M and 10−12 M [238]. In the case of Q4120, Xu et al. [239] measured
KD = 8.3 × 10−10 M. The affinity of the bond between protein G and the antibody depends on the antibody class. In the case of an IgG mouse antibody,
such as Q4120, it is an order of magnitude lower than the antigen-antibody bond
(KD = 8.8 · 10−9 M) [240]. Thus, when performing force spectroscopy experiments,
the link between protein G and the antibody is more likely to fail than that between
the antibody and the antigen. This prevents the interrogation of the bond of interest,
i.e. the antibody-CD4 interaction.
A possible solution is the covalent crosslinking of protein G and Q4120 on the bead
surface with an amine-amine crosslinker, such as BS3 (bis(sulfosuccinimidyl)suberate).
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This procedure has been used by Shergill et al. for the study of the interactions of
Notch receptors [207]. However, BS3 reacts with all the amine groups present on
the protein surface, including the antigen-binding domains on the antibody, and thus
might reduce the antibody ability to bind the antigen. The same protein G-antibody
crosslinking protocol reported in ref. [207] is tested in our experiments (section
7.4).

6.3.2

Functionalisation of NeutrAvidin beads

The high affinity between NeutrAvidin and biotin can be exploited to strengthen the
bond between the antibody and the bead while avoiding the crosslinking process.
The use of NeutrAvidin-coated beads allows for the creation of a bond between the
particles and the biotinylated antibodies which cannot be broken by the forces generated by optical tweezers. The main drawback of this approach is that it requires
the use of biotinylated antibodies, antibodies which are covalently linked to one or
more biotin molecules. However, due to the widespread use of the biotin-avidin
conjugation, biotinylated antibodies are relatively cheap and readily commercially
available.
In our experiments, NeutrAvidin-coated polystyrene beads (Thermofisher, F8776)
are functionalised using biotinylated RPA-T411 anti-CD4 antibody (Invitrogen, 130049-82), as shown in Fig. 6.7b. The beads are functionalised with the same protocol as the one employed for protein G beads, described in Appendix B.3.1.
In order to achieve single-molecule sensitivity, the number of antibodies on the bead
surface has to be precisely controlled, as explained at the beginning of this section.
For this reason, the number of antibodies per bead present after the functionalisation process is tested via immunostaining with a fluorescently-labelled secondary
antibody. Beads functionalised with different concentrations of RPA-T4 primary
antibody are stained, and their fluorescence signal is measured via dot blotting. The
signal is calibrated using solutions with known concentrations of secondary antibody and used to calculate the average number of antibodies present on a bead, as
11 RPA-T4

is a monoclonal IgG1 mouse antibody, similar to Q4120 used with protein G beads. The
change in the antibody is necessary as no biotinylated Q4120 antibody is commercially available.
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Figure 6.9: a) Dot blot of NeutrAvidin-coated bead functionalised with biotinylated RPAT4 and stained with fluorescence secondary antibody (IR800cw). The top image shows
the raw data, while the bottom one shows the logarithm of the fluorescence intensity in
order to make low concentrations visible. In both images, top row: beads passivated with
biotinylated BSA before fluorescence staining; bottom row: Non-passivated beads. The
numbers on the image indicate the nominal number of primary antibodies per bead (nab,th ).
b) Total fluorescence intensity of the dots in (b). Inset: linearity of the measured number
of secondary antibodies with the nominal number of primary antibody (nab,th ) for beads
passivated with BSA. c) Dot blot of IR800cw stock solution dilutions used to calibrate the
fluorescence intensity to the number of antibodies. As in (a) the top image shows the raw
data, while the bottom one shows the logarithm of the measured fluorescence intensity. The
numbers on the image indicate the logarithm of the dilution factor (log10 (dilution)). Stock
solution concentration: 1.7 µM. d) Fluorescence intensity calculated from (c) against the
total number of antibodies in solution. The red line is the linear fit used to extract the
calibration factor, S. Inset: measured fluorescence intensity up to signal saturation.
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explained in detail in the next paragraphs.
The staining is performed on beads functionalised with a nominal number of antibodies per bead, ntheor
ab , of 300, 1000, 10,000, and 100,000. Equation 6.11 is used to
calculate the number of antibodies, Nab , and beads, Nbead , to be used in the functionalisation process. It is initially assumed that every antibody is collected, i.e. α = 1.
The result of the immunostaining protocol is then compared to the nominal number
to obtain the real efficiency of the functionalisation process, αmeas .
The functionalised beads are incubated in a 1 µg/ml IR-fluorescent secondary antibody solution (IRDye 800CW, Licor). The antibody concentration is kept constant
for all batches and corresponds to 200,000 antibody molecules per bead. After the
staining, for each primary antibody concentration, a 2 µl drop of each bead solution
is deposited on a nitrocellulose membrane and let dry. The membrane is imaged
with an Odyssey Western Blot Scanner (LI-COR). The fluorescent image of the
membrane is presented in Figure 6.9a and shows the variation in the fluorescence
intensity between bead solutions (bright spots). The logarithm of the fluorescence
signal is also shown (bottom image) to allow the observation of the fluorescence
from the samples with the lowest antibody concentrations.
In addition to the functionalised beads, two control samples, one lacking the primary antibody and a second with NeutrAvidin beads that are not immunostained,
are imaged to account for the non-specific absorption of the secondary antibody and
measure the fluorescence background level. The immunostaining protocol is also
performed on beads treated with excess biotinylated BSA after the primary antibody
conjugation. As described in section 6.2.1, BSA is a protein typically used to reduce
non-specific interactions in biological assays, and it is used to reduce the fluorescence background signal caused by secondary antibody molecules non-specifically
adsorbed onto the bead surface.
The fluorescent signal is analysed with a dedicated Matlab script by cropping a
square area around each dot and summing the intensity of all pixels. The value for
the non-stained beads (“ctr” in Figure 6.9a) is then subtracted from the rest of the
data to remove the background.
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The data, plotted in Figure 6.9b, show proportionality between the fluorescence
signal and the primary antibody concentration for both BSA-passivated (blue) and
non-passivated (red) beads. In addition, a weak saturation effect is observed only at
the highest primary antibody concentration, which indicates that the number of secondary antibody molecules does not limit the reaction in all the other cases. These
results indicate that the number of antibody molecules per bead can be controlled
by varying the concentration of antibodies in the functionalisation solution.
However, non-specific interactions of the secondary antibody with NeutrAvidin
bead surface mask the fluorescence signal at the lowest primary antibody concentration (ntheor
ab = 300). Non-specific interactions are significantly reduced when biotinylated BSA is used to passivate the bead surface prior to the staining (blue bars
in Figure 6.9b). For BSA-passivated beads, the fluorescence signal in the control
sample (AB1− in Figure 6.9b) is reduced by 80% and the presence of the primary
antibody can be resolved even at the lowest antibody concentration. In this condition, a clear linear dependence between the number of antibodies used in the
functionalisation and the measured fluorescence intensity is present, as shown in
the inset in Figure 6.9b.
In order to quantify the actual number of antibodies captured by the beads, the fluorescence signal is calibrated by imaging seven 2 µl drops containing known concentrations of secondary antibody molecules between 1.7 pM and 1.7 µM, as shown in
Fig. 6.9c. The calibration solutions are imaged under the same experimental conditions as for the NeutrAvidin bead solution. The measured fluorescence intensity,
shown in Figure 6.9d, shows a linear relationship between the fluorescence intensity
and the secondary antibody concentration at low concentrations. The fluorescence
signal saturates at a concentration of 170 nM. The conversion factor, S, between the
number of secondary antibody molecules and the fluorescence signal is calculated
by fitting the data in the linear range (for the data shown in Fig. 6.9d, we have that
S = 1.1 × 104 ).
Using the conversion factor, S, the fluorescence intensity measured in each dot for
the immunostained beads, Idot , can be used to calculate the actual number of sec-
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ondary antibodies per bead, nmeas
ab , using the relation:
nmeas
ab =

S Idot
,
dot
Nbead

(6.12)

dot is the number of beads in a 2 µl drop of stained bead solution. In
where Nbead

the case of the BSA-passivated beads, for which non-specific interactions are minimised, this results in a number of secondary antibodies per beads that is, on average, 2.6 times greater than the nominal number of primary antibodies calculated
with Eq. 6.11. The fact that the value is greater than 1 can be attributed to the fact
that secondary antibodies are polyclonal, and thus target different epitopes of the
target molecule. More than one molecule, hence, can simultaneously bind a single
primary antibody. This is usually a desired effect as it increases the fluorescence
signal. However, in this case, it does not allow precise quantification of the number
of primary antibodies per bead. An estimation of the primary antibody number can
be performed considering that, due to steric hindrance, the number of secondary
antibodies per primary antibody is likely restricted to less than 4 [241]. This is
supported by the presence of a detectable saturation of the fluorescence signal at
the highest primary antibody concentration, i.e. when the number of secondary antibodies used is only twice that of the primary, as shown by the inset of Fig. 6.9b.
Assuming a secondary to primary antibody ratio of ~4, the efficiency of the functionalisation, αmeas , can be estimated to be ~50%.
The same protocol cannot be used to quantify the efficiency of the antibody conjugation of protein G beads. Protein G binds the secondary antibody, and thus the
measured fluorescence intensity of the dots is indistinguishable between samples,
regardless of the density of the primary antibody used. However, the results with
NeutrAvidin beads prove the ability of reliably controlling the number of antibody
on the beads by varying the dilution of the functionalisation solution on proteincoated beads. We assume this to be true for protein G beads, as well. The efficiency
of the conjugation is, however, expected to be lower than for NeutrAvidin beads
given the lower protein G-antibody affinity compared to that of NeutrAvidin-biotin.
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Covalent binding of proteins on beads. BSA and PEG passivation

The third approach is to covalently bind the antibody onto the surface of carboxyl(COOH) or amine-coated polystyrene particles through carbodiimide chemistry
and to passivate the bead surface with BSA or PEG, as shown in Fig. 6.7c.
The complete protocols used are presented in Appendix B.3.3.

In brief, the

carboxyl groups on the bead or protein are activated with the use of 1-Ethyl-3(3-dimethylaminopropyl)carbodiimide (EDC) and N-Hydroxysuccinimide (NHS)
molecules. This forms a meta-stable complex that reacts with primary amines to
create a covalent bond [242]. Given the low concentration of protein used, most of
the active groups on the bead are unaffected by the process, and the beads retain
part of their surface charge (positive in the case of amine, and negative for COOH).
The surface charge generates electrostatic interactions between the bead and the
cell surface that results in significant non-specific binding.
The effect is reduced by surface passivation with BSA or methylated PEG. The
passivation is performed using the same carbodiimide chemistry as for the antibody
to covalently link BSA and PEG molecules onto the bead surface. The conjugation
of a second molecule onto the bead surface reduces the number of charged groups
on the bead and lowers the surface charge. In addition, the BSA or PEG molecules
create a spacer between the bead surface and the cell surface. Via steric hindrance,
they prevent access to the attraction region between the bead and cell surface described by the DVLO theory, as discussed in section 6.2.2.
BSA is often employed in single-molecule fluorescence imaging to reduce nonspecific binding between the fluorophore and the molecule of interest. PEG is
widely used in the passivation of surfaces in single-molecule in vitro experiments
[243]. Cell adhesion is greatly reduced on PEG-coated surfaces, and passivation
of nanoparticles with PEG reduces their uptake by cells [244]. However, the effectiveness of the PEG or BSA coating for single-molecule force spectroscopy
experiments on living cells has not been investigated. The PEG used in our experiments has an average molecular weight of 5000 Da, which has been proven to
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produce the most efficient passivation in in vitro experiments [222].

The description of the functionalisation techniques tested in our experiments concludes the description of the theoretical bases and protocols used in force spectroscopy experiments. In brief, we have described how the application of localised
forces to single-molecule bonds can be used to study the bond strength and characteristics. This approach requires the application and detection of forces in the pN
range, which makes our axial optical tweezer setup and its sub-pN force resolution
uniquely suited for the technique. We have pointed out the need to specifically target
the receptor of interest and described the possible non-specific interactions present
between surfaces and, in particular, in the case of contact with a cellular membrane.
Finally, we have described the functionalisation procedure used to ensure the specific targeting of CD4 receptors with monoclonal antibodies and demonstrated the
control of the number of antibodies per bead. In the following chapter, the experimental techniques used to perform force spectroscopy experiments are described
alongside the demonstration of specific targeting of CD4 on living cells.

Chapter 7

Measuring receptor-ligand forces and
local membrane properties in living
cells
In this chapter, we describe the use of our optical tweezer setup (Chapter 5) for the
application of localised forces in the pN-range on living cells. The chapter starts
with the description of the experimental procedure and the software used to analyse
the data. Then three main results are presented. First, we measure the frequency
of non-specific interactions for particles functionalised following the strategies described in section 6.3. Then, the results of dynamic force spectroscopy experiments
on antibody-CD4 bonds are presented, and specific targeting of single receptors on
living cells with axial optical tweezers is demonstrated. Finally, the optical setup
is used to apply compressive forces onto the apical cell membrane in order to measure the mechanical response of cells to weak and localised stimuli. After a brief
discussion of the theory and protocols used in our experiments, we demonstrate the
sensitivity of the technique to changes in the stiffness of the cellular actin-cortex
by measuring the reduction in membrane stiffness after the administration of actindepolymerising drugs (latrunculin A).
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Experi-

mental procedure
In order to measure the rupture force of antibody-receptor bonds on living cells, we
exploit the ability of the optical setup to apply axial forces, as shown in Figure 7.1.
A functionalised bead is trapped by the focused laser beam and its vertical position
in the trap is adjusted by regulating the bottom beam power in order to maximise the
linear range of the trap (see section 5.6). The sample is then moved in 3D with the
nanopositioning stage to place an adherent cell below the trapped bead (Fig. 7.1a).
Bond-rupture forces are typically measured around the periphery of the cell, where
the cell is thinner, as opposed to above the nucleus. This is done to reduce the possible distortions to the infrared light caused by the cell organelles. Although the trap
stiffness is not affected by the presence of the cell, as described in Chapter 5, the
back-focal-plane interferometry system used to detect the particle position, collects
the infrared light travelling through the sample and thus distortions of the transmitted laser beam can complicate the analysis of the data.
The Brownian motion of the trapped particle is measured for 1 s to calibrate the trap
stiffness, as described in section 5.3.2, and the cell is positioned below the trapped
particle. The sample is then moved vertically towards the bead in 10 nm steps at
a constant speed of 1 µm/s until the cell is approached (Fig. 7.1b). This speed is
chosen to minimise hydrodynamic effects, as discussed in section 6.2, and operate
with relatively low force rates (~30 pN/s) and thus obtain rupture forces of few tens
of picoNewton (see section 6.1.2). The initial contact with the cell is automatically
detected by the software operating the microscope (section 5.8.1). The software
monitors the bead displacement along z by measuring the variation of the QPD signal (VQPD,z ) from the average value measured during the particle calibration. The
motion is stopped when the absolute variation in the QPD signal exceeds by more
than ten times the standard deviation of the calibration signal. This results in the
application of a compressive force onto the cell membrane of ~10 pN.
The bead is then left in contact with the cell surface for a short time to allow for
the diffusion of receptors in the cell membrane, which increases the probability to
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Figure 7.1: Experimental procedure used in the determination of antibody-CD4 binding
forces. a-b) The sample is moved towards the fixed optical trap until contact is established
with the trapped bead. Contact is maintained for 0.1 to 1 s to increase the probability of
creating a bond and then the sample is moved back. c) In the case a bond is established, the
bead is displaced from the trap centre applying a force on the antibody-CD4 bond. d) The
antibody-CD4 bond fails, and the bead returns at the centre of the trap. The formation of
a tether is also shown. e-f) Typical force-versus-time (e) and force-versus-displacement (f)
curve obtained during the experiment. A compressive force is first applied to the cell. The
sample is then moved away from the optical trap applying a tensile force on the antibodyCD4 bond. The response is linear until the rupture of the receptor-cytoskeleton bond. Then,
the plastic deformation of the cell membrane causes a plateau in the applied force, before
the final bond rupture.
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establish a bond with the antibody on the bead. Prolonged contact between the bead
and the cell also causes an increase in non-specific interactions. The contact time
is kept between 0.1 s and 1 s in the experiments as a trade-off between the two
phenomena [245]. Finally, the nanostage motion is inverted, and the cell is moved
away from the trapped bead at the same speed used during the approach (1 µm/s),
as shown in Figure 7.1c.
When a bond is established between the antibody and a CD4 receptor, the bead
remains attached to the cell surface and thus moves away from the centre of the
optical trap. By retracting the sample away from the trap at a constant speed, a
force linearly increasing with time is applied onto the bond as described in section
6.1.3. Eventually, the bond ruptures and the bond failure causes the bead to almost
instantly recoil back to the trap centre, which causes a sudden discontinuity in the
BFPI signal (Figs. 7.1d and 7.1e). The amplitude of the jump in the force signal is
used to determine the bond-rupture force.
In Figures 7.1d and 7.1e, the creation of a tether is shown. In this case, before the
rupture of the antibody-receptor bond occurs, the membrane plastically deforms,
which causes a plateau in the measured force, as described in section 6.1.3.
The distribution of bond-rupture forces is then obtained by repeating the same procedure hundreds of times to reach a sufficient statistical significance. While the
forces are always measured around the cell periphery, the contact point is varied
between approaches by 10–20 nm, and no more than 20 approaches are performed
with the same bead or on the same cell. The throughput of the process is low due to
its sequential nature. The acquisition of a single trace takes ~10 s, and the replacement of the trapped bead between approaches can take a few minutes. The bead
is also frequently changed to prevent variations in the trap stiffness as discussed in
section 5.9. This results, on average in ~100 approaches per sample, over ~2 hours.
In order to measure enough rupture events to obtain statistically significant results
(>50), assuming a 10% binding probability, more than 500 approaches have to be
performed. This takes several days of experiments for each condition tested.
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Analysis of the dynamic force spectroscopy data

The data collected during the force spectroscopy experiments are analysed using a
custom set of Matlab scripts. The LabVIEW software used in the data acquisition,
described in section 5.8.1, saves the data as a text file. The file is composed of a
header that includes the parameters used during the experiment, i.e. the duration,
direction, and speed of the approach and the data acquisition rate, followed by the
BFPI data organised in 5 columns: the time-stamp, the position of the stage and the
QPD voltage reading in the x, y and z directions. The Matlab functions unpack the
data and automatically detect the approach, hold and retraction sections. The traces
are then analysed to detect the presence of bond ruptures as steep discontinuities
in the force data. In addition, the contact and detachment points between the bead
and the cell are detected, and the force rate applied by the bead is determined. The
algorithms used are described in detail in the following sections.

7.2.1

Linearisation of the QPD signal

Section 5.3.1 shows that the QPD voltage is linearly proportional to the particle
displacements from the centre of the optical trap for displacements of up to a few
hundred micrometres. However, around the edge of this interval, the QPD signal
underestimates the bead displacement, as shown by the blue dots in Fig. 7.2a. Since
the force applied on the bead is calculated by multiplying the bead displacement by
the trap stiffness, the non-linearity in the QPD signal results in an underestimation
of the force applied on the trapped particle. A Matlab script is used to correct for
the non-linearity of the QPD calibration curve as a function of the particle displacement. This is done by adding a correction factor to the QPD raw signal. The
correction factor is calculated with the following procedure.
The QPD voltage corresponding to the trap centre is determined by averaging the
QPD signal generated by the Brownian motion of a trapped bead. As described in
section 5.3.1, the QPD calibration factor, S [V/µm], is calculated as the slope of the
QPD calibration curve at the trap centre, i.e. the slope of the red line in Fig. 7.2a.
The error in the determination of the particle position due to the non-linearity of
the QPD calibration curve (green line in Fig. 7.2a) is calculated by subtracting the
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Figure 7.2: a) QPD calibration signal (blue dots), linearised response (red line) and the
resulting linearisation error (green line) as a function of the bead displacement from the
trap centre. b) Linearisation correction as a function of the QPD voltage signal (blue dots).
The smoothing spline fit (red line) is used to calculate the correction factor in the approach
data. c) Example of the correction of the non-linearity in the QPD voltage signal in a force
spectroscopy trace. The procedure is shown for the axial direction (z), as it is the one used
in the experiments presented in this section. The same process can be used for QPD signals
along x and y.

measured QPD calibration curve (blue dots in Fig. 7.2a) from the linear fit (red line
in Fig. 7.2a).
At this point, the linearity correction is a function of the distance from the trap
centre, which is unknown during the experiments. In order to be applied to the
experimental data, the linearity correction has to be expressed as a function of the
QPD voltage signal. This is done by plotting the linearity correction against the
QPD signal and fitting it to a smoothing spline, as shown in Fig. 7.2b. This procedure generates an interpolating function that calculates the value of the correction
of the QPD non-linearity given the QPD voltage as an input. The correction value
is then summed to the raw QPD signal and divided by S to obtain the actual particle
displacement from the trap centre. The applied force is calculated by multiplying
the displacement by the trap stiffness. Figure 7.2c shows the effect of the linearity
correction procedure in a force-spectroscopy trace. The raw data are shown in blue
and the signal corrected for the QPD non-linearity in red. For large displacements
of the bead from the trap centre, the raw data underestimate the force applied on the
bead and show an artificial reduction of the measured force and force rate.

7.2. Analysis of the dynamic force spectroscopy data

7.2.2

242

Detection and analysis of bond-rupture forces

The presence of bond ruptures is detected by searching for sharp discontinuities in
the force traces. The bond failure causes the particle to quickly recoil into the trap
centre, which is represented by a sudden reduction in the force applied on the bead,
as shown in Figure 7.3a.
The analysis is performed in two steps. A first screening of the possible rupture
events is done by calculating the autocorrelation between the raw data and an inverted step function, Hi , consisting of 1000 data points:

Hi =



1

1 ≤ i ≤ 500


−1

500 < i ≤ 1000

(7.1)

The function has zero mean in order to produce a negligible cross-correlation signal
in the absence of discontinuities in the input signal.
As shown in Figure 7.3b, the result of the cross-correlation has maxima corresponding to the position of the discontinuities in the original signal. Since the noise in
the signal can also generate small discontinuities, the peaks in the autocorrelation
function are screened using two conditions: the peak height has to be at least 3
times larger than the standard deviation of the autocorrelation signal (σcc ), and the
prominence1 of the peak has to be larger than σcc (Figure 7.3c). The second condition guarantees that noise fluctuations close to a bond rupture are not considered as
additional rupture events.
This method is computationally fast and well suited for the first screening of potential candidates. However, noise in the signal, due, for example, to the passage of a
bead close to the trap, can generate high correlation signals that can be mistaken for
rupturing events.
For this reason, a second step in the analysis is performed by considering a 110 ms
interval around the candidate rupture position. On this time scale, the movement
1 Prominence

is measure of how much the peak towers over its surrounding. It is defined as the
maximum signal variation in the interval between the peak and the closes point to the peak at which
the signal surpasses the peak height.
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Figure 7.3: Example of analysis of a bond-rupture event. a) Raw data showing a single
bond-rupture event. b) Top: Result of the cross-correlation of the signal in (a) with a downward step function (Eq. 7.1), blue line. The green dashed line indicates the threshold level
used (3σcc . see text), while the red triangle identifies the peak position. Bottom: Prominence of the cross-correlation function peaks in (b). The dashed line shows the acceptance
threshold (σcc ) while the hollow red circles indicate the peaks with prominence higher than
the threshold. Both conditions have to be fulfilled simultaneously for the peak to be considered a rupture candidate. c) Final fit (red line) of candidate rupture point found in (b) to
Eq. 7.2.

of the sample relative to the trap can be neglected when compared to the almost
instantaneous movement of the bead back into the trap centre after a bond rupture,
as shown in Figure 7.3c.
The data in this interval are fitted to an inverted error function, which is used as a
continuous approximation of a step:
f (t) = −
where erf(t) = π1

A
erf [b (t − t0 )] + c,
2

−x2 dx, A indicates the height of the step, t
0
−t e

Rt

(7.2)
is the time at which

the step occurs relative to the start of the 110 ms interval, b is the steepness of the
fitting curve around the step, and c is the offset. The use of the error function allows
the determination of the slope of the step. Since rupture events give rise to almost
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instantaneous recoils of the bead back into the trap centre, a threshold, set by the
user, is applied to the slope, and all the curves displaying a slope lower than the
threshold are disregarded as artefacts.
For the accepted bond ruptures, the fit allows the determination of the exact time
of the rupture as well as the height of the force jump. The bond-rupture force is
measured as the amplitude of the jump.

7.2.3

Determination of the bead-cell contact position and applied force rate

The BFPI data are analysed to measure the mechanical properties of the substrate.
This is possible as the deformation of the cell reduces the displacement of the bead
and hence the measured applied force. In our experiments, we apply a force increasing at a constant rate by moving the sample towards the trap at a constant
speed, as described in section 7.1. The deformation of the cell causes a reduction of
the applied force rate, which can be measured by fitting the slope of the force signal
versus time when the bead is in contact with the cell. The analysis is performed as
follows.
First, the QPD signal is linearised as described in section 7.2.1 and converted into
the displacement of the bead from the optical trap using the conversion factor,
S [V/µm]. The data are then divided into three sections according to the motion of
the stage, as shown in Figure 7.1d: i) the “approach” section, in which the sample
is moved towards the trapped bead and contact is established; ii) the “hold” section,
in which the cell is kept in contact with the bead, and the stage is not moved; iii) the
“retraction”, where the motion is reversed, and the cell is moved away from the
optical trap.
The contact and detachment times between the bead and the substrate are then determined. The contact point appears in the force data as a change in the signal slope.
The particle, initially positioned at the centre of the trap, is displaced at a constant
speed by the cell. Due to the experimental noise, the raw data cannot be directly
differentiated to detect the change in slope and needs to be fitted to a smooth function first. Applying an interpolating function, e.g. a spline fit, however, requires the
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Figure 7.4: a) Example of a fit performed with the piecewise algorithm described in section
7.2.3 on a sinusoidal wave (blue line). The first 4 iterations of the algorithm are shown as
well the final result (red line and circles). b) Absolute value of the residuals in the first four
iterations of the fitting algorithm in (a).

adjustment of the fitting parameters between traces in order to provide an accurate
determination of the contact and detachment points, which is time-consuming and
prone to error. For this reason, we have developed a custom piecewise fit algorithm
for this purpose.
Figure 7.4a shows the first 4 iterations of the algorithm and the final fit applied for
a sinusoidal wave, as an example to illustrate the method. In brief, the first and last
points of the signal are first connected by a straight line to create the initial candidate fitting function (green line in Fig. 7.4a). The absolute value of the fit residuals
between the fitting function and the raw signal is then calculated, as shown in Figure 7.4b. A new vertex of the piecewise fit is added at the position of the global
maximum of the absolute value of the residuals. The new vertex value is calculated
as the average of the raw signal in an interval of 100 points around the vertex position. A new piecewise function is calculated connecting the vertices with straight
segments (orange line in Fig. 7.4a), and the process is repeated. The fit ends after 50
iterations or if the sum of the residuals is not significantly changed (<10%) after the
addition of the new vertex, which means that the last iteration did not significantly
improve the quality of the fit.
In the case of the experimental data, four vertices are used as starting points: the
first and last data points, as well as the particle positions at the beginning and end
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Figure 7.5: a) Analysis of the bead position data from a vertical approach to a cell showing
the raw data in blue, the piecewise fit in red, and the final fit use for the identification of
the contact and detachment points in green. The vertical dashed lines indicate the contact
and detachment points and the beginning and end of the hold section. The y-axis of the plot
is inverted so that the shape of the position signal is consistent with the one in the forcevs-time plots presented throughout the rest of the chapter. b) Evaluation of the force rate
performed by fitting the QPD signal slope in the contact regions for the same approach as
in (a).

of the hold section. The result of the fit is shown by the red line and circles in Figure 7.5a (poly-chain fit).
This initial fit greatly simplifies the raw data (blue dots in Figure 7.5a) and reduces
the signal to a few interconnected segments. However, the fit is still sensitive to
low-frequency noise in the signal. In order to reduce the number of segments and
filter the noise, a second analysis is performed separately on the approach and retract regions. A typical force-spectroscopy approach signal is composed by a first
flat region, in which no net force is applied on the bead, and a second part in which
the force increases linearly with time. The noise adds instabilities and oscillations
around this general pattern. The second fitting step considers the position of the
vertices and reproduces the above-mentioned pattern by finding the best two-line
fit. The result of the procedure can be observed as the orange line in Figure 7.5a
(coarse fit).
The intersection point of the two straight lines in the approach section is considered
to be the contact point. In the case no bond rupture is detected, the detachment
point is similarly defined for the retraction section (first and last dashed black ver-
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tical lines in Figure 7.5a). If a bond rupture event is detected, the rupture point is
considered the detachment point. This algorithm is more robust than a simple interpolation fit, and the same parameters can be used to analyse data recorded with
different experimental conditions, e.g. trap stiffness and stage speed.
Finally, the signal is multiplied by the trap stiffness to calculate the force applied
on the substrate. The force rate is calculated as the slope of the last segment in the
approach section (the one after the contact point) and the first in the retraction one,
red and orange lines in Figure 7.5b, respectively. In section 7.5, it will be explained
in detail how this value can be used to measure the stiffness of the substrate.

7.3

Exploring non-specific bead-cell interactions

Non-specific interactions between the beads and the substrate are usually investigated by the observation of sticking and aggregation rates of microparticles [246].
This method relies on the passive diffusion of the particles towards the substrate.
With time, the particles approach the substrate and each other in their Brownian
motion without any external force imposing close contact between the surfaces.
On the other hand, in force spectroscopy experiments, the particle is brought into
contact with the substrate, and a force is applied on the substrate. In this situation,
the bead is maintained in close proximity to the substrate, where van der Waals’
attractive forces are strongest, and the passivation layer, if present, is compressed
by the applied force. For these reasons, passivation strategies that yield good results
in passive adsorption experiments, might not perform as well when used for force
spectroscopy, especially at the single-molecule level.
We tested the functionalisation strategies presented in section 6.3 in our setup to
determine their effect on the non-specific interactions between the trapped particle
and the cell surface. No antibody is used during the particle functionalisation. In
this way, no specific binding should be established with the cell membrane, and
every bond-rupture event is considered as a non-specific interaction. The bead is
approached towards the cell axially using the protocol described in section 7.1. The
approach is repeated >40 times for each functionalisation (except in the case of
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Figure 7.6: Bar plot comparing the percentage of beads interacting with the cell membrane
for different surface functionalisations. The screening is performed on non-functionalised
beads: glass and polystyrene (PS); commercially available functionalised particles: amine,
carboxylic acid (COOH), NeutrAvidin (NA) and protein G (PG); particles functionalised in
our laboratory: amine beads coated with BSA (Amine-BSA), amine beads conjugated with
methoxy polyethylene glycol (amine-PEG) and carboxylic acid beads coated with methoxy
polyethylene glycol (COOH-PEG). The percentage of beads non-interacting with the surface is shown in green, the one resulting in the detection of a bond rupture in yellow and the
one that cannot be detached from the substrate after the approach in red. The total number
of approaches (N) is reported for each column.

glass beads) to calculate the percentage of approaches resulting in no interaction
between the bead and the cell.
The experiments are performed with 1 µm beads and powers of 350 mW and 275
mW for the 1064 nm and 835 nm lasers respectively 2 in culture medium (DMEM
+ 10% FBS) at 37°C on NIH 3T3 M39 mouse fibroblasts. The functionalisation
strategy resulting in the least amount of interactions with the surface is considered
the most appropriate to reduce non-specific interactions in the cell membrane and it
is used in the rest of the force spectroscopy experiments.
The test is performed on the following bead coatings: i) Non-functionalised glass
and polystyrene beads; ii) Commercially available polystyrene beads presenting
a surface chemically modified with carboxyl groups, amine groups, protein G, or
2 The

laser power used results in an average trap stiffness of 32 pN/µm for all the functionalisation
tested except for glass beads. In this case, the lower index of refraction of silica is 1.45, compared
to 1.56 of polystyrene, and it results in a mean trap stiffness of 27 pN/µm.
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NeutrAvidin. iii) Beads functionalised in our laboratory to present a PEG or BSA
surface-passivation layer.
The results are shown in Figure 7.6. The bar plot shows in green the probability of approaches resulting in no interaction between the bead and the cell. The
probability of approaches resulting in the establishment and subsequent rupture of
a molecular bond is shown in yellow, while the red area represents the percentage
of beads that establish a bond with the cell surface and cannot be detached by our
optical tweezers.
The best results are obtained for bare glass and bare polystyrene beads (PS in Figure 7.6), with less than 10% of the approaches resulting in a detectable interaction
between the bead and the cell. However, an antibody cannot be attached to these
particles without significantly modifying their surface properties, and thus they cannot be used to target specific proteins in force spectroscopy experiments.
Amine-modified polystyrene beads display a strong interaction with the cell membrane, with more than half of the approaches resulting in the creation of a nonspecific bond. This is due to their positive net charge. The lipid bilayer is negatively
charged and hence interacts electrostatically with the particles. The passivation of
the bead surface with PEG and BSA (Amine-BSA and Amine-PEG in Figure 7.6),
does not significantly reduce the percentage of interactions. This indicates that the
passivation layer does not efficiently screen the surface charge.
Despite presenting a negative surface charge, carboxylated polystyrene beads
(COOH in Fig. 7.6) also display a significant non-specific interaction with the cell
surface (24% of the total approaches). The high sticking percentage can be attributed to the interaction with positively-charged proteins in the cell membrane.
A high percentage of interaction, 43%, is observed with commercial NeutrAvidin
beads (NA in Fig. 7.6) while only 8% is observed with protein G beads (PG). This
is surprising since, in both types of beads, the surface is saturated with globular proteins with close to neutral isoelectric points. The similar frequency of non-specific
interactions observed for NeutrAvidin and BSA-coated amine beads seem to suggest a net positive charge of the bead surface arising from the bead functionalisation
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method, as in the case of amine-coated beads. However, the functionalisation process used by the manufacturer is not known, and no further analysis of these beads,
e.g. ζ-potential3 , is performed given their poor performance. On the other hand, protein G carboxylated polystyrene beads guarantee the lowest non-specific interaction
between the functionalised beads tested, with more than 90% of the approaches not
showing any interaction with the substrate.
Finally, carboxylated beads passivated with PEG (COOH-PEG in Fig. 7.6) showed
detectable interactions with the cell surface in 14% of the approaches, only slightly
more frequently than with protein G beads.
Given the results of these non-specific adhesion tests, protein G beads are used for
the study of antibody-receptor interaction presented in the next section.

7.4

Study of receptor-antibody bonds in living cells

Protein G beads are used to conduct force spectroscopy experiments using axial
tweezers on the apical surface of NIH 3T3 murine fibroblasts. We focus on the
study of membrane receptor CD4. As discussed in Chapter 4, CD4 is a coreceptor
of the T-cell receptor involved in antigen recognition, and it is the primary target of
the HIV-1 virus.
In the next sections, the qualitative response observed is presented. The statistical
distribution of the bond rupture forces is analysed to determine the mean rupture
force of the receptor-antibody bond in the case of CD4 and Q4120, a commonly
used IgG1 mouse anti-CD4 antibody [239] (obtained from Marsh group).

7.4.1

Heterogeneity in the cell response

As described in section 6.1.3, the application of forces on cell receptors can cause
heterogeneous responses. These depend on the presence and nature of the attachment between the receptor and the cytoskeleton. An example of the recorded force
traces is shown in Figure 7.7. The antibody-receptor bonds are acquired with an
approach and retract speed of 1 µm/s on NIH 3T3 M39 murine fibroblasts, with pro3 ζ-potential

is the electric-potential difference present between the surface of a particle in solution
and the bulk of the solution. It is proportional to the surface charge of the bead.
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tein G beads functionalised with anti-CD4 antibody Q4120. All the traces in which
a bond is established show an initial linear, i.e. elastic, response (green dashed line
in 7.7a). This indicates the dissipation of the applied force on the underlying actin
cortex.
It has to be pointed out that even in the case of a membrane not linked to the cytoskeleton, as in actin-deficient blebs or reconstructed lipid vesicles, an initial linear
increase in the applied force is measured due to the energetic requirement of reshaping the membrane from a planar configuration into the tubular shape of a tether. The
application of forces <5 pN results in the formation of a tether [247], which is not
the case in our experiments. We, therefore, conclude that the main component observed in response to a pulling force on CD4 has to be attributed to the actin cortex
anchored to the cell membrane [248].
A second indication of the presence of an elastic response from the actin cortex is
the fact that no significant difference is observed in the apparent force rate, i.e. the
slope of the force signal in the retraction region, between the application of compressive (pushing on the cell) and tensile (pulling on the receptor) forces, as shown
by the dashed green line in Figures 7.7a and 7.7b. This is surprising as the geometry of the force application changes in the two cases. While pushing on the cell, the
force is exerted by the whole bead-cell contact surface. On the other hand, when
pulling on the receptor, the whole force is applied on the receptor-ligand bond. The
observed symmetric behaviour is, however, typically reported in single-molecule
force spectroscopy experiments [103, 207] and can be explained considering that
the actin cortex dissipates the force over much larger areas than the contact surface,
as described in Fig. 6.3a.
In addition, the number of bonds between the bead and the particle does not affect
the deformation of the cell. This can be clearly observed in Figure 7.7c. In this example, two bonds are initially created between the bead and the cell. The rupture of
one of the two bonds causes a sudden reduction of the applied force, but not a variation of the measured force rate. This shows that the observed mechanical response
of the cell is independent of the number of attachment points, i.e. the distribution of
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Figure 7.7: Representative force-versus-time traces obtained in force spectroscopy experiments on NIH 3T3 murine fibroblast. Approach and retraction velocity: 1 µm/s. The dashed
green line indicates that the same force rate is observed when applying a tensile and compressive force, the dashed red line indicates a reduction of the force rate when a tensile force
is applied, and the black dashed line highlights the plastic deformation of the substrate with
a negligible increase in the applied force observed after the formation of a tether.
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the applied force, and indicates that the force is dissipated by the actin cortex over
an area larger than the contact between the cell and the bead.
In rare cases, such as the one shown in Figure 7.7d, a reduction of the measured
force rate is observed between the application of pushing (dashed green line) and
pulling forces (dashed red line). The cell response remains linear with the applied
force indicating that an elastic response is retained. However, the cell appears to be
softer under the application of tensile stress. We hypothesise that this behaviour is
due to the irregular topography of cells. Cells surface present membrane protrusion
with reduce actin content [248]. If the bead establishes a bond with a receptor in
one of these protrusions, during the approach, the membrane is flattened onto the
underlying actin cortex. On the other hand, tensile stress is dissipated by the actin
present on the protrusion, resulting in a softer response.
Finally, the creation of membrane tethers is also observed during the experiments, as
shown in Figures 7.7e–7.7h. As described in section 6.1.3, the force needed for the
creation of a tether can be calculated by observing the change in the measured force
rate, as shown in Figures 6.3b and 6.3d. The tether formation is indicated by sudden
plastic deformation of the cell with no significant increment in force until the final
rupture of the receptor-ligand bond (Figure 7.7e). This viscoplastic behaviour is in
agreement with the presence of a membrane reservoir with lipid molecules flowing
with minimal resistance onto the tether, provided a slow (few µm/s) tether elongation [249]. Tethers up to several micrometres in length can be pulled in this case,
as shown in Figure 7.7f and 7.7g. On the other hand, a fast extension of the tether
causes the bead to escape the trap and recoil towards the cell surface, in agreement
with the observations in ref. [249]. A residual elastic response can be observed in
short tethers, as shown by the red line in Fig. 7.7h. This is probably due to the
residual presence of actin filaments in the tether [248].
The absence of a sudden reduction in the measured force upon the formation of the
tether is in agreement with tether formation models where the force is applied to the
membrane at a single point, i.e. the receptor. This supports the presence of a single
antibody-receptor bond [250–252] and reproduces the observations by Evans et al.
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[103, 205].
The small oscillations observed in the force signal before the contact with the substrate and after the bead detachment are an artefact of the BFPI system. Part of the
infrared light is reflected between the glass surface and the bead generating an interference pattern which is detected by the QPD. The interference pattern depends on
the separation distance between the bead and the surface, and thus oscillations are
observed in the QPD signal during the approach and retraction. This phenomenon
was first reported by Neuman et al. [253], who highlighted how the system can be
approximated by a Fabry Perot resonator with low finesse, i.e. low reflectivity of the
two surfaces. This, when the particle is moved relative to the surface, produces a
periodic pattern with a period, T , equal to half the wavelength of the trapping light
in the propagation medium. In the case of 1064 nm light in water (refractive index:
1.33), the period is 400 nm, which matches the experimental observations. The
presence of the cell limits the minimum possible distance between the two surfaces
and also slightly distorts the light reflection, reducing the amplitude of the oscillations. The oscillations are eliminated during the analysis of the data, as explained
in section 7.2.3.

7.4.2

Analysis of receptor-antibody bonds in living cells

In order to measure the mean rupture force of the Q4120-CD4 bond, the procedure
described in section 7.1 is repeated hundreds of times to gain statistical significance. Several traces collected during the experiments are shown in Figure 7.8. For
the experiments, protein G beads are functionalised as described in section 6.3.1
with a nominal number of antibodies of 1000 per bead. The approach and retraction speeds are maintained constant at 1 µm/s, and an average axial trap stiffness
of 26 ± 3 pN/µm (mean ± standard deviation) is used. Traces which present the
formation of tethers are not considered in the analysis of the bond rupture. In these
cases, the force rate on the antibody-receptor bond is not constant, and the analysis presented in section 6.1 is not applicable. The receptor-antibody bond is measured on three different cell lines: NIH 3T3 fibroblasts (wild type, wt) which do not
present CD4 and thus are used as a control; NIH 3T3 2D12 cells, which express
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Figure 7.8: Examples of the force traces recorded during force spectroscopy experiments
on NIH 3T3 cells, showing a single bond rupture.

CD4; and NIH 3T3 M39 cells, which express both CD4 and lck. Lck has been
shown to result in a more efficient localisation of CD4 onto the cell membrane in
fibroblasts [23].
Figures 7.9a–7.9c show the distribution of the measured rupture forces for the three
cell lines. The total number of approaches performed is 575 for M39 cells, 608 for
2D12 cells and 229 for the wild type cell line.
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An increase in the binding probability of the bead to the cell surface, i.e. the ratio between the total number of bond-rupture events and the total number of approaches,
is observed from the wild type cell line to cells expressing CD4. The probability
of the creation of a bond is < 4% in the case of wild type cells, while it increases
to 12.5% for 2D12 cells and > 22% for M39 cells. This indicates that the beads
specifically target CD4 with only a small number of non-specific interactions. The
difference in the binding probability between the two CD4-expressing cell lines is
attributed to the higher density of CD4 receptors in the cell membrane of NIH 3T3
M39 cells. This is due to the more efficient localisation of the CD4 receptor to the
cell membrane in the presence of lck [23].
A similar force distribution is observed in both the 2D12 and the M39 cell lines,
with the presence of a prominent peak at low forces and a second smaller peak at
higher forces indicating the presence of two separate binding dynamics. The distribution is fitted to a double Gaussian [207], obtaining average rupture forces of
~4 pN and ~8 pN. The fit is shown by the red line in Figure 7.9a and 7.9b along
with the individual Gaussian curves (dashed black lines). On wild type cells, shown
in Fig. 7.8c, only a few bond-rupture events at low forces (< 10 pN) are observed.
On protein G beads, the antibody is linked to the bead by a non-covalent bond with
lower affinity than that of the antibody-CD4 bond as discussed in section 6.3. This
results in the antibody-protein G bond being more likely to fail under the application of an external force. In order to strengthen the bond between protein G and the
antibody, the two molecules are crosslinked by the amine-amine crosslinker BS3,
as described in section 6.3.1, which results in a strong covalent bond that can no
longer be ruptured with optical tweezers.
The binding force is probed again with this functionalisation. The approach and
retraction speeds are maintained at 1 µm/s, the axial trap stiffness is 31 ± 3 pN/µm,
and the beads are tested on M39 cells. The resulting rupture force distribution is
characterised by an increase in the number of bonds failing at forces higher than
15 pN, as shown in Figure 7.9d. Two distinct peaks can clearly be observed, one at
low forces (< 10 pN), in the same range as the forces described for non-crosslinked

7.4. Study of receptor-antibody bonds in living cells

257

Figure 7.9: Distribution of measured rupture forces for protein-G-coated beads functionalised with Q4120 anti-CD4 monoclonal antibody on: a) NIH 3T3 M39, expressing both
CD4 and lck; b) NIH 3T3 2D2, expressing CD4 but not lck; c) wild-type NIH 3T3. The red
line indicates the double Gaussian fit used to find the position of the peaks in the distribution
(the single Gaussians are shown by the dashed black lines). d) Bond rupture force distribution on M39 cells for beads with protein G and the Q4120 antibody crosslinked using BS3.
The number of approaches (N) is indicated for all experiments.

beads (Fig. 7.9a and 7.9b), and a second one centred around 22 pN.
In crosslinked beads, the antibody is covalently bound to protein G molecules on the
bead, thus the only bond that can be ruptured by the forces exerted by the optical trap
is the one between the antibody and CD4. However, the appearance of this highforce interactions indicates that the rupture force measured with non-crosslinked
particles has to be attributed to the link between protein G and antibody, rather than
the antibody-antigen bond.
These results indicate that our setup can be used to specifically target and study
the interactions with membrane receptors directly in the cell membrane of living
cells. To our knowledge, this is the first demonstration of single-molecule force
spectroscopy on living cells using axial optical tweezers. In addition, due to the
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low axial trap stiffness, weak interactions, which display rupture forces of a few
picoNewtons, can be addressed. This allows for the study of interactions, which
cannot be addressed in an AFM setup, due to thermal force noise of the technique.
(~10 pN) [170].
Additional optimisation of the bead functionalisation is needed. The crosslinker
used to covalently attach the antibody to the protein G on the bead, although reported in the literature [207], targets all the exposed amines on the antibody and
the bead. This can cause the partial or total deactivation of the antibody if the
crosslinker binds the antibody binding epitope. This ultimately results in the introduction of significant variability in the measured rupture forces, which undermines
the final results. Moreover, protein G is only able to bind antibodies and thus is
not suitable for the functionalisation of the bead with proteins present in the extracellular matrix or other receptors. This would be required to study the interaction
between receptors and their target ligands, e.g. the bond between CD4 and the HIVviral protein gp120.
The data presented in section 7.3 show that PEG passivated carboxyl-coated display
similar levels of non-specific binding to that of protein G and thus appear to be the
best alternative for future experiments.

7.5

Measuring the local mechanical properties of the
actin cortex and the cell membrane

Optical tweezers can be used to study the mechanical response of materials to very
weak localised forces (< 20 pN) due to their sub-pN-force resolution. This is particularly interesting for the study of elasticity and viscosity of the cell membrane
and the actin cortex.
The study of the mechanical properties of cells, often referred to as mechanobiology, is an important and growing field of research with applications in a wide
range of biological and medical problems over several length scales, from tissues
to sub-cellular structures [254]. Studies concerning the mechanical properties of
whole cells, for example, have shown how cancerous cells display significant vari-
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ation in stiffness when compared to healthy cells [255, 256]. On the sub-cellular
level, the rigidity of the cell membrane and the cytoskeleton plays a crucial role
in the endocytosis of nanometer-sized objects. In these processes, the membrane
has to be deformed to encompass the particle, which forces local high curvatures.
This is particularly important for the use of nanoparticles as carriers in drug delivery applications [257], but also in the study of virus entry and of the non-specific
defensive mechanisms employed by the cell to prevent virion endocytosis or fusion.
A particularly interesting family of molecules in this regard are interferon-induced
transmembrane proteins (IFITMs). These proteins have been shown to restrict virus
infection for a wide range of virus types, from influenza A to filoviruses, such as
Ebola virus, to HIV type 1 [258]. IFITMs have been shown to prevent viruses
from crossing the membrane’s lipid bilayer [259]. Although the exact mechanism
of action is still being investigated, IFITMs are thought to modify the mechanical
properties of the cell membrane and to inhibit the formation of viral fusion sites.
In the literature, using fluorescence microscopy, IFITM overexpression has been
shown to reduce the fluidity of the cell membrane. It also slows the lateral diffusion
of membrane proteins [260] and virus-induced cell-cell fusion [261]. However, the
direct observation of the variation of the mechanical properties of the cell membrane in the presence of IFITMs protein is still missing.
In the following sections, we discuss the theoretical framework used to study the
mechanical properties of the cell membrane and the actin cortex using axial optical
tweezers, and we present experimental results showing the high sensitivity of the
technique to changes in actin cortex stiffness.

7.5.1

Elastic deformation model

In order to measure local mechanical properties in cells, a weak force, in the 10–
100 pN range, can be applied on a sub-micrometre-wide region of the plasma membrane causing the deformation of the cell surface. By measuring the cell indentation,
δs , and knowing the magnitude of the applied force, the local stiffness of the cell
can be measured. In a schematic picture, shown in Figure 7.10, the cell and the
probe used to exert the force are considered as two springs of stiffness κs and κp ,

7.5. Measuring local mechanical properties of the cell membrane

260

respectively. The probe stiffness is, for example, the stiffness of the optical trap or
of the AFM cantilever. When the cell is brought into contact with the probe, the
applied force can be measured by multiplying the probe displacement, δp , from the
equilibrium position by the probe stiffness.
The absolute displacement of the sample, ∆, is controlled with a translation stage
and the cell deformation, δs , can be calculated by subtracting the probe displacement from the absolute displacement of the sample: δs = ∆ − δp . As the forces
acting on the probe and the substrate have opposite directions but the same magnitude, the substrate stiffness, κs can then be calculated as:
κs =

κp δp
κ p δp
=
.
δs
∆ − δp

(7.3)

The measured cell stiffness considers only the total force applied to the cell and
does not account for the contact area and deformation geometry. The pressure experienced by the substrate can vary greatly depending on the probe geometry; even
weak forces, when applied on very small areas, like in the case of an AFM tip,
can result in high pressure and cell damage. For this reason, spherical probes are
usually employed, such as micrometric beads mounted on an AFM cantilever or
trapped beads in optical tweezer setups.
The experimental results are typically analysed to extract the local Young’s modulus of the cell [256]. The Young’s modulus, E, a property of the material and it
is defined as the ratio between the applied stress (applied force divided by contact
area) and the measured strain (the relative deformation of the substrate). Hertz’s
theory links the applied force to the Young’s modulus in the case of a spherical
probe [262]. In this model, the force, F, applied by a non-deformable sphere can be
calculated as:
4 E
F=
3 1 − ν2

q
rδs3 ,

(7.4)

where r is the radius of the sphere and ν is Poisson’s ratio, i.e. the ratio between the
material’s transverse and axial strain. The value of ν is of difficult determination
for cells, and it is usually assumed to be equal to 0.5 in our analysis, as it is the
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Figure 7.10: Schematic and graphical representation of the experimental procedure used to
measure the substrate stiffness. Both the probe and the substrate are approximated to perfect
springs. When not in contact, the probe and the substrate maintain their rest position, z0 and
t0 respectively. The sample is moved toward the probe. When contact is established, the
probe is displaced and the substrate deformed. The probe displacement, δp , depends on the
relative stiffness of the probe and the substrate. The probe displacement and the sample
positions, ∆, are measured during the experiment, and the deformation the substrate can be
calculated as: δs = ∆ − δp .

case for incompressible materials [263]. The use of Hertz’s model is wide-spread
and generally accepted for the study of the mechanical properties of cells, as it
allows the comparison of results from experiments performed with different setups
and geometries. However, the model was developed for the study of homogeneous
materials, and it assumes a flat, smooth and homogeneous surface, which is not
valid for the cell membrane. In particular, the surface roughness has been shown
to have a large effect on the determination of the substrate elastic response4 [264].
For this reason, the limitations of the model must be considered in the analysis of
the absolute value of the Young’s modulus. In the following sections, both the measured stiffness and the Young’s modulus are reported for clarity and completeness.
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Figure 7.11: a) Schematic representation of a typical force-versus-displacement curve obtained when indenting a cell in the high force regime (~100 pN). Hysteresis is observed
between the approach and retraction curves caused by the energy dissipation due to viscous
effects. b) Typical response in the case of weak compressive forces (~10 pN). The cell
behaves as an elastic material, and the same curve is observed during both approach and
retraction.

7.5.2

Cell viscosity and optical tweezers

In the previous section, the cell has been treated as a perfectly elastic material. This
is, in general, not the case as the cell’s response to mechanical stimulation has been
shown in the literature to depend on the applied force [265]. At high forces, cells
display relatively high stiffness with Young’s moduli between 1 kPa and 10 kPa.
As shown schematically in Figure 7.11a, viscous effects are also evident with a
force-rate-dependent stiffness and hysteresis in the force traces between approach
and retraction due to the energy dissipation by viscous effects [266].
On the other hand, at low forces (< 20 pN), as in our experiments, the response is
almost exclusively elastic, which justifies the simplification made in the previous
section (Fig. 7.11b). In addition, no dependence on the force rate is observed at
low forces [265], and the measured stiffness is significantly reduced, with Nawaz et
al. [265] and Coceano et al. [267] reporting values 10 to 100 times lower than that
observed in the high-force regime.
The discrepancy between the responses in the two regimes is likely to be attributed
4

Following Greenwood elastic theory [264] and assuming a probe radius of 0.5 µm and an indentation of 20 nm, a mean substrate roughtness of 40 nm causes a ~50% drop in the pressure exerted at
the centre of the contact area between the spherical probe and the rough substrate.
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to the combined effects of the actin cytoskeleton and of the hydrostatic pressure
and viscous effects felt when producing a significant cell deformation. Rotsch et
al. showed the contribution of the cytoskeleton mechanical properties to the cell
response to applied force above 100 pN [268]. They demonstrated that the administration of actin-depolymerising drugs, which disrupt the cell cytoskeleton, such
as latrunculin A and cytochalasin B, cause a >2.5 fold reduction of the measured
cell Young’s modulus. However, the contribution of the actin cytoskeleton cannot
fully explain the high stiffness measured on cells in the high-force regime. Reconstructed networks of purified actin filaments display a significantly lower stiffness,
with E ≈ 100 Pa when crosslinked [269], compared to the > 1 kPa measured in
cells.
In addition, at high forces, the measured Young’s modulus is not uniform across the
cell, with the regions close to the nucleus being significantly stiffer and more viscous than the cell edge [267]. The cell response in the low-force regime is instead
largely determined by the actin cortex [265], which results in an elastic response
and Young’s moduli similar to that of crosslinked actin networks.
Given the strong dependence of cell mechanical properties on the experimental conditions, the ability to control the applied force to the pN level is crucial for the study
of the properties of the plasma membrane and actin cortex. This is, however, very
difficult to achieve when using atomic force microscopy. Due to the stiffness of
the cantilever, the noise in the force signal is around 20 pN [170] and compromises
accuracy in the determination of the applied force. On the other hand, optical traps
have spring constants in the tens to hundreds of pN/µm. This allows the reduction
of the noise down to less than a pN, as discussed in section 6.1.4, and makes optical
tweezers the technique of choice for the testing of the cell response to low forces.

7.5.3

Experimental procedure and analysis of the data

We use our axial optical tweezer setup to measure the stiffness of NIH 3T3 2D12
fibroblasts. The experiment is conducted in the following way. A 1 µm-diameter
polystyrene bead is trapped and brought into contact with an adherent cell at a constant speed of 1 µm/s. After detecting contact, the cell is indented with the bead until
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a ~10 pN-force is applied. The movement is then reversed, and the bead is moved
away from the cell at the same speed as during the approach. Bare polystyrene beads
(Polyscience, part number: 07310-15) are employed as no specific bond needs to
be established, and the beads resulted in the lowest number of non-specific interactions, as shown in section 6.2.
Given the stiffness variations across different regions of the cell reported in the literature for AFM measurements, we limit the study to the cell edge, away from the
nucleus. This also prevents the creation of artefacts in the QPD signal due to the
light distortion caused by the nucleus or other cell organelles, as described in section 7.1.
Figure 7.12 shows examples of force-versus-time traces recorded during the experiments. Initially, the bead fluctuates around the trap centre following Brownian
motion and a zero-mean force is measured (dashed black line in Fig. 7.12a). Upon
contact with the cell, the bead is displaced away from the equilibrium position and
generates a compressive force on the cell. The force increases in a linear fashion
when the cell is moved further towards the trap. Similar behaviour is observed in
the retraction section. The contact and detachment points are located as described
in section 7.2, and the measured force rate, rf , is determined by the linear fit of the
contact region (red dashed line in Fig. 7.12a). The force rate is then divided by the
speed of the stage to calculate the variation of the force as a function of the stage
displacement, K [pN/µm]. K coincides with the stiffness measured during the trap
calibration, κp , in the case of a non-deformable substrate, since the bead displacement away from the trap centre coincides with the stage displacement. In the case
of a soft substrate, however, the substrate deforms under the application of force.
This results in a displacement of the trapped bead, δp , that is smaller than that of the
substrate, ∆, as shown in Fig. 7.10. In this case, as shown in Fig. 7.13a, K is lower
than κp . The relation between κp and K can be calculated as:
F = κp · δp = K · ∆,

(7.5)
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Figure 7.12: Example of force traces recorded while testing the stiffness of NIH 3T3 2D12
fibroblasts. a-d) Before the administration of latrunculin A; e-f) a few minutes after 100 nM
latrunculin A is added to the cell medium; g-h) more than two hours after the administration
of latrunculin A (100 nM).

where F is the force applied on the cell. From Eq. 7.5:
K=

δp
κp .
∆

(7.6)

Moreover, since the trap stiffness, κp , is known from the trap calibration, the cell
stiffness, κs , can be calculated combining Eq. 7.6 and Eq. 7.3, as:
κs =

Kκp
.
κp − K

(7.7)
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Figure 7.13: a) Force-vs-stage-displacement trace showing how after contact with the cell,
the force increases linearly with the stage displacement. The slope, K, is lower than the
stiffness of the trap measured during the trap calibration, κp due to the deformation of
the cell. b) Measured bead displacement (δp , red), stage displacement (∆, green) and cell
indentation (δp , blue) calculated as δs = δp − ∆.

The cell indentation, δs , can be calculated by subtracting the stage motion from the
bead displacement, as shown in Figure 7.13b. Knowing the maximum force applied
on the substrate, F, the Young’s modulus of the cell can be calculated rearranging
Eq. 7.4 as:
3 1 − ν2
E= p
F.
4 rδs3

(7.8)

An important parameter to be considered in the determination of a suitable trap
stiffness for the measurement of cell mechanical properties is the measurement sensitivity, i.e. the variation in K produced by variations in the cell stiffness or ∂ K/∂ κs .
By rearranging and differentiating Eq. 7.7, the sensitivity can be calculated as:
κp2
∂K
=
2 .
∂ κs
κp + κs

(7.9)

The highest sensitivity is achievable for very stiff traps (κp  κs ). In this condition,
changes in the cell stiffness result in roughly equal variations in K, i.e. K ≈ κcell .
The sensitivity of the measurement quickly drops for substrates stiffer than the trap.
As an example, for a substrate three times stiffer than the trap, the sensitivity is
reduced below 7%. This means that large variations of the cell stiffness only cause
small changes in the measured value of K. It also means that small errors in the
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determination of K can cause large errors in the calculation of the cell stiffness.
On the other hand, as discussed in section 6.1.4 in the case of the AFM, stiff traps
are characterised by higher noise in the force signal. The reason for this is that the
quantity measured in the experiments is the probe displacement. As any detected
deviation from the equilibrium position is multiplied by the trap stiffness to calculate the exerted force, stiffer traps result in lower force resolution given the same
position resolution. In conclusion, the best compromise between resolution and
sensitivity is given by a trap stiffness of similar magnitude to the one expected for
the sample. The mean trap stiffness of 35 pN/µm used in the experiments is hence
suitable for measuring a stiffness range of 10–100 pN/µm.
The statistical significance of the variations in the value of K measured in different
conditions in our experiments is evaluated by performing a two-sample Student’s
t-test. The test hypothesises that the two populations analysed have the same statistical distribution (null hypothesis). The result of the test is the probability (p-value,
p) of obtaining a difference as large as the one shown in the data by assuming the
null hypothesis to be true. A difference in the mean value of the two distributions is
usually considered significant if p < 0.05, i.e. there is a probability of less than 5%
of obtaining a difference at least as large as that measured in the data by randomly
sampling two populations of equal distribution.

7.5.4

Dependence of the membrane’s stiffness on actin polymerisation

We measure the effect of the drug latrunculin A on the cell mechanical properties.
Latrunculin A is a toxin that binds actin monomers and prevents actin polymerisation. Since cells continuously disassemble and reform actin filaments every few
minutes [270], latrunculin quickly disrupts the actin cytoskeleton by preventing the
formation of new filaments. Since the cellular actin cytoskeleton confers rigidity to
the cell, actin depolymerisation results in a decrease in the cell-membrane stiffness.
The local membrane stiffness is measured in untreated cells in culture medium, and
then latrunculin A is added to the cell medium at a final concentration of 100 nM.
The membrane stiffness is measured again just after the administration of the drug
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Figure 7.14: Force-vs-stage-displacement traces before (red) and after (blue) the administration of latrunculin A, showing the difference in K. The darker lines indicate the moving
average of the recorded sample, calculated over a 100-point interval (10 ms).

(10–30 minutes) and then after two hours. The number of traces considered in the
analysis for each condition is 24, 38 and 30, respectively. Only the approach signal
is considered in the analysis. The mean trap stiffness is 35 ± 4 pN/µm (mean ±
standard deviation). The stiffness is measured for each bead used and no more than
10 approaches are performed with the same bead.
In Figure 7.14, two force traces, collected before and after the administration of
latrunculin A to the cells, are shown to highlight the reduction in the measured K
in the presence of the depolymerising drug. This decrease in K is caused by the
deformation of the cell membrane and indicates the softening of the cell cortex. Figure 7.15a shows the mean values obtained for K before and after the drug treatment.
Error bars on the bar plot correspond to the standard error of the mean (SE). The
histogram in Figure 7.15b presents the corresponding distributions of all the measured values of K. Before the administration of the drug, K is 28 ± 2 pN/µm (mean
± SE). After the administration of latrunculin A, K is reduced to 19 ± 1 pN/µm.
The reduction is statistically significant with p < 10−4 . No significant further reduction of K is observed after two hours from the introduction of the drug with the
measured K being 19 ± 1 pN/µm. This indicates that the effect of latrunculin A is
felt almost instantly by the cells, and does not vary over time. It is important to

7.5. Measuring local mechanical properties of the cell membrane

269

Figure 7.15: a) Slope of the applied-force-vs-stage-displacement (K) during approach for
NIH 3T3 2D12 cells before addition of latrunculin A (blue), at a latrunculin concentration
of 100 nM (red), and 2 hours after the administration of latrunculin A (green). The stars
indicate the statistical significance of the difference between the measurements: ∗ ∗ ∗ : p <
0.005 and n.s.: p > 0.05 (no statistical significance). The total number of traces is reported
in each bar (N). b) Distribution of the values of K in (a). c) Membrane stiffness calculated
from the values in of K in (a) using Eq. 7.7. The error bars indicate the SEM.

notice that if latrunculin A is removed, the cells are able to reconstruct the actin
cortex, resume growth within a few hours and are able to reach confluency. This
shows that the effects of the drug, at the concentration used, are reversible, and the
observed change in stiffness is not due to a long-term loss of cell viability.
Using Equation 7.7, the membrane’s stiffness, κs , is calculated to be 145 ± 44 pN/µm
before the administration of latrunculin A (Figure 7.15c). The cell stiffness is
reduced to 41 ± 4 pN/µm after 10-30 minutes from the administration of latrunculin A, and 43 ± 4 pN/µm after 2 hours. The uncertainty in the value of the cell’s
stiffness, SEκs is calculated by propagating the error in the measured K, SEK , and
the error in the trap stiffness calibration, SEκp , using the formula:
s
SEκs =

∂ κs
· SEK
∂K

2


+

∂ κs
· SEκp
∂ κp

2

v
u 2 2
u κp SEK + K 2 SE2κp
=t
.
4
κp − K

(7.10)

The higher relative SE of the cell stiffness compared to that of K in the case of untreated cells (from ~5% to ~30%) is attributed to the low sensitivity of the system
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for samples much stiffer than the optical trap, in our case κs > 4κp , as described in
section 7.5.3.
The Young’s modulus is also calculated using Equation 7.8, and it is 300 ± 140 Pa
for untreated cells, 44 ± 6 Pa after the introduction of latrunculin A, and 47 ± 7 Pa
two hours after the depolymerisation of the actin cortex. The low value of the
Young’s modulus measured after the administration of latrunculin A is in agreement with the values reported by Gonnermann et al. [271] in actin-deficient blebs5
(E < 100 Pa). This indicates that the drug minimises the contribution of the actin
cortex to the membrane stiffness and suggests the ability to directly address the mechanical properties of the membrane lipid bilayer.
Finally, we analyse possible differences between the values of K measured during
the approach and retraction stages. The results are shown in Figure 7.16a, while Figures 7.15b and 7.15c show the distribution of the values of K in the approach (light
colour) and retraction (dark colour) stages before (Fig. 7.16b) and after (Fig. 7.16c)
the administration of 100 nM latrunculin A. Data acquired immediately after the administration of the drug and after 2 hours are analysed together since the previous
analysis showed no time dependence of mechanical properties of the membrane.
For the data collected after the depolymerisation of the actin cortex, a statistically
significant (p = 0.034) increase in the measured K is observed during the retraction
stage with respect to that measured during the approach. This can be attributed to
the presence of residual viscous effects which produce small hysteresis in some of
the recorded force traces, as shown in Figure 7.16d. In the majority of the traces
(>70%), however, no change is observed in the trap stiffness between the approach
and retraction stage, as shown in Figure 7.16e, which indicates that, if present, viscous effects are limited and localised.
Our results demonstrate that the response of cells to weak stimuli (<20 pN) is dominated by the response of the actin cortex, in agreement with the data reported in the
literature [267]. The addition of actin-depolymerising drug latrunculin A causes a
significant reduction of the cell stiffness by more than a factor of 3, which confirms
5 A bleb is a roughly spherical protrusion of the cell membrane that does not present any actin content.
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Figure 7.16: a) Slope of the applied-force-vs-stage-displacement (K) during approach and
retraction for NIH 3T3 2D12 cells before and after the administration of latrunculin A.
The number of approaches (N) considered in the analysis is reported in each column. The
error bar indicated the error of the mean. ∗ : p < 0.05 and n.s.: p > 0.05 (no statistical
significance). b) Distribution of the values of K during approach (light blue) and retraction
(dark blue) for the data in (a) before the administration of latrunculin A. c) Distribution
of the values of K during approach (light red) and retraction (dark red) for the data in (a)
after the administration of latrunculin A. d) Approach (blue) and retraction (red) traces after
the administration of latrunculin A, showing the presence of a small hysteresis between the
two traces. This causes a higher apparent trap stiffness in the retraction stage compared
to the approach. e) Approach and retraction traces recorded after the administration of
latrunculin A, as in (d). In this case, the traces overlap, and no hysteresis is present.
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previous observations [265]. Only small viscous effects are observed, indicating a
primarily elastic response.
In conclusion, the low noise and high force resolution achievable by our axial optical tweezer setup allow for the application and detection of sub-pN forces onto
adherent cells. These characteristics allow the study of the response of cells to extremely low localised forces, a regime that is difficult to examine with conventional
atomic force microscopy setups. In particular, we have demonstrated the sensitivity
of our setup to the mechanical properties of the actin cortex. We have shown an
almost completely elastic response of the membrane to the applied force and more
than three-fold reduction of the membrane stiffness after the administration of the
actin-depolymerising drug latrunculin A.

Chapter 8

Conclusions
This thesis presents the design, implementation and operation of an innovative and
completely custom-made microscopy setup. The setup combines light-sheet fluorescence microscopy and optical tweezers in an instrument specifically designed to
observe, with single-molecule resolution, the distribution and motion of membrane
protein, as well as, to measure the strength of the interactions between membrane
receptors and ligands on living cells.
The observation of molecular interactions in real-time on living cells can reveal
important information on the dynamic interactions between biological macromolecules that cannot be captured with traditional ensemble and equilibrium
measurements or high-resolution imaging of fixed samples. This has created a
significant interest in the development of microscopy technique able to achieve
high-speed acquisition and single-molecule sensitivity. Our setup responds to such
needs by adapting two established techniques, fluorescence light-sheet microscopy
and optical tweezers, to the study of living cells. To do so, we developed several
technical features, which allow fast acquisition and high resolution and sensitivity.
We, then, demonstrated the ability to obtain single-molecule sensitivity and frame
rate adequate for the single-particle tracking of membrane receptors, as well as,
pN-resolution in the testing of molecular bonds.
In addition, the setup allows the simultaneous use of the two techniques. Although,
attempts to integrate optical tweezers and fluorescence microscopy, including lightsheet microscopy, have been described in the literature, our setup is the first allow-
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ing high-speed imaging and single-molecule sensitivity on living cells, and thus
the possibility to simultaneously study protein mobility and interactions in vivo.
This makes the setup uniquely suited for the study of cellular processes in which
protein mobility, distribution and the creation of transient bonds are at play, e.g.
cell adhesion or intercellular signalling. A particularly important application of our
device is the study of the virus interaction with the plasma membrane during virus
entry. This is an extremely dynamic process which requires the creation of molecular bonds between the viral particle and cell receptors on the plasma membrane as
well as the reorganisation and clustering of such receptors around the viral particle.
The setup presented in this work is unique in the ability to simultaneously measure
or apply a force to a molecular bond and image the protein motion in response to
the applied stress. These experiments are currently only possible with our setup
and, for this reason, I believe the microscopy setup will allow to gain invaluable
insights in cellular biology and virology at the molecular level. The novelty of the
setup thus adds an important asset to the Biological Physics group at UCL, as it
will improve the quality and uniqueness of the research conducted at the university. It will contribute in increasing the relevance of the institution in the research
community and it will allow the creation of new collaborations. In the following
paragraphs, the main achievement described in this thesis will be summarised in
further detail.

In Chapter 2, we have demonstrated the nanometric stability of our setup, and we
have introduced a custom-system for the control of the sample temperature. The
system relies on a heated aluminium box to allow the uniform heating of the air
around the sample with no air circulation. The system maintains a stable temperature of 37°C, suitable for cell survival. The temperature stability obtained is
comparable to that of more expensive commercial setups. This is obtained without
the use of air currents to increase the stability of measurements in open-dish samples.
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In Chapters 3 and 4, we have described and analysed the fluorescence light-sheet
microscopy setup. Light-sheet microscopy allows for the optical sectioning of the
sample and widefield collection of the fluorescence emission, hence high-speed
imaging. In addition, the imaging is not limited to the imaging of the sample-holder
surface, as for TIRF microscopy. We have presented an innovative solution to the
geometrical and optical constraints of lateral illumination required in light-sheet
fluorescence microscopy by the use of a custom-designed sample holder together
with a thin-hydrogel as cell substrate. The gel matches the refractive index of the
cell medium and allows full optical access to the cells. The mechanical properties
of the gel, and in particular its stiffness, mimic the properties of native tissues. This
results in a more physiological substrate than the stiff glass substrate typically used
in microscopy. In addition, our setup allows the simultaneous acquisition of two
spectral bands, i.e. two different fluorescently labelled proteins, on the same camera
with the use of a custom, aberration-free colour splitting system.
With our setup, we have demonstrated high speed acquisition, diffraction-limited
spatial resolution, and optical sectioning and 3D reconstruction of adherent cells
on the gel substrate. We have also shown single-molecule sensitivity by observing
discrete steps in photobleaching of fluorescently-labelled molecules. These features
have been used to achieve single-particle imaging and tracking of CD4 membrane
receptors with localisation precision of tens of nanometres. We have shown that
CD4 motion on the cell membrane is characterised by confined diffusion in tens
to hundreds of nanometre-sized compartments, in agreement with the presence of
actin corrals and descriptions of Kusumi’s picket-fence model. These results show
the unique suitability of the setup for the observation of the dynamics of membrane
receptors and, more in general, of single proteins in living cells.

In Chapter 5, we have described in detail the optical tweezer setup. We have
designed and implemented a setup which uses an upright configuration, with a
water-dipping trapping objective positioned above the sample. This prevents distortions of the trap shape and stiffness caused by the substrate and the mismatch
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in the refractive index of the sample and immersion medium, which is observed in
conventional optical tweezers using inverted microscopes and oil immersion objectives. The setup allows nanometric resolution in the determination of the trapped
particle position and sub-pN resolutions of the applied force. In addition, we have
demonstrated the harmonicity of the trap up to several hundreds of nanometres from
the trap centre.
In the setup, we present the first use, to our knowledge, of an asymmetric counterpropagating beam for the fine control of the trap centre with respect to the trapping
beam focus, via the compensation of the trapping beam radiation pressure. This
allows for the efficient application of both pushing and pulling vertical forces on the
substrate. In addition, we have remarked the importance of an in-depth analysis of
the stability of the trap stiffness during the experiments, which is often overlooked
in optical tweezer experiments. In particular, we have reported the presence of
protein aggregates in the cell medium, which are caused by the variation of the pH
and ionic strength of the medium. These aggregates are attracted by the optical trap
and severely spoil the measured trap stiffness and thus the reliability of the acquired
data. In order to increase the trap stability and prevent the formation of such aggregates, a combination of HEPES and bicarbonate has been used as pH-buffering
solution and evaporation has been reduced by the application of a flexible plastic
sleeve around the sample and the trapping objective.

In Chapters 6 and 7, we have introduced the study of molecular bonds via dynamic
force spectroscopy. The functionalisation of the particles used in the experiments is
discussed, and the demonstration of specific targeting of CD4 molecules on living
mouse fibroblasts is presented. This is, to our knowledge, the first demonstration of
single-molecule force spectroscopy using axial optical tweezers on living cells. The
extremely high force resolution provided by the soft stiffness of the axial optical
trap allows for the targeting of weak protein interactions (with rupture forces <10
pN). This cannot be easily addressed with atomic force microscopy, due to its high
noise in the force signal.
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In addition, the ability to exert vertical forces with sub-pN resolution has been used
to study the mechanical response of cells to localised weak forces (~10 pN). We
have shown that, under these conditions, cells display an almost exclusively elastic
response, which greatly differs from the viscous behaviour observed when forces in
the hundreds of pN are exerted in AFM experiments. Finally, we have demonstrated
that the actin cortex is the main contributor to membrane rigidity, by showing that
the administration of actin depolymerising drug latrunculin A causes a more than
three-fold reduction in the membrane stiffness.

In conclusion, we have reported the construction and optimisation of a unique and
novel microscopy setup for the observation and study of membrane receptors on
living cells. To do so, we have introduced innovative solutions both in fluorescence microscopy and in force spectroscopy. In addition, light-sheet fluorescence
microscopy and optical tweezers are integrated on the same setup. We have reported the first simultaneous use of optical tweezers and light-sheet fluorescence
microscopy by observing the effect of the trapping beam power on the photobleaching of fluorescent latex beads.

8.1

Future work

The work presented in this thesis revolves around the construction, optimisation
of the combined optical tweezers and fluorescence light-sheet microscope. The
microscope capability has been demonstrated by showing single-particle tracking
of immunostained receptors as well as the ability to measure with pN resolution
the single-bond ruptures and the mechanical properties of adherent cells. Although
these achievements attest the unique capabilities of the setup, with appropriate funding, the project still has ample scope for improvement both in the technical capabilities of the setup and, more importantly, in the relevance and novelty of the biological
experiments conducted with it.
Regarding upgrades to the microscopy setup, A significant improvement on the
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current fluorescence light-sheet setup would consist in the use of alternative beam
modes to the one Gaussian TEM0 0 currently employed. The use of Bessel and
Airy beams have attracted significant attention for the possibility to create slowly
diverging beams and thus reducing the beam thickness while maintaining the same
field of view. The light-sheet shape could be even improved further by implementing lattice light-sheet illumination. In this case, a spatial light modulator is used
to engineer the waveform of the incoming beam of light and minimise the beam
thickness and divergence. This method would ultimately result in image sectioning
capabilities comparable to the one obtainable with confocal microscopy, thus significantly reducing the image background and improving the localisation precision.
The engineering of the point spread function could also be implemented in the optical tweezer setup to compress the potential well in the axial direction, and thus the
trap stiffness along z. In addition, the implementation of a back-focal interferometry
system based on the back-scattered trapping light, in place of the transmitted one,
would eliminate the distortions observed in the QPD signal due to interference with
the surface and distortion of the trapping beam caused by the cell organelles. These
are the most significant cause of noise in the detection of the applied force, making
the use of back-scattered light a priority in the future upgrades of the setup. In addition, this system will allow trapping and force measurements on opaque samples
and substrates. Finally, the reduction of the sample evaporation through the design
of an improved sample holder, and the use of a linear temperature controller, would
increase the stability of the system and experimental conditions, improving the reliability of the acquired data.
With respect to the biological studies that will be conducted in the future, this thesis focused on the study of CD4 receptors, given the collaboration established with
Prof. Marsh and its interest in the entry mechanism of HIV. I envision the continuation of the research on this subject in the near future, although similar studies can
be conducted on other membrane proteins, allowing for new collaboration in the
mid to long term. The study on CD4 will be completed by observing the changes in
the receptor motion in different cell lines and conditions, e.g. in the absence of lck
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or after the depolymerisation of the actin cortex. In addition, new protocols will be
created and optimised for the monovalent staining of CD4, in order to remove the
possible artificial clustering and the reduction of the observed diffusion. In addition,
the two-colour fluorescence imaging system will be used to simultaneously observe
the distribution and dynamics of two distinct membrane proteins, e.g. CD4 and lck.
Axial optical tweezers could be employed to address the bond between CD4 and the
viral protein gp120, responsible for the targeting of the receptor during HIV-1 infection, in order to characterise the bond’s affinity and energy landscape. Moreover,
the data presented in this work indicate the presence of a link between CD4 and the
cytoskeleton. This link can be characterised by the analysis of the force required
for tether formation, as described in Chapter 6. Finally, the unique integration of
the light-sheet fluorescence microscopy and optical tweezers can be exploited to
observe the change in the diffusion behaviour of the receptor upon the controlled
interaction of a ligand presenting particle, simulating viral infection. This study
will study with unprecedented depth the physical properties of the CD4 receptor,
for which the literature presents incomplete and contradictory results, and will contribute to a deeper understanding of the virus engage mechanism and the properties
of the bond established with the cell membrane. Building on the studies on the mechanical properties of the cell membrane and actin cortex presented in chapter 7,
the effects of IFITM-proteins on the rigidity of the cell membrane will be addressed
to elucidate the role of this protein in non-specific inhibition of infection.

Appendix A

Appendix 1: Optical components and
calculations
A.1

List of optical components

The following table lists all the lenses used in the microscopy setup. All lenses
are purchased from Thorlabs. All telescopes used in the setup are in a Keplerian
configuration, i.e. the two lenses composing the telescope are placed at a distance
which is the sum of the lens focal lengths.
Setup section

Component

Description

Diam. (mm)

flens (mm)

lens 1

Achr. doublet

25.4

100

lens 2

Achr. doublet

8

200

lens 1

Achr. doublet

25.4

100

lens 2

Achr. doublet

8

200

lens 1

Achr. doublet

25.4

40

lens 2

Achr. doublet

25.4

60

lens 1

Achr. doublet

25.4

35

lens 2

Achr. doublet

25.4

60

lens 1

Achr. doublet

25.4

75

lens 2

Achr. doublet

25.4

200

lens 1

Achr. doublet

25.4

100

lens 2

Achr. doublet

25.4

100

TL1B

TL1G

TL2B
Fluorescence
TL2G
excitation
path
TL3

TL4
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lens 1

Achr. doublet

25.4

45

lens 2

Achr. doublet

25.4

80

Cyl. achr. d.

25.4

50

lens 1

Achr. doublet

25.4

100

lens 2

Achr. doublet

25.4

100

lens 1

Achr. doublet

25.4

150

lens 2

Achr. doublet

25.4

150

lens 1

Achr. doublet

25.4

100

lens 2

Achr. doublet

25.4

25

lens 1

Achr. doublet

25.4

100

lens 2

Achr. doublet

25.4

75

Tube lens

31

200

lens 1

Achr. doublet

25.4

75

lens 2

Achr. doublet

25.4

150

lens 1

Achr. doublet

25.4

60

lens 2

Achr. doublet

25.4

30

Achr. doublet

25.4

200

lens 1

Achr. doublet

25.4

75

lens 2

Achr. doublet

25.4

100

L2IR

Achr. doublet

25.4

150

Collimator

Fresnel lens

25.4

19

L2

Achr. doublet

25.4

150

TL5
CyL
Fluorescence
TL5
collection
path
TL6

TL7

TL8
L1
T1IR
1064 nm
laser path

TL6
L1IR

835 nm

T1IR

laser path

Brightfield

Table A.1: List of the lenses used in the setup. The following abbreviations are used:
Diam.: diameter, flens : lens focal length, achr. doublet: achromatic doublet, cyl. achr. d.:
cylindrical achromatic doublet. The tube lens has an apochromatic design, however, the
complete lens design is not provided by the manufacturer.

A.2

Ray transfer matrix and Gaussian optics

The ray transfer matrix formalism is a ray tracing method used to calculate the
propagation of a light ray through an optical system. A light ray at every axial
position, z, is described by a column vector containing, the beam distance from the
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Figure A.1: Schematic representation of the principal and focal planes of an objective used
to calculate the objective transfer matrix of the objective creating the light sheet. ffp: front
focal plane; fpp: front principal plane; bfp: back focal plane; bpp: back principal plane; zin :
entrance window; zout : exit window.

optical axis, r(z), and the ray slope, r0 (z) = ∂ r(z)/∂ z.
The optical components are described by a 2x2 matrix, referred to as ABCD matrix.
The position and slope of ray exiting an optical component can be calculated as:
  
 
rout
A B rin
 =
 ,
0
0
rout
C D rin

(A.1)

0 are the position and the slope of the input ray respectively, r
where rin and rin
out and
0 are the position and the slope of the output ray, and the ABCD matrix is the
rout

matrix describing the optical component.
The ABCD matrix of common optical components can be found in ref. [272]. In
particular, in the calculation of the light-sheet waist and Rayleigh length in section
3.1.1, the following matrices are used:


1 d
.
• Free propagation in a homogeneous medium for a distance d: Mfp = 
0 1
• Refractionat the flatinterface between two media of refractive index n1 and
1
0
.
n2 : Mn = 
0 n1 /n2



0
.
• Refraction from a thin lens with focal length f : Ml = 
−1/ f 1
1

A.2. Ray transfer matrix and Gaussian optics

283

• The matrix describing the objective can be calculated from the position of its
principal
 the objective focal length, f (Figure A.1), as:
 planes, P1 and P2 , and
1 + P2 / f
0
.
Mobj = 
−1/ f
1 + P1 / f
The transfer matrix of the complete optical system is obtained by multiplying the
single components in the order they appear in the optical path. As an example,
the transfer matrix, M, describing a beam being transmitted through the interface
between two materials with different refractive index and then focused by a thin
lens is:
M = Mfp Ml Mfp Mn Mfp .

(A.2)

The transfer matrix formalism can be applied to Gaussian optics through the introduction of the complex beam parameter, q(z), defined as:
1
1
λ
=
−i
,
q(z) R(z)
πnw2 (z)

(A.3)

where R is the radius of curvature of the beam, considered positive if the beam is
diverging, λ is the beam wavelength, n is the refractive index of the propagation
medium and w is the beam radius. Given qin , the complex beam parameter

at the
A B
, the
entrance of an optical system described by the transfer matrix, M = 
C D
complex beam parameter at the exit of the optical system, qout , can be calculated as:
qout =

Aqin + B
.
Cqin + D

(A.4)

From qout , the beam radius and the radius of curvature can be calculated inverting
Eq. A.3. For a more detailed description of the technique, the reader can refer to
ref. [272].

Appendix B

Appendix 2: Protocols
B.1

Immunostaining

In this section, the protocols used to fluorescently label CD4 are described.

B.1.1

Cell fixation and immunostaining

For the fixation and immunostaining of NIH 3T3 cells for confocal microscopy,
cells are plated on 1 cm radius glass coverslips in a 24 well plate and cultured till a
70-80% confluence level is reached. The following protocol is then used.

B.1.1.1

Formaldehyde cell fixation

• Prepare a 4% w/v dilution of stock formaldehyde solution (37% w/v, Sigma
Aldrich) in PBS 1x.
• Gently wash the cells in warm PBS.
• Add 1 ml of 4% formaldehyde solution per well and incubate at room temperature for 15 minutes.
• Wash three times in PBS to remove the excess formaldehyde.
• Add 1 ml of 50 mM ammonium chloride solution in PBS to block the remaining free aldehyde groups. Incubate for 15 minutes at room temperature.
• Wash three times in PBS to remove the excess formaldehyde.
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• The cells are now fixed on the substrate, and they can be stored in PBS 1x at
4°C.

B.1.1.2

Fixed cell immunostaining

• Prepare a clean surface by spreading a Parafilm (Parafilm) strip onto a laboratory bench.
• For each coverslip, place on the Parafilm a 50 µl drop of primary antibody
solution: 1 µg/ml primary antibody (for CD4, mouse IgG1 q4120 anti-CD4)
and 0.2% w/v bovine serum albumin (BSA) in 1x PBS.
• Place the coverslip over the antibody solution and incubate for 1 hour at room
temperature in a humid chamber to prevent evaporation.
• Gently wash the coverslip three times in PBS to remove the non-reacted antibody.
• Place on the Parafilm a 50 µl drop of secondary antibody solution: 1 µg/ml
secondary antibody (Alexa488 conjugated anti-mouse goat antibody, Thermofisher) and 0.2% w/v bovine serum albumin (BSA) in 1x PBS.
• Place the coverslip over the antibody solution and incubate for 1 hour at room
temperature in a humid chamber to prevent evaporation
• Gently wash the coverslip three times in PBS to remove the non-reacted antibody
• Incubate the coverslip in a 1 µg/ml solution of Hoechst 33342 dye (Thermofisher) for 5 minutes at room temperature to stain the cell nucleus
• Gently wash the coverslip three times in PBS and finally in deionised water
• Onto a microscope slide, prepare a 5-10 µl drop of Mowiol mounting medium
(Sigma Aldrich).
• Place the immunostained coverslip onto the Mowiol drop, with the cells facing the microscope slide
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• The slide can be stored at room temperature in the dark to prevent the bleaching of the fluorophore molecules.

B.1.2

Live immunostaining of CD4 on NIH 3T3 cell line

• Culture cells in the appropriate cell medium without phenol red till near confluence is achieved.
• Wash the sample in cell medium
• Incubate the cells in cell medium containing 0.1 µg/ml of primary antibody
(biotinylated CD4 Monoclonal Antibody (RPA-T4), Thermofisher) for 10
minutes at 37°C
• Wash the sample three times in cell medium
• Incubate the cells in cell medium containing 1-10 µg/ml of fluorescent NeutrAvidin (Tetramethylrhodamine conjugate NeutrAvidin, Thermofisher) for
10 minutes at 37°C
• Wash the sample three times in cell medium
• Place immediately under the microscope to reduce the internalisation of the
antibody to a minimum.
The same fixation protocol described in B.1.1.1 is performed after the staining if
cells are to be observed under a confocal microscope, as in Figure 4.7 in Chapter 4,
.

B.2

Polyacrilamide gel coated glass slides

B.2.1

Glass silanisation

Firstly, the glass needs to be cleaned and activated, i.e. hydroxyl-groups need to be
created on the glass surface.
• Place the glass coverslips in a rack to avoid contact with the beaker surface.
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• Sonicate the glass coverslips in 1% Decon 90 (Decon) water solution in a
clean glass beaker.
• Wash the coverslip in deionised water to remove the excess surfactant.
• Sonicate the glass coverslips in ethanol for 10 minutes.
• Replace the ethanol with a 1M KOH solution in deionised water and sonicate
for 10 minutes.
• Repeat the previous two steps.
• Rinse the coverslips in acetone to remove any trace of water. This prevents
the inactivation of the silane groups before the contact with the glass surface.
Finally, the silane molecules ([3-(Methacryloyloxy)propyl]trimethoxysilane, Sigma
Aldrich) are conjugated to the glass surface:
• Rinse a new beaker in acetone to remove any possible trace of water.
• Fill the beaker with acetone and immerse the coverslips, making sure that the
solution glass is completely submerged.
• Put the beaker under agitation using a magnetic stirrer.
• Add the silane to the acetone to a concentration of 3% v/v and wait 5 minutes.
During this step, the solution has to remain clear. If it turns cloudy, the silane
is hydrolysed by the presence of water in solution, and the functionalisation
is not successful.
• Rinse the coverslips vigorously in water.
• Bake the coverslips on a hotplate to let the silane condensate and covalently
bind to the glass surface for 30 minutes.
• Sonicate the coverslip in deionised water to eliminate any dust or other contaminant collected during the baking step.
• Store the coverslip in water till the gel conjugation.
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Gel preparation with UV light curing

• Prepare a solution of acrylamide (Sigma Aldrich), bisacrylamide (N,N’(1,2-Dihydroxyethylene)bisacrylamide, Sigma Aldrich), deionised water and
Irgacure (2-Hydroxy-4’-(2-hydroxyethoxy)-2-methylpropiophenone, Sigma
Aldrich) according to the concentrations in table 3.2 and mix thoroughly.
• Mount the casting system onto a glass slide with the silicone grease (Dow
Corning).
• Pour 50 µl of polyacrylamide solution in the casting system wells.
• Place a coverslip functionalised with acrylate groups (see previous section)
above each well.
• Clamp the coverslip with the top part of the casting system.
• Place the casting system in the UV oven and let it polymerise for 10 minutes.
• Open the casting system and detach it from the glass slide. The gel, covalently
bond to the functionalised glass surface will stay attached to the coverslip.
• Place the gel-coated coverslips in 1x PBS overnight to allow it to release the
unreacted acrylamide monomers and equilibrate to the ionic strength of the
cell medium.
• Change the PBS every twelve hours at least an additional two times to make
sure all the monomeric acrylamide is removed from the gel.
• Store in PBS. If stored for more than a week, add 0.02% of sodium azide to
prevent bacterial proliferation.

B.2.3

Conjugation with collagen

• Rinse the glass coverslips in PBS and gently dry the surface.
• Dilute the 50 mg/ml sulfo-SANPAH (sulfosuccinimidyl 6-(4’-azido-2’nitrophenylamino)hexanoate, Sigma Aldrch) in DMSO stock solution in
deionised water to a final concentration of 2 mg/ml.
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• Immediately place a few µl of sulfo-SANPAH solution on top of each gel,
enough to cover the whole surface.
• Place the coverslips under in the UV oven for 5 minutes.
• Rinse the gels with PBS to remove the excess sulfo-SANPAH.
• Dilute the collagen solution to a concentration of 0.2 mg/ml in PBS (pH: 7.4).
• Pipette 100 µl of freshly prepared collagen solution onto the sulfo-SANPAH
coated gels and leave in a humid chamber for two hours.
• Rinse the gel in PBS to remove the excess collagen and soak it in phenol-redfree cell medium in a multiwell plate.

B.2.4

Cell seeding and mounting on the sample holder

• Collect cells and dilute them and plate them onto the gel in the multi well
plate to a concentration of 4 × 104 cells per cm2 . This concentration should
guarantee sub-confluence two days after the cell seeding.
• When a sub-confluent coverage of the surface is reached (~50%), take the
coverslip out of the well plate and dry the bottom of the coverslip. A drop of
medium should be left on top of the gel to prevent the cell from drying.
• Place silicon grease around the bottom window of the sample holder (section
3.5) and place the coverslip on top of it. Apply a light pressure to guarantee
waterproof sealing
• Add 2-3 ml of phenol-red-free medium and place the sample under the microscope.

B.3

Beads functionalisation for force spectroscopy
experiments

B.3.1

Protein G coated beads functionalisation

• Dilute the bead stock solution (polystyrene, diam. 1µm, 1.25% solid, Poly-
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sciences inc.) 1:50 in PBS 1x. The volume depends on the number of beads
to functionalise.
• Wash the bead three times in PBS. Beads are collected by spinning at 10000
g on a tabletop centrifuge for 3 minutes.
• Dilute the q4120 antibody stock solution (0.2 mg/ml) in the same volume as
the beads in PBS 1x and 1% w/v BSA. The dilution depends on the number
of antibody per bead and can be calculated from Eq. 6.11, in Chapter 6.
• Mix the bead and antibody solution and incubate at room temperature under
mild agitation for 2 hours.
• Wash beads three times in BSA solution (PBS 1x + 1% w/v BSA).
• Store beads in BSA solution at 4°C. If long term storage is needed, 0.02%
w/v sodium azide is added to the solution.

B.3.2

Neutravidin-coated beads

The functionalisation of NeutrAvidin coated microparticles is performed following
the same protocol as for protein G beads. The biotinylated monoclonal anti-CD4
antibody RPA-T4 is used in place of q4120.
The quantification of the functionalisation efficiency presented in section 6.3.2, is
performed with the following protocol.
For the biotinylated-BSA passivation:
• Dilute 5 µl of the stock solution containing beads functionalised with the primary antibody in 45 µl of 1x PBS.
• Add biotinylated-BSA to a final concentration of 0.2% w/v.
• Incubate for 1 hour at room temperature under mild agitation.
• Wash beads three times in BSA solution (PBS 1x + 1% w/v BSA) and resuspend in 5 µl of BSA solution.
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For the secondary antibody staining and dot blotting:
• Dilute 5 µl of the stock solution containing beads functionalised with the primary antibody in 45 µl of BSA solution.
• Add the secondary antibody (IR800cw) to the solution to reach a concentration of 200,000 antibody molecules per bead. The number of antibodies can
be calculated using Eq. 6.11 assuming α = 1.
• Protect the vial from ambient light and incubate for 1 hour under mild agitation.
• Wash beads three times in BSA solution.
• Resuspend the beads in 10 µm of PBS solution
• Place a 2 µdrop of the stained bead solution onto a nitrocellulose membrane
suitable for western blotting and let dry.
• Image the membrane LI-COR Odyssey Infrared Imaging System.

B.3.3

Covalent conjugation of antibodies and BSA/PEG passivation

The conjugation protocol varies depending on the functional group present on the
bead surface. In the case of carboxyl-coated beads:
• Dilute 20 µl bead stock solution (polystyrene, diam. 1µm, 2.5% solid, Polysciences inc.) 1:50 in PBS 1x.
• Wash the beads in 0.1 M 2-(N-morpholino)ethanesulfonic acid (MES) buffer
(pH: 4.5) and resuspend in 500 µl of 0.1 MES solution.
• Equilibrate EDC and NHS powder at room temperature to prevent condensation and hydrolysis.
• Dissolve 1 mg of ECD in 50 µl of 0.1 M MES buffer.
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• Add the EDC solution to the bead solution.
• Dissolve 1 mg of NHS in 50 µl of 0.1 M MES buffer.
• Add the NHS solution to the EDC-bead solution.
• Incubate at room temperature for 15 minutes.
• Collect the beads by spinning at 10000 g on a tabletop centrifuge for 3 minutes, and resuspend in 1x PBS (pH: 7.4).
• Add the antibody to the desired concentration. The number of antibodies can
be calculated using Eq. 6.11 using α = 0.1, to achieve a 10 times excess of
protein.
• Incubate for 15 minutes at room temperature.
• Prepare the passivation solution by dissolving 10 mg of 5000 kDa methoxyamino-PEG (Rapp polymere, 125000-2) in 200 µl. Alternatively, a 1% w/v
BSA solution can be used.
• Wash beads in 1x PBS and resuspend in the passivation solution.
• Incubate for 24 hours at 4°C.
• Wash beads 3 times in 1x PBS and 0.2% w/v BSA and resuspend in 100 µl of
the same solution.
• Store beads in BSA solution at 4°C. If long term storage is needed, 0.02%
w/v sodium azide is added to the solution.
In the case of amine-coated beads to be passivated with BSA:
• Prepare a 1:100 stoichiometric solution of antibody and BSA, to a total protein concentration of 1 mg/ml in 100 µl of 0.1 M MES solution (pH: 4.5).
• Dissolve 1 mg of ECD in 50 µl of 0.1 M MES buffer.
• Add the EDC solution to the protein solution.
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• Dissolve 1 mg of NHS in 50 µl of 0.1 M MES buffer.
• Add the NHS solution to the EDC-protein solution.
• Incubate for 15 minutes at room temperature.
• Dilute 20 µl amine-bead stock solution (polystyrene, diam. 1µm, 2.5% solid,
Polysciences inc.) in 900 µl of 1x PBS.
• Add the bead solution to the protein one and let react for two hours at room
temperature.
• Wash beads 3 times in 1x PBS and 0.2% w/v BSA and resuspend in 100 µl of
the same solution.
• Store beads in BSA solution at 4°C. If long term storage is needed, 0.02%
w/v sodium azide is added to the solution.
Finally, for amine-coated beads passivated with PEG:
• Dilute 20 µl amine-bead stock solution (polystyrene, diam. 1µm, 2.5% solid,
Polysciences inc.) in 200 µl of 1x PBS.
• Dissolve 10 mg of 5000 kDa methoxy-amino-NHS (Rapp polymere, 12500035) in 200 µl.
• Add the bead and PEG solution and incubate for 2 hours at room temperature.
• Wash beads 3 times in 1x PBS and 0.2% w/v BSA and resuspend in 100 µl of
the same solution.
• Store beads in BSA solution at 4°C. If long term storage is needed, 0.02%
w/v sodium azide is added to the solution.
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