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ABSTRACT
Duchenne Muscular Dystrophy is a severe neurodegenerative disorder caused by
deletions, duplications or point mutations in the DMD gene, which encodes dystrophin.
In absence of dystrophin, muscle fibres degenerate and patients become wheelchair
dependent by their early teens. Cardiac and respiratory muscles are also affected,
causing premature death by the third decade of life. Among the approaches currently
being tested in clinical trials to treat this disease, none is suitable to permanently restore
dystrophin by removing either small or large multi-exon dystrophin duplications, which
account for 10-15% of DMD cases.
In this thesis, I designed a genome editing approach to correct duplications in the DMD
gene by using a single CRISPR/Cas9 target site.
First, I identified a CRISPR/Cas9 nuclease able to efficiently target DMD intron 9, which
would be suitable for gene editing in patients harbouring DMD duplications in the
mutational hotspot 2-201.
Then, I tested both integrating lentiviral particles and nuclear electroporation as tools to
deliver and express CRISPR/Cas9 in patient-derived cells carrying different dystrophin
duplications. Patient-derived myoblasts allowed me to assess dystrophin restoration at
the genomic, transcriptional and protein level by means of the T7 assay, quantitativePCR and western blot, respectively.
I confirmed dystrophin correction in transduced as well as electroporated cells
expressing CRISPR/Cas9, and I demonstrated that both a constitutive and a transient
nuclease expression led to a similar extent of protein restoration of around 50%.
These outcomes allowed me to conclude that CRISPR/Cas9 editing tool is a suitable
approach to remove large genomic duplications in vitro. Furthermore, the data
presented in this thesis provides the basis for the design of new therapeutic approaches
to be tested in vivo in Duchenne Muscular Dystrophy animal models. These include
both in vivo CRISPR/Cas9-mediated gene therapy and cell-therapy based on
transplantation of ex vivo corrected myoblasts expressing corrected wild-type
dystrophin.
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IMPACT STATEMENT
The work presented in this thesis provides a proof-of-concept of the applicability of a
single CRISPR/Cas9 nuclease as a therapeutic strategy for repairing genomic
duplications. Specifically, this tool was designed to target duplications arising in
dystrophin gene and causative of Duchenne Muscular Dystrophy, one of the most
debilitating and severe neuromuscular conditions that leads to a fatal outcome early in
life1,2.
I demonstrated that the CRISPR/Cas9 system can remove dystrophin duplication and
restore a wild-type dystrophin protein in vitro in patient-derived cells with an efficiency
of about 50%. These results represented a foundation for the design of further in vivo
experiments in diseased DMD animal models, either as gene therapy by in vivo adenoassociated virus-mediated administration of CRISPR/Cas9 or cell-therapy based on ex
vivo expansion of edited cells to be transplanted in immunodeficient dystrophic animals.
If successful in vivo, the approach I designed will be advantageous compared to the
available therapeutic strategies3, as it will be the only existing approach allowing the
permanent restoration, in targeted nuclei, of the genomic mutation that is responsible
for the production of a mutant non-functional protein.
This strategy can potentially be beneficial for the

Duchenne Muscular Dystrophy

population carrying dystrophin duplications, which represents 10-15% of patients1.
However, the single nuclease approach can be easily customized to target and remove
duplicated regions occurring elsewhere in the genome; genomic duplications are in fact
at the basis of a large number of human diseases and syndromes like the Rett
syndrome, cystic fibrosis and β-thalassemia, among others4,5. As such, the single
CRISPR/Cas9 nuclease approach developed in the present work is relevant beyond
the field of neuromuscular disorders and therefore represent a useful tool with a wider
applicability.
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Chapter 1.

General introduction

1.1 MUSCULAR DYSTROPHIES
The term muscular dystrophy defines a broad group of rare and monogenic inherited
neuromuscular disorders characterized by the progressive loss of muscle function and
strength6. These symptoms are caused by muscle degeneration and its replacement
with adipose and fibrotic scar tissue7.
Mutations in genes involved in maintaining muscle function and homeostasis have been
associated with different muscular dystrophy classes and subgroups, reviewed by
Mercuri and Muntoni8. Each subtype is characterized by a specific age at disease onset,
incidence in the population and inheritance pattern. The clinical severity of each
muscular dystrophy associated with a recessive inheritance broadly correlates with the
expression pattern of the mutated gene and the role played by the corresponding
protein within muscle groups. The degree of weakness may range from partial mobility
impairment to a severe diffuse weakness that also affects the cardiorespiratory
systems, leading to premature death8.
This thesis will focus on one specific type of muscular dystrophy known as Duchenne
Muscular Dystrophy (DMD), caused by mutations in the gene coding for dystrophin.
DMD is extensively studied by many research groups as it is one of the most common
dystrophies and it is associated with a short lifespan.

1.2 DUCHENNE MUSCULAR DYSTROPHY
DMD was first reported in the first decades of 1800s in the works of Bell9, Conte and
Gioja10 However, the complete description of the disease has to be ascribed to Edward
Meryon11 and, soon after, to Guillame Benjamin Amand Duchenne (from whom the
disease gets the name)12,13.
Despite at that time the molecular cause of the disease being unknown, these scientists
identified one of the hallmarks of the disease, i.e. the progressive weakening of specific
muscle groups followed by gradual atrophy, which impeded movements for which
muscle force was needed.
To date, DMD affects roughly 1 in 5000 individuals worldwide1. As it is transmitted
through X-linked recessive inheritance, this disease affects almost exclusively males
(although affected females have been rarely reported, usually as a result of skewed Xinactivation)12,14–16.
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DMD is not manifest at birth and, generally, affected infants remain asymptomatic until
the 2nd-4th year of life. A recent study by Ricotti et al.17 indicated that, in the UK, the
mean age of diagnosis is around 4.5 years, although symptoms are typically present
for a few years before the diagnosis is made. The disease only manifests when a
significant part of skeletal muscle, damaged by the pathological process, is lost due to
the progressive degenerative process.
The levels of several serum enzymes indicative of ongoing muscle damage are
significantly elevated from birth18. This indicates that muscle abnormalities that result in
muscle degeneration and efflux of enzymes from muscle fibre are already present in
the preclinical stage of the disease19. Particularly impressive is the change in the level
of serum creatine kinase (CK), that can reach levels of > 50,000 IU/L versus a normal
amount of < 200 IU/L20. This enzyme is particularly abundant in skeletal and cardiac
muscle21 tissue, where it mediates the reversible transfer of a phosphate group from
adenosine triphosphate to creatine, exploited in muscle contraction. Such a big change
that can exceed 100 folds of normal values is indicative of a severe muscle fibre injury
and necrosis, and may also reflect an impaired sarcolemmal barrier22. For this reason,
in some countries the screen for CK levels in neonates is offered as part of a newborn
screening programme23.
Muscle weakness in DMD is typically distributed symmetrically, progressively affecting
from proximal to distal muscles in a highly selective fashion, as is particularly evident at
the beginning of the disease. In the early clinical stages, the muscles of lower limbs
are predominantly affected. Because of that, DMD patients show a peculiar waddling
and unsteady ambulatory pattern (also observed in most muscular dystrophies) with an
increased tendency to fall. Moreover, due to diffuse weakness of proximal muscles,
simple movements like climbing stairs are difficult. Rising from the floor requires a
specific tactic first reported by William R. Gowers (and therefore known as Gower’s
manoeuvre), which involves the use of upper limbs to climb up and reach an upward
position from a squat24. A further DMD hallmark observed in the early disease stage is
the enlargement of calves, mostly derived from the replacement of functional muscle
with scar tissue and fatty infiltration25. This feature is recognized as pseudohypertrophy.
However, the initial presence of a real hypertrophy that compensates for the weakness
in other compromised muscles has been hypothesized25. Occasionally, other muscles
(predominantly limb muscles) might appear enlarged26.
To counteract the weakness of hip extensors and gluteal muscles, DMD patients tend
to develop lumbar lordosis that forces them to adopt an arcuate posture. Pronounced
winging of scapulae also becomes apparent27. Toe walking and equine deformity of the
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feet are often reported in association with Achilles tendon contractures and the
involvement of distal leg muscles, respectively, as the muscle wasting evolves. The
stretch reflexes are typically suppressed28.
After a plateau phase reached around the age of 5-7, in which the disease can remain
relatively stable, the continuous decrease of muscle force finally leads DMD patients to
become wheelchair dependent by 13 years of age29. The confinement to a sitting
position reduces the bone density and further aggravates the chest deformity and
curvature of the spine (kyphoscoliosis) cause by the imbalance of affected trunk
muscles30.
The pulmonary function, not particularly compromised until ambulation is lost, is
worsened due to the progressive weakening of respiratory muscles (such as diaphragm
and intercostal muscles). Maximal inspiratory and expiratory pressures gradually
reduce and the total lung capacity drops until night-time hypoventilation occurs31.
Interestingly, Kim et al. recently showed that CK values might also play a role in
predicting loss of lung functionality32. The progressive contractures that develop as the
disease progresses further limit joint movement (elbows, knees, hips, hamstrings,
shoulders and wrists)33,34.
Progressive decline in the left ventricular function and dilated cardiomyopathy appear
as a consequence of cardiac muscle involvement and predisposes these patients to
cardiorespiratory failure35. In fact, cardiac involvement is an important mortality factor
in DMD and, similarly to skeletal muscle, the examination of post-mortem tissue
revealed variability in the size of cardiac muscle fibres, the replacement of cardiac
tissue with connective and fatty tissue and prominent fibrosis, especially in the outer
ventricular walls36. Therefore, once cardiac abnormality is detected, the use of
angiotensin-converting enzyme (ACE) inhibitors (often in association with low doses of
β-blockers), is recommended because of its cardio-protective effect37,38.
50-70% of DMD cases also manifest a specific cognitive profile that involves reduced
attention and impaired speech development, probably because of the lack of brain
dystrophin isoforms39,40. The brain dystrophin isoforms are expressed at an early
developmental stages, and the intellectual impairment derived from their absence does
not progress with time. Differences in cognitive profiles have been associated with the
dystrophin isoforms affected by patient-specific mutations. Generally, mutations that
affect all dystrophin isoforms inevitably result in a severe mental retardation41. Altered
cognitive profiles have been reported both in absence of the brain-specific42 and general
dystrophin isoforms43 (section 1.3.2). Behavioural and emotional disturbances (such as
attention deficit hyperactivity disorder) are also reported to be more common in boys
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with mutations affecting both these isoforms44, and often associate with depression and
anxiety 45.
The lack of dystrophin in smooth muscle is often the cause of constipation and gastric
dilatation46. The vascular system has shown to be affected and vasoconstriction is often
causative of muscle ischemia47. Occasionally, type 2 diabetes, bladder paralysis and
renal failure have been also reported48–51.
Despite DMD being an extremely debilitating pleiotropic disease, the life expectancy of
affected patients has improved over time. Nowadays, the implementation of standards
of care and interventions such as the use of corticosteroids in the ambulant phase, a
stringent cardiac surveillance and non-invasive mechanical ventilation52,53 in the later
stage of the diseases, have changed the natural history of the disease and extended
the mean age of survival of from the middle teens to the late 30s54,55.
In sharp contrast to DMD, life expectancy is only modestly affected in patients affected
by the more benign version of the disease first observed by Becker (and therefore
named Becker muscular dystrophy)56,57. Becker muscular dystrophy (BMD) is
nowadays known to be an allelic variant of DMD and is characterized by less severe
symptoms that usually only appear at a later stage in life (often close to adolescence)
and generally progress at a slower rate58. However, the clinical detailed description of
BMD lies outside the purpose of the present work.

1.3 THE DMD GENE
1.3.1. DMD gene characterization
Despite knowing that DMD followed an X-linked pattern of inheritance, the mutated
gene and defective protein behind the disease remained unidentified until 1985, when
Louis Kunkel identified the full transcript59. By using a mapping approach similar to
those designed by the concurrent works of Kay Davies and Ron Worton60,61, Kunkel
associated the DMD gene with a precise A/T-rich genomic locus on the short arm of the
X chromosome (Xp21)(Fig.1.1.a).
The DMD locus is now known to span about 2.22 Mb and is therefore considered the
largest in the human genome. The DMD gene includes 79 exons (mean size 0.2 kb)
separated by considerably large introns (mean size 35 kb).
There are at least seven tissue-specific promoters located throughout the DMD gene
(Fig.1.1.a). These are named according to the main tissue in which they are active
(even though their expression might not be exclusive to only one tissue)62–65. Dystrophin
isoforms produced by each promoter are indicated by the acronym Dp followed by a
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number indicative of their molecular size (Fig.1.1.b).
Three promoters, known as brain (B), muscle (M) and cerebellar Purkinje neurons (P),
are located at the 5’ end of the gene and produce the full-length dystrophin isoforms
Dp427b (also known as Dp427c), Dp427m and Dp427p62,64,66.
The remaining promoters are instead intragenic. These are known as the retinal (R),
brain-specific (B3), Schwann cells (S) and general (G) promoters and are located in
introns 30, 45, 56 and 63, respectively. R, B3, S and G promoters generate the shorter
dystrophin isoforms called retinal (Dp260)67, brain specific (Dp140)68, Schwann cells
(Dp116)69 and general isoform G (Dp71)70,71, respectively.
However, more dystrophin isoforms can be generated by the alternative splicing
generated at the 3’ end of the DMD transcript, as reported by Feener et al.72.

1.3.2. The mutational spectrum of DMD gene and DMD duplications
Three main kinds of mutations in the DMD gene cause DMD: intragenic deletions,
duplications and point mutations73 (Table 1.1). While these mutations can occur
anywhere in the DMD gene, there are two main mutational hotspots: exons 2-20 at the
5’ and exons 45-55 at the 3’ of the gene.
According to a recent study published by Bladen et al.1, mutations that were smaller
than one exon (and therefore named small mutations) accounted for 20% of DMD
mutations, while the majority of DMD mutations (80%) involved one or more exons
(large mutations). Small mutations included small base pairs deletions (25%) or
insertions (9%), splice sites mutations (14%) and point mutations (52%). These
included nonsense mutations (50%) and missense mutations (2%). Atypical mutations
occurring in introns or in the 5’ UTR or 3’ UTR accounted for a very limited number of
DMD mutations (0.3%). Within large DMD mutations, 86% were deletions and 14%
duplications (Table 1.1).
Hu et al. attributed the origin of dystrophin duplications to unequal exchange of either
sister chromatids or homologous chromosomes in the germline of maternal
grandparents74. Studying the genomic breakpoints of DMD patients carrying tandem
duplications, he hypothesized that the causative mechanisms could either be
homologous or non-homologous recombination, depending on the degree of similarity
of the recombining DNA sequences75,76. More recent studies however, were also able
to associate some duplications to a paternal transmission77,78.
A study performed in late 1980s by Den Dunnen et al.79 on a cohort of almost 200
patients showed that most of the observed dystrophin duplications localize close to the
two mutational hotspots located close to the dystrophin 5’ and 3’ regions, with a
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predominance of the 5’ mutational hot spot. Interestingly, the frequency of duplications
reported in Japanese patients seems to be slightly increased, with an higher tendency
to cluster around the 3’ mutational hot spot than those reported in European
patients80,81.
Usually, duplications are in the tandem head-to-tail orientation and span few exons.
However, considerably larger duplications have been also reported in the literature82,83:
for example, a duplication spanning exons 4-42 was recently identified in a 9-month
DMD patient84. The analysis carried out by Bladen et al.1 confirmed that the majority
(11%) of the analysed duplications spanned multiple exons, as opposed to the
duplications involving a single exon (3%). Generally, multi-exon duplications are more
commonly observed within either the proximal (exon 2 and contiguous exons) and distal
(exons 45-55) hotspots85. However, they can also be found throughout the gene,
randomly distributed. The most frequent single exon duplication is the duplication of
exon 2, followed by the duplication of exon 171.
Finally, duplications can potentially co-occur with other mutations. Ishmukhametova et
al., for example, identified a tandem dystrophin duplication of almost 700 kb, displayed
according to a duplication-inverted triplication-duplication pattern86: the patient reported
a duplication of exons 45 to 50, coupled with the inverted insertion of the triplicated
exon 51 and finally followed by another duplication spanning exons from 52 to 60. A
further novel mutation involving the noncontiguous duplication of exon 1, 42 and 43 was
also lately described in a patient displaying a phenotype intermediate between DMD
and BMD87.
The functional consequences of each mutation do not depend on how extended a
mutation is (with the exceptions of very large deletions removing most of the coding
region), but on whether the dystrophin reading frame is maintained or not. Generally,
DMD is associated with mutations that disrupt the reading frame (out-of-frame
mutations) and give rise to premature stop codons, as they result in the production of a
non-functional truncated protein. Conversely, mutations that maintain the reading frame
(in-frame mutations) allow the synthesis of a mutated but still functional dystrophin and
are therefore associated with the milder BMD phenotype88 (section 1.2). This rule is
valid for 90% of cases, even though exception to this rule (i.e. DMD patients with inframe DMD mutations and BMD patients with out-of-frame DMD mutations) can be
found14–16.
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a)

b)

Dp427
Dp260
Dp140

Dp116
Dp71
Figure 1.1. Schematic view of DMD gene and dystrophin isoforms.
a) The DMD gene spans 2.2Mb in Xp21. At least 8 promoters, indicated by arrows, are
distributed along the gene and are responsible for the production of dystrophin isoforms
(Dp). Promoters are indicated as brain (B), muscle (M), Purkinje (P), retinal (R), brain3
(B3), Schwann (S), and general (G). b) Dystrophin isoforms. Dp427 is composed of an
amino-terminal domain followed by 24 spectrin-like repeats interspaced by four hinges,
a cysteine rich region, and the carboxy-terminal domain.
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DMD MUTATIONS

Large mutations
(80%)
Deletions
(84%)

Small mutations
(20%)

Duplications
(14%)
Atypical
(0.3%)
Deletions
(25%)

Insertions
(9%)

Splice sites
(14%)

Point mut.
(52%)

Nonsense
(50%)

Missense
(2%)

Table 1.1.Distribution of mutations within DMD gene.
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1.4 DYSTROPHIN VERSATILITY: STRUCTURAL AND SIGNALLING ROLES
The transcript most frequently expressed by the DMD gene is the primary 14 kbtranscript composed of all 79 exons. This encodes the 427 kDa dystrophin protein of
3685 amino-acids89 which was discovered by Kunkel and Hoffman in 198790.
Dystrophin represents approximately 0.002% of the total proteins present in striated
muscles and localizes at the periphery of the muscle fibre, on the cytoplasmic side of
the muscle membrane90. However, dystrophin is not evenly distributed in the
plasmalemma, but is enriched both at costameres91 and at the neuromuscular and
myotendinous junctions92,93.
Dystrophin is composed by four well defined regions, each with a specific function.
These are known as actin-binding domain, rod domain, cysteine-rich domain and Cterminal domain (Fig.1.2).
The principal actin-binding domain (ABD1) is located at the N-terminal of the protein,
where it covers a region of 240 amino-acids in between exons 2-9. This region is mainly
involved in linking to the cytoskeletal actin through the two calponin homology (CH)
domains CH1 and CH2, displaced in tandem94. This domain also connects with the
contractile apparatus by binding the intermediate filament protein cytokeratin 19 (K19)95
(Fig.1.2).
The domain which follows the actin binding domain is composed of 24 tandem spectrinlike repeats consisting of triple α-helixes arranged in small rods of about 5 nm, known
as the rod domain96. This domain spans 2800 amino-acids, from exon 9 to exon 61 and
is delimited by two proline-rich regions called hinges. Two other hinges are located
within this region to allow the flexibility of the domain and confer to dystrophin the “shock
absorber” property necessary for the transmission of lateral force during muscle
contraction96.
Approximately located in the middle of the rod (between repeats 11 and 14), there is a
further actin binding domain (ABD2) that, through the interaction of its basic aminoacids with the acidic actin filaments, reinforces the action of ABD197 (Fig.1.2). The distal
region between repeats 20 and 23 binds the intracellular microtubules 98,99 100 (Fig.1.2).
Repeats 17 and 22 have been recently shown to contain binding sites for α- and βsyntrophins, respectively101. This work by Adams et al. also showed that the αsyntrophin bound to repeat 17 is the only α-syntrophin that also binds to the neuronal
nitric oxide synthase (nNOS) and facilitates nNOS interaction with dystrophin101
(Fig.1.2). Furthermore, the rod domain plays a role in directing dystrophin to the muscle
membrane due to the ability of tryptophan residues that link with the sarcolemma
phospholipids102. A recent study identified membrane-binding domains in repeats 1-3
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and 10-12103. Moreover, the polarity-regulating kinase PAR-1b binds to the repeats 8–
9 and phosphorylates sites in this region, stabilizing the interaction of dystrophin with
the dystrophin-associated protein complex (DAPC)104.
Finally, hinge 4 is implicated in protein-protein interactions as its WW motif (found in
several proteins with regulatory and signalling functions) anchors dystrophin to the
sarcolemma by binding the C-terminus of β-dystroglycan105–107 (Fig.1.2).
This binding is aided by two adjacent EF hand-like motifs part of the third cysteine-rich
domain which extends for 280 amino-acids and involves exons 62-69. These EF-like
hands also provide a calcium binding site108. The cysteine-rich domain also includes a
site known as ZZ domain. ZZ domain is a zinc-finger domain with affinity to divalent
cation such as Zn2+ 109 which binds both to calmodulin (in a calcium-dependent manner)
and to the adaptor protein ankyrin-B, whose function is to anchor dystrophin to the
membrane110.
The last functional domain is the C-terminal region, which covers a region of 420 aminoacids from exons 70 to 79. It is composed of two polypeptides arranged in an α-helical
coiled-coiled structure involved in protein-protein interaction. This domain provides
binding sites for α-dystrobrevin and syntrophins (α1 and β1)111 (Fig.1.2) and contains
several phosphorylation sites, important for a variety of kinases, including MAPK112,113.
Generally, dystrophin is considered as a connector that structurally links the inner and
outer muscle fiber environment, also known as extracellular matrix (ECM).
Intracellularly, dystrophin regulates the organization of the cytoskeletal network by
interacting with all the three major filamentous structures. Dystrophin interaction with
the filamentous actin (F-actin) is necessary for force generation114, while the association
with intermediate filaments and microtubules helps to control the organization of their
lattice (and consequently the localization of intracellular organelles)115,116. The
connection with ECM, instead, is made possible through the association of dystrophin
with β-dystroglycan, a transmembrane protein that together with other transmembrane,
extracellular and intracellular proteins forms the DAPC117. β-dystroglycan, in fact, is
connected with its extracellular glycosylated isoform (α–dystroglycan), which in turn
binds the ECM proteins laminin, agrin and perlecan, among others118–120 (Fig.1.2).

However, dystrophin also plays a role in the transmission of signals. This in part occurs
because of its interaction with the DAPC, which includes proteins having a precise
signalling role121–123. Examples are the interaction of the transmembrane protein
sarcospan with the extracellular α7β1 integrin (involved in several signalling
pathways)124, and the association of β-dystroglycan with the growth factor receptorbound 2 (Grb2) which participates in signalling pathways involving Tyr-kinases and
10

integrin axes125.
However, the involvement of dystrophin in signal transmission also derives by its
association with the protein α-dystrobrevin and syntrophins. α-dystrobrevin contains
numerous serine, threonine, and tyrosine phosphorylation sites targeted by
kinases126,127. α1- and β1-syntrophin act as modular adaptors that anchor signalling
molecules, by virtue of their association with a large number of protein and lipid kinases,
ion channels, transporters and G-protein receptors128–132. Moreover, similarly to βdystroglycan, α1-syntrophin also binds Grb2125.
Finally, a further contribution to the transmission of signals is given by Ca2+/calmodulin
kinases that act both on α1-syntrophin and, together with other kinases, on dystrophin
itself133.
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Figure 1.2. Dystrophin structure and interactions.
Dystrophin is composed by an N-terminal domain, a central rod domain divided by four
hinges (H1-H4), a cysteine-rich domain and a C-terminal domain. Dystrophin binds both
to cytoskeletal actin and to the transmembrane dystrophin-associated protein complex
(DAPC), providing a link between the inner muscle fiber environment and the
extracellular matrix. Intracellularly, dystrophin binds actin, intermediate filaments and
microtubules through its N-terminal and rod domain. The rod domain also binds nNOS
(through α1-syntrophin) and β-dystroglycan through the WW domain within the hinge
region (H4).The C-terminal domain binds to both α-dystrobrevin and the syntrophins α1
and β1. The link with the extracellular matrix (ECM) is guaranteed by the connection of
β-dystroglycan with α-dystroglycan, as α-dystroglycan links the ECM protein laminin2,
agrin and perlecan.
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1.5 DMD PATHOGENICITY: INSIGHTS INTO THE MOLECULAR CHANGES
FOLLOWING DYSTROPHIN ABSENCE
1.5.1. Faulty regeneration and development of fibrosis
In-frame mutations in the DMD gene typically allow the production of a mutated but
partially functional dystrophin protein88, depending on which of the above-mentioned
protein-protein interactions are affected. However, in presence of mutations that either
abolish dystrophin production or disrupt its stability, the connection with the proteins
responsible for membrane and cytoskeleton stability is lost. Consequently, the muscle
fibres are more prone to be damaged following the mechanical stress derived by
eccentric muscle contraction.
Following muscle damage and degeneration, satellite cells (a specialized type of stem
cells found underneath the basal lamina of each fibre) are activated to trigger muscle
repair134. When this happens, satellite cells undergo asymmetric divisions to both
replenish the stem cells pool and also generate myoblasts135. These either mature
giving rise to new myofibers or repair damaged segments of existing myofibres 136.
However, the sustained damage of dystrophic muscles causes the continuous
activation of satellite cells, so that multiple regeneration cycles are required. The
reduction of the satellite cells telomeres following each cycle contributes to cell
senescence, so that the stem cells pool is rapidly exhausted137. This leads to an
impaired regeneration over the long term.
Moreover, the hostile dystrophic environment of the niche has been shown to negatively
impact muscle regeneration, despite the satellite cells themselves being able to
effectively regenerate after transplantation on a more permissive environment 138.
Finally, a recent study showed that the absence of dystrophin in satellite cells
themselves could further affect muscle regeneration. In activated satellite cells,
dystrophin is asymmetrically distributed to one side of the cell and associated with PAR1b kinase which, acting in concomitance with the protein Pard3, regulates cell
polarity139. When dystrophin is missing, the downregulation of these polarity regulators
results in polarity loss. As a consequence, the asymmetric cell divisions that give rise
to the stem cell pool decrease.
The failure of the regenerative process leads to the replacement of muscle fibres with
connective and adipose tissue. This creates the characteristic fibrotic pattern observed
in dystrophic muscles140,141.
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Degenerating fibres are invaded both by chemokines, cytokines and inflammatory cells
expressing high levels of inducible nitric oxide synthase (iNOS) (such as macrophages,
T-lymphocytes and mast cells)142–145. Extracellular fibroblasts are activated and secrete
fibronectin, glycosaminoglycan and proteoglycans145 which sustain the muscle fibrosis.
The replacement of muscle with fibrotic tissue further impedes the regenerative process
by compromising growth factors that support cell proliferation and myogenic
differentiation, as for example the transforming growth factor (TGF)-β and insulin growth
factors (IGFs)146,147. Increased lipogenesis is also observed consequently to the
alteration of the glycogen pathway, that preferentially incorporates fructose at the
expense of glucose148.

1.5.2 Dysregulated intracellular homeostasis
Muscle damage has been associated with a disrupted homeostasis of ions and
metabolites149. Deleterious consequences have been in particular associated with an
increased cytosolic concentration of sodium (Na+) and calcium (Ca2+). Na+ increase
overloads the Na+/K+ pumps leading to adenosine triphosphate (ATP) molecule
exhaustion, while the dramatic Ca2+ increase results in both the activation of Ca2+dependent proteases and Ca2+-channels150,151.
The activation of the protease calpain eventually results in muscle necrosis152. The
action of the Ca2+-dependent phospholipase A2 on the membrane phospholipids
generates lysophospholipids and free fatty acids that damage the membrane153. The
homeostasis of mitochondria (where Ca2+ is sequestered consequently to its dramatic
increase in the cytoplasm) is also affected. The mitochondrial impairment results in
reduced oxidative phosphorylation, which leads to an increased production and
accumulation of reactive oxygen species (ROS) which contribute to the oxidative stress
reported in DMD154,155. ROS are also involved in the peroxidation of membrane lipids,
thus contributing to increase the membrane permeability156.
The increased levels of Ca2+ also deregulate the Ca2+ ion-channels located on the
sarcoplasmic reticulum and contributes to the uncoupling of the dihydropyridine and
ryanodine receptors (DHPR and RYR) already observed in absence of dystrophin157.
Furthermore, RYR1 channels are also impacted by the cytosolic increase of the nitric
oxide (NO) produced by the iNOS expressed by the inflammatory cells. NO, in fact,
hypernitrosilate the RYR1 channel, which results in spontaneous release of calcium
Ca2+ in the cytoplasm. This further impairs muscle contraction158,159.
Finally, the reduction of NO derived by nNOS mislocalization causes vasoconstriction,
which results in muscle ischemia160.
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1.6 MOLECULAR ADVANCES IN DMD TREATMENT
As a result of the abundance of the skeletal muscles and the DMD severity, a
therapeutic design able to efficiently target all muscle tissue and to correct each
mutation at the genomic level still does not exist. However, several approaches have
been designed to slow down DMD progression. The first strategies to be conceived
were acting on downstream pathways or effects secondary to the missing protein while,
more recently, new approaches able to target dystrophin itself (primary defect) have
started to appear. Guiraud et al. distinguished between “dystrophin-independent” and
“dystrophin-based” strategies3, reviewed in the following paragraphs and in the below
table 1.2.
Act on

Therapeutic strategy

Applicability

Correct DNA?

Steroids

All DMD mutations

No

Muscle growth strategies

All DMD mutations

No

Utrophin modulation

All DMD mutations

No

Modulation of nNOS signalling

All DMD mutations

No

Upregulation of ECM

All DMD mutations

No

Aminoglycosides

Frameshift point mutations

No

Exon-skipping

DMD deletions and small

No

dystrophin?

No

components

Yes

duplications
Cell-based therapies

All DMD mutations

No

Gene therapies

All DMD mutations

No
(except
engineered
nucleases)

Table 1.2. Therapeutic designs for DMD treatment.

1.6.1. Dystrophin-independent strategies
Dystrophin-independent strategies are designed to combat the secondary effects
derived by the absent or unstable dystrophin protein. As such, they could potentially
benefit any DMD patient, independently of the underlying mutation.
a) Corticosteroids
Historically, the first drugs to be used to inhibit the inflammation originating from muscle
breakdown were corticosteroids, a class of synthetic drugs able to interfere with the
activation of the immune system161. The three most common steroid preparations used
in DMD are prednisone, prednisolone (hydroxylated derivative of prednisone) and
deflazacort (oxazoline derivative of prednisolone). Patients routinely treated with these
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formulations162,163 showed improvement in muscle strength, cardiac and ventilator
function as well as a delay in independent ambulation loss163,164. However, even though
they seem to have a cardioprotective effect165, these drugs are often associated with
adverse effects such as weight gain and inhibition of growth, behavioural issues,
pubertal delay and bone demineralization that increases the risk of bone fractures.
Corticosteroids have been also associated with cramps and myoglobinuria166.
Therefore, it is essential that the best regimen of drug administration, both regarding
the dose and type of steroid, is identified for each patient 167. A phase III randomized,
double-blind clinical trial suggested that deflazacort could be more effective and lead to
less weight gain than prednisone/prednisolone168. The recent re-analysis of the trial
data confirmed that deflazacort may result in a better muscle protection and
preservation of motor function, although larger prospective studies are underway169.
The beneficial role of these molecules was also confirmed by a recent study of young
DMD patients treated for 8.5 years, which found that the daily use of glucocorticoids
can improve the disease outcome170.
Still, it is important to remember that the use of corticosteroids only delays muscle
function decline, but does not stop the disease progression.
b) Muscle growth strategies
Another strategy to counteract the muscle wasting in DMD aims to exploit regulators of
muscle mass; specifically, to modulate the action of the negative regulator of muscle
growth, myostatin, and its antagonist follistatin171. Myostatin inhibitors have been shown
to effectively ameliorate pathology in mdx mice172,173. However, in contrast to the study
based on follistatin overexpression in BMD patients174, clinical trials performed in DMD
patients did not show promising results and raised concerns related to adverse effects
as epistaxis and enlargement of blood vessels175,176. A recent study attributed these
unsuccessful outcomes to the natural downregulation of the myostatin pathway in the
presence of atrophying diseases (and hence in DMD)177.
Parallel research lines focus instead on investigating the effect of modulation of other
growth factors: increased muscle mass, resistance to fatigue and reduced muscle
breakdown was observed in mdx mice overexpressing the insulin-like growth factor I
(IGF-I), shown to promote skeletal muscle growth and repair178–182. Similarly,
amelioration of the disease was observed in mdx mice following the blockage of the
bone morphogenetic protein (BMP) pathway, as this acts against the regeneration of
dystrophic muscle183.

16

c) Utrophin modulation
As utrophin is a ubiquitous paralog of dystrophin (with which it shares 80%
homology)184, it could potentially be exploited to counterbalance the effect of missing
dystrophin.
Apart from in early development and in regenerating fibres, where it is associated
throughout the sarcolemma, utrophin in adult muscle is localized at the neuromuscular
and myotendinous junctions185. The compensatory role of utrophin has been
hypothesized following the observation that this protein is normally upregulated in mdx
mice (which show a milder disease course and a better regenerative capacity compared
to DMD patients186), while the severity observed in double knock-out mice lacking both
dystrophin and utrophin is similar to DMD patients187. Despite utrophin displaying
differing binding sites for actin and microtubules and failing to restore nNOS
localization99,188,189, its ubiquitous upregulation was shown to be safe190 and was able
to ameliorate both sarcolemma stability and muscle pathology in mdx mice191,192. Both
utrophin upregulation and nNO targeting could be obtained by exploiting biglycan, a
protein naturally present in the extracellular matrix123. Tivorsan Pharmaceuticals
recently started a Phase I clinical trial to evaluate the effect of human
recombinant biglycan treatment in DMD patients193. Further studies conducted in the
mdx mouse animal model have demonstrated that the time of utrophin upregulation is
crucial, as utrophin modulation at birth was able to prevent muscle pathology itself194.
Kay Davies’ group recently showed that utrophin upregulation in mdx mice also reduces
mitochondrial damage and thus aids the oxidative stress diminishing the production of
harmful free radicals195.
Among the chemical compounds tested to mediate utrophin modulation, the antiinflammatory and pain reliever Celecoxib improved lower limb strength and ameliorated
cardiorespiratory function in mdx mice196. Moreover, a Phase II open-label clinical trial
(Summit Therapeutics) to evaluate the efficacy and safety of the utrophin up-regulator
Ezutromid was undertaken in DMD patients197 but, unfortunately, this study recently
failed to meet its endpoints.
d) Modulation of the nNOS signalling pathway
The interaction between dystrophin and nNOS directs the localization of the NO
synthesized by nNOS, whose fundamental role is to promote vasodilation and ensure
oxygenation of muscles. Consequent to NO mislocalization, muscle ischemia was
observed in DMD patients due to an excessive vasoconstriction198. Among the different
molecules tested in mdx mice to either boost NO-associated signalling or re-localize
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nNOS at the sarcolemma199–201, the commercially available vasodilator Sildenafil was
able to reduce ischemic damage and ameliorate cardiac function in mdx mice202 and
was therefore tested in DMD patients. However, despite the encouraging outcome
initially observed203, the use of Sildenafil was interrupted in view of adverse side effects
that in some cases also included heart failure204.
e) Upregulation of components of the ECM
One possible way to overcome the disrupted dystrophin-mediated signalling is to exploit
components of the extracellular matrix involved in the transmission of signals and
stimuli between the cytoplasm and the extracellular environment. Integrins and
associated laminins are implicated in numerous signalling pathways and have shown
to be essential for the integrity of muscle fibres, as their loss causes muscular
dystrophies205–207. Hodges et al. observed an increase in integrin α7 expression in
muscle fibres of both mdx mice and DMD patients, suggesting a potential compensatory
role205. Interestingly, the upregulation of integrin α7 proved to be beneficial not only in
mdx mice but also in double knock-out mice lacking both dystrophin and utrophin, in
which the mild phenotype was accompanied by improved muscle functionality and
regeneration208–210. Laminin α1 constitutes a further appealing therapeutic candidate,
as it is able to boost integrin α7 expression and therefore leads to the above-mentioned
beneficial outcomes. However, despite laminin α1 showing effectiveness in
ameliorating the phenotype of mice with congenital myopathies and congenital
muscular dystrophies211,212, it does not ameliorate the pathology in mdx mice213.

1.6.2. Dystrophin-based strategies
Differently than dystrophin-independent strategies, not all the different dystrophindependent strategies can be applied to any DMD patient independently than the DMD
mutation. These strategies are discussed below considering their suitability for
duplication mutations, focus of this work.
a) Aminoglycosides
Following the discovery that aminoglycoside antibiotics are capable to revert nonsense
mutations in vitro in yeast214,215, they have been exploited as a potential therapy that
may benefit patients carrying the above-mentioned mutations. These compounds can
bind to ribosomes and affect their activity leading to misreading through the transcript;
in this way, the ribosomes can bypass the mutant amino-acid, thus masking the
resulting stop codon.
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The first of these compounds used to obtain dystrophin read-through was gentamicin.
In the late 90s’, Barton-Davis et al. observed that controlled doses of this antibiotic could
lead to the production of a full-length dystrophin both in vitro and in vivo in the dystrophic
mdx mouse model216, in which dystrophin production is aborted by a premature stop
codon due to a nonsense mutation in exon 23217.
Following optimization of the gentamicin dose to be used in patients, Jerry Mendell and
his group observed some levels of dystrophin restoration and decreased levels of serum
creatine kinase, marker of muscle damage, in treated DMD patients218. However, the
beneficial action of these compounds could be accompanied with an increased risk of
renal failure and ototoxicity, suggesting that they might not represent the optimal
therapy for this subset of patients219.
New molecules that retained the capacity of gentamycin to induce misreading but
without its severe side effects were developed in the following years. Among them,
Ataluren (also known as Translarna, developed from PTC therapeutics) recently
completed both a phase IIb and phase III randomized controlled clinical trials, and it has
been approved as an orally administered drug for patients carrying a premature stop
codon in some European countries including UK220.
However, as this study design exploits the ability of ribosomes to read through mutated
bases, it can only be applied to nonsense mutations, but not to deletions or duplications.
b) Exon-skipping
The use of antisense oligomers pioneered by Riszard Kole, laid the foundation for what
nowadays is known as exon-skipping.221 This molecular approach relies on the use of
small oligomers 20-30 nucleotides long (also called antisense oligonucleotides or
AONs) designed to be complementary to specific regions of the target pre-mRNA,
generally where the mutation is located. The alignment of the pre-mRNA with the
above-mentioned oligomer masks the mutated exon, that is therefore “skipped” during
the pre-mRNA splicing. This allows the production on a smaller but functional version
of dystrophin protein and therefore turns a severe DMD phenotype into a milder Beckerlike phenotype. The excitement behind this approach, potentially applicable to 60-80%
of patients with disrupted dystrophin reading frame222, led scientists to develop multiple
splice-switching oligomers targeting the most common mutational regions. Oligomers
targeting different dystrophin exons have been extensively designed and used to
restore dystrophin expression in vitro223 and, most importantly, in vivo in various animal
models of DMD224–228.
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A lot of effort has been put in designing AONs able to skip exon 51, as this is applicable
to 13-14% of patients229. Two clinical trials were performed in our unit with the aim of
skipping exon 51 through the administration of two different chemicals developed
respectively by Prosensa Therapeutics and Sarepta Therapeutics: the 2’Omethylphosphorothioate

oligoribonucleotide

(Drisapersen)

and

the

phosphorodiamidate morpholino oligomers (Eteplirsen). The studies revealed that,
despite its (limited) efficacy, the repeated subcutaneous injection of Drisapersen gave
rise to significant adverse events and therefore its development was stopped by the
company following a negative opinion by the Food and Drug Administration (FDA)
agency. In contrast, the excellent safety profile of intravenously administered Eteplirsen
and its ability to restore dystrophin protein, albeit at very low levels, led to its recent
accelerated FDA approval in US230–232.
Following these promising results, morpholino antisense oligomers to induce skipping
of exon 53 have been developed and have entered a phase I-dose escalation clinical
trial233. As part of the SKIP-NMD project, our group is currently involved in a Phase I/II
clinical trial aimed to

assess the safety and efficacy of Golodirsen234 (Sarepta

Therapeutics), expecting to skip DMD exon 53, as 8% of DMD patients carry deletions
amenable to exon 53 skipping. This drug has also been evaluated in a Phase III clinical
trial (ESSENCE study) together with the compound Casimersen, developed for the
skipping of DMD exon 45235.
However, this approach is only suitable for the treatment of mutations that can be
corrected by skipping up to two exons229, but not for the restoration of large duplications
or mutations in regulatory or N-/C-terminal dystrophin regions236.
c) Cell-based therapies
Cell therapy and gene therapy approaches, not necessarily mutually exclusive, have
been considered as a potential treatment for DMD.
Generally, cell-therapy is meant as the administration of living healthy cells to the
patient to reintroduce the missing gene product237.
The ideal candidate to use for cell-based therapies should be easily expandable in vitro
without losing the myogenic properties and be able to be delivered systemically, as to
reach the muscles body wise. Also, once transplanted, the candidate cell should be
able to survive, proliferate, migrate through the muscle and also replenish the satellite
cells niche.
The best option would envisage the use of cells isolated from the individual himself
(autologous source). These would be expanded and genetically modified in vitro and
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finally re-injected back into the patient. This approach would overcome the need to find
an immune-compatible donor expressing the healthy gene copy.
Primary myoblasts have been considered as they can be derived from the muscle itself
or obtained from induced pluripotent stem cells (iPSCs) derived from reprogrammed
skin fibroblasts238. Despite the fact that myoblasts can be expanded in vitro, they have
a limited post-transplant migration: in fact, studies showed most of these cells tend to
remain at the site of injection239 or die shortly after injection into the affected muscle240.
Also, since myoblasts have been shown to be unable to cross the endothelial wall, they
cannot be systemically injected241.
Alternatively, stem cells can be obtained from muscle (satellite cells, section 1.5.1) or
from other sources such as the bone marrow and both adipose and endothelial tissues.
These stem cells, in fact, showed tropism for muscle when injected into the
bloodstream242. Recent studies performed in mice were based on the isolation of
satellite cells from single fibres isolation or fluorescence activated cell sorting (FACS)
followed by their in vivo delivery, even though such approaches were limited to
intramuscular injection243–245. However, it has been hypothesised that by virtue of
satellite cell plasticity, they might contribute to the generation of fibrotic scar tissue
depending on the stimuli they receive following transplantation246.

Within the cell types that have shown to have myogenic potential, a more promising
alternative to satellite cells might be represented by pericytes (mesangioblast-like
cells)241 and muscle-derived cells expressing the CD133+ glycosylated epitope.
Pericytes can maintain their proliferative ability in vitro and, upon in vivo transplantation,
contribute to the formation of mesoderm tissue247. These cells have been successfully
used as allogenic cell-based therapies both in α-sarcoglycan-deficient dystrophic mice
and dystrophin-deficient GRMD dogs248,249. A few years ago they have also proved to
be safe when delivered intra-arterially as part of a non-randomized, open label phase
I/II a clinical trial in humans, but without functional improvements250.
CD133+ cells have been isolated from the peripheral blood and from skeletal
muscle251,252. Their myogenic capacity allowed them to form myotubes in vitro when cocultured with myoblasts. Transplantation of CD133+ cells in vivo in immunodeficient
mdx mice showed their ability to replenish the satellite cells pool and a greater
regenerative capacity compared to myoblast transplantation253,254. Intramuscular and
systemic injection of allogenic CD133+ cells proved to be safe in vivo in a phase I
clinical trial performed in DMD patients255. However, a recent study showed the reduced
myogenic potential of DMD patient-derived CD133+ cells compared to healthy ones
both in vitro and in vivo in immunodeficient mice injected with the human-derived
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cells256.
d) Gene-therapies
Conventional gene-therapies aim to compensate for the genomic mutation underlying
DMD by delivery of the corrected gene version to the affected cells.
Generally, these approaches rely on viral vectors derived from inactivated viruses, i.e.
viruses in which the genes responsible for their virulence have been inactivated, despite
maintaining their infectivity. The most commonly used viral vectors are based either on
lentiviruses, adenoviruses or adeno-associated viruses (AAVs), each characterized by
distinct tropism ranges and packaging capacity257 (table 1.3).

Virus Size (nm)
Genome
Packaging Capacity
Expression
Target Cell Genome
Integration
Muscle tropism
Immune response

Adenovirus

Lentivirus

AAV

10

80-130

18-26

dsDNA
around 9 Kb
Transient
No

RNA
around 11 Kb
Stable
Yes

ssRNA
around 4.5Kb
Mostly transient
Rare

Low
High

Moderate
Low

High
Very low

Table 1.3.Schematic of features distinguishing the main classes of viral vectors
The first vectors considered for gene therapies targeted to muscle tissue were those
based on adenoviruses, a non-enveloped virus having a double-stranded DNA
genome258. Recombinant adenoviral vectors have a clear tropism for the lungs, eyes
and gastro-intestinal epithelium, as well as for the liver259,260. However, their tropism for
mature skeletal muscle is low261. The main reason for this has been attributed to the
low muscle expression of the surface Coxsackievirus-Adenovirus receptor (CAR), used
for adenoviral transduction262.
Moreover, these vectors have been associated with an high immunogenicity that might
affect the duration of transgene expression in transduced tissues263 (table 1.3).
Another type of vectors considered for targeting muscle tissue is based on engineered
integrating lentiviruses. Lentiviruses belong to the Retroviridae family and are
enveloped particles whose genome is represented by a single-stranded RNA
molecule264. Lentiviral vectors have a larger packaging capacity compared to adenoviral
vectors (11 kb versus 9 kb approximately)264. The main concern about viral delivery of
full-length dystrophin is the extremely large size of its cDNA (around 14 kb), beyond the
capacity of all viral vectors265. However, recently our group developed a strategy that
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successfully allowed dystrophin cloning into a lentiviral vector and dystrophin
restoration in vitro in DMD myoblasts266.
Studies conducted in vivo in mdx mice treated by intramuscular and systemic injection
of lentiviral vectors showed that transduction of muscle was only moderate267,268. The
administration of a lentiviral vector in neonatal mice led to highly efficient transduction
of muscle , with concomitant targeting of satellite cells in both wild-type and mdx
mice269–271. This feature is particularly interesting considering the integrating nature of
these vectors, as it would guarantee a permanent expression of wild-type dystrophin in
the stem cells pool. However, the practical limitations of their use in the neonatal period
and concerns regarding their integration into the genome (which may result in
carcinogenesis)272 have hampered the progress with this strategy.
Further viral vectors that combine a low immunogenicity with a wide tropism and a
generally episomal transgene expression are represented by the recombinant adenoassociated viruses (rAAVs)257. These vectors have a smaller size compared to the
above-mentioned viral vectors, and they have a single-stranded DNA genome. The
main advantages of these vectors are their ability to sustain transgene expression for
long time and the fact that they can be delivered systemically273. In skeletal muscle,
AAV transduction was shown to last years in striated muscles274. Furthermore, most
AAV serotypes have a tropism towards skeletal and cardiac muscle tissue275,276.
However, the main limitation of these vectors is their limited packaging capacity (around
4.5 kb), which prevents the possibility to express transgenes as large as full-length
dystrophin (table 1.3).
Meanwhile, the observation of a BMD patients in whom a considerable portion of the
DMD gene (46%) was deleted277 resulted in the development of a partially functioning
miniaturized dystrophin. This feature was exploited to overcome the size limitation
imposed

by the

AAVs

capacity.

These molecules,

known

as

mini-

and

microdystrophin278–280, lack a considerable part of the rod domain but retain the
essential functional regions that guarantee dystrophin functionality (i.e. the domains
binding actin and β-dystroglycan). Generally, mini-dystrophins can only be packaged
into lentiviral vectors as they retain a bigger portion of the full-length dystrophin cDNA.
Pfizer recently started a Phase 1b clinical trial (NCT03362502) to investigate the
efficiency and safety of intravenous administration of a mini-dystrophin formulation in
ambulant DMD patients281. The expression of mini-dystrophin transgenes via rAAVs
would require the splitting of the transgene in two overlapping rAAVs, so that, in vivo,
their recombination would restore the entire micro-dystrophin sequence282. Microdystrophins, instead, only contain the N-terminal actin-binding domains, from two to
three hinge regions, some spectrin repeats, and the cysteine-rich region that together
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with the WW-domain binds β-dystroglycan (section 1.4). Due to their extremely reduced
size, micro-dystrophin can be fitted into AAVs for in vivo delivery. Recently, treatment
with micro-dystrophin has been shown to be safe and efficiently increases the levels of
dystrophin protein both in dystrophic dogs (local and intravenous administration) and
mice (intravenous administration), restoring muscle function283,284.
Open label Clinical Trials from Sarepta (phase II, NCT03769116) and Solid (phase I/II,
NCT03368742) are currently ongoing to test the efficiency of micro-dystrophin and its
safety following its systemic intravenous delivery285,286.
However, the extensive engineering of these molecules could potentially create new
epitopes that could be recognized as non-self and thus elicit an immunogenic response.
While some of these treatments can mitigate the clinical symptoms of Duchenne and
slower the disease progression, none of them provide a permanent correction of the
causative mutation.
However, in the last two decades, the discovery of specific enzymes (called nucleases)
engineered to introduce specific genetic alterations in a variety of cells, have opened
the path to the promising “genome editing” therapeutic approach. Genome editing holds
a great potential, as is based on the manipulation of genomic sequence with the ultimate
aim to permanently correct DNA mutations.

1.7 THE EVOLUTION OF ENGINEERED NUCLEASES
Engineered nucleases are hybrid enzymes composed by two domains: one domain is
designed to bind DNA in a sequence-specific fashion, while the second domain cleaves
DNA in a nonspecific way. Therefore, engineered nucleases can potentially target any
genomic locus of interest, where they can mediate a double-strand break. The
introduction of such a cut stimulates the cell intrinsic repair pathways that repair doublestrand breaks that occur during each cell cycle287 and thus maintain the integrity of the
genetic information288.
These are the error prone non-homologous end joining (NHEJ) pathway and the highfidelity homology directed repair (HDR) pathway. Precise cycle-specific molecular
partners dictate which repair pathway will be prioritized.
Generally, HDR initiates following the resection of the 5’ strand at the site of break by
means of nucleases and helicases289,290. This results in the generation of 3’ singlestranded DNA (ssDNA) overhangs291. Thanks to the later association with the RAD51
recombinase that generates a nucleoprotein filament, the ssDNA can invade the sister
double-stranded DNA duplexes in which a region of homology is present and use them
as a repair template in a scar-less fashion292 (Fig.1.3).
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Conversely, in NHEJ repair mechanisms, the two cleaved ends are held together by
the heterodimeric protein Ku70-Ku80. The association of DNA with the Ku70-Ku80
complex in turn recruits the catalytic subunit of the DNA-dependent protein kinase
(DNA-PKcs), a signalling serine/threonine kinase that acts consequently to cellular
stress293.
If the double-strand break results in ssDNA ends, these are trimmed by the exonuclease
activity of the nuclease Artemis294.The ligation of the blunt DNA ends finally occurs
following the recruitment of the ligation complex, formed by the DNA ligase 4, its cofactor X-ray cross-complementation group 4 (XRCC4), and the XRCC4 like factor
(XLF)/Cernunnos295. Through this final step, the break site is repaired296–298 (Fig.1.3).
HDR and NHEJ pathways are responsible for different genomic alterations when
applied to gene editing299. HDR requires the presence of an identical, or almost
identical, sequence to be used as repair template. It occurs only at defined cell cycle
stages (during late S phase or G2) and is normally exploited either to cause or correct
a specific mutation in the genome, or substitute a specific DNA stretch (Fig.1.4).
Conversely, NHEJ predominantly occurs during the G1 phase (though it can occur
throughout the cell cycle) and involves the simple ligation of the two DNA ends. NHEJ
often results in the formation of unfaithful repair products as it introduces at the break
site either substitutions, translocations or small (typically 1-50 bp) deletions and/or
insertions, “indels”300. As such, it is generally used to disrupt or restore the reading
frame of a mutated gene (Fig.1.4).

To date, four different classes of engineered nucleases have been designed, each
defined by a distinct way of identifying and cleaving their genomic targets. Genome
editing started with the identification of meganucleases (MNs), followed by the zincfinger nuclease (ZFNs) and the transcription activator-like effector nucleases (TALENs)
up to the most recent: clustered regularly interspaced short palindromic repeats
(CRISPR) (Fig.1.5).

25

DNA DOUBLE-STRAND BREAK
5’
3’

3’
5’

5’
3’

3’
5’

5’
3’

3’
5’

HDR

NHEJ
Rad51

5’
3’

3’

5’

Ku

5’

3’
5’

3’

5’
3’

Ku

3’ 5’
5’ 3’

3’
5’

Rad51

Strand invasion
DNA-PKcs

5’
3’

3’ 5’

3’
5’

3’
5’
3’

sister chromatid

5’
3’

3’ 5’
5’ 3’

3’
5’

5’

Ar
te

D-loop

5’
3’

3’5’
5’3’
XRCC4

5’
3’

3’
5’

5’
3’

3’
5’

3’
5’

mi
s

3’
5’
Lig4

XLF

5’
3’

3’
5’

Figure 1.3. Schematic of DNA-repair pathways.
Double-strand DNA breaks are generally repaired following either HDR or NHEJ
pathways. HDR pathway (left panel) requires processing of DNA ends to generate
ssDNA. Once single stranded DNA associate with Rad51 protein, the nucleoprotein
filament looks for a region of homology on the sister chromatid and creates a
displacement loop (D-loop). The sister chromatid allows DNA repair working as a
template. NHEJ repair (right panel) does not involve DNA ends processing. However,
single stranded DNAs that may result from the DNA break are processed by the
nuclease Artemis. This pathway requires the association of cleaved DNA ends with the
heterodimeric protein Ku, which recruits DNA-PKcs. The DNA ends ligation is finally
triggered by the DNA ligase 4, in association with XRCC4 and XLF.
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Figure 1.4. Genome editing using engineered nucleases.
Upon introduction of a double-strand breaks into the targeted genome region, intrinsic
repair mechanisms become activated. a) In the absence of donor DNA template, the
break is repaired by the NHEJ repair mechanism, which re-ligates cleaved ends. This
usually results in deletions of one or more bases (indels) and can therefore be exploited
to introduce a frameshift mutation and lead to gene disruption. b) The HDR pathway
requires the exchange of DNA sequences from the donor DNA to the genomic DNA
targeted for repair. Introduction of precise alterations can only occur in the presence of
a donor DNA containing the desired sequence (targeted correction or knock-in) or c)
containing single base pair mutations.
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1.7.1 Meganucleases
Meganucleases, also known as homing endonucleases, define a large group of
endogenous restriction enzymes found in several organisms, both prokaryotes and
eukaryotes301,302.
Meganucleases can be classified into five major families, each characterized by specific
sequences and structural motifs303. The largest and well characterized meganucleases
family is the LAGLIDADG family. This name derives by the presence of one or two
copies of the LAGLIDADG motif that makes them function, respectively, as a single
chain protein or a homodimer304,305. Independently of their molecular structure, all
members of this family arrange in a similar αββαββα fold. The LAGLIDAD motif placed
centrally to α-helixes is surrounded at both sites by β-sheets, which are involved in the
interaction with target DNA.
Meganucleases recognize genomic regions from 12 bp up to 40 bp long that are
supposed to occur rarely in any given genome306,307 (Fig.1.5.a). This feature makes
them the most precise nuclease class among the four mentioned above.
Despite their high precision, a major drawback of using meganucleases as editing tools
is that the target gene must contain the target sequence for the cleavage to be
successful. Moreover, the repertoire of naturally existing meganucleases is limited, thus
further reducing the capability to target them to a desired gene in a given location308.
With the purpose of enriching the choice of targets and improving the cleavage
efficiency, chimeric meganucleases have been successively produced both by either
introducing small modifications in the sequence-recognition motif or by fusing or
associating them with enzymatic domains derived from different meganucleases309–313.
Meganucleases have been designed to efficiently target intronic dystrophin regions
where they introduced indels, confirming their suitability for DMD gene editing314. A
different work showed that meganucleases successfully restored (through NHEJ) the
reading-frame of a construct expressing the mutated cDNA of dog dystrophin. This
approach allowed to obtain dystrophin restoration both in vitro in patient-derived cells
and in vivo in mdx mice315.
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1.7.2. Zinc-finger nucleases
The development of zinc-finger nucleases derived from studies performed in early 90s’
by Chandrasegaran et al. on the natural type IIS restriction enzyme FokI. He attributed
the DNA binding and cleavage activity of this enzyme to two distinct and separable
domains and observed that the domain responsible for cutting the DNA lacks
specificity316. A few years later, the same research team observed that the substitution
of the original DNA recognition domains with a different one could affect FokI target
specificity, so that this enzyme could be redirected towards custom genomic
locations317–319.
Among the DNA recognition domains tested, a set of three Cys2His2 zinc-fingers
appeared to be particularly promising: each finger was able to inserting an α-helix into
the major groove of the DNA double-helix and binding a DNA triplet320. These tailormade chimeric proteins were therefore named zinc finger nucleases (ZFNs).
Most ZFNs are composed of three or four zing finger motifs fused to a monomeric FokI
domain, allowing the specific recognition of a variety of sequences from nine to twelve
nucleotides long321. Moreover, since FokI requires dimerization to be catalytically
active322, two juxtaposed monomeric ZFNs are used, ideally with a 5-6 base-pair long
spacer region among them323 (Fig.1.5.b). This increases the length of the target site,
which is therefore expected to be very rare or even unique in the genome, and
consequently improves the cleavage specificity. As the tandem array of Cys2His2 zinc
finger motifs in the DNA binding domain can be altered, ZFNs can be can be tailored to
identify a wider set of DNA targets compared to MNs.
ZFNs have been successfully applied to different organisms to pursue diverse genome
editing goals including gene disruption, insertion and correction of pathogenic
mutations324–331. However, the high cost required to assemble efficient ZFN has been a
limiting factor for this approach. Furthermore, the generation of a ZFN array is indeed
based on the combination of smaller zinc-finger modules whose affinity to target DNA
is strictly dependent on surrounding modules and on the chromatin accessibility of the
target region. The resulting “context dependence” often interferes with a successful
assembly332.
Ousterout et al. designed ZFN to skip DMD exon 51 in DMD-derived myoblasts, thus
restoring the DMD reading frame and resulting in a functional protein. His approach was
validated in vitro and in vivo in immunodeficient mice transplanted with the edited
patient-derived cells333.
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1.7.3. Transcription activator-like effector nucleases (TALENs)
The development of TALENs as editing tools followed the recent discovery of virulence
factors naturally synthesized in the phytopathogenic bacteria of the Xhantomonas
genus, named transcription activator-like effectors (TALE)334. Since they resemble
eukaryotic transcription factors, TALEs can affect the plant’s gene expression and lead
to the development of disease symptoms334. TALEs are characterized by a central
domain of tandem repeats able to bind single DNA nucleotides335. As such, TALEs
became immediately appealing to scientists who exploited this hallmark to develop the
customizable genome targeting tool known as TALENs336.
TALENs share with ZFNs the chimeric structure derived by the fusion of a DNA-binding
domain and a monomeric FokI domain. However, in TALENs the zinc-fingers modules
are replaced by a tandem array of up to 20 modules of 33-35 amino acids each. Within
each module, two central hypervariable amino acids in positions 12 and 13 (known as
repeat-variable di-residues or RVDs) are involved in the recognition and binding of a
single DNA nucleotide337, conferring to this nuclease the highest targeting resolution
compared to the other nucleases developed so far. Similar to ZFNs, TALENs work as
juxtaposed dimers and their optimal conformation requires a spacer length of 12-21 bp.
Each TALEN recognizes a region of 15-20 bp, further reducing the off-target effects risk
compared to ZFNs338(Fig.1.5.c). Even though the cloning methods tested to produce
functional TALENs revealed to be laborious and time consuming, the advantages
offered by TALENs made them thrive in a short period of time336,339.
As the other nucleases classes, also TALENs have been studied in relation to DMD; as
an example, TALENs succeeded in restoring the disrupted DMD gene reading-frame in
dermal fibroblasts derived from DMD patients carrying multi-exon deletions340.
However, this technology presents a disadvantage when considering its use for
therapeutic applications: the size of a TALENs cDNA is around 3kb (versus 1kb of ZFN
cDNA). Therefore, it is harder to be packed in viral vectors generally employed for
TALENs delivery and expression into cells as AAVs (whose capacity is around 5 kb)341.

1.7.4.
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repeats

(CRISPR)/Cas9
a) The discovery of CRISPR system
Clustered regularly interspaced short palindromic repeats (CRISPR) was identified for
the first time in the late 1980s by the research group led by Atsuo Nakata from Osaka
University. While trying to clone the iap gene from the bacteria Escherichia coli, this
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team accidentally observed in the bacterial genome a series of genomic repeats
interrupted by shorter spacer DNA of unknown function342,343.
A few years later, a study performed by Van Soolingen et al. in the Netherlands revealed
the presence of genomic clusters of interrupted repeats in several Mycobacterium
tuberculosis strains, with different interrupting sequences for each strain344,345.
Independently, Mojica et al. identified sequences of about 30-bp regularly repeated
within the archaeal genome of Haloferax mediterranei and Haloferax volcanii346,347.
In the late 1990s, the advent of the sequencing technology allowed scientists to obtain
genome sequences of living organisms and further highlighted how widespread these
regions were across a considerable number of microbial organisms348,349. To mitigate
the ambiguity due to the many names given to these sequences, Mojica and Jansen
coined the acronym CRISPR, that became widely used350. To date, CRISPR DNA loci,
have been found in approximately 40% of sequenced eubacterial and 90% of archaeal
genomes348.
The function of CRISPR loci remained puzzling until 2005, when three independent
research groups observed that that the spacer CRISPR DNA was gathered from
invading phages and plasmid DNA351–353. Moreover, the work of Barrangou et al.
showed that, following the insertion of viral sequences derived from the invader
organism in the CRISPR locus, the bacteria Streptococcus thermophiles became
resistant to further bacteriophage infection354. One year later, CRISPR-mediated
prevention of horizontal plasmid transfer was also reported by Marraffini et al.355. These
observations suggested that CRISPR represents a prokaryotic adaptive immune
system to defend against invading phages and plasmids.

The molecular mechanism of the CRISPR system was finally elucidated by the studies
published by Brouns et al.356 and Garneau et al.357. These scientists showed that the
CRISPR system performs a targeted cleavage of invading nucleic acids through a
specific CRISPR-associated nuclease, guided by precise RNA-molecules transcribed
from the CRISPR locus itself. Target DNA is specifically chosen by virtue of its proximity
to a 2-5 nucleotide motif called protospacer adjacent motif (PAM)358,359.
Once cleaved, the foreign DNA is then incorporated in the CRISPR locus, increasing
its size. Since genetic elements from each invader are successively incorporated in the
CRISPR locus of the host genome, their disposition within the CRISPR locus represents
a chronological memory of occurred infections.
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b) Heterogeneity of CRISPR loci
CRISPR loci are characterized by a set of homologous genes located in close proximity
to the CRISPR sequences, named CRISPR-associated (cas) genes350, followed by an
A/T-rich region (known as leader) and a CRISPR-array (Fig.1.6).

Cas genes code for RNA-binding proteins, helicases, nucleases and polymerases
needed for the interaction and cleavage of the target DNA350. The leader region which
flanks the cas genes acts as a promoter for the downstream CRISPR-array360. This is
formed by a variable number of repeated and partially palindromic sequences spaced
by short stretches of individual DNA sequences (protospacers) derived from the invader
genome. Partially palindromic sequences can be from around 23 and 47 base pairs
long, while the length of protospacers varies from 20 to 70 base pairs.

Depending on the number and on the biochemical role of the required Cas proteins, the
CRISPR system is catalogued in two main classes (I and II), each with a total of three
main CRISPR types361. Subtypes can be also identified within each CRISPR type361,362.
CRISPR systems belonging to class I (i.e. CRISPR type I, III and IV) rely on multiple
Cas proteins to trigger the molecular events that result in DNA cleavage363.
Conversely, CRISPR-Cas systems belonging to class II (i.e. CRISPR-Cas type II, V and
VI) use a single Cas protein to recognize and destroy the target DNA.

Each CRISPR class is listed in the below table 1.4, together with identified CRISPR
types and subtypes.
CRISPR

CRISPR Type

CRISPR Subtype

Class

I

II

I

I-A, I-B, I-C, I-D, I-E, I-F**, I-U

III

III-A, III-B**, III-C, III-D

IV

IV**

II

II-A, II-B, II-C**

V

V-A, V-B, V-C, V-D, V-E, V-U1, V-U2, V-U3, V-U4, V-U5

VI

VI-A, VI-B1, VI-B2, VI-C

Table 1.4.Classification of CRISPR system.
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One of the most extensively studied type II CRISPR systems is the one derived from
the bacteria Streptococcus pyogenes, belonging to the subtype IIA. Cas9 nuclease is
the signature protein of this system (therefore indicated as CRISPR/Cas9).
Its locus is characterized by a non-coding trans-acting RNA (tracrRNA) located
upstream of four Cas genes, but on the opposite DNA strand364 (Fig.1.7). The
acquisition of the foreign sequence requires the action of all the four gene products and
the tracrRNA.
Other than the above-mentioned Cas9, Cas genes include Cas1, Cas2 and Csn2
genes. Cas1 and Cas2 code for integrases necessary for the integration of foreign DNA
into the CRISPR locus365. Csn2 gene, the signature gene for the type II A CRISPR
systems, participates to this process presumably by binding the double-stranded
DNA366. Experiments performed by Heler et al. demonstrated that the specific action of
Cas9 is crucial for labelling the target DNA and recruiting the integrases Cas1 and
Cas2367.
c) CRISPR in action
The type II CRISPR system isolated from Streptococcus pyogenes carries out targeted
DNA double-strand breaks according to defined sequential steps, summarized below
and shown in Fig.1.7.
When the cell is invaded for the second time by a pathogen, the leader sequence of the
CRISPR locus acts as a promoter to transcribe the CRISPR-array into a premature
crRNA transcript (pre-crRNA).
The noncoding trans-acting RNA (tracrRNA) is co-transcribed on the opposite strand of
the CRISPR locus. TracrRNAs hybridize with the complementary short palindromic
sequences contained in the pre-crRNA368 repeated sequence. Such hybridization
recruits Cas9 (which stabilizes this interaction) and the endogenous RNAse III, forming
a complex that cleaves the premature transcript into mature crRNAs368. Since the cut
occurs in the same site in all the hybridized regions, all the crRNAs are formed by a
common part derived from the repeats together with a unique sequence corresponding
to the specific spacer DNA356. The reliance on RNase III potentially explains why type
II systems are limited to bacteria, as this enzyme is not generally found in archaea369.
Finally, the mature tracrRNA:crRNA complex probes the foreign DNA to find its
complementary regions adjacent to the protospacer adjacent motif (PAM) sequence
which, in case of Streptococcus pyogenes, is represented by the trinucleotide 5’-NGG3’370. When an appropriate PAM is identified, the nuclease Cas9 is recruited to
reconstitute the so called interference complex. Cas9 transiently binds to the DNA and
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initiates its unwinding starting from the first 10-12 nucleotides proximal to the PAM and
moving distally371,372. This DNA region is known as the seed sequence. Once the
unwinding is completed, Cas9 can pair with the seed sequence together with the rest
of the crRNA sequence. This generates both an RNA:DNA hybrid (called R-loop)
formed by the crRNA spacer sequence and its complementary DNA sequence (the
target strand) and a displaced ssDNA (the PAM-containing, non-target strand)373.
Inefficient pairing causes the quick release of Cas9, which continues sampling other
DNA sequences374. Conversely, if the paring is successful, Cas9 cleaves both strands
of the target DNA at a precise location (3 base pairs upstream of the PAM site) creating
a blunt end double strand break.375
Biochemical and structural studies showed that the S. pyogenes Cas9 protein is
composed by two lobes linked by two linker segments. The lobes are known as the
nuclease (NUC) lobe and the recognition (REC) lobe. The interaction of these two
domains form a positively charged groove that accommodates the RNA:DNA hybrid.
The alpha-helical REC lobe is the domain that mostly interacts with the RNA
components375–378 and is the most variable region of Cas9 protein; in fact several
nucleotide variations reported here have been associated to the variable size
encountered in different Cas9 orthologs.376
The nuclease lobe instead is dedicated to the cleavage of target DNA. Two defined
domains within this lobe mediates the cleavage379: the HNH-like nuclease domain
cleaves the target DNA strand, while the complementary DNA strand is cleaved by the
RuvC-like nuclease domain. The RuvC-like domain also contains a C-terminal PAMinteracting domain, and is therefore the domain responsible for directing the entire
nuclease to the target genomic region.
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Figure 1.5. Schematic of the four nucleases classes.
a) Meganucleases are endogenous enzymes recognizing specific nucleotide
sequences of 12-40 bp. They work either as monomers or dimers. b) Zinc-finger
nucleases are composed by three to four zinc-finger modules fused to a FokI nuclease
domain. Each zinc-finger recognizes 3 nucleotides. Zinc-finger nucleases work as
juxtaposed couples separated by 5-6 nucleotides. c) Transcription activator-like (TALE)
nucleases are composed by up to twenty TALE modules fused to a FokI nuclease
domain. Each TALE recognizes 1 nucleotide. TALE nucleases work as juxtaposed
couples separated by 12-21 nucleotides. d) CRISPR/Cas9 is composed by a sgRNA
molecule and a Cas9 nuclease. Specific nucleotides within the sgRNA can pair to DNA
sequences located upstream of trinucleotides motif called PAM.
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Figure 1.6. CRISPR locus in a bacterial chromosome.
The locus includes a CRISPR array, composed of a series of alternating spacers and
palindromic direct repeats, between 21 and 47 bp in length. Spacer length is constant
but, being derived from foreign internalized DNA, it is variable in sequence. Foreign
DNA is recognized, cleaved and added to the array as new spacer thanks to Cas
proteins, encoded by CRISPR-associated genes (Cas genes). The array is transcribed
via the promoter included in the upstream leader sequence
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Figure 1.7. CRISPR/Cas type II system of Streptococcus pyogenes.
1) The transcription of the CRISPR locus generates a precursor RNA (pre-crRNA) from
the CRISPR-array. 2) TracrRNA pairs with homologous crRNA sequences and recruits
Cas9 and RNAse III that cleave the pre-crRNA giving rise to mature crRNAs. 3) If
foreign DNA from which crRNA derives infect again the cell, crRNA:tracrRNA complex
can pair with sequences proximal to PAM. 4) Cas9 recruited at the genomic site
targeted by the crRNA:tracrRNA complex cleaves the foreign DNA via double-stranded
break.
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1.8 CRISPR/CAS9 AS GENOME EDITING TOOL
Since the CRISPR/Cas type II of Streptococcus pyogenes can act using only Cas9,
mature crRNA and a tracrRNA, the expression of these three essential components has
been initially exploited for the development of a new RNA-guided genome editing
system380 (Fig.1.5.d). Further improvements in the system were achieved by fusing the
crRNA containing the target DNA sequence and the complementary tracrRNAs, so that
the number of components required to mediate a targeted DNA cleavage is reduced.
This chimeric structure, called single guide RNA (sgRNA or gRNA), allows to combine
both the target specificity of the crRNA and the scaffolding properties of the tracrRNA
in one single molecule380 (Fig.1.8).
sgRNA is composed of 80 nucleotides, of which the 20 nucleotides located at the 5’ end
are complementary to the target DNA sequence, while the remaining ones fold in a
hairpin structure which mimics the complex formed by the interacting crRNA-tracrRNA.
This structure allows a better sgRNA binding orientation and aids in Cas9
recruitment381. Since the only strict requirement for a correct sgRNA targeting seems to
be the presence of a PAM recognition motif downstream of the target sequence
(Fig.1.8), implementation and scaling of the system have focused on the delivery of
multiple sgRNAs in the same cells, so that multiplexed editing can be achieved382.
Cas9 nuclease, in turn, has been refined through codon optimization and the addition
of a nuclear localization signal (NLS) to accomplish heterologous expression in
mammalian cells380 (Fig.1.8).
Exploiting the minimal type II CRISPR system, scientists successfully accomplished
genome editing in a variety of experimental model systems, including bacteria383,
plants384, animal models385–387 and mammalian cells388–390.
Like other nuclease classes, the ability to preferentially exploit one of the two intrinsic
cell repair pathways following double-stranded DNA breaks potentially expands the
applicability of the CRISPR/Cas editing tool to any type of DNA mutation. Moreover, the
ease of sgRNA customization makes CRISPR/Cas the preferential system for targeted
ex vivo (and, above all, in vivo) genome editing for the treatment of inherited diseases,
such as DMD, that are caused by a wide mutational spectrum388.
But questions remain concerning the specificity of CRISPR/Cas9 endonucleases and
their potential off-target effects throughout the genome. Since sgRNAs are designed to
recognize DNA stretches of 20 bp, these could occur more than once in the genome.
Several algorithms have been designed to predict off-target effects391. However, these
do not take into consideration genomic variability among individuals, which could give
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rise to unexpected “de novo” off-target sites. Therefore, despite its striking potential,
optimization of CRISPR/Cas9-based genome editing is essential.
Considering its ability to introduce double-strand breaks in specific genomic loci, the
CRISPR/Cas system has also been exploited for the generation of animal models of
diseases392–395. Furthermore, the Cas9 nuclease component underwent further
engineering that allowed it to accomplish a variety of functions including modulation of
gene expression396, epigenetic control397 and visualization of genomic loci398.
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Figure 1.8. CRISPR/Cas9-mediated editing.
A 20 bp targeted genomic sequence located upstream of a 5’-NGG-3’ sequence (PAM)
is recognized by an RNA molecule 70 nt long called single guideRNA (gRNA or sgRNA).
The first 20 nt of the gRNA are involved in pairing with DNA, while the remaining fold in
an hairpin structure that recalls the Cas9 nuclease. In the figure, the Cas9 carries a
nuclear localisation signal (NLS). Cas9 mediates a double strand cut, which can be
repaired by HDR or by NHEJ. The latter is error-prone, leading to insertion/deletions in
the restored template.
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1.9 AIM OF THE PROPOSED WORK
I have used CRISPR/Cas9 genome editing as proof-of-concept for the development of
a new therapeutic strategy aimed at using a single CRISPR/Cas9 nuclease to repair
both small and large multi-exon duplications within DMD gene, which cause DMD.
This project arose from the consideration that any nuclease target sequence selected
within the duplicated gene region will be present twice. Therefore, any CRISPR/Cas9
nuclease designed to target a duplicated region would create two double-strand breaks,
one double-strand break at each repetition of the target locus. The use of a single
nuclease will be potentially safer therapeutically, as the nuclease dose would be
reduced compared to an approach based on two separate nucleases targeted to sites
flanking the duplicon.
The starting hypothesis is that, following double-strand breaks, the cellular NHEJ
intrinsic mechanism will repair the damage, eliminating the duplicated stretch of DNA
between the repeated nuclease recognition site. Following this strategy, the duplication
should therefore be precisely corrected, allowing the production of a wild type protein
(Fig.1.9).
To avoid frame-shift mutations that could result from the indels that commonly originate
at the NHEJ-repaired breakpoints, this study design is built on the use of CRISPR/Cas9
nucleases directed at an intronic region within the duplication. Specifically, I chose DMD
intron 9 as a target, as this intron is included within the duplicated region in several
available patient-derived cell lines and is duplicated in a range of patients whose
mutation falls within the mutational hotspot of DMD exons 2-201.
The effectiveness of this hypothesis has been tested by:
1. Design of CRISPR/Cas9 nucleases to intron 9 of DMD using online tools
2. Determination of Cas9-mediated cleavage efficiency in HEK 293T cells
3. Testing of viral and non-viral methods to deliver CRISPR/Cas9 to patient-derived
cells and identification of the most efficient approach
4. Confirmation of dystrophin repair in treated cells at the DNA, RNA and protein
level.
This project will provide the basis to build future studies aimed at applying the CRISPR
platform to correct duplications occurring throughout DMD gene and to repair
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dystrophin in in vivo models of DMD duplications.

Figure 1.9.Schematic representation of CRISPR/cas9 mediated duplication repair in
DMD gene.
A nuclease is targeted to DMD intron9, included in duplicated regions of cells available
through the MRC Centre for Neuromuscular Diseases Biobank. The target site will be
present twice in mutated DMD gene. Following nuclease-mediated cleavage, repair via
NHEJ will eliminate the DNA segment between the two sites and the duplication will be
corrected.
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Chapter 2.

Materials and Methods

2.1 MOLECULAR CLONING
2.1.1. Bacterial manipulation
a) Preparation of LB agar plates
For each 10 cm2 dish, 30 ml of Luria Bertani (LB) agar was used. 1.5% LB agar plates
were prepared by dissolving 15 g Bacto-agar (Sigma, Cat n° A5306) in 1.0 L of distilled
water and sterilized by autoclaving for 1 hour at 120°C. As all the plasmids carried either
an ampicillin- or kanamycin-resistance cassette, once the agar mix was cooled to 50°C
in a water-bath, the antibiotic expressed by the bacterial plasmid was added at 100
µg/ml (Ampicillin) or 50 µg/mL (Kanamycin) (Sigma-Aldrich Cat n° A5354 and K1377).
10 ml of the mixture was then poured into the plates and left to solidify at room
temperature.
b) Preparation of LB broth
LB broth was prepared by dissolving 15 g of LB broth powder containing 10 g/L
tryptone, 10 g/L NaCl and 5 g/L yeast extract (Sigma, Cat n° L3522) in 1.0 L distilled
water, then sterilized by autoclaving for 1 hour at 120°C. Once the LB broth was cooled
to 50°C, the selected antibiotic was added at the concentration indicated in section
2.1.1.a.
c) Bacterial plating and growth
Bacterial colonies were grown by streaking a 10 μl tip previously inserted into bacterial
stocks on LB agar plates containing the antibiotic expressed by the bacterial plasmids.
Plates were incubated overnight at 37° and the following day, three bacterial colonies
were selected and inoculated into 3-5 ml of LB broth supplemented with the appropriate
antibiotic at the concentration given above (section 2.1.1.a.). Selected colonies were
amplified by overnight incubation in an orbital shaker set at 225 rpm and 37°C. The
following day, plasmid DNA was extracted from the bacterial growths (section 2.1.1.f)
and used for the transformation of chemically competent E.coli bacteria.
d) Heat-shock transformation of chemically competent bacteria
Transformation occurred in the recombination-deficient chemically competent Stbl3
E.coli bacteria (One Shot® Stbl3TM Life Technologies, Cat. n° C7373-03). This strain
was selected as, being a recombinase-deficient strain, it lowers the chance of
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homologous recombination of the Long-Terminal Repeats (LTRs) present in lentiviral
plasmids399. Initially, Stbl3 bacteria stored at -80°C were thawed on ice for 10 minutes
and incubated with 1-10 μl of plasmid DNA for 30 minutes on ice. Stbl3 cells were then
heat shocked at 42°C for 15 seconds for opening the bacterial membrane pores
allowing the entry of the vector, and incubated on ice for 2 minutes to reseal the pores
and trap the DNA400. 250 μl of super optimal broth with catabolite repression (S.O.C)
medium (ThermoFisher Scientific, Cat.n°15544034) was added to the transformed
bacteria, that were then plated on LB agar plates supplemented by the appropriate
antibiotic (section 2.1.1.a). Single colonies were isolated and amplified by overnight
orbital shaking at 225 rpm at 37°C in 3-5 ml of LB broth supplemented with antibiotic at
the above concentration. DNA extraction was then performed as indicated in section
2.1.1.f. to confirm the plasmid identity via Sanger sequencing (UCL Sequencing Facility,
UCL).
e) Plasmid amplification
Bacterial growths derived from transformation were either used for extracting plasmid
DNA (section 2.1.1.f) or further amplification. Amplification was performed by
transferring 3-5 ml of bacterial culture into larger volumes (from 100 ml to 250 ml) of LB
broth supplemented by antibiotic and overnight incubation in an orbital shaker at 225
rpm and set at 37°C.
f)

Extraction of plasmid DNA from small volumes of bacterial cultures

QIAprep Spin Miniprep kit was used to extract plasmid DNA from 1 to 5 ml of bacterial
cultures. Initially, bacteria were harvested following centrifugation for 10 minutes at
6800 g in a table-top centrifuge at 4°C. The supernatant was discarded and the pellet
was resuspended in 250 μl of pre-chilled P1 lysis buffer containing RNAse A (100 μg/μl),
until no pellet remained. 250 μl of buffer P2 were added and the tube was gently
inverted 6 times and incubated for 5 minutes at room temperature to complete the lysis
reaction. The lysate was precipitated by adding 350 μl of N3 buffer and vigorously
inverting the Eppendorf tube 6 times. Tubes were then centrifuged for 10 minutes at
17,000 g in a table-top microcentrifuge at room temperature. All the subsequent
centrifugation steps were performed under the same conditions. This step was
necessary to isolate the unwanted debris from the supernatant containing the plasmid
DNA, which was transferred to a QIAprep 2.0 spin column. Following a centrifugation
necessary for DNA binding, the silica column was washed with 750 μl of PE buffer and
underwent a centrifugation to remove any residual ethanol. Elution in a clean Eppendorf
tube was achieved by the addition of 30-50 μl of sterile water at pH 7.5 to the centre of
the column followed by 1-minute incubation at room temperature and centrifugation.
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Eluted plasmid DNA was then quantified as detailed in section 2.3.2 and stored at 20°C.
g) Extraction of plasmid DNA from large volumes of bacterial cultures
The QIAGEN Plasmid Maxi Kit was used when plasmid DNA had to be extracted from
bacterial culture of volumes of 250-300 ml. Bacteria were centrifuged for 30 minutes at
6800 g at 4°C. The harvested pellet was isolated and resuspended in 10 ml of cold P1
lysis buffer containing RNAse A (100 μg/μl) in a 50 ml Falcon tube. 10 ml of P2 buffer
was then added to the Falcon tube which was inverted 6 times and left at room
temperature for 5 minutes, when 10 ml of pre-chilled buffer P3 were added. The tube
was inverted 6 times, incubated on ice for 5 minutes and centrifuged for 20 minutes at
6800 g in a centrifuge at 4°C. The resulting supernatant was then transferred to a
QIAGEN-tip 500 column previously equilibrated by letting 10 ml of QBT buffer flow
through it by gravity. Once all the supernatant was filtered through it, the column was
washed twice with 30 ml of QC buffer and finally transferred to a new 50 ml Falcon used
as a collection tube for DNA elution, which occurred by flow-through of 15 ml of QF
buffer. Eluted DNA was precipitated upon mixing with 10.5 ml isopropanol at room
temperature and a 1-hour centrifugation performed at 6800 g in a centrifuge set at 4°C.
The supernatant was carefully removed and the pellet was washed with 5 ml of 70%
ethanol. A further centrifugation step of 30 minutes at 6800 g was then carried out at
room temperature. The DNA pellet was air-dried for 10 minutes at room temperature
and dissolved in 250-300 μl of TE buffer at pH 8.

2.1.2. List of vectors
a) LentiCRISPRv1 vector
The integrating LentiCRISPRv1 plasmid (Addgene 49535, Fig.2.1) from Feng Zhang’s
laboratory was used to express CRISPR/Cas9 in HEK 293T cells and primary
fibroblasts401. sgRNA expression was driven by the U6 promoter, while Cas9
expression was controlled by the core subunit of the elongation factor 1α (EF1α) core
promoter. The plasmid also carried an ampicillin and puromycin resistance cassette,
responsible for the bacterial and cell selection, respectively.
b) pL-CRISPR.EFS.GFP vector
The integrating pL-CRISPR.EFS.GFP plasmid from Benjamin Ebert’s laboratory
(Addgene 57818, Fig.2.2) was used to express CRISPR/Cas9 in primary myoblasts402.
sgRNA expression was driven by the U6 promoter, while bicistronic Cas9 and enhanced
green fluorescent protein (EGFP) expression was controlled by the core subunit of the
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EFS (EF1α short) promoter. The plasmid also carried an ampicillin resistance cassette,
responsible for the bacterial selection.
c) LentiCRISPR-EGFP sgRNA5 vector
The integrating LentiCRISPR-EGFP sgRNA5 plasmid (Addgene 51746, Fig.2.3) from
Feng Zhang laboratory expressed a sgRNA (sgRNA5) targeted to a sequence of the
EGFP protein and the Cas9 nuclease401. The same promoters as for LentiCRISPRv1
(section 2.1.2.a.) drove the expression of CRISPR/Cas9 components. The plasmid also
carried an ampicillin and puromycin resistance cassette, responsible for the bacterial
and cell selection, respectively.
As EGFP protein is not expressed within the human genome, this vector served as a
negative control for the Cas9-mediated cleavage in HEK 293T and primary fibroblasts.
d) pLJM1-EGFP vector
The integrating pLJM1-EGFP plasmid (Addgene 19319, Fig.2.4) from David Sabatini’s
laboratory expressed EGFP via the constitutive cytomegalovirus (CMV) promoter,
together with an ampicillin and puromycin resistance cassettes responsible for the
bacterial and cell selection, respectively403.
As cells expressing EGFP indicate successful transduction, this transgene was used
as a positive control transgene to monitor the ability of lentiviral particles which express
it to transduce primary fibroblasts.
e) psPAX2 vector
PsPAX2 plasmid (Addgene 12260, Fig.2.5) from Didier Trono’s laboratory expressed
the HIV-1 packaging components gag and pol, controlled by the CAG hybrid promoter
derived by the CMV enhancer fused to the chicken beta-actin promoter, as well as an
ampicillin resistance cassette whose expression is driven by the constitutive CMV
promoter.
f)

pCMV-VSV-G vector

pCMV-VSV-G transgene (Addgene 8454, Fig.2.6.) from Bob Weinger’s laboratory
expressed the G-protein of the vesicular stomatitis virus (VSV-G) by means of the
constitutive CMV promoter, together with an ampicillin resistance cassette under the
control of the ampicillin resistance promoter404.
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g) pLV-U6g-EPCG vector
Commercially available lentiviral particles purchased from Sigma-Aldrich expressed the
pLV-U6g-EPCG lentiviral transgene (Fig.2.7). Other than a puromycin antibiotic
resistance cassette, the vector co-expressed sgRNA2, Cas9 and EGFP, allowing me
to choose the best selection method for the cell type to be used. Similarly to the
LentiCRISPRv1, LentiCRISPR-EFGP sgRNA5 and pL-CRISPR.EFS.GFP lentiviral
vectors, sgRNA was expressed by the constitutive U6 promoter, while the expression
of Cas9 and the flanking cassettes was driven by the truncated human elongation
factor−1α (tEF1α) promoter.
h) U6gRNA-CMVCas9-GFP vector
U6gRNA-CMVCas9-GFP expressing sgRNA0 and sgRNA2 (from here on named
CRISPR0 and CRISPR2σ) were purchased from Sigma-Aldrich (Fig.2.8). sgRNA
expression was driven by the constitutive U6 promoter. CRISPR2σ expressed sgRNA2,
while CRISPR0 expressed sgRNA0 which recognizes a sequence that is not present in
the human genome and was therefore a negative control. The plasmid also harboured
an EGFP-selection cassette, co-expressed with Cas9 by the CMV promoter.
i)

pEGFP-C2 vector

The pEGFP-C2 vector was purchased from Clontech (Fig.2.9). EFGP expression was
driven by the constitutive CMV promoter. Neomycin and Kanamycin resistance were
also expressed by the simian virus (SV) 40 promoter.
j)

pCMV-GFP vector

pCMV-GFP plasmid (Addgene 11153) (Fig.2.10) from Connie Cepko’s laboratory
expressed EGFP by means of the constitutive CMV promoter and ampicillin via the
ampicillin-resistance promoter405.
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Figure 2.1.Schematic of lentiviral LentiCRISPRv1 plasmid.
The LentiCRISPRv1plasmid expressed sgRNA by the U6 promoter and Cas9 by the
EF1α core promoter. The antibiotic expressed were puromicin (co-expressed with
Cas9) and ampicillin. LTRs were responsible for the vector integration into the host
genome.
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Figure 2.2. Schematic of pL-CRISPR.EFS.GFP plasmid.
The integrating pL-CRISPR.EFS.GFP plasmid expressed sgRNA by the U6 promoter
and Cas9 by the EFS promoter, which also drove bicistronic EGFP expression. The
antibiotic expressed was ampicillin. LTRs were responsible for the vector integration
into the host genome.
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Figure 2.3. Schematic of LentiCRISPR-EGFP sgRNA5 plasmid.
The integrating LentiCRISPR-EGFP sgRNA5 plasmid expressed sgRNA by the U6
promoter and Cas9 by the EF1α core promoter. Similarly to LentiCRISPRv1, the
antibiotic expressed were puromycin (co-expressed with Cas9) and ampicillin. LTRs
were responsible for the vector integration into the host genome.
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Figure 2.4. Schematic of pLJM1-EGFP.
The integrating pLJM1-EGFP plasmid expressed EGFP by the CMV promoter and the
antibiotics ampicillin and puromycin (driven by the human phosphoglycerate kinase
(PGK) promoter). LTRs were responsible for the vector integration into the host
genome.
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Figure 2.5.Schematic of psPAX2 packaging plasmid.
psPAX2 plasmid expressed the packaging components (HIV-1 gag and pol) by the
hybrid CAG promoter and the antibiotic ampicillin.
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Figure 2.6. Schematic of pCMV-VSV-G plasmid.
pCMV-VSV-G plasmid expressed the G-protein of vesicular stomatitis virus envelope
component by the CMV promoter. Ampicillin was also expressed.
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Figure 2.7 Schematic of the pLV-U6g-EPCG lentiviral vector.
The integrating pLV-U6g-EPCG vector expressed sgRNA by the U6 promoter and coexpressed Cas9 and EGFP together with puromycin by the tEF1α promoter. Ampicillin
was also expressed. LTRs were responsible for the vector integration into the host
genome.
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Figure 2.8 Schematic of the pCMV-Cas9-GFP vector.
The pCMV-Cas9-GFP vector expressed sgRNA by the U6 promoter and co-expressed
Cas9 and EGFP by the CMV promoter. Kanamycin was also expressed.
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Figure 2.9. Schematic of the pEGFP-C2 vector.
The pEGFP-C2 vector expressed EGFP by the CMV promoter. Neomycin and
kanamycin resistance were also expressed.
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Figure 2.10. Schematic of the pCMV-GFP vector.
The pCMV-GFP vector expressed EGFP by the CMV promoter. Ampicillin resistance
was also expressed.
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2.1.3 Plasmid verification
Restriction digest was used to confirm the identity of the plasmids described in section.
2.1.2. Different sets of restriction enzymes (New England BioLabs) (Fig. 2.11) were
used for the specification of each vector (apart for pLV-U6g-EPCG, as it was purchased
as lentiviral particles).
psPax2 and pCMV-VsVg plasmids were digested with the dual cutter EcoRI, while
CRISPR0 and CRISPR2σ were processed with XhoI and BamHI restriction enzymes,
according to the manufacturer’s protocol.
LentiCRISPRv1,

LentiCRISPR-EGFP

sgRNA5,

pLMJ1-EGFP

and

pL-

CRISPR.EFS.GFP vectors carrying LTRs were digested with AflII dual cutter, to ensure
that recombination among LTRs did not occur406.

- psPax2

- CRISPR0

- pCMV-VsVg

- CRISPR2σ
-

= EcoRI

-

pLJM1-EGFP

-

LentiCRISPRs

pL-CRISPR.EFS.GFP

= XhoI

= AflII

= BamHI

Figure 2.11 Schematic of restriction digest.

The expected molecular size for each restriction digest is:
-

psPax2 digestion = 4,374 kb and 6,329 kb

-

pCMV-VsVg digestion = 1,572 kb and 4,791 kb

-

LentiCRISPRv1 digestion = 7,927 kb and 3,661 kb

-

LentiCRISPR-EGFP sgRNA5 digestion = 5,030 kb and 9,843 kb

-

pLMJ1-EGFP digestion = 3,656 kb and 4,427 kb

-

pL-CRISPR.EFS.GFP digestion = 8,045 kb and 3362 kb

-

CRISPR0 and CRISPR2σ digestion = 2,745 kb and 5,513 kb
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2.1.4 Bacteria storage
Bacteria were stored at -80°C, in 50% (v/v) glycerol (Sigma) and LB broth supplemented
by the appropriate antibiotic (ampicillin or kanamycin).

2.1.5 Generation of functional CRISPR/Cas9 vectors
a) Identification of CRISPR/Cas9 genomic target sequences and sgRNAs.
CRISPR/Cas9 target sequences were identified within intron 9 of the DMD gene using
the bioinformatics web-tool developed by Feng Zhang’s laboratory at Massachusetts
Institute of Technology (http://crispr.mit.edu/) which required input sequences of 23500 bp and to specify the studied organism. The full genomic sequence of the human
DMD intron 9 was obtained from the Ensembl Genome Browser (www.ensembl.org/)
and four regions spanning from 176 to 225 bp throughout the intron were selected on
the basis of the absence of known polymorphisms. The algorithm returned a list of
sgRNAs, ranked according to the presence of the –NGG- PAM sequence. sgRNAs
score was inversely correlated to their likelihood of targeting unwanted sites. For each
of the four genomic inputs, the sgRNA with the highest score (considered the best
sgRNA) was selected and then cloned into commercially available lentiviral vectors as
indicated in section 2.1.5.d.
b) Digestion of lentiviral plasmids expressing CRISPR/Cas9
LentiCRISPRv1 vector pXPR-001 (Addgene 52961) was digested with the restriction
enzyme BsmBI in order to remove the 2 kb filler in the vector’s backbone and allow
sgRNAs cloning, according to the protocol provided by Zhang’s laboratory407, detailed
below.
5 μg of the purified LentiCRISPRv1 vector were digested for 30 minutes at 37°C with 3
μl of the Fast Digest BsmBI (Fermentas) mixed with 3 μl of 10X Fast Digest buffer, 3 μl
of

the

FastAP

alkaline

phosphatase

(ThermoFisher

Scientific)

(which

de-

phosphorylates the digested plasmids ends preventing them from re-ligation) and water
in a total volume of 60 μl. 10 μl of SYBR® Safe DNA stain 6X (Invitrogen) were added
to the 60 μl reaction to allow the visualization of the digestion products following the
exposure of the 1% agarose gel to the UV light from the transilluminator (UVP BioImaging System). A 1 kb molecular marker (New England BioLabs) was used to
determine the size of the digestion products, expected to be approximately 11 kb and
2 kb. The higher molecular weight band was gel purified by using the QIAquick Gel
Extraction Kit (QIAgen) according the manufacturer’s instructions (section 2.3.6.b).
These experimental steps were also used for the digestion of the pL-CRISPR.EFS.GFP
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plasmid.
c) sgRNAs oligos design
As the BsmsBI digestion results in a staggered cut that generates cohesive ends, pairs
of sgRNA oligos were designed with additional sequences outside their complementary
region to ease their ligation with the plasmid overhangs. For each guide, two
complementary oligonucleotides were designed so to have one of the following extra
sequences, represented by 5’CACCG and 3’ CAAA on the forward and reverse strand,
respectively, as shown below:

To avoid self-cleavage, the sgRNA sequences did not encompass the PAM motif.
Oligos designed for each sgRNA are indicated below; capital letters correspond to the
target sequence, while lowercase letters refer to the overhangs.
-

sgRNA 1 primers:

1a. caccgACTACCCCGTCTCTATTACT
1b.

TGATGGGGCAGAGATAATGAcaaa

-

sgRNA 2 primers

2a. caccgGTACCTCAACAAGAAAGTTA
2b.

CATGGAGTTGTTCTTTCAATcaaa

-

sgRNA 3 primers

3a. caccgGACCATTTGGGTGTCGTCTT
3b.

CTGGTAAACCCACAGCAGAAcaaa

-

sgRNA 4 primers

4a. caccgCCTTCATTAAGGCATCGCTC
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4b.

GGAAGTAATTCCGTAGCGAGcaaa

d) sgRNAs cloning into the LentiCRISPRv1 vector
sgRNA oligos were annealed and phosphorylated to allow their ligation into the digested
LentiCRISPRv1 vector. This was carried out by mixing 1 μl of each 100 μM sgRNA
oligos with 10 μl of water, 0.5 μl of T4 PNK Enzyme (NEB Cat. n° M0201S) and 1 μl of
10X T4 Ligation Buffer (NEB) which, unlike the PNK associated buffer, is supplemented
with ATP, which facilitates the phosphorylation process. The mixture was placed in the
thermocycler (Applied BioSystem), where the reaction took place starting from a
temperature of 37°C for 30 minutes, 95°C for 5 minutes and a decrease down to 20°C,
at 5°C/minute. Annealed and phosphorylated oligo duplexes were then diluted 1:200 in
sterile water. Ligation in to the digested vector occurred by mixing 1 μl of annealed
oligos and 5 μl of the linearized LentiCRISPRv1 with 11 μl of pure water and 1 μl of
Quick Ligase (NEB Cat. n° M2200S). The reaction mix was then incubated for 10
minutes at room temperature. Ligation products were used to transform recombinasedeficient One Shot® Stbl3 E. coli bacteria (section 2.1.1.d.).
These experimental steps were also used for the sgRNA cloning into the digested pLCRISPR.EFS.GFP vector.

2.1.6 Production of integrating lentiviral particles
For each lentiviral transgene, the day before transfection, HEK 293T cells were plated
into 12 100 mm culture dishes (Corning®) at a density of 6x106 cells per plate, in
Dulbecco-MEM medium supplemented with 1% v/v glutamine and 10% FBS.
After 24 hours of incubation at 37°C and 5% CO2, plasmids necessary for the assembly
of lentiviral particles were transfected into the cells by means of the 3 μg/μl FuGENE®6
transfection reagent, using a DNA:FuGENE®6 ratio of 1:3. Transfected plasmids
included the transgene (16 μg/plate), psPax2 plasmid (Addgene 12260, 12 μg/plate)
and pCMV-VSVg plasmid (Addgene 8454, 4 μg/plate), expressing the packaging and
envelope components. PsPax2 expresses both packaging and structural components
(including the Gag, Pol, Rev and Tat genes) required for the integration and expression
of the viral vector into the host cell408. pCMV-VSVg instead specifies the G-protein of
the vesicular stomatitis virus (VSVg), which is the heterologous envelope component
that determines the target specificity of the viral vector and, due to its high stability and
wide tropism409, is often used to pseudotype lentiviral vectors. Transgenes were
represented

by

either

LentiCRISPRv1,

LentiCRISPR-EGFP

sgRNA5,

pL-

CRISPR.EFS.GFP or pLJM1-EGFP.
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Initially, 3 μl of FuGENE®6 were added to 3 ml of OptiMem and incubated for 5 minutes
at room temperature. The mix of psPax2, pCMV-VsVg and selected transgene was then
added to the OptiMem- FuGENE®6 and incubated at room temperature for further 30
minutes, following which they were added dropwise to the HEK 293T cells (Fig.2.12).
Transfected cells were incubated at 37°C and 5% CO2 to allow the assembly and
release of lentiviral particles into the culture medium.
At days 3 or 4 post-transfection, cell culture medium was collected and filtered through
a 40 μm filter (Corning®) to remove cells and debris. Filtered media, containing lentiviral
particles, was placed in 25 x 83 mm polyallomer centrifuge tubes (Beckman Coulter)
and centrifuged for 2h at 60000 x g at 4°C in a Sorvall Discovery 90SE centrifuge.
Following ultracentrifugation, supernatant was discarded and viral particles were
collected and resuspended in 200 μl of Opti-MEM®. Generated lentiviral particles were
aliquoted and stored at -80.

62

/ pL-CRISPR.EFS.GFP

Figure 2.12 Schematic of lentiviral particles production.
Three independent plasmids expressing the packaging, envelope and transgene
components were co-transfected into HEK 293T cells. Packaging and envelope
components are specified by the psPAX2 and pCMV-VSVg plasmids, respectively.
Defined transgene plasmids were used for the production of separate lentiviral particles.
These are represented by the LentiCRISPRv1, pL-CRISPR.EFS.GFP, LentiCRISPREGFP expressing sgRNA5 (not targeting a genomic region) and the pLJM1-EGFP
vector, expressing the EGFP protein. Transfected HEK 293T assembled lentiviral
particles and released them into the culture medium, from which they were harvested.
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2.1.7 Titration of generated lentiviral particles
Titration was performed by quantifying the number of integrated lentiviral copies in
target cell genomes by qPCR, a method which exploits specific wavelengths to excite
a specific dye (named SYBRGreen) able to fluoresce when intercalated into double
stranded DNA. The intensity of the fluorescent signal in target regions is therefore
indicative of the number of lentiviral particles integrated into the transduced cells410.
Initially, 1 x 105 HEK 293T cells were seeded in each well of a 6- well plate, and
transduced after 24 hours with increasing volumes (1 μl, 5 μl, 10 μl, 20 μl) of lentiviral
particles expressing each of the transgenes (i.e. LentiCRISPRv1, LentiCRISPR-EGFP
sgRNA5, pL-CRISPR.EFS.GFP or pLJM1-EGFP). Culture medium (section 2.2.4) was
replaced the following day and cells were maintained in culture until day 5, when they
were washed with 500 μl phosphate buffer saline (PBS), detached from the plate with
500 μl of trypsin (section 2.2.8), collected and centrifuged at 1000 g for 4 minutes at
room temperature. Genomic DNA was extracted from the resulting pellet (section
2.3.1), quantified (section 2.3.2) and diluted in sterile water to 10 ng/μl.
The following primers were designed to recognize the HIV-1 Long Terminal Repeats
integrated in the genome and to the human albumin (hALB) gene.
HIV LTR-FW: 5’-AGCTTGCCTTGAGTGCTTCAA-3’
HIV LTR-REV: 5’-AGGGTCTGAGGGATCTCTAGTTACC-3’
hALB-FW: 5’-GCTGTCATCTCTTGTGGGCTGT-3’
hALB-REV: 5’-ACTCATGGGAGCTGCTGGTTC-3’

As it is constitutively expressed in the human genome, hALB was used as a reference
gene to normalize the qPCR results410.
The pRRL.sin.cppt.PGK.GFP.Alb plasmid (pAlb), which contained an albumin
sequence (acting as a human genome target) and an HIV-1 packaging sequence
(serving as the lentiviral target), was used to generate two standard curves, that were
run alongside the samples. Each standard curve, run in duplicate, consisted of serial
10-fold dilutions of pAlb, to generate a dilution series corresponding to plasmid copy
numbers ranging from 107 copies/μl to 103 copies/μl. Dilutions were derived from a pAlb
aliquot containing 1010 copies/μl, obtained by diluting 1 μl of the original plasmid (2.9
μg/μl) into 36.1 μl of pure water.
qPCR was performed mixing 0.5 μl of the 10 μM forward and reverse oligos mix with
10 μl of the genomic DNA derived from transduced cells, 12.5 μl of the Power
SYBRGreen PCR Master Mix (Cat n° 4368577) and water, to make a final volume of
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25 μl. Negative controls were uninfected genomic DNA and water (blank). Each sample
was run in triplicate.
qPCR was run at 10 minutes at 95°C, followed by 40 cycles of 15 seconds at 95°C and
1 minute at 60°C. The number of viral genomes/ml in the starting volume of lentiviral
particles was then determined by analysing the qPCR data, which were retrieved by the
StepOne software and exported in an Excel file.
qPCR data analysis was based on a specific parameter also known as threshold cycle
(Ct) value. Ct value corresponds to the amplification cycle in which, for both the DNA
standards and samples, a fluorescent signal over the background is detected. The
average Ct values derived from standards were plotted against the base 10 logarithm
(log10) of the copies of lentiviral particles for each standard.
For each standard curve an equation was generated, from which the slope and intercept
values were derived.
The mean Ct values of each sample amplified with HIV-LTR and hALB primers were
then put into the appropriate equation, subtracting the unknown value from the intercept
value and dividing the product by the absolute number of the intercept. By using the
POWER function, the log10 values were converted back into standards, providing the
separate titre value for HIV-LTR and hALB copies.
Once the number of LTR copies per hALB copies was determined, it was multiplied by
two (to obtain the number of viral copies per host allele) and further multiplied by the
number of infected cells to obtain the total number of viral genomes present in the
analysed samples. The resulting product, further divided by the volume of transducing
lentiviral particles (expressed in ml), was expressed as viral genomes/ml (vg/ml) and
was representative of the number of viral genomes present in the starting volume.

2.2 CELL CULTURE
2.2.1. Ethics statement
The work carried out in this project involved the manipulation of human cells obtained
from the MRC Centre for Neuromuscular Diseases BioBank. Ethical approval and
consent for research have been obtained to facilitate pharmacological, gene and cell
therapy trials in neuromuscular disorders (REC reference number 06/Q0406/33) and to
allow the use of cells as a model system to study pathogenesis and therapeutic
strategies for neuromuscular disorders (REC reference 13/LO/1826), in compliance
with national guidelines regarding the use of human-derived cell lines for research.
Written informed consent was obtained from each patient’s guardian.
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2.2.2. List of human cell lines
Each of the cell lines from the MRC Centre for Neuromuscular Diseases BioBank is
indicated in the table below, together with information about the specific genomic
mutation. Primary fibroblasts and myoblasts were derived from skin and muscle
biopsies, respectively. Experiments were performed in primary cells which underwent
a maximum of 10 passages.DUP2i cell line is the result of DUP2 myoblasts
immortalization, which was carried out by Dr.Vincent Mouly411.
Cell line

ID

Dystrophin mutation

Immortalized embryonic kidney

HEK 293T

N.A. (wild-type dystrophin)

Primary fibroblasts

DYS+

N.A. (wild-type dystrophin)

Primary fibroblasts

DUP1

Duplication exons 5-11(out-of frame)

Primary myoblasts

DUP2

Duplication exons 3-16 (in-frame)

Immortalized DUP2 myoblasts

DUP2i

Duplication exons 3-16 (in-frame)

Induced pluripotent stem cells

DUP3

Duplication exons 3-41 (in-frame)

Table 2.1. Human cell lines.

2.2.3. Matrigel preparation and plate coating
Matrigel basement membrane matrix (BD 354234) was defrosted on ice and diluted to
1 mg/ml in chilled Dulbecco's modified Eagle's medium (DMEM). Gentamicin was
added (final concentration of 50 μg/ml). Aliquots were prepared and stored at -20°C.
Prior to their use, aliquots were defrosted overnight at 4°C. The volume of Matrigel
needed to cover the surface was added to each plate, which was then placed at 37°C
for 30-60 minutes. 500 μl, 3 ml and 5 ml Matrigel were used for one well of a 6-well
plate, T75 Cornwell flask and T175 Cornwell flask, respectively. Excess Matrigel was
then removed from the plate prior to seeding of cells.

2.2.4. Culture of human embryonic kidney (HEK 293T) cells
HEK 293T cells were seeded at a density of 30-40% (25000 cells/cm2) and passaged
(section 2.2.8) when reaching a confluence of 70%. Culture medium was DulbeccoMEM containing 2mM GlutaMax (Invitrogen 35050038) and 10% (v/v) foetal bovine
serum (FBS) (PAA-A15151). Except when specifically required from the experimental
conditions, 1% (v/v) of a solution containing penicillin (100 U/ml) and streptomycin (100
μg/ml) was also added. Cells were maintained at 37°C and 5% CO2.
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2.2.5. Culture of human fibroblasts
Primary fibroblasts were seeded at a density of 30-40% (10000 cells/cm2) and
passaged (section 2.2.8) when reaching a confluence of 60%. Culture medium was
prepared as for the section 2.2.4. Cells were maintained in an incubator set at 37°C and
5% CO2.

2.2.6. Culture and differentiation of human myoblasts
Primary and immortalized myoblasts were seeded at a density of 20% (5000 cells/cm2)
and passaged every other day (section 2.2.8) when reaching a confluence of 40%.
Culture medium was complete Skeletal Muscle Growth medium (PromoCell, Cat n° C23060) containing 3mM GlutaMax (Invitrogen), 10% (v/v) FBS and 40 μg/ml Gentamicin
(Sigma, Cat n° G127210mg). Cells were maintained at 37°C and 5% CO2.
Terminal differentiation of human myoblasts was achieved by culturing myoblasts with
a confluence of 70% with the M2 differentiation medium. This was composed by DMEM
(MegaCell, Cat n° M3942), 2% (v/v) FBS, 1X non-essential amino-acids, 2mM
Glutamine, 0.5mM, β -mercaptoethanol and basic fibroblast growth factor (bFGF, also
known as FGF2) (5ng/ml).

2.2.7. Culture and differentiation of human induced pluripotent stem cells
(hiPSCs)
3x104 cells/cm2 hiPSCs were seeded onto 0.1mg/ml Matrigel-coated plates (section
2.2.3.) in mTeSR1 medium (Stem Cell Technologies, Cat n° 85870) supplemented with
10µM Y-27632 Rho kinase (ROCK)-inhibitor (Sigma, Y0503). Cells were passaged
every other day (section 2.2.8.) and maintained at 37°C and 5% CO2.
Myogenic differentiation of iPSCs requires their culture in well-defined media (whose
composition is indicated in the supplementary tables) for a period varying from 24 to
31 days (table 2.2).

Myogenic differentiation

Medium

Day 0

Days 1-3

Days 4-6

Days 7-8

Days 9-12

Days 13-24

Days 25-28

mTeSR1

DICL

DICLF

DKHIFL

DKI

DKHI

Passage

Table 2.2. Media used for inducing myogenic differentiation in hiPSCs.
iPSCs cells seeded as indicated above represented the day 0 of the differentiation
protocol. Cells were then incubated with DICL medium (appendix I) for 3 days (days 167

3), which was changed every day. From day 4 to day 6, cells were cultured with DICLF
medium (appendix I), while DKHIFL medium (appendix I) was used during day 7 and
day 8 and replaced by DKI medium (appendix I) until day 12. Media used until day 12
were changed daily. From day 12 onwards, cells were cultured with DKHI medium
(appendix I) for up to day 25-28. DKHI medium was changed every other day. Growing
cells in each well of a six-well plate were passaged using 1 ml collagenase (Thermo
Fisher Scientific) and 100 µl dispase (Thermo Fisher Scientific). Pax7-positive satellitelike cells (myogenic progenitors) started to appear from day 21. These were identified
by qPCR (section 2.3.13.a) and sorting of the ErbB3 myogenic marker (section
2.2.14.b).

2.2.8. Cell passaging
HEK 293T cells, primary fibroblasts and primary myoblasts were passaged by means
of trypsin-ethylenediaminetetraacetic acid (EDTA). Medium was removed from the
cells, which were then washed with sterile 1X PBS for 1 minute at room temperature to
remove residual FBS. The volumes of PBS varied from 500 μl to 5 ml depending on the
culture plate’s size: 500 μl, 3 ml and 5 ml PBS were used for one well of a 6-well plate,
T75 Cornwell flask and T175 Cornwell flask, respectively. PBS was then discarded and
cells were incubated with 0.05% of trypsin-EDTA (Life Technologies Cat n° 25300062)
for 10 minutes at 37°C and 5% CO2 to allow the detachment of the cells from the culture
surface. The trypsin-EDTA volumes were the same as the PBS volumes used in the
previous step. The action of the trypsin was then stopped by the addition of growth
medium containing 20% FBS. Detached cells were transferred to a Falcon tube and
centrifuged for 5 minutes at room temperature, at 500 g.
When culturing iPSCs, trypsin-EDTA was replaced by TRYPLETM Express reagent, a
gentler regent, so to avoid the disruption of iPSCs embryoid bodies.

2.2.9. Count of viable cells
Cell pellets (section 2.2.8) were resuspended in 1 ml growth medium and 10 μl of cell
suspension were then mixed with an equal volume of trypan blue dye (Sigma, Cat n°
T6146). A 10 μl aliquot was then added to the CountessTM chamber slide (Life
Technologies). This was inserted in the CountessTM automated cell counter (Life
Technologies), which returned the number of viable cells/ml.

2.2.10. Cryopreservation of cells
Cells were cryopreserved in freezing medium, prepared by adding 10 % (v/v) dimethyl
sulphoxide (DMSO) (Sigma) to FBS. 0.5-1.0x106 cells/ml in freezing medium were
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transferred to cryovials (Dutscher, Cat n° 377224) and placed in the “Mr FrostyTM”
freezing container whose external chamber was filled with isopropanol. Cells were
stored in Mr Frosty either at -80°C freezer (short-term storage, up to 1 week) or at 196°C in liquid nitrogen (long-term storage).

2.2.11. Cell transfection by using commercially available reagents
a) Lipofectamine transfection of HEK 293T cells
Lipofectamine 2000 transfection in HEK 293T cells was carried out to evaluate the
efficiency of CRISPR/Cas9 nucleases. 1.50 x 105 HEK 293T cells were plated in each
well of a 6-well plate with DMEM medium supplemented with 10 % FBS (section 2.2.4).
Each plasmid expressing CRISPR/Cas9 was transfected in the cells using
Lipofectamine 2000 (LF2000®), at a ratio of 1 μg DNA to 2 μl LF2000. Transfection
efficiency was measured by including a parallel transfection of a GFP-expressing vector
(pEGFP-C2) (Fig.2.9). After 24 hours, transfection medium was replaced with fresh
culture medium. Three days post-treatment, cells were trypisinsed (section 2.2.8), and
centrifuged for 5 minutes at 500 g.
b) Lipofectamine transfection of primary myoblasts
The day prior to the transfection, 2 x 105 cells were seeded in each well of a six-well
plate so as to be 70-80% confluent on the following day (10000 cells/cm2). Transfection
complexes were prepared as follows: both Lipofectamine 2000 and DNA were added,
separately, to each Eppendorf containing 250 μl of serum-free OptiMem (Thermo Fisher
Scientific). Each complex was gently mixed and incubated for 5 minutes at room
temperature. DNA-OptiMem mix was gently added to the diluted Lipofectamine 2000
and incubated at room temperature for 25-30 minutes. Meanwhile, cell culture medium
(section 2.2.6.) was replaced by 2 ml of serum-free OptiMem. Assembled DNA-lipid
complexes were then added dropwise to each well containing cells and incubated at
37°C and 5% CO2 for 4 hours. Finally, transfection medium was removed and replaced
by the Skeletal Muscle Growth medium (PromoCell). Cells were then incubated at 37°C
and 5% CO2. Transgene expression was evaluated after 48 hours.
2.5 μg DNA was used in combination with different amounts of Lipofectamine 2000 as
suggested by the manufacturer’s protocol, to identify the best experimental condition.
Lipofectamine volumes tested were 6 μl, 9 μl, 12 μl and 15 μl.
c) TurboFect transfection of primary myoblasts
The day prior to the transfection, 2 x 105 cells were seeded in each well of a six-well
plate, so as to be 70-90 % confluent on the following day. 2 μg DNA was diluted to 400
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μl in serum-free OptiMem and mixed thoroughly by vortexing for 30 seconds. TurboFect
was then added to the diluted DNA and well mixed by vortexing. Different volumes of
transfection reagent (4 μl, 6 μl and 8 μl) were tested. Each complex was then incubated
at room-temperature for 15-20 minutes and added dropwise to each well. The plate was
gently rocked to distribute the mixture evenly and was finally incubated overnight at
37°C and 5% CO2. Transgene expression was evaluated after 48 hours.
d) GeneJuice transfection of primary myoblasts
2 x 105 cells were seeded in each well of a six-well plate the day before transfection.
6μl of GeneJuice reagent were added to 100 μl of serum-free OptiMem medium,
thoroughly mixed by vortexing and incubated for 5 minutes at room temperature. 2 μg
DNA was added to the mix and gently mixed by pipetting. Following a second incubation
at room temperature for 15 minutes, the mix was then added dropwise to the plate,
which was rocked gently to allow even distribution of the transfection mix and incubated
overnight at 37°C and 5% CO2. Transgene expression was evaluated after 48 hours.

2.2.12. Cell transfection by using nuclear electroporation
a) Nuclear electroporation of human fibroblasts and myoblasts - Amaxa®
DUP1 fibroblasts and DUP2 myoblasts (table 2.1 in section 2.2.2), were electroporated
according to the protocol provided by Amaxa (cells:DNA ratio of 1.5 x 106:2.5 μg).
Following trypsinisation, cells were harvested and centrifuged for 5 min at 500 g in a
table-top centrifuge at room temperature. The supernatant was discarded and the pellet
was resuspended in 100 μl of the solution V provided with the nucleofection kit. 3 μg of
CRISPR/Cas9-GFP plasmid (Fig.2.1.2.h) were then added and the mix was transferred
to the provided electroporation cuvette, which was immediately placed into the Amaxa
device, where the electroporation was performed. The electroporation program P022
was chosen, as preliminary tests performed in the laboratory on human fibroblasts
showed it to result in the highest transfection efficiency (about 30%), whilst maintaining
high cell viability. Upon completion of the electroporation, the cuvette was released from
the machine and its content was transferred to a 10 cm2 plate containing pre-warmed
culture medium, by using the small plastic Pasteur pipette provided with the kit. The
plate was then incubated overnight at 37°C and 5% CO2.
b) Nuclear electroporation of human myoblasts - NEON®
DUP2 and DUP2i myoblasts carrying the in-frame duplication of exons 3-16 were
electroporated with the NEON device. 5 x 105 cells were resuspended in 9 μl of buffer
R provided with the kit. 1 μg of the highly pure CRISPR/Cas9-GFP plasmid (Fig.2.1.2.h)
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was added to the suspension. Specific NEON tips containing a gold-plated electrode
were used to transfer the 10 μl mix to the NEON electroporation tube. A second
electrode placed at the bottom of the electroporation tube allows the transfer of the
electric field from the electrode located in the tip. The electroporation tube was filled
with 3 ml of the electrolytic buffer E and placed into the electroporation station which
generates the electric pulse. Number of pulses, duration and voltage intensity are
defined for each cell type. Electroporation parameters were as follows: 1 pulse, 20
milliseconds, 1400 V. Electroporation tip was finally removed from the electroporator
and its content was released in a well of a 12-well plate filled with 1.5 ml pre-warmed
culture medium.
c) Nuclear electroporation of human induced pluripotent stem cells (hiPSCs) NEON®
DUP3 iPSCs (table 2.1 in section 2.2.2) were electroporated with the NEON device as
detailed in section 2.2.12.b. 5 x 105 cells were prepared for the electroporation step
(2.2.12.b.). Three different electroporation parameters were tested:
-1 pulse, 20 milliseconds, 1400 V;
-2 pulses, 30 milliseconds, 1050 V;
-1 pulse, 30 milliseconds, 1100V.
Following electroporation, cells were seeded in each well of a 6-well Matrigel-coated
plate which was pre-filled with 2 ml of pre-warmed iPSCs culture medium without
antibiotic and supplemented with the Rho kinase (ROCK) inhibitor (Sigma, Cat
n°Y0503) to increase the viability of the cells412.

2.2.13. Cell transduction
a) Lentiviral transduction
Cells to be transduced with integrating lentiviral vectors were seeded at 70-80%
confluence (25000 cells/cm2). The following day, different volumes of lentiviral particles
were added to the culture medium, rocking the plate to ensure homogeneous
distribution. Cells were then incubated overnight at 37°C and 5% CO2. The following
day, the medium containing the lentiviral particles was discarded, cells were washed
using PBS and cultured in growth medium for 48 hours, following which the transgene
expression was assayed.
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b) Adenoviral transduction
Cells to be transduced with adenoviral vectors expressing MyoD were seeded to be 7080% confluent on the following day (25000 cells/cm2). Different volumes of adenoviral
particles at 50, 100 or 200 MOI were added to the culture medium, rocking the plate to
ensure homogeneous distribution. Cells were then incubated at 37 °C and 5% CO2
and, after 4 hours, the medium containing the adenoviral particles was replaced by
growth medium. Cells were incubated at 37°C and 5% CO2 for another 48 hours,
following which the transgene expression was assayed.
MyoD-expressing fibroblasts were finally seeded to be 70% confluent (50000 cells/cm2)
and cultured for 7-9 days with high-glucose Dulbecco-MEM, 1% penicillin (100 U/ml)
and streptomycin (100 μg/ml) solution and 2% (v/v) horse serum to induce terminal
differentiation. Two other differentiation media were tested. The former was composed
by high-glucose Dulbecco-MEM, 1% penicillin (100 U/ml) and streptomycin (100 μg/ml)
solution without any serum, while the latter included high-glucose Dulbecco-MEM, 1%
penicillin (100 U/ml) and streptomycin (100 μg/ml) solution and 1% (v/v) FBS.

2.2.14. Fluorescence Activated Cell Sorting (FACS)
a) GFP sorting
The pool of cells containing GFP-positive cells were washed with PBS and trypsinised
(section 2.2.8). Cells were centrifuged at 500 g for 5 minutes at room temperature,
washed with 500 μl of PBS and the pellet resuspended in 300 μl PBS and transferred
into the appropriate Falcon® round-bottom polystyrene FACS tubes (Thermo
Scientific). Samples were then placed on ice and brought to the FACS facility
(https://www.ucl.ac.uk/child-health/core-scientific-facilities-centres/flow-cytometrycore-facility), where trained personnel performed the FACS by either FACSAria III,
FACSCalibur or MoFlow XDP Cell sorter. Sorted cells were then incubated overnight at
37°C and 5% CO2.
b) Sorting of iPSC-derived myoblast-like cells expressing ErbB3
Muscle precursor cells were adjusted to a density of 0.5-1x106 in 100 μl of growth
medium. 1 μl of ErbB3-APC antibody (Cat. n° FAB3481A) was added to the cell
suspension and incubated for 30-60 minutes in the dark at 4°C. 900 μl of PBS were
then added to the mix, which was centrifuged for 3 minutes at 300 g at room
temperature. The resulting pellet was re-suspended in 0.5 ml of fresh growth medium
and passed through a 40 μm cell strainer (Corning®), prior to FACS sorting. Nonstained cells were used as a negative control to set the sorting gate.
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2.3. GENERAL MOLECULAR BIOLOGY PROCEDURES
2.3.1. Extraction of genomic DNA from human cell lines
Genomic DNA was extracted HEK 293T cells as well as from fibroblasts and myoblast
cell lines derived both from healthy individuals and DMD patients by using the QIAgen
DNeasy Blood & Tissue Kit. As soon as reached 80-90% confluence, cells seeded with
a density of 10000 cells/cm2 in one well of a 6-well plate were passaged (section 2.2.8),
transferred into a sterile 1.5 ml Eppendorf tube and centrifuged for 5 minutes at 500 g
at room temperature. The medium was then removed and the pellet was resuspended
in 200 μl PBS and 20 μl proteinase K were added to digest contaminant proteins. 200
μl AL buffer were then added and the tube was vortexed for 30 seconds to ensure
homogenous mixing and incubated at 56 °C for 10 minutes. 200 μl of 100 % ethanol
was added and vortexed as above. The sample was then loaded onto a DNAeasy Mini
spin column placed within a 2-ml collection tube and centrifuged for 1 minute at room
temperature to allow DNA binding to the column. The filter was discarded and the
collection tube was changed. Two centrifugation steps at 6800 g for 1 minute and
20000 g for 3 minutes were performed after the addition of 500 μl of AW1 and AW2
buffer, respectively. A new collection tube was used for each step. Finally, 200 μl of AE
elution buffer was pipetted onto the column transferred to a 1.5 ml collection tube and
incubated for 1 minute at room temperature. DNA was eluted by a centrifugation step
of 1 minute at 6800 g.

2.3.2. DNA and RNA quantification
Both plasmid/genomic DNA and total RNA were quantified by means of the
NanoDrop1000

Spectrophotometer

(Thermo

Scientific),

according

to

the

manufacturer’s instructions.

2.3.3. Primers design
Primers were designed by using the primer3 on-line tool (primer3.ut.ee/) and
synthesized by Sigma-Aldrich. All primers were provided as desalted stocks which were
diluted in pure water to a concentration of 100 µM and stored at -20°C. When needed,
they were further diluted in sterile water to a concentration of 10 µM.

2.3.4. Touchdown PCR
The genomic region surrounding the CRISPR/cas9 target sites was amplified with the
high fidelity Q5 DNA polymerase. This was accomplished by means of touchdown PCR
(tdPCR), a technique based on stepwise decrements in annealing temperature to
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improve the specificity as well as yield of PCR reaction, reducing the production of
multiple amplicons413. Together with the primer melting temperature (Tm), the choice of
the annealing temperature is a critical factor in regards to PCR success, as it could shift
a faithful target amplification towards the generation of multiple misprimed products; in
fact, annealing temperatures consistently lower or higher than Tm increase the chance
of having nonspecific products impeding the amplification of desired DNA regions414.
The annealing temperature used by the tdPCR assumes values higher than the
estimated Tm, which are progressively decreased along with the amplification cycles.
The chance of nonspecific binding is therefore contained because of the initially higher
annealing temperature, and further reduced two-folds per cycle with the reaching of
more permissive annealing temperature values.
Primer couples specific for each CRISPR/Cas9 target site were named as LentiCRISPR
(LC) 1-4 and used at 10μM:
LC1 forward primer = 5’-GACCTCAGCAAAGTCCCTCT-3’
LC1 reverse primer = 5’-ACCTCACCCACCCATCTAAA-3’
LC2 forward primer = 5’-TCAATGGCAGGTGATATCGC-3’
LC2 reverse primer = 5’-GGTTGTTCCGTATAGTTGGCC-3’
LC3 forward primer = 5’-TGCTAGATCAAGTGGGAGTTCT-3’
LC3 reverse primer = 5’ACTCAGAGCTATTAGGAGGGT-3’
LC 4 forward primer = 5’TCCCTCCGTTGAAATCACCA-3’
LC 4 reverse primer = 5’-CTGTAGGGGCAGTGAAAGCT-3
The expected molecular size for each amplicon is indicated below:
LentiCRISPR1 amplicon = 710 bp
LentiCRISPR2 amplicon = 450 bp
LentiCRISPR3 amplicon = 630 bp
LentiCRISPR4 amplicon = 565 bp
TdPCR is generally carried out with two cycling phases: the first phase involves a
starting cycle that begins with an annealing temperature of T m +10°C followed by 1015 cycles in which the annealing temperature is progressively decreased to an
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annealing temperature of 55°C. The second phase is 20-25 amplification cycles set at
the 55°C annealing temperature.
The tdPCR started with 2 minutes at 98°C

to allow DNA denaturation followed by 26

amplification cycles, each of 10 seconds at 98°C, 30 seconds at 68°C (-0.5°C per cycle)
and 30 seconds at 72°C. Another 9 amplification cycles, each of 10 seconds at 98°C,
30 seconds at 56°C and 30 seconds at 72°C were then added to complete the protocol.
5 μl of the resulting amplicons were run on a 1% agarose gel (section 2.3.5) which was
then exposed to the UV light of a transilluminator (UVP Bio-Imaging System). If only the
expected amplicon was detected, DNA fragments were then purified with QIAquick
PCR purification Kit (QIAgen) (section 2.3.6.a.). If instead multiple non-specific products
resulted from the tdPCR, the QIAquick Gel Extraction Kit’s protocol (QIAgen) was
followed (section 2.3.6.b.).

2.3.5. Preparation of agarose gels and gel electrophoresis
Agarose gels were made by mixing TBE buffer with UltraPureTM agarose powder
(Thermo Fisher Scientific). Different pore sizes of the agarose network were created
depending on the molecular size to be visualized. Generally, 1% agarose gels were
used; these were prepared adding 0.5 g or 1 g agarose to 50 ml or 100 ml TBE buffer,
respectively. In some instances, 2% agarose gels were used. TBE and agarose powder
mixture was boiled in a microwave and SYBR® Safe gel staining reagent (Invitrogen)
was added in a ratio 1:10000 before it had cooled. Upon stirring, the liquid compound
was poured into the gel cassette containing the appropriate gels comb (BioRad) and
left at room temperature until the gel had solidified, at which point was placed in the
electrophoresis apparatus filled with TBE 1X. Gels were run at constant voltage (110
V) for 45 minutes.

2.3.6. DNA purification
a) DNA purification from PCR
PCR purification was performed as detailed in the QIAquick PCR Purification Kit
(QIAgen). 5 volumes of PB buffer per volume of PCR reaction were mixed with the PCR
samples. As PB buffer was supplemented with pH indicator (at a ratio of 1:250), a
change in colour from yellow to orange or violet indicative of altered pH (higher than the
optimal pH 7.5) was corrected by adding 10 μl of 3 M sodium acetate at pH 5. The
mixture was loaded onto a QIAquick column (provided with the kit) already placed in a
sterile collection tube and underwent the experimental steps described in section
2.3.6.b.
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b) DNA purification from agarose gel
Gel extraction was performed according to the QIAquick Gel Extraction Kit protocol
(QIAgen). The band to be excised from the agarose gel was first visualized with a bluelight transilluminator (UVP Bio-Imaging System) and excised from the gel using a clean
scalpel blade (Fisherbrand™ SDI270100). The gel fragment containing the DNA of
interest was transferred to a clean 1.5 ml or 2 ml Eppendorf tube and weighed on an
analytical balance (Sartorius). Three volumes of QG buffer were added to 1 volume of
gel (assuming that 100 mg is approximately equal to 100 μl). The mixture was incubated
at 50°C for 10 minutes during which it was repeatedly vortexed every 3 minutes to
facilitate this solubilizing step. Buffer QG confers a yellow colour to mixture, which is
indicative of a pH less than or equal to 7.5 (necessary for DNA binding to the silica
column in the next step). If the melted product turned orange or violet (indicating pH
higher than 7.5), 10 μl of 3 M sodium acetate was added to the mixture which was mixed
and/or further incubated at 50°C until its colour returned to yellow. Before loading onto
the silica column, 1 volume of isopropanol was added to improve the yield of DNA
whose size was outside the range of 500-4000 bp. The preparation was then transferred
to a QIAquick spin column placed within a 2-ml collection tube and centrifuged for 1
minute at 17900 g in a table-top microcentrifuge set up at room temperature. Speed,
time and temperature were kept constant for all the centrifugation steps. The flowthrough was discarded and the column was washed with 750 μl of active PE buffer.
Two separate centrifugation steps were then needed to remove the flow-through and
the excess buffer which, containing ethanol, may affect the purity of the eluate. The
column was then transferred to a sterile 1.5 ml Eppendorf collection tube and 30-50 μl
of sterile water (pH 7.5) were added at the centre of the column. Following a 1-minute
incubation at room temperature, the column was centrifuged for 1 further minute
allowing DNA elution. DNA concentration was finally assessed via the NanoDrop
spectrophotometer (section 2.3.2).

2.3.7. T7 nuclease assay
The ability of vectors expressing CRISPR/Cas9 to cut genomic DNA was evaluated by
means of the T7 endonuclease (T7E1) mismatch detection assay, one of the available
mismatch-based techniques415 adopted to detect indels that generally derive upon
NHEJ-mediated repair416. The assay exploits specific nucleases able to cleave DNA
heteroduplexes

at

the

mismatch

site

originated

when,

following

repeated

denaturation/renaturation cycles, wild-type DNA pairs to DNA carrying indels (as for
CRISPR/cas9 targets) (Fig.2.13).
To perform the T7 endonuclease assay, 200 ng of purified tdPCR product was mixed
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with water to a final volume of 17.1 μl and 1.9 μl of 10X buffer 2 (NEB). The mixture
was then heated to 95°C and gradually cooled down in thermocycler to 25°C to allow
denaturation and re-annealing of the amplicons. Pre-T7 annealing was performed as
follows: 10 minutes at 95°C (ramping 50%), 1 minute at 85°C (ramping 8%), 1 minute
each 75°C, 65°C, 55°C, 45°C, 35°C (ramping 8%) and 25°C.
1 μl of T7 endonuclease was then added to each sample and incubated for 15 minutes
at 37°C. The reaction was stopped by the addition of 2 μl of 0.25M EDTA and run on a
Novex® TBE gel as detailed below (section 2.3.8).

2.3.8. TBE gel electrophoresis
5 μl of each T7 reaction product were mixed with water up to a final volume of 8 μl and
2 μl TBE Hi-Density Sample Buffer (5X) and resolved on a high-sensitivity 4-20%
Novex® TBE gel (Life Technologies) at 200 V for 45-60 minutes. The TBE gel was then
removed from its cassette and stained for 15 minutes with SybrGold (Life Technologies)
diluted 10000X in 200 ml TBE. SybrGold staining was performed at room temperature
on an orbital shaker in the dark. The gel was visualized with the Gel Doc XR+ system
which allows acquisition of high-resolution images.

2.3.9. Determination of CRISPR/Cas9 cleavage efficiency
T7 assays run on amplicons derived from CRISPR/Cas9 targeted genomic sites result
in multiple bands: the fragment with the higher molecular weight corresponds to the fulllength non-cleaved product, while the two smaller fragments refer to the ‘arms’ on each
side of the cleaved CRISPR/Cas9 target sequence. The indel frequency at the cleavage
site correlates with LentiCRISPR efficiency. T7 (and consequently LentiCRISPR)
efficiency was determined by visualizing the enzyme-cut versus uncut fragments when
reaction products are run on a gel.
The efficiency of CRISPR/Cas9 genomic cleavage efficiency was quantified by
exporting in Excel format the data from the densitometric band analysis, which was
done by means of the Fiji software. The following equation was used to calculate the
percentage of cleavage for each CRISPR/Cas9 vector:
CRISPR/Cas9 cleavage efficiency (%) = Upper cleaved band/ (Upper cleaved band +
Full-length band area value) x 100
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Untreated DNA

CRISPR-treated DNA incorporating indels

Figure 2.13. Schematic of mismatch nuclease assay to determine the efficiency of
CRISPR cleavage.
A tdPCR reaction was performed on genomic DNA using primers flanking the CRISPR
target site in intron 9. Amplicons were denatured, re-annealed and digested with the
base pair mismatch-sensitive T7 endonuclease, which cleaves duplexes at the site of
any indels. CRISPR cleavage efficiency is then assessed by visualization of mismatch
enzyme-cut versus -uncut fragments on agarose gel.
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2.3.10. Extraction of RNA from human cell lines
RNA was extracted from patient-derived cells according to the protocol provided with
the RNeasy Mini kit from QIAgen. Cells grown in a 6-well plate (table section 2.2.2)
were used for RNA extraction when they reached 70% confluence. Culture medium was
aspirated and 350 μl of the RLT lysis buffer supplemented with β- mercaptoethanol was
added to the cells. 10 μl of β-mercaptoethanol was added per ml of RLT buffer.
Following a 5 minute incubation at room temperature, 350 μl of 70% ethanol was added
to the lysate to ease RNA binding to the silica membrane. The mixture was
homogenized by vigorous pipetting and loaded onto a MiniElute Spin column which was
centrifuged for 1 minute at 8000 g at room temperature. The flow-through was discarded
and the column was washed with 700 μl of RW1 buffer. Following a further
centrifugation as described above, the column was placed in a new collection tube and
washed twice with 500 μl of RPE buffer. The filtrate was discarded and the column was
centrifuged at 18000 g for 1 minute at room temperature to remove any traces of
ethanol. Finally, the column was transferred to a sterile RNAse-free 1.5 ml Eppendorf
tube and 30 μl of RNAse-free water was placed onto the centre of the column which
was left at room temperature for 1 minute. RNA elution occurred following one last
centrifugation step at 10000 g for 1 minute. Eluted RNA was then immediately placed
on ice and its yield and purity was assessed by using the NanoDrop spectrophotometer
(section 2.3.2).

2.3.11. Retro-transcription
a) Retro-transcription (SuperScript™ VILO™ cDNA Synthesis kit)
The eluted RNA was purified from contaminating DNA. 1 μg of RNA was diluted to a
final volume of 8 μl with water, mixed with 1μl of 10X DNAse Buffer and 1 μl of DNase
(Sigma) and incubated at room temperature for 15 minutes, before termination of the
reaction with 1 μl of 1.5M Stop solution and incubation at 70°C for 10 minutes. To
generate cDNA, 10 μl of the reaction product was then mixed with 4 μl of 5X Vilo
(ThermoFisher Scientific) reaction mix and 6 μl of ultrapure water to set up the reversetranscription reaction. This involved the incubation of the mix at 25°C for 10 minutes, at
42°C for 60 minutes and at 85°C for 5 minutes.
b) Retro-transcription (High-Capacity RNA-to-cDNA™ Kit)
cDNA to be analysed by qPCR was obtained by the extracted RNA by means of the
High-Capacity RNA-to-cDNA™ Kit (Thermo Fisher Scientific, Cat. n° 4387406). The
retro-transcription protocol was set up by mixing 500 ng – 1 μg RNA (made up to 9 μl
with RNAse-free water) with 10 μl of the 2X RT Buffer mix, 1 μl of the 20X RT Enzyme
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mix and water up to a final volume of 20 μl. The mix was briefly centrifuged and
incubated at 37°C for 30 minutes. The reaction was then stopped by increasing the
temperature to 95°C for 5 minutes and the resulting cDNA stored at -20°C until used
for qPCR.

2.3.12. Reverse-transcriptase (RT)-PCR
5 μl of cDNA obtained by the retro-transcription Vilo kit was used to set up a 50 μl RTPCR reaction. Primers, whose sequence is indicated below, were designed to target
exon 1 and exon 20 and thus amplify the entire duplicated dystrophin region. Q5 highfidelity polymerase was used to amplify targets using an elongation time of 40 seconds
per 1kb of amplicon. RT-PCR extension was performed at 72°C with an extension time
of both 2 and 4 minutes, so that both restored and mutated dystrophin transcripts could
be amplified.
DysEx1-Forward primer: 5’ GAGGACACATTGCAAGCACA 3’
DysEx20-Reverse primer: 5’ TAGTGATGGCTGAGTGGTGG 3’

The reaction was run at 98°C for 30 seconds and then for 35 cycles at 98°C for 10
seconds, 65°C for 20 seconds, and 72°C for 2 minutes (or 4 minutes depending on the
transcript to be amplified). The final extension was carried out at 72°C for 2 minutes.

2.3.13. Quantitative PCR
a) One-step qPCR
One-step qPCR was set up starting from RNA derived from hiPSCs induced towards
myogenic differentiation. For each well of the qPCR plate, the reaction Master Mix (final
volume 6.25 μl) was made by combining 6 μl of SYBRGreen reaction mix (BioRad) with
0.15 μl iTaq RT enzyme and 0.5 μl of each primer (whose sequences are indicated
below) at a concentration of 10 μM each. 5.25 μl of RNA was added to each well.
Different master mixes were prepared for each of the following primer pairs:
Pax6-Forward primer = 5’-AGTGAATCAGCTCGGTGGTGTCTT-3’
Pax6-Reverse primer = 5’-TGCAGAATTCGGGAAATGTCGCAC-3’
Pax7-Forward primer = 5’-CCCCCGCACGGGATT-3’
Pax7-Reverse primer = 5’-TATCTTGTGGCGGATGTGGTTA-3’
Myogenin-Forward primer = 5’-TACCAGGAACCCCGCTTCTA-3’
Myogenin-Reverse primer = 5’-CTCGTAGCCTGGTGGTTCG-3’
Myosin heavy chain-Forward primer = 5’-AGTCATGGCGGATCGAGAGA-3’
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Myosin heavy chain-Reverse primer = 5’-CAGTCACCGTCTTGCATTCT-3’
SDHA-Forward primer = 5’-TGGGAACAAGAGGGCATCTG-3’
SDHA-Reverse primer = 5’-CCACCACTGCATCAAATTCATG- 3’
The qPCR was set up as shown in Fig.2.14 and run at 95°C for 3 minutes and followed
by 40 cycles of 10 seconds at 95°C and 1 minute at 60°C.
b) Two-step qPCR
Two-step qPCR was set up starting from RNA derived by CRISPR/Cas9-treated
myoblasts induced towards terminal differentiation (section 2.2.6). For each well of the
qPCR plate, the reaction master mix was set up by mixing 10 μl of the Takyon qPCR
ROX SYBR 2X MasterMix dTTP blue (Cat n° UF-RSMT-B0701), 2 μl of each 10 μM
primer (forward and reverse) and 3.5 μl of ultrapure water in a final volume of 17.5 μl.
Primer pairs were:
DysEX8-9-Forward primer = 5’ TTGCCAAGGCCACCTAAA 3’
DysEX8-8- Reverse primer = 5’ TCTCTCATATCCCTGTGCTAGA 3’
DysEX20-Forward primer =5’ TGGATCGAATTCTGCCAGTT 3’
DysEX20-Reverse primer = 5’ GCTCCAATTGTTGTAGCTGATTAT 3’
GAPDH-Forward primer = 5’ TTGAGGTCAATGAAGGGGTC 3’
GAPDH-Reverse primer = 5’ GAAGGTGAAGGTCGGAGTCA 3’
For the generation of a standard curve, cDNA was diluted 1:1, 1:2, 1:4, 1;8, 1:16, 1:32
in water, whereas if the comparative ∆∆Ct method was used (section 2.3.14), cDNA
was diluted so that the resulting amount present in each well was 10 ng.
The qPCR was then run as follows: 95°C for 3 minutes, and 40 cycles of 10 seconds at
95°C and 1 minute at 60°C.
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Figure 2.14. Quantification of neuronal and myogenic markers in iPSCs induced
towards myogenic differentiation: qPCR plate set-up.
RNA extracted from each replicate of DUP3 iPSCs induced to differentiate into the
myogenic lineage was used to set-up a qPCR plate designed to monitor the level of
expression of either Pax6 (neuronal specification) or Pax7 (myogenic cells). Gene
expression data were normalized against the constitutive succinate dehydrogenase
(SDHA) gene expression. LD1-4, MD1-4, HD1-4 represented each replicate of RNA
extracted from cells seeded at low, medium and high density, respectively. WT-iPSCs
and DMD-iPSCs represented two control cell lines derived from a wild-type and DMD
individual, respectively, and maintained at the iPSC stage. Different qPCRs were
performed for each set of cells treated with either 3 μM or 6 μM of CHIR99021.
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2.3.14. ∆∆Ct comparative qPCR analysis
qPCR data were retrieved from the StepOne device and exported in Excel format for
data analysis. First, the mean Ct value of untreated samples was obtained for each
target gene. The Ct values of each untreated and treated samples were then divided
by the mean Ct value (generating the ∆Ct value). This step was done for each of the
target genes. ∆∆Ct was obtained by dividing the ∆Ct of the gene of interest and the ∆Ct
of the normalizer gene. The relative expression fold changes were determined by
calculating the 2-∆∆Ct values.

2.3.15. Cell fixation and permeabilization
Cells fixation was done by removing the cell culture medium and incubating the cells
with pre-warmed 4% paraformaldehyde (previously prepared dissolving 40 g
paraformaldehyde powder in 800 mL heated PBS solution 1X and stored at -20°C) for
15 minutes at room temperature. 4% paraformaldehyde was then removed and
appropriately discarded in a bottle into the fume hood, which was then sent to chemical
waste. Cells were washed for 3 minute intervals with PBS, at room temperature. PBS
was removed and cells were permeabilized by incubation at room temperature for 5
minutes with 0.5 % Triton-X.

2.3.16. Myogenicity assay
4 x 105 myoblasts were seeded in each well of a 8-well chamber-slide previously coated
with 1 mg/ml Matrigel (section 2.2.3) in a final volume of 250 μl of Skeletal Muscle
Growth Medium (PromoCell)/well. Cells were incubated overnight at 37°C and 5% CO2.
The following day, culture medium was removed and replaced by 250 μl of M2
differentiation medium (section 2.2.6). At day 7, the medium was removed and cells
were fixed and permeabilized (section 2.3.15). Triton-X was then removed and cells
washed 2 times with PBS as above. PBS was replaced with 250 μl 10% goat serum,
and incubated for 30 minutes at room temperature to block non-specific sites. Desmin
immunostaining was then performed as indicated in section 2.3.17.a. Chambers were
removed from the slide and carefully placed on top of a 25 mm coverslip
(FisherbrandTM), on which a line of fluoromount (Dako mounting medium, Cat. N°
S3023) was previously added, avoiding the formation of air bubbles. Myogenicity was
assessed by microscope analysis of the slide by measuring the ratio between the total
number of desmin-positive cells with more than 3 nuclei, and the total number of DAPI
stained nuclei. This value, when multiplied by 100, represents the fusion index417.
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2.3.17. Cell immunostaining
a) Desmin immunostaining
Desmin primary antibody (Dako, mouse anti-human Cat. n° M0760) was diluted 1:100
in 10% goat serum and PBS and 200 μl of antibody was added to each well and
incubated for 60 minutes at room temperature. DAPI (Thermo Fisher Scientific) was
also added (1:10000) and incubated together with desmin antibody to stain the nuclei
in each cell. After 3 PBS washes of 10 minutes each, at room temperature, cells were
incubated with 200 μl of secondary antibody/well (Invitrogen, goat anti-mouse
conjugated with Alexa488, Cat. n° A11029) prepared in PBS (1:100 dilution). Chamberslides were wrapped in foil during this step to avoid photobleaching of the fluorochrome.
b) MyoD immunostaining
MyoD immunostaining was performed on fixed and permeabilized cells (section 2.3.15)
by using the Anti-MyoD polyclonal primary antibody (SantaCruz, 1:50 dilution). Cells
were washed with PBS (3 x 10 minutes, at room temperature) and were incubated in
the dark with the

goat anti-rabbit secondary antibody conjugated with Alexa-594

(Invitrogen, Cat. n° A-11012), diluted 1:200 in PBS.

2.3.18. Phalloidin staining
Primary human fibroblasts were seeded in each well of a 6-well plate and after 24 hours
they were fixed and permeabilized as indicated in section 2.3.15. Following 1 further
PBS wash of 10 minutes, cells were incubated for 90 minutes at room temperature with
phalloidin-iFluor conjugated with Alexa-594 (Abcam, Cat. n° 176757) and washed
again with PBS (three times, 10 minutes each).

2.3.19. Protein extraction
Proteins were extracted from differentiated patient-derived myotubes obtained upon
culturing 80% confluent myoblasts (25000 cells/cm2) with differentiation medium
(section 2.2.6.) for 9 days. Culture medium was removed and replaced with 200 μl of
NHC lysis buffer (4 M urea, 125 mM Tris pH 6.8 and 4% SDS) supplemented with 1X
Complete Protease Inhibitor Cocktail Tablets (Roche). If higher amounts of protein were
needed, cells grown either in a 10 cm dish or in a T75 flask (Corning®) were trypsinised
(section 2.2.8), resuspended in the above complete lysis buffer at a ratio of 1:1 and left
on ice for 10 minutes. Samples were collected, boiled for 3 minutes and centrifuged at
14,000g for 10 minutes at 4°C. Each supernatant was collected and stored at -80°C
until further processing.
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2.3.20. Protein quantification
Protein quantification was carried out according to the Pierce® BCA protein assay
(ThermoScientific Cat. n° 23250) developed for compatibility with the NHC reducing
agent.
A standard curve with serial dilutions of the bovine serum albumin (BSA) protein was
set up as follows:
Tubes

Diluent
(NHC)

BSA

Concentration

(2000 μg/ μl)

(μg/ μl)

Stored at room temperature

A

0 μl

25 μl stock

2000

B

15 μl

75 μl stock

1500

C

50 μl

50 μl stock

1000

D

50 μl

50 μl tube B

750

E

50 μl

50 μl tube C

500

F

50 μl

50 μl tube E

250

G

50 μl

50 μl tube F

125

H

75 μl

50 μl tube G

25

I

50 μl

0 μl

0

Each sample of the curve was vortexed and centrifuged down before preparing the
following tube.
25 μl of each was then transferred to a new Eppendorf tube labelled, as above, from A
to I. Meanwhile for each protein sample to be analyzed, triplicates were prepared by
mixing 1.25 μl of protein with 23.25 μl of NHC lysis buffer, up to a total of 25 μl. 25 μl of
a buffer named reconstitution buffer, previously diluted 1:1 in ultrapure water and
vortexed for 30 seconds, were then added to each of the newly labelled tubes of the
standard curve samples and each triplicate sample, up to a total volume of 50 μl. All
Eppendorf tubes were vortexed, briefly centrifuged at 8000 g at room temperature and
incubated at 37°C for 15 minutes. Before the end of the incubation, reagent A and B
provided with the kit were mixed at a ratio of 1 of A and 50 of B and vortexed briefly. 1
ml of the mixture was added to each protein standard and sample and incubated at
37°C for 30 minutes and cooled for 5 minutes at room temperature before measuring
the absorbance values. Protein concentration was measured by transferring the mixture
to a plastic cuvette (Sigma, Cat. n° 759150) which was then inserted into the
BioPhotometer (Eppendorf).
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2.3.21. Protein electrophoresis
50 – 100 μg of protein samples were diluted in water up to a final volume of 26 μl and
were mixed with 10 μl of the 4X NuPAGE® LDS Sample loading buffer (Cat. n° NP0007)
and 4 μl of the 10X NuPAGE® Sample Reducing agent (Cat. n° NP0009). These were
denatured by boiling for 10 minutes and loaded on a precast NuPAGE® Novex TrisAcetate 3-8% gradient gel (Invitrogen, Cat. n° EA03785) placed in an electrophoresis
apparatus (BioRad) filled with 800 ml of the diluted 20X NuPAGE® Tris-Acetate SDS
Running buffer (Cat. n° LA0041). 10 μl of the HiMark pre-stained protein standard (Life
Technology, Cat. n° LC5699) and the Odyssey One-Color protein molecular weight
marker (Licor, Cat. n° 928-40000) were included as a reference molecular weight to
analyze the protein of interest. 500 μl of the NuPAGE® Antioxidant (Cat. n° NP0005)
were then added to the buffer inside the inner chamber prior to electrophoresis, which
was done on ice. The gel was run at 75V for 45minutes to allow dystrophin to slowly
enter the gel and then at 150V for 2 hours and 15 minutes.

2.3.22. Western transfer and Immunoblot
a) Turbo Blot
At completion of the run, the Tris-Acetate 3-8% gel (section 2.3.21) was placed in
contact with a polyvinylidene difluoride (PVDF) low-fluorescence transfer membrane
(Thermo Fisher Scientific Cat. n° 22860), previously activated in 10 ml methanol and
washed in 20X NuPAGE® Transfer buffer (Cat. n° NP0006) diluted to 1X in distilled
water. Transfer was performed with the Trans-Blot® TurboTM Transfer System in 7
minutes. After transfer, the membrane was washed with Tris-buffered saline (TBS)
supplemented with 0.5% (v/v) Tween 20 (Sigma) (TBS-T) for 20 minutes, blocked for
60 minutes at room temperature with 4 ml of Odyssey Blocking solution and incubated
overnight at 4°C with the following primary antibodies: rabbit anti-human dystrophin
(Abcam, 15277, 1:1000) and mouse anti-human β-actin (Abcam, 1:2000). The
membrane was washed with TBS-T three times and incubated with the Alexa Fluor 680
and Alexa Fluor 790 secondary antibodies (Thermo Fisher Scientific) (both diluted
1:15000 in Odyssey Blocking buffer). After another three washes with TBS-T, the
membrane was developed with Odyssey® Infrared Imaging System.
b) Wet Blot
Protein samples were prepared and run in a Tris-Acetate 3-8% gel (section 2.3.21). At
completion of the run, the gel was removed from the thin plastic layers and placed in
contact with a PVDF low-fluorescence transfer membrane as detailed in section
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2.3.22.a. The electrophoresis apparatus XCell Sure Lock™ Mini-Cell was used for
protein transfer, performed at 30V for 3 hours. 300 ml of diluted Transfer buffer (270 ml
distilled water, 15 ml 20X NuPAGE® Transfer buffer and 15 ml methanol) were placed
in the inner chamber, while the outer chamber was filled with 600 ml of cold water, both
replaced after 1.5 hour. The transfer apparatus was placed in ice to avoid overheating.
Following blotting, the membrane was blocked with 10% non-fat milk powder (Cat. n°
LP0031, OXOID) diluted in TBS for 1 hour at room temperature. The PVDF membrane
was then incubated overnight at 4°C with 10 ml 5% non-fat milk diluted in TBS-T, which
contained the primary rabbit anti-human dystrophin (Abcam 15277, 1μg/μl 1:200) and
mouse anti-human vinculin (Sigma, V9131, 1:100.000) antibodies. The membrane was
then washed three times with TBS-T and incubated with biotinylated secondary
antibodies (Abcam) (1:1000) for 1 hour at room temperature. Following another three
TBS-T washes, the membrane was incubated 1 hour at room temperature with
streptavidin-HRP (1:5000) (Thermo Fisher Scientific) in order to amplify the signal. The
membrane was washed with TBS-T and incubated for 1 minute with 2 ml of the
Luminata Forte™ Western HRP substrate (Millipore). Signal was detected placing the
membrane in a ChemiDoc™ Imager and densitometric analysis of detected bands was
performed by using the ImageLab software (BioRad). Each lane (where protein were
loaded) was manually detected by using the “Lane and Bands” tool, and the background
adjusted prior to band detection. The sensitivity of band detection was set up as high
or low for clearly visible or faint bands, respectively. Bands that were missed through
the automatic detection were manually added. For each lane, information regarding
bands densitometry was finally retrieved through the ImageLab “Report” tool.

2.3.23. Microscopy and image capture
The Olympus IX Inverted microscope (Olympus Life Science) and Leica DMR
microscope (Leica Microsystem) were used to acquire images. Generally, a minimum
of five images were acquired for each tested condition to ensure the reliability of the
results. Any image processing was done by Fiji software (https://fiji.sc/).

2.3.24. Statistical analysis
Where specified, replicate experiments were expressed as the mean +/- the standard
error of the mean. Statistical analysis aimed to verify the effect of CRISPR/Cas9
treatment versus untreated controls were performed by means of the GraphPad Prism
software. Results were analysed by applying the Mann-Whitney test (comparison
between two groups) or Kruskal-Wallis (comparison between three groups or more) as,
due the small sample size, data were assumed to be not normally distributed. Statistical
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significance was set at P-values below 0.05. Data falling outside 2 x standard error of
the mean were considered outliers and were therefore excluded from the analysis.
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Chapter 3.

Design

CRISPR/Cas

and

validation

nucleases

of

targeting

duplications in DMD gene
3.1 INTRODUCTION
3.1.1 The origin of genomic duplications
The duplication of genetic material has for a long time been thought to play a
fundamental role in species evolution. In his masterpiece “Evolution by gene
duplication” published in 1970, the geneticist and evolutionary biologist Susumu Ohno
identified gene duplication as the major force which allowed evolution starting from
ancestor genes418. He hypothesized that, through additional mutational events, the
duplicated gene could potentially provide a selective advantage by acquiring a new
function compared to the conventional one maintained by the original copy, a
phenomenon known as neo-functionalization.
Mutational events of the duplication type involve either whole genomes, entire genes or
only part of a gene and occur either in coding or non-coding regions, affecting chromatin
structure419. In eukaryotes, the genome-wide duplication rate varies between 10-4 and
10-9 gene/year420. Most of the mechanisms linked to the duplication of genomic regions
involve errors occurring during DNA replication (slipped-strand mispairing) or meiosis
(chromatids misalignments).
Slipped-strand mispairing involves the slippage of the DNA polymerase at the
replication fork in the presence of short repetitive sequences (a few nucleotides long),
so that the read sequence is accidentally copied more than once421.
Also, during meiosis, the misalignment of chromatids in regions containing repetitive
sequences (such as the 300 bp long tandem Alu elements) might lead to the exchange
of an extra-portion of DNA. This generates a duplication at the recombination site and
a parallel deletion on the homologous chromosome422.
Nevertheless, nondisjunction phenomenon occurring during meiosis results in an
abnormal number of chromosomes (aneuploidy) or genome copies (polyploidy).
Usually, aneuploidy is associated with deleterious effects (as for the trisomy of
chromosome 21, also known as Down syndrome) and is therefore less likely to have a
selective advantage in the population, while polyploidy is most frequently observed in
plants, less commonly in some animals like amphibians and fish
in humans

425

423,424

and only rarely

.
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Finally, gene duplication could appear as a result of cell infection by retroviruses which
retro-transcribe the transcripts and integrate the derived retrogenes back in the parental
DNA. These duplications could then acquire novel functions or be subjected to a
different regulation426,427. This specific case might explain the origin of different genes
with high degree of homology, such as dystrophin and utrophin, for example185.

3.1.2 Pathogenic gene duplications and Duchenne Muscular Dystrophy
The final effect of duplications on biological fitness depends on the population, genomic
locus and extent to which they occur. As opposed to entire gene duplications, wellknown pathogenic duplications involve only a few exons (or short sequences within
them), causing an alteration of the mRNA reading frame or of the protein conformation
and thus leading to a defective, non-functional and/or unstable product.
The first identification of partial gene duplications in the dystrophin gene in patients with
DMD and BMD dates back to late 1980s428–430. Since then, many more dystrophin
duplications were reported across the DMD gene (section 1.3.2), whose locus specific
duplication rate was estimated as 1.0 x 10-8 duplications/gene/generation431. To date,
DMD duplications account for 10-15% of DMD mutations1. Despite most of the DMD
duplications (50%) tending to cluster close to the exons 2-20 mutational hotspot1
(section 1.3.2.), duplications can be found heterogeneously within DMD, as observed
by Tuffery-Giraud et al.432. This work, based on a Caucasian cohort of patients, showed
that 70% of DMD duplications were reported only once, while the most common
duplications in DMD and BMD patients were duplications of exon 2 and exons 2-7,
respectively432. Interestingly, such distribution is different in Asian patients, where the
most common DMD duplications involve exons 8 and 9433,434.

3.1.3 Therapeutic approaches to dystrophin duplications
All patients carrying duplications could potentially benefit from mutation-agnostic
approaches such as cell-based therapies (section 1.6.2.c) and AAV-based gene
therapies aimed to provide a miniaturized but functional dystrophin molecule (section
1.6.2.d), currently in clinical trials.
Exon-skipping could represent a further therapeutic strategy for small DMD duplications
encompassing a single exon, but not for larger multi-exon duplications (as for example
the duplication spanning exons 52-62)435. Targeted skipping of exon 2 and exons 2-7
was achieved in human myoblasts carrying exon 2 duplication by using a
phosphorodiamidate

morpholino

antisense

oligonucleotide

chemistry436.

The

applicability of antisense therapy for skipping a variety of single exon duplications was
also recently confirmed in human fibroblasts by Wein et al.437. Moreover, this and other
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studies showed that the skipping efficiency varies depending on the chosen exons:
successful skipping was obtained with antisense oligonucleotides designed to skip exon
17, exon 18, both exons 43 and 44, exon 44 itself and exon 45435,438. However, when
designing exon skipping molecules for removing duplications, the level of skipping has
to be carefully modulated. In fact, as observed in these studies, too efficient skipping
lead to the skipping of both exon copies, resulting in the transcription of a shorter
mutated transcript.

While these approaches should in theory be beneficial for limiting the effects of DMD,
none of them acts at the genomic level and repair the mutation itself.
The work set out here aims to explore in vitro a therapeutic strategy based on the
CRISPR/Cas9 editing tool designed for duplications. CRISPR/Cas9 exploits two
specific components (sgRNA and Cas9 nuclease) to recognize and cleave chosen
genomic regions (section 1.8). Since it can be directed to the mutated gene itself,
CRISPR/Cas9 system would allow the permanent removal of the genomic mutation and
the restoration of the wild-type genomic sequence. Additionally, the novelty of my study
relies on the removal of the extra genomic portion using a single CRISPR/Cas9
nuclease designed to cleave a specific site within DMD duplication (Fig.1.9, section
1.9).
Once the applicability of CRISPR/Cas9 for correcting duplications has been
demonstrated, the ease of customization and the limited cost associated with this tool
would allow CRISPR/Cas9 to be targeted to any DMD duplication, contributing to the
field of personalized medicine439.
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3.2 AIMS
The design of nucleases targeted to genomic duplications relies on a series of
experimental steps, detailed in the results sections below and summarized in Fig. 3.1.
These steps not only include the selection of a genomic target within the duplication
and of a vector suitable for the nuclease expression, but also require the identification
of appropriate CRISPR/Cas9 delivery tools for the cell types in which it will be tested.
The following aims were therefore pursued:
- The selection of a genomic target within a specific duplicated region of the DMD gene
- The design of CRISPR/Cas9 nucleases targeted to the chosen DMD sequences
-

The assessment of the efficiency of designed CRISPR/Cas9 nucleases in the

immortalized human embryonic kidney cells (HEK 293T)
- The identification of the best delivery method for the expression of CRISPR/Cas9
nucleases in DMD patient-derived cells
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Figure 3.1.Schematic of the experimental steps required for CRISPR/Cas9 design and
validation.
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3.3 RESULTS
3.3.1. Selection of genomic targets within dystrophin
To demonstrate the ability of a CRISPR/Cas9-based approach to repair dystrophin
duplications, I decided to design CRISPR/Cas9 nucleases targeted to DMD intron 9, as
this genomic region was included within most of the dystrophin duplications harboured
in the cell lines available to me at the time of the experimental set up (table 3.1).
Moreover, intron 9 was among the introns within the 2-20 hotspot where about 5% of
genomic breakpoints were detected in DMD patients carrying duplications440.

Patient #

Duplicated exons

Approximate duplication size (Mb)

Cell type
available

1

3-25

0.40

Myoblasts

2

5-11

0.17

Myoblasts;
Fibroblasts

3

8-11

0.10

Myoblasts

4

8-13

0.12

Myoblasts

5

8-15

0.13

Myoblasts;
Fibroblasts

6

8-17

0.18

Fibroblasts

7

8-43

0.50

Fibroblasts

Table 3.1.Range of duplications in DMD patient cells lines stored in the MRC Centre for
Neuromuscular Diseases BioBank.
All these cells could be corrected using CRISPR-Cas9 nucleases targeted to DMD
intron 9.
First, I retrieved the full sequence of intron 9 of the human DMD gene through the
Ensemble genome browser (www.ensembl.org/). Then, I selected four regions devoid
of known polymorphisms and spanning from 176 to 225 bp throughout the intron. The
absence of polymorphisms was a necessary requirement to prevent mismatches
between the annotated sgRNA and its target sequence, as polymorphisms have been
shown to lead to a reduction or loss in the efficiency of the nuclease441. The length of
the selected sequences was instead chosen in accordance with the specifications
provided by the algorithm I used for the design of sgRNAs (section 2.1.5.a), which
required inputs of genomic sequences not longer than 500 bp.
Selected genomic sequences are listed below in order from the 3’ to the 5’ of intron 9,
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and were named Targets 1-4. Information about the genomic location is also provided,
flanking each sequence:
Target 1
32,646,235.CAGCAGACATGTAGTTTATCCCAAGAAGCCTCTCCTGTCACTTGAGT
GTATGGTTCCTATAGCATGCAAATCTCTGCAAACATATGGCCAGGTTTACAGCTC
ATGTAAACTACCCCGTCTCTATTACTTGGCTTCAGATGGGGAGAAGTTAGAGCCA
CGCAGAGCGCTCCAGCCTCTCCAGAGGAAGCCTTTCTCACCAGATTTTTCTAATC
GA CCTCCTTGCTT.32,646,010
Target 2
32,662,890.AAAATTGCCACAGTATACATTAAATATCTTTGTTTATCCCATTTTAGTT
ATTTTGTGTGATATCTCTAAATGCTGTTCTGTATATGCTGCTGACAAGGAGCAAAT
TTATTTGTTTAGAAATTCTGCAGCCTTTCCATCCTTTGCCTTAACTTTCTTGTTGAG
GTACTAATGAGCTGTGA.31,656,710
Target 3
32,691,476.ATTTCCCTGATAATTCATAATGTTGAACATATTTTCATACACCTGTTGA
CCATTTGGGTGTCGTCTTTGGAGAAATGTCTGTTCAAGCCTTTAGCCCATTTTTAA
TTGCGTTTTTAGTTTTTTTTTTTTTGCCAATGAGTTGTAGGAATTCTTTATATATTTT
AGAAGATAACCAG.32,691,300
Target 4
32,696,670.TGAGCTGCCTTTTCTAGGTTTTCTCCAATGCCTATTCTGGTAGCACAT
TTTCACCTCATCACCACCTTCATTAAGGCATCGCTCAGGTATGACTCCTTAATGAA
GTAATTACAAATGGACTTACATCTTGCTAGGCTCTGCTCATTCTACCTTTGTGTAA
ATATTACCAAATACATAAT.32,696,490
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3.3.2. Design of CRISPR/Cas9 nucleases targeted to dystrophin intron 9
a) sgRNA design
Each of the targets mentioned in the above section 3.3.1. was run through the sgRNAdesign algorithm developed by Feng Zhang laboratory at MIT (http://crispr.mit.edu/).
This algorithm returned a list of sgRNAs recognizing sequences in proximity of a 5’NGG-3’ site, which represents the PAM motif required for Cas9-mediated cleavage
(section 1.7.4.a). Returned sgRNAs were accompanied by a quality score predictive of
potential off-target effects: the higher the score, the lower the presumed off-targeting
activity. As such, for any genomic input I selected the sgRNA with the highest quality
score. For each sgRNA sequence, the algorithm also provided additional information
such as its strand location and quantified the presumed off-target sites, specifying how
many of these lie within genes (Fig.3.2).
Preferred sgRNAs (named from 1 to 4) all lie in the forward genomic strand, apart for
sgRNA2. Their sequence and the PAM motif they recognize are indicated below:
sgRNA1: ACTACCCCGTCTCTATTACT (PAM = TGG)
sgRNA2: GTACCTCAACAAGAAAGTTA (PAM = AGG)
sgRNA3: GACCATTTGGGTGTCGTCTT (PAM = TGG)
sgRNA4: CCTTCATTAAGGCATCGCTC (PAM = AGG)
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DMD INTRON 9

5’

DMD EXON 9
3’

sgRNA 4

sgRNA 3

Target 4

Target 3

sgRNA 1
Target 2

sgRNA 2

3’

DMD EXON 10

Target 1
5’

Figure 3.2. Design of sgRNAs targeted to human DMD intron 9.
Four sgRNAs were designed to recognize sequences devoid of polymorphisms
spanning DMD intron 9 from 3’ to 5’ (Target 1-4). Input target sequences were run
through the algorithm, which returned a number of sgRNAs scored depending on their
homology with off-target sites (the highest the score, the lowest the off-target sites
detected). Nine sgRNAs (guide#1-9) are shown. For each ranking, the top target sgRNA
(guide#1) was selected. As well as the quality score and the nucleotide sequence,
information about the on-target site and potential off-target sites were also provided for
each sgRNA.
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b) Generation of functional CRISPR/Cas9 nucleases
Once the sgRNA design was accomplished, I had to choose a vector capable of
expressing the CRISPR/Cas9 nuclease system in human fibroblasts.

From the CRISPR/Cas9 plasmids designed for genomic cutting and deposited in the
Addgene online catalogue (http://www.addgene.org/CRISPR/#cut), I selected the
LentiCRISPR expression vector pXPR-001 (LentiCRISPRv1) (Fig.2.1, section 2.1.2.a).
The main reason for my choice is that LentiCRISPRv1 has a lentiviral backbone and is
therefore suitable to produce lentiviral vectors that I will use to deliver CRISPR/Cas9 in
human fibroblasts. I considered viral vectors because transfection of non-viral plasmids
by commercial reagents as Lipofectamine 2000, run in our laboratory prior to the
beginning of this project, had a poor efficiency in these cells (Francesco Conti, personal
communication). Another advantage of LentiCRISPRv1 is that it allows the
simultaneous expression of both sgRNA and the Cas9 nuclease. This obviates the need
for separate constructs for the expression of the two CRISPR/Cas9 components.
LentiCRISPRv1 expresses sgRNA by the constitutive U6 promoter, while the
expression of the Cas9 is driven by the constitutive elongation factor 1 α core (EFS)
promoter, active in a considerable number of cell types including human fibroblasts401.
This plasmid also expresses two antibiotics (ampicillin and puromycin), each having a
specific purpose. Ampicillin is essential for the isolation and amplification of bacterial
colonies expressing LentiCRISPRv1, while puromycin aids the isolation of positively
transfected or transduced cells only and could therefore be used to monitor the
percentage of cells expressing CRISPR/Cas9.

The original stock of bacteria expressing the LentiCRISPRv1 plasmid was propagated
as detailed in section 2.1.1.c. and isolated plasmid DNA was quantified by using the
Nanodrop spectrophotometer (section 2.3.2). The plasmid DNA with the highest
concentration and purity was selected for the cloning of each sgRNA (section 2.1.5.d).
This step required the digestion of LentiCRISPR by means of the BsmBI restriction
enzyme (section 2.1.5.b), which recognizes two specific plasmid sites. These flank a 2
kb region called filler, which needs to be removed to allow sgRNA cloning into the vector
(Fig.3.3). As such, BsmBI digestion should result in two fragments of about 11 kb and
2 kb, as I confirmed by running the digestion products in a 1% agarose gel (Fig. 3.3).
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Digested LentiCRISPRv1

11 Kb Backbone

2 Kb Filler

Figure 3.3. LentiCRISPRv1 plasmid digestion.
To allow sgRNA cloning, LentiCRISPRv1 plasmid was digested with BsmBI restriction
enzyme. This experimental step allowed the removal of the filler region in between the
two BsmBI restriction sites (top panel). The products of BsmBI digestion were run on a
1% agarose gel (bottom panel). As expected, BsmBI digestion resulted in two fragments
(indicated by arrows). The bigger 11kb fragment was used for sgRNA cloning, while the
smaller 2kb fragment (corresponding to the filler) was discarded.
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I gel purified the larger fragment by using the QIAgen Gel extraction kit (section 2.3.6.b)
and ligated it to sgRNA oligos designed to have complementary nucleotides to BsmBI
cleaved sites, as detailed in section 2.1.5.c. and 2.1.5.d. (Fig.3.4).
I used ligation products to transform the recombinase-deficient One Shot® Stbl3 E. coli
bacteria (section 2.1.1.d), which I then propagated as detailed in section 2.1.1.e. The
following day, I extracted bacterial DNA (2.1.1.f.) from three ampicillin-resistant colonies
for each cloning reaction and sent it for Sanger sequencing starting from the U6
promoter. This step was needed to authenticate the correct ligation of each sgRNA into
the digested LentiCRISPRv1. As I confirmed sgRNA insertion in 11 out of the 12
selected clones, for each sgRNA I selected one successful clone for validating its in
vitro functionality. From now on, these vectors will be referred to as LentiCRISPR1,
LentiCRISPR2, LentiCRISPR3 and LentiCRISPR4 by virtue of their sgRNA targeting
dystrophin sequences 1 to 4, respectively.
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B s m BI
GTGG

GTTT

Guide 1 primers:

1a. caccgACTACCCCGTCTCTATTACT
1b.

Bsm BI

TGATGGGGCAGAGATAATGAcaaa

5' CACCg-GUIDE 3'
3'
GUIDE - CAAA 5'

Guide 2 primers:

2a. caccgGTACCTCAACAAGAAAGTTA
2b.

Guide 3 primers:

3a. caccgGACCATTTGGGTGTCGTCTT
3b.

Guide 4 primers:

CATGGAGTTGTTCTTTCAATcaaa

CTGGTAAACCCACAGCAGAAcaaa

4a. caccgCCTTCATTAAGGCATCGCTC
4b.

GGAAGTAATTCCGTAGCGAGcaaa

Figure 3.4. Schematic of sgRNA primers design.
sgRNAs primers had to be cloned in the LentCRISPRv1 vector digested with BsmBI
restriction enzyme, that performed two staggered cuts (left panel). sgRNA primer pairs
were therefore designed to carry at both extremities additional nucleotides
complementary to the overhangs generated by BsmBI digestion. The sequence of each
sgRNA primers pair is shown in the right panel.
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3.3.3 LentiCRISPRs transfection into HEK 293T cells
Before testing the designed LentiCRISPRs in patient-derived cells, I used HEK 293T
cells to show that these nucleases were functional and could cleave the genomic
regions of interest. This cell line provided the ideal choice for such an experimental
step, as it has a low cost of maintenance and can be easily transfected with a variety of
reagents and tecnhiques442.

I transfected each LentiCRISPR plasmid in HEK 293T cells using the Lipofectamine
2000 (LF2000®) transfection reagent, with the DNA:LF2000® ratio of 1:2 (section
2.2.11.a) previously optimized in our laboratory (Francesco Conti, personal
communication). As controls I used non-transfected cells and cells transfected with the
original non-digested lentiCRISPRv1 vector which, being devoid of any sgRNA, serves
to control for any off-target nuclease cutting in the genome.
In parallel, I also transfected HEK 293T cells with the plasmid pEGFP-C2 (Fig.2.9)
which, as it expresses enhanced GFP, allowed me to visually monitor transfected cells
and thus to evaluate how effective the transfection was (Fig.3.5).
The negative and positive controls are summarized in table 3.2. The experiment was
repeated three times, each being a biological replicate.
Control (+/-)

Transfected Plasmid

Function

-

None

Monitor assay background

-

Undigested LentiCRISPRv1 (w/o sgRNA)

Monitor non-specific genomic
cleavage

+

pEGFP-C2

Assess transfection efficiency

Table 3.2. List of controls included for CRISPR/Cas9 validation in HEK 293T cells
48 hours post-transfection, I fixed the cells transfected with pEGFP-C2 by using 4%
paraformaldehyde and I counterstained their nuclei with DAPI (section 2.3.15). I
calculated the pEGFP-C2 transfection efficiency by dividing the number of GFP-positive
cells by the total number of cells (represented by the number of nuclei) and multiplying
the resulting value by 100. The percentage of GFP-positive cells appeared to be uniform
across the three transfections, being around 40% (39.1 +/- 1.82).
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Figure 3.5. HEK 293T cells transfection efficiency.
HEK 293T cells were transfected with either undigested or functional LentiCRISPRs
and, in parallel, with the pEGFP-C2 plasmid expressing EGFP. Transfection efficiency
was calculated as the percentage of GFP+ cells. The mean transfection efficiency
across experimental triplicates was around 40%.
UT=untreated cells; CTRL=cells transfected with undigested LentiCRISPR;
CRISPR1=cells transfected with LentiCRISPR1; CRISPR2=cells transfected with
LentiCRISPR2; CRISPR3=cells transfected with LentiCRISPR3; CRISPR4=cells
transfected with LentiCRISPR4; GFP=cells transfected with pEGFP-C2 plasmid to
evaluate transfection efficiency. Images were acquired at a magnification of 10X. Scale
bar = 100 μM
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3.3.4. Determining targeting specificity and efficiency of CRISPR/Cas9 into
HEK 293T cells
As there was such a high percentage of transfected HEK 293T cells, I did not exploit
antibiotic-resistance screening for selecting only LentiCRISPR-expressing cells. 48
hours post-transfection, I extracted genomic DNA (section 2.3.1) from the total pool of
both non-treated HEK 293T and HEK 293T transfected with either the undigested or
functional LentiCRISPRs to assess the genomic targeting in this cell type. For this step
I did not include cells transfected with pEGFP-C2, as these cells would have
represented a further negative control for the genomic cleavage in addition to the two
mentioned in the table 3.2.
I assessed the reliability of the primer pairs surrounding each CRISPR/Cas9 target site
by amplifying genomic DNA from untreated HEK 293T cells via tdPCR (section 2.3.4).
As shown in Fig.3.6, the resulting amplicons had the expected molecular weight,
indicated below.
LentiCRISPR1 amplicon = 710 bp
LentiCRISPR2 amplicon = 450 bp
LentiCRISPR3 amplicon = 630 bp
LentiCRISPR4 amplicon = 565 bp
I then repeated tdPCR including the remaining samples (i.e. samples transfected with
undigested and functional LentiCRISPRs) and I PCR purified resulting amplicons
(section 2.3.6.a).
I evaluated the LentiCRISPRs’ cutting ability by performing the T7 endonuclease assay
(section 2.3.7) on these amplicons and running the T7 assay products on a gel.

For each negative control sample indicated in table 3.2, I expected to visualise only the
band corresponding to the full-length amplicon. The molecular weight of each amplicon
would depend on the primer pair used to amplify each CRISPR/Cas9 target site (section
2.3.4).
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CRISPR1

CRISPR2

CRISPR3

CRISPR4

Figure 3.6. TouchdownPCR of LentiCRISPR target sites.
The genomic DNA of untreated HEK 293T cells was amplified by touchdown PCR to
assess the specificity of the primers pairs designed to amplify each LentiCRISPR target
site. Detected amplicon bands (named CRISPR1-4) confirmed expected sizes of 710bp
(CRISPR1), 450bp (CRISPR2), 630bp (CRISPR3) and 565bp (CRISPR4).

105

For samples transfected with functional LentiCRISPRs, I expected instead to obtain
three bands. The upper molecular-weight band would correspond to the full-length
amplicon, while the other two bands would represent the cleaved fragments resulting
from the LentiCRISPR cut within the amplicon. The expected size of the smaller
fragments indicative of each side of the cleaved LentiCRISPR target sequence is shown
in figure 3.7.
In the T7 assay performed on the set of samples derived from the first and second
transfection, genomic DNA from the negative controls was only amplified with the primer
pair designed to amplify LentiCRISPR1 target site. The third T7 assay, instead, included
controls amplified with all the remaining primer couples.
I loaded the products of the first T7 assay on a 2% agarose gel but, due to the long run
time necessary to distinguish between the different molecular sizes of untargeted and
cleaved fragments, the results were not conclusive due to poor resolution of this gel
(Fig.3.7.). In subsequent experiments I therefore resolved the T7 assay products on 420%TBE gels (section 2.3.8), achieving a better resolution and consequent band
detection.
As expected, only the T7 reaction products from samples transfected with functional
LentiCRISPRs contained multiple bands corresponding to the uncleaved higher
molecular weight fragment and the two smaller cleaved fragments (Fig.3.7.) For each
tested LentiCRISPR other than LentiCRISPR3, both the full-length and the cleaved
fragments appeared to have the predicted molecular weights, confirming that the
designed nucleases efficiently and specifically target the selected genomic regions in
HEK 293T cells. Despite the presence of background bands in all samples (even in
controls), LentiCRISPR3 amplicons exhibited bands other than the expected ones.
However, non-specific bands of the same size were also present in control amplicons
obtained with the same primer set. This suggested that non-specific bands may have
been derived from misalignment of the primers to similar genomic sequences and not
from a non-specific nuclease activity. Considering that the other three nucleases were
successful in targeting the region of interest, I did not use LentiCRISPR3 in further
experiments.

Having confirmed the functionality of the LentiCRISPRs, I next determined their
efficiency by quantifying the enzyme-cut versus uncut fragments (section 2.3.9). This
was calculated by band densitometry for each LentiCRISPR except for LentiCRISPR3.
LentiCRISPR1 showed the best cleavage activity when resolved on agarose gel (31%),
but fragment detection on TBE gels highlighted a similarly strong cutting operated by
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LentiCRISPR2 and LentiCRISPR4 (35% and 29%, respectively).
By averaging the LentiCRISPR efficiencies derived from each T7 assay, I found that
LentiCRISPR1 and LentiCRISPR2 displayed the highest nuclease activity of 31.8% +/0.2 and 35.3% +/- 0.56 cleavage, respectively. These two nucleases were therefore
chosen to be expressed in lentiviral vectors and tested in human fibroblasts.
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Figure 3.7. Analysis of CRISPR/Cas9 efficiency in HEK 293T cells.
LentiCRISPR efficiency was assessed via T7 assay performed on purified and
annealed amplicons. Expected sizes of full length and cleaved fragments derived from
T7 assay are shown in the table on the left. T7 assay products were loaded on a 2%
agarose gel (top panel) and on 4-20% Novex® TBE gels (middle and bottom panels).
All LentiCRISPRs presented with cleavage products, but only LentiCRISPR1,
LentiCRISPR2 and LentiCRISPR4 showed products of the predicted size (*).
LentiCRISPR3 exhibited multiple, possible non-specific bands.
UT: DNA from non-transfected cells; CTRL: DNA from cells transfected with undigested
LentiCRISPR vector; CRISPR1, CRISPR2, CRISPR3, CRISPR4: DNA from cells
transfected with LentiCRISPR 1 to 4.

108

3.4 DISCUSSION
As the purpose of the project is to demonstrate the ability of CRISPR/Cas9 to correct
dystrophin duplications causing DMD, I designed CRISPR/Cas9 nucleases to target
different regions of the DMD gene which were duplicated in patient-derived cell lines
available to me.
To identify CRISPR/Cas9 nucleases that can be successfully expressed in DMD
patient-derived cells, I had to choose not only a target dystrophin region, but also a
pipeline to design the nucleases and an assay suitable to validate their efficiency in a
simple cellular model.
As a nuclease target, I chose a non-coding region to avoid misreading of the gene
reading-frame that can be introduced by the error-prone NHEJ repair mechanism (the
primary mechanism which re-joins cleaved DNA ends in absence of a DNA template)443.
Among the introns that were duplicated in my cell lines, I chose to direct the
CRISPR/Cas9 nucleases against four different locations across the length of DMD
intron 9, listed among the introns in which genomic breakpoints are frequently
reported440.
Moreover, the intron 9 sequences I chose were devoid of polymorphisms, as these
could result in mismatches between the sgRNA and target DNA. These can affect Cas9
activity to an extent directly related to the number of mismatches, their distribution within
sgRNA and their distance from the trinucleotide 5’-NGG-3’ (PAM motif, section 1.7.4.a)
that is recognized by the sgRNA444. Hsu et al. observed, in fact, that Cas9 cleavage is
reduced in presence of two mismatches and further decreased when three consecutive
bases were changed. Also, no more DNA breaks were observed if the three nucleotide
variations appeared in a scattered fashion or if the number of concatenated mismatches
increased up to five444.
However, Cas9 activity is not affected by certain sgRNA-target DNA mismatches such
as those caused by single nucleotide changes, especially when these occur in the PAMdistal region445,446. As such, avoiding polymorphic target regions represented a further
precaution to limit the phenomenon of off-target cleavage (section 1.8).

In virtue of these considerations, I looked for a sgRNA design tool able to predict the
sgRNA likelihood of resulting in non-specific genomic targeting. More than twenty
different on-line algorithms (recently reviewed by Cui et al.) have been developed and
optimized through the years to improve the performance of sgRNAs and consequently
of the CRISPR/Cas system447. At the time I had to design sgRNAs to intron 9, the best
available algorithm was the one developed by the laboratory of Feng Zhang (Broad
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Institute) who, together with George Church, is a well-known scientist in the CRISPR
field. In fact, for the first time, their research teams successfully addressed
CRISPR/Cas9 editing system to the genome of human cell lines380,382. This algorithm,
utilized by Hsu et al.444, returned a list of sgRNAs correlated by a score indicative of
their faithfulness, expressed as a percentage from 0 to 100, with the guides presented
at the top of the list having the highest values. SgRNAs scores are inversely correlated
with the likelihood of having off-target effects. The advantage of using this tool is that,
for each sgRNA, the interface provides the total number of predicted off-target sites
and, also, gives the sequence and genomic location of the 20 most-likely off-target sites.
I considered this feature essential for monitoring the genome-wide effect of the
nuclease I chose, even though the study of the off-target effects was not prioritized and
will constitute future work for the project.
Interestingly, sgRNA2 (which appeared to be the most efficient sgRNA in HEK 293T
cells) was the sgRNA with the lowest quality score and the highest number of potential
off-target sites. I considered that the actual number of off-target sites for this sgRNA
might be even higher than what estimated by the algorithm, as Zang’s tool refers only
to the 5’- NGG-3’ PAM sequence without considering the extended cutting ability of
Cas9 from S. pyogenes. Its enzymatic activity, in fact, is not restricted to 5’-NGG-3’
PAM, but is also associated (albeit at lower level) to 5’-NAG-3- or 5’-NGA-3’ PAMs444.

Through the years following my sgRNA design, several research groups found that
specific parameters other than the presence of a PAM sequence close to the target
region can influence the sgRNA specificity (and consequently the number of off-target
episodes)448,449. I retrospectively analysed the best sgRNA (sgRNA2) in light of these
findings, which related the efficiency of sgRNA to the specific PAM motif recognized by
the sgRNA, the sgRNA length and its nucleotide composition.
Recent studies also showed that the variable nucleotide (N) in the conventional 5’NGG-3’ PAM affects targeting efficiency450, with 5’-CGG-3’ PAMs favoured over 5’TGG-3’. However, when re-analysing the sgRNAs I designed, I observed that none of
these recognized the CGG motif.
Furthermore, all the sgRNA I designed were 20 nucleotides long as suggested by Hsu
et al.444, who correlated a sgRNA length of 20-22 nucleotides with a better sgRNA
stability. However, Fu et al. demonstrated that the use of truncated sgRNA 17-18
nucleotides long (as opposed to the classic sgRNAs length of 20 nucleotides) can
reduced undesired off-targeting without affecting the on-target cleavage451.
In regards to sgRNA nucleotide composition, a low frequency of T or TT is preferred to
preserve sgRNA efficiency452. Also, purines play crucial roles, A being preferred in the
central region while G being favoured in the PAM-distal region453. Interestingly, I
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observed both these requirements in the sgRNA2. This might explain why this sgRNA
was associated with a high cleavage efficiency when tested in HEK 293T cells.
However, work by Moreno-Mateos et al. showed that G-enrichment and A-depletion
increase sgRNA stability and efficiency454, which is in contrast to the above
considerations about sgRNA2, as it is predominantly composed by As.

Considering these new pieces of information, should I have to design new sgRNAs
targeting dystrophin intron 9, I would use an algorithm able to provide high efficiency
sgRNAs taking into account the above mentioned features, but maintaining the
prediction of off-target effects, such as CRISPOR or GuideScan455,456.

The efficiency of each sgRNA in directing the Cas9 nuclease to the specified genomic
target for its cleavage was assessed via the T7 assay, which I chose among the assays
designed to recognize the insertion/deletions (indels) that cluster around the genomic
breaking site introduced by the NHEJ repair pathway.
Similarly to the slightly less sensitive Surveyor assay457, T7 exploits the nuclease
activity of an endonuclease (in this case the phage-encoded T7 enzyme) to specifically
cleave heteroduplexes formed consequent to the annealing on wild-type sequences
and edited samples carrying indels458.
Recently, Sentmanat et al. observed that, compared to newer sequencing technologies,
the T7 assay underestimates indels frequency and questioned its accuracy as a tool to
assess sgRNAs efficiency459. Indeed, she showed that the best sgRNA resulting from
NGS analysis had a modest activity when screened via T7 assay, while low-scoring
sgRNAs in NGS failed to show cleaved bands in the T7 assay. Also, she observed that
sgRNAs having similar efficiency in T7 assays clearly differed following NGS analysis.
These results reiterated the findings of Liesche et al.460, i.e. that above a threshold
indels level T7 assay is not accurate. Such underestimations have been correlated to
biases introduced at different stages of the assay, either because of faulty heteroduplex
formation and/or in results analysis. The former is dependent on the indel type as well
as their length and abundance. For example, simple nucleotide changes that do not
necessarily give rise to hairpins are rarely detected with T7461. The latter can instead
derive from erroneous densitometric analysis possibly coupled with non-specific
background banding. Taken together, these factors contribute to limiting the outcome
to be a semi-quantitative output.
The use of NGS to discriminate indels or, similarly, deep-sequencing of single DNA
molecules cloned into bacterial backbones could improve the quantitative estimate of
double strand breaks, but these approaches are time-consuming and their use is
generally limited by their prohibitive costs462. In virtue of these considerations and the
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fact that T7 assay not only proved to be technically simple, easy to interpret and also
cost-effective, I considered it as the best option for screening the nuclease activity of
the nucleases I designed.
T7 assay allowed me to demonstrate that three out of four CRISPR nucleases
effectively introduced double-stranded cleavage in the chosen sites of DMD intron 9.
LentiCRISPR1, LentiCRISPR2 and LentiCRISPR4 indeed generated cleaved bands of
the expected size in each experimental replicate, confirming the specificity of these
nucleases.
Densitometric analysis of cleaved bands allowed me to quantitatively determine the
higher cleavage efficiency of LentiCRISPR1 and LentiCRISPR2 over LentiCRISPR4,
even though that difference did not appear to be dramatic.

However, despite the promising results obtained by the T7 assay, a direct correlation
between the efficiency of cut and dystrophin DNA repair can not be necessarily
expected. In fact, for the duplication to be excised and repaired, two double-strand
breaks need to simultaneously occur in each of the chosen duplicated locations. I
hypothesized several scenarios for the proposed study design (Fig.3.8).
One possibility is represented by the nuclease targeting only one of the two target sites,
leading to a single double-strand break that would be repaired via NHEJ. In this case,
the unreliable NHEJ repair mechanism would introduce indels that could disrupt the
sgRNA target site, so that it would not be recognized any further (Fig.3.8.a). This would
prevent any chance of repairing the duplication.
Alternatively, the nuclease could successfully recognize both sites and excise the
intervening region. Dystrophin repair in this case would depend on the prevalent repair
pathway: as the eliminated region could be perceived as a template DNA, the HDR
repair pathway could re-integrate it within the cleaved sites. Such integration could
occur either in the same or inverted orientation (Fig. 3.8.b1-2).
Only when NHEJ would prevail over HDR, would the DNA breaks deprived of the extra
portion be re-joined and the dystrophin sequence corrected (Fig. 3.8.b3). According to
this, the T7 signal can be thought as a measure of indels distribution and thus of sgRNA
activity, but not of the extent of DMD correction.
Despite the impossibility to quantify the extent of dystrophin editing at the genome level,
the presence of cleaved bands of the expected molecular weight following T7 assay
supported the hypothesis that three LentiCRISPRs I generated were able to efficiently
target the chosen dystrophin genomic sequence. This outcome set the foundation to
the next experimental step intended to test the best nucleases in patient-derived
fibroblasts (detailed in Chapter 4).
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Figure 3.8. Possible scenarios derived from nucleases directed at gene duplications.
Cleaved bands in the T7 assay can be the result of multiple scenarios deriving from a
single nuclease approach designed for the removal of genomic duplications; indels
(symbolized by the red hairpin) might be the result of either a single (a) or a double (b)
nuclease-mediated cleavage. a) Single nuclease cut results in re-ligation and does not
allow duplication removal. b) Double cut could either cleaved both duplicated sites and
be re-ligated restoring the starting situation (top arrow-1), be re-ligated including the
intervening duplication in the inverse orientation (middle arrow-2) or restore the wildtype condition by getting rid of the duplicated fragment in between the two cleaved sites
(bottom arrow-3).
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Chapter 4.
to

Delivery of CRISPR/Cas9 nucleases

patient-derived

fibroblasts

carrying

dystrophin duplications
4.1 INTRODUCTION
4.1.1. Fibroblasts as a cellular model to prove CRISPR/Cas9 efficiency
Fibroblasts are the most common type of cells within the connective tissue, whose main
role is the production and secretion of collagen and other extracellular matrix
components such as glycosaminoglycans, reticular and elastic proteins as fibronectin
and elastin, and growth factors463–466.
The choice of exploring the nuclease efficiency in fibroblasts was primarily because
myoblasts derived from DMD patients carrying dystrophin duplication were not available
at the time.
The use of fibroblasts to study neuromuscular disorders has considerable advantages.
For example, these cells can be easily isolated from a punch skin biopsy, following
which they can be cultured and expanded in vitro. Moreover, fibroblasts can be used
to generate induced pluripotent stem cells (iPSCs)467, from which most lineages of
interest to me can be derived, allowing to study the effect of DMD mutation in more than
one tissue and/or cell type.
However, the analysis of dystrophin transcript and protein in primary fibroblasts is
challenging, as only extremely low level of dystrophin transcription has been reported
in this cell type468. For this reason, observations in regards to dystrophin can only be
validated upon conversion of fibroblasts into myoblasts. This is generally achieved
through the forced expression of the myogenic regulator MyoD, one of the musclespecific transcription factors only expressed during embryogenesis and in cells that are
committed to myogenic differentiation, but not in adult skeletal muscle, or in any other
tissue469.

4.1.2. MyoD: forced fibroblast transition to myogenic specification
In late 1980s, Davis et al.470 isolated the myoblast determination gene number 1
(MyoD1 or MyoD), a regulatory gene essential for initiating myogenic conversion. MyoD
expression in non-myogenic fibroblasts, in fact, is able to switch on myogenesis and
convert them to myoblasts471. Davis also showed that a highly basic region of 60 amino114

acids within MyoD is responsible for the binding of specific DNA regulatory
sequences471 (enhancers or promoters) of genes controlling myogenesis such as Myf5,
myogenin and MRF4. These molecules are involved in the sequential phases of the
myogenic process up to the terminal stage of myogenic differentiation, when myoblasts
stop proliferating and start to fuse into the multi-nucleated adult skeletal muscle cells
known as myofibres472.
Halevy et al. showed that high levels of MyoD arrest the cell-cycle in the G1 phase of
the cell cycle, due to the MyoD-induced inactivation of the cyclin-dependent kinase
inhibitor p21473. Blocking the progression into S phase474,475, MyoD expression defines
a window of time during which differentiation can occur. Kitzman et al. later observed
oscillating levels of MyoD in asynchronous myoblasts and showed that MyoD and Myf5
follow a mutually-exclusive expression pattern throughout different phases of the cell
cycle, thus suggesting the role of MyoD in the cross-talk between cell proliferation and
differentiation476.
Other than controlling myogenesis, MyoD also binds to promoter and enhancer sites of
other genes whose role may vary from proliferation to migration, fusion and contraction.
A recent study by Cao et al.477 showed that MyoD can affect histone acetylation
throughout the whole genome thus altering its epigenetic composition. Interestingly,
Shintaku et al.478 showed that MyoD also binds to metabolic genes involved in the
mitochondrial biogenesis, fatty acid oxidation and electron transport chain. This work
supported the hypothesis that, by being involved in multiple processes, MyoD
contributes to maintain muscle homeostasis.
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4.2 AIMS
In this chapter I aim to demonstrate the ability of CRISPR/Cas9 nucleases (previously
designed and tested in HEK 293T cells) to remove dystrophin duplications in DMD
patient-derived fibroblasts. To do this, I:
-Developed lentiviral vectors to express the CRISPR/Cas9 nucleases in primary
fibroblasts
-Investigated alternative non-viral tools to deliver CRISPR/Cas9 nucleases to primary
fibroblasts
-Assessed CRISPR/Cas9-mediated cleavage activity at the genomic level
-Attempted forced MyoD-conversion of CRISPR/Cas9-expressing fibroblasts to obtain
both dystrophin transcript and protein outputs.

The experimental steps pursued for the accomplishment of these aims (summarized
in Fig. 4.1) are described in the results sections below.
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Figure 4.1. Schematic of the experimental steps required for restoring dystrophin in
patient-derived fibroblasts.
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4.3 RESULTS
4.3.1. Generation of lentiviral particles expressing the best LentiCRISPRs
Since LentiCRISPR1 and LentiCRISPR2 had the highest cleavage efficiency when
expressed in HEK 293T cells (section 3.3.4), I decided to test these two nucleases in
patient-derived fibroblasts carrying duplications spanning dystrophin exon 9.
Specifically, I used DUP1 fibroblasts (section 2.2.2, table 2.1), which carry a duplication
of DMD exons 5-11.
As a vehicle to deliver CRISPR/Cas9 in this cell type I chose the human
immunodeficiency virus type I (HIV-1)-based lentiviral particles, as these are able to
transduce a broad range of cell lines, including fibroblasts479–481.
For production of lentiviral particles expressing LentiCRISPR1 and LentiCRISPR2
transgenes, I used the second generation packaging system, as this method produces
high functional titres482.
I also assembled two control lentiviral particles which expressed the LentiCRISPREGFPsgRNA5 (Addgene 51764) and the pLJM1-EGFP (Addgene 19319) transgenes
(Fig.2.3 and Fig.2.4, section 2.1.2.c. and 2.1.2.d).
LentiCRISPR-EGFPsgRNA5 plasmid (from now on referred as LentiCRISPR5)
expresses a sgRNA that targets enhanced GFP (EGFP). As EGFP is not expressed in
either HEK 293T or primary fibroblasts, the nuclease expressed by this vector is not
expected to cause genome cleavage within these cell types. For this reason, I used
lentiviral particles expressing LentiCRISPR5 as a negative control for the genome
editing.
Conversely, pLJM1-EGFP does not express any Cas9 component but an EGFP protein
which can be used to discriminate positively transduced cells and thus quantify the
transduction efficiency. For this reason, I considered lentiviral particles expressing
pLJM1-EGFP as a positive control for monitoring the transduction success.
These controls are summarized in table 4.1 (below).
Control (+/-)

Transducing particles

Function

-

None

Monitor assay background

-

LentiCRISPR5

Monitor non-specific genomic cleavage

+

pLJM1-EGFP

Assess transduction efficiency

Table 4.1. List of controls included for CRISPR/Cas9 transduction in primary DMD
fibroblasts.
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Before generating the viral particles, I verified each of the plasmids requisite for the viral
assembly (sections 2.1.2.a and 2.1.2.c-f) by restriction digest with specific enzymes
(section 2.1.3) and ran the digestion products on a 2% agarose gel, later visualized in
a blue-light transilluminator. The digestion of each plasmid gave rise to fragments of
the expected size (section 2.1.3).
To assess the titre of my lentiviral particles I used qPCR, as indicated in section 2.1.7.
. The titres, expressed as viral genome (vg)/ml, were:
-

LentiCRISPR-EGFPsgRNA5 = 3.80 x 108

-

pLJM1-EGFP = 4.23 x 107

-

LentiCRISPR1 = 2.13 x 108

-

LentiCRISPR2= 1.57 x 108

4.3.2. Transduction of HEK 293T cells
I tested the lentiviral particles in HEK 293T cells first. Specifically, I seeded 1x105 HEK
293T cells in each well of a six-well plate and transduced them with increasing doses
of the lentiviral particles expressing LentiCRISPR1 and LentiCRISPR2, from MOI 1 to
100. I did this experimental step to identify the minimal load of lentiviral particles that
allowed me to identify the CRISPR/Cas9-mediated cleavage, and to determine the MOI
that combined the highest cleavage efficiency with the lowest cell toxicity.
The lentiviral particles expressing the control transgenes pLMJ1-EGFP (+ control) and
LentiCRISPR5 (- control) were used at the intermediate transducing dose of 50 MOI.
At 48 hours post-transduction, I checked the fluorescence of HEK 293T cells
transduced with lentiviral particles expressing the pLMJ1-EGFP vector. According to
microscopic analysis, I estimated the transduction efficiency to be 60%. As the
transduction was successful, 24 hours later I extracted genomic DNA from nontransduced cells and cells transduced with LentiCRISPR1, LentiCRISPR2 and
LentiCRISPR5, and amplified it with the primers designed for the T7 assay (sequence
detailed in section 2.3.4).
I performed the T7 assay on 200 ng of amplicons and run the reaction products on a 420% TBE gel (section 2.3.8.) (Fig.4.2). In samples from non-transduced cells and cells
transduced with LentiCRISPR5 at MOI 50 (- controls), I only observed the band
corresponding to the full-length amplicon. In contrast, in samples transduced with
lentiviral particles expressing LentiCRISPR1, I observed the expected cleavage pattern
at transducing dosages higher or equal to MOI 50. Transduction with lentiviral particles
expressing LentiCRISPR2 (starting from MOI 20) gave cleaved fragments of the
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expected size. This experiment demonstrated that my lentiviral particles can efficiently
target genomic DNA in HEK 293T cells at doses equal or higher than MOI 20.
Moreover, I observed that the genomic cut efficiency increased proportionally to the
increase of lentiviral particle load. Cleaved bands appeared to be more intense in
samples expressing LentiCRISPR2 rather than LentiCRISPR1 and densitometric
quantification confirmed this. In fact, in cells expressing LentiCRISPR1, the cleavage
efficiency was 16.6% (MOI 50) and 26.4% (MOI 100), while in cells expressing
LentiCRISPR2 the efficiency of cut was 20.1% at MOI 20, and increased up to 22.9%
(MOI 50) and 33.7% (MOI 100).
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Figure 4.2. T7 assay on transduced HEK 293T cells.
T7 assay was performed on DNA deriving from HEK 293T cells transduced with
increasing MOIs of LentiCRISPR1 (lanes a-e) and LentiCRISPR2 (lanes h-n) lentiviral
vectors. Negative controls represented by non-transduced cells (UT, lane f) and cells
transduced with MOI 50 of the LentiCRISPR5 lentiviral vector (lane g) were at this stage
only amplified with the primers designed for the sgRNA2 target site. Cleaved bands of
the expected size (red stars for LentiCRISPR1 and yellow stars for LentiCRISPR2
transduced cells) were only detected in HEK 293T cells transduced with a minimum
MOI of 50 and 20 for LentiCRISPR1 and LentiCRISPR2, respectively. The size of
LentiCRISPR1 cleaved fragments was 437 bp and 237 bp, while the size of cleaved
fragments generated by LentiCRISPR2 was 281 bp and 149 bp. The 100 bp ladder
from NEB was run alongside the samples.
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4.3.3. Transduction of primary fibroblasts
a) Transduction of primary fibroblasts with in-house produced lentiviral vectors
Once I had confirmed that the lentiviral particles expressing LentiCRISPR1 and
LentiCRISPR2 were able to target genomic DNA in HEK 293T cells, I screened their
efficiency in the control primary fibroblasts DYS+ (table 2.1, section 2.2.2), which has
a wild-type DMD gene. Successful cleavage in DYS+ would have allowed me to test
the designed LentiCRISPRs in the patient derived DUP1 cells.
I first verified if cellular stress was already present DYS+ and DUP1 fibroblasts prior to
the transduction. I did this expanding both cell lines from passage 5 until passage 10
and staining them with phalloidin. I observed stress fibers in both cell lines. In DUP1
cells at passage 5, 6 and 7 I noticed an higher number of thick stress fibers than in
DYS+ (Fig.4.3). Stress fibers appeared to be more evident in areas where cells were
confluent. I did not observe, instead, a considerable difference between DYS+ and
DUP1 cells stained at passage 8, 9 and 10 (Fig.4.3). By virtue of this observation, I
transduced cells starting from a low passage number and did not consider cells beyond
passage 10. This because cells older than passage 10 would have reached senescence
too quickly to verify genome editing.
I started by testing a series of increasing MOIs in the DYS+ control fibroblast cell line. I
did this to identify the optimal viral load to be used for CRISPR/Cas9 expression in
patient-derived fibroblasts. Initially, I screened MOIs previously tested in HEK 293T
cells (section 2.2.13.a) to investigate if these doses led to a similar cleavage pattern
when transducing primary fibroblasts. I performed each set of transductions twice, each
being a biological replicate.
As negative controls for the genomic cleavage, I considered non-transduced cells and
cells transduced with the lentiviral vector expressing LentiCRISPR5 at the highest
screened MOI (100). I also transduced cells with the lentiviral particles expressing
pLJM1-EGFP at the intermediate MOI 50, and estimated the transduction efficiency to
be 30 %.
Three days post-transduction, I extracted genomic DNA from 5x104 cells transduced
with LentiCRISPR vectors and non-transduced cells (section 2.3.1), but not from cells
expressing pLJM1-EGFP, as these were only used to monitor the efficiency of
transduction.
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Figure 4.3. Phalloidin staining of primary fibroblasts.
DYS+ and DUP1 fibroblasts from passage 5 until passage 10 were fixed, permeabilized
and stained with phalloidin. Red stars indicate the most evident stress fibers detected
in both cell lines. Cells were imaged with the Olympus IX71 inverted microscope at a
magnification of 20X. Scale bar = 50 μm.
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I quantified DNA by NanoDrop spectrophotometer (section 2.3.2) and amplified it by
tdPCR (section 2.3.4). After this, I did the T7 assay and ran the reaction products on a
4-20% TBE gel (section 2.3.7 and section 2.3.8).
Unexpectedly, I did not observe any of the cleaved fragments I previously observed in
HEK 293T cells transduced with a similar viral load. Furthermore, I detected nonspecific bands not only in cells transduced with the nuclease, but also in the negative
control samples (i.e. non-transduced cells and cells transduced with 100 MOI of
LentiCRISPR5 (Fig.4.4.A).
These results suggested that the MOIs that were effective in HEK 293T cells were not
sufficient to mediate genome editing in human control fibroblasts. I therefore repeated
the DYS+ transduction with increasing MOIs, up to 150. In this dose range study, I also
included the highest MOI used in the previous experiment (MOI 100). Negative controls
were represented by non-transduced cells and cells transduced with viral particles
expressing LentiCRISPR5 at MOI 150 (the highest). I also transduced the human
fibroblasts with the lentiviral vector expressing pLMJ1-EGFP at the same MOI of
LentiCRISPR5 (150 MOI). Also, differently from the first fibroblast transduction, I plated
cells on Matrigel (section 2.2.3) to aid their survival and enhance their proliferative
ability483. This proved to be beneficial, as Matrigel allowed a better survival rate (80%
of viable cells 48 hours after transduction) compared to the previous experiment.
Two days after transduction, microscopic analysis of the cells transduced with lentiviral
particles expressing pLMJ1-EGFP (MOI 150) showed EGFP expression in
approximately 70% of fibroblasts.
I performed DNA extraction, amplification and T7 assays on non-transduced and
samples transduced with LentiCRISPR1, LentiCRISPR2 and LentiCRISPR5 (section
2.3.2 and 2.3.7). However, I detected only background nonspecific bands in T7 assay
of samples expressing either LentiCRISPR1 or LentiCRISPR2. These background
bands were also detected in the negative controls (i.e. untreated cells and cells
transduced with LentiCRISPR5 at MOI 150) (Fig.4.4.B). This negative result indicated
that, for the genomic cleavage to occur, CRISPR/Cas9 nuclease transduction in human
fibroblasts needed to be optimized further.
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Figure 4.4.T7 assay on transduced human-derived fibroblasts.
A) T7 assay was performed on DNA deriving from control fibroblasts cells transduced
with the MOIs of LentiCRISPR1 (lanes c-g) and LentiCRISPR2 (lanes l-p) lentiviral
vectors previously screened in HEK 293T cells. Negative controls were non-transduced
cells (UT, lanes a and h) and cells transduced with MOI 100 of the LentiCRISPR5
lentiviral vector (lanes b and i). None of the expected cleaved bands was detected in
this cell type, even at 100 MOIs. B) T7 assay performed on DNA deriving from control
fibroblasts transduced with lentiviral vectors expressing LentiCRISPR1 (lanes c-e) and
LentiCRISPR2 (lanes h-l). Transducing MOI values were increased up to 150. Negative
controls were non-transduced cells (UT, lanes a and f) and cells transduced with MOI
150 of the LentiCRISPR5 lentiviral vector, which targets EGFP (not expressed in human
cells) (lanes b and g). Only non-specific bands were detected, indicating the need of
either higher viral loads or of having a selection of targeted cells only. The 100 bp ladder
from NEB was run alongside the samples.
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b) Transduction of primary fibroblasts with commercial lentiviral particles
At this point, I decided to include a selection method to purify the transduced cells. I
chose to use a vector that could express both CRISPR/Cas9 and a fluorescence
marker, so that I could detect fluorescent cells (expressing the nuclease) at 48 hours
post transduction.
For this purpose, I purchased lentiviral particles which co-expressed sgRNA2 (the most
efficient sgRNA in HEK 293T cells), Cas9 and EGFP (Fig.2.7), to provide a means to
select transduced cells by either fluorescence microscopy or fluorescence activated cell
sorting (FACS). In the transgene expressed by these lentiviral particles (LentiDMD2),
the co-expression of Cas9 and EGFP was achieved via a T2A linker, one of the selfcleaving peptides used to allow bicistronic transgene expression in eukaryotic cells484.
As the titre of lentiviral particles provided by the company was higher (109) than that
obtained for the viral particles I produced (107-108), this allowed me to transduce DYS+
fibroblasts with considerably high dosages (up to 1000 MOI). In particular, I tested three
doses: MOI 150, MOI 500 and MOI 1000 (Fig.4.5). The only negative control I included
in this set of experiment was non-transduced cells. I did not include the positive control
previously used to monitor the transduction efficiency (i.e. lentiviral particles expressing
pLJM1-EGFP). This was because the new lentiviral particles already express EGFP,
and should be therefore indicative of the transduction efficiency. For each MOI,
transduction was performed twice (technical replicate). I assessed cell fluorescence by
fluorescent microscope analysis at both 48 and 72 hours post-transduction. However,
unexpectedly, at neither of these time-points could I detect a fluorescent signal
distinguishable from the background that I also observed in non-transduced cells
(negative control for transduction) (Fig.4.5). I repeated the transduction in culture
medium supplemented with 8 μg/mL of the cationic polymer polybrene, as it acts as
enhancer of the transduction efficiency by attenuating the charge repulsion occurring
among the viral particles and the sialic acid expressed on the cell surface485. However,
the outcome did not change (Fig.4.5).
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GFP

Figure 4.5. Transduction of LentiDMD2 in patient fibroblasts.
DYS+ fibroblasts were transduced with increasing LentiDMD2 doses represented by
MOIs 150 (b and e), 500 (c and f) and 1000 (d and g). Transduction was performed
both in the presence (b-d) and absence (e-g) of polybrene, a transduction enhancer. As
a negative control, untreated cells were used (a). After 48 hours, cell nuclei were stained
with DAPI and imaged with the Olympus IX71 inverted microscope. The analysis of
GFP fluorescence was inconclusive, as in all samples GFP expression was only
background, indistinguishable from the non-transduced cells. Scale bar = 100 μm.

127

To investigate the reason behind such poor transduction efficiency, I transduced DYS+
fibroblasts in parallel with either lentiviral particles expressing LentiDMD2 or those
expressing pLMJ1-EGFP, produced in-house (section 2.1.6). I used lentiviral particles
expressing pLMJ1-EGFP as a positive control for monitoring the transduction efficiency,
as these were able to transduce fibroblasts (as I observed from the previous
experiments). Non-transduced cells were also included as a negative control. As
expected, there were fluorescent cells following transduction with the lentiviral particles
expressing pLMJ1-EGFP, even at the lowest viral dose tested (MOI 150) (Fig.4.6.A).
In contrast, I did not observe fluorescent cells following transduction with lentiviral
particles expressing LentiDMD2, even at the highest dose used (MOI 1000)
(Fig.4.6.B).Taken together, these experiments led me to conclude that LentiDMD2 was
ineffective.
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Figure 4.6. Comparison of transduction efficiency between lentiviral particles
expressing LentiDMD2 and pLMJ1-EGFP.
Cells were transduced with increasing loads of viral particles expressing either
LentiDMD2 (commercial) or pLMJ1-EGFP (produced in-house) transgenes. Untreated
cells are represented in panels a) and b) of both A and B panels. A): Transduction with
lentiviral particles expressing pLMJ1-EGFP. B): Transduction with lentiviral particles
expressing LentiDMD2. c)-d): DAPI and GFP expression in cells transduced with MOI
150; e)-f): DAPI and GFP expression in cells transduced with MOI 500; g)-h): DAPI
and GFP expression in cells transduced with MOI 1000. GFP expression was detected
in cells transduced with lentiviral particles expressing pLMJ1-EGFP at MOI 150, but not
with any of the MOIs tested of lentiviral particles expressing LentiDMD2. Scale bar =
100 μm.
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4.3.4. Nuclear electroporation of primary fibroblasts
In order to overcome the low efficiency observed with the lentiviral vectors, I explored
non-viral methods as an alternative approach to deliver CRISPR/Cas9 to primary
fibroblasts.
Among the non-viral methods available to express CRISPR/Cas9 in human fibroblasts,
I chose nuclear electroporation (nucleofection) through a device developed by the
company Amaxa. This was because nucleofection has been previously shown to
achieve transfection in cell lines that are resistant to transfection with standard
transfection reagents, by using electroporation parameters and reagents standardized
for each cell type486–488.
Electroporation efficiency is thought to reduce significantly with increasing DNA
sizes489. Therefore, as lentiviral plasmids are more than 10 kb in size, I had to consider
a different plasmid for CRISPR/Cas9 expression. For this reason, I purchased two nonviral CRISPR/Cas9 plasmids which shared the same backbone but expressed two
different sgRNAs. These vectors (CRISPR2σ and CRISPR0) had a DNA length of
around 8.3 kb and could co-express the sgRNA as well as Cas9 and EGFP fused via a
2A sequence, consistent with the LentiDMD2 vector (Fig.2.8).
The advantage of these vectors is that they allow the visual identification of cells
expressing EGFP (and consequently Cas9) and enable EGFP-selection of cells via
FACS. In this way, cells expressing the nuclease can be isolated and expanded for the
further assessment of Cas9 cutting efficiency. Similarly to LentiDMD2, sgRNA
expression was driven by the U6 promoter but, instead of the tEF1σ promoter, Cas9EGFP expression was driven by the constitutive CMV promoter. CRISPR2σ expresses
sgRNA2, while the sgRNA found in CRISPR0 recognizes a sequence not present in the
human genome and therefore, together with untreated cells, was used as a negative
control.
The controls included in this set of experiments are summarized in table 4.2 (below).
Control (+/-)

Plasmid to electroporate

Function

-

None

Monitor assay background

-

LentiCRISPR5

Monitor non-specific genomic cleavage

+

pLJM1-EGFP

Assess transfection efficiency

Table 4.2. List of controls included for CRISPR/Cas9 electroporation in primary DMD
fibroblasts.
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I grew both plasmids and verified them by restriction digest as detailed in sections
2.1.1.c-e and 2.1.3, respectively. The products of the digestion reaction were run on a
2% agarose gel, where I detected fragments of the expected size by means of a bluelight transilluminator (section 2.3.5).
a) Validation of CRISPR2σ and CRISPR0 in HEK 293T cells via Lipofectamine
transfection
I transfected HEK 293T cells with the above plasmids, keeping the previously optimized
plasmid DNA:Lipofectamine 2000 ratio constant (section 2.2.11.a.). In parallel, I also
transfected HEK 293T cells with the previously tested LentiCRISPR2 and pLMJ1-EGFP
vectors. The inclusion of LentiCRISPR2 plasmid allowed me to ensure that CRISPR2σ
plasmid was functional and, when expressed in HEK 293T cells, it could lead to a
cleavage pattern similar to that previously obtained with LentiCRISPR2. pLMJ1-EGFP
plasmid served as a positive control to monitor the efficiency of transfection. As
expected, 48 hours post-transfection, I detected fluorescent cells in cells transfected
with pLMJ1-EGFP, CRISPR0 and CRISPR2σ (Fig. 4.7).
The efficiency of transfection (calculated as the ratio between the number of fluorescent
cells and the total number of cells in the chosen field) was similar for all the three
plasmids (32.0% +/- 1.09). Three days later I extracted the genomic DNA of nontransfected cells and cells transfected with the CRISPR/Cas9-expressing plasmids and
I performed DNA amplification. From now on, I used a different primer couple designed
to amplify a larger fragment (728 bp) of the sgRNA target region (sections 2.3.1 and
2.3.4).
The sequence of these new primers is indicated below:
CRISPR2 New-FW: 5’ TGGATGCCAAAACCTACAGT 3’
CRISPR2 New-REV: 5’ GTACGGCAGCTCTTCAAAAA 3’
I performed the T7 assay on these amplicons and run the products on a 4-20% TBE gel
(section 2.3.7 and 2.3.8). This allowed me to confirm that CRISPR0 had no unspecific
cleavage activity, while CRISPR2σ had the same pattern of cutting as LentiCRISPR2.
Moreover, LentiCRISPR2 and CRISPR2σ had a similar efficiency (35.2% for
CRISPR2σ versus 29.9% for LentiCRISPR2) (Fig.4.8).
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Figure 4.7.GFP fluorescence monitored on transfected HEK 293T cells.
HEK 293T cells were transfected via Lipofectamine 2000 with either pLMJ1-EGFP,
CRISPR0 or CRISPR2σ plasmids. GFP fluorescence was confirmed 48 hours post
transfection. Images were captured by the Olympus IX inverted fluorescent microscope
at a magnification of 5X. Scale bar = 200 μm.
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Figure 4.8.T7 assay performed on HEK 293T cells transfected with the pCMV-Cas9GFP vectors.
CRISPR0 and CRISPR2σ vectors were transfected into HEK 293T cells. As expected,
similar to the untreated cells also used as negative control for genomic cleavage (lane
a), CRISPR0 vector did not elicit any specific cleaved bands, thus confirming its inability
to cut the target site (lane c). Cleaved fragments of the expected size (511 bp and 217
bp) were detected upon transfection of both CRISPR2σ (green stars in lane d) and
LentiCRISPR2 plasmid (yellow stars in lane b). A 100 bp ladder (NEB) was run
alongside the samples.
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b) Nucleoporation of CRISPR2σ and CRISPR0 in primary fibroblasts
The electroporation program recommended by Amaxa for primary fibroblasts was
B032. I tested this and two other programs (U024 and P022) which, according to
Amaxa, are associated with the highest efficiency of delivery and with the highest
viability, respectively. This step allowed me to identify the best electroporation condition
for the delivery of CRISPR0 and CRISPR2σ in primary cells. The DNA amount (2.5 μg)
remained constant across the electroporation conditions. At first, I electroporated DYS+
cells with the control CRISPR0 plasmid only and, 48 hours after, I isolated GFP-positive
cells via FACS (sections 2.2.12.b and 2.2.14.a) (Fig.4.9). The experiment was repeated
twice (technical replicate). Among the three electroporation programs, both B032 and
P022 gave an high percentage of EGFP-positive cells (32.7% +/- 0.11 and 23.3% +/0.92 respectively), while U024 resulted in only 8% +/- 1.78 of EGFP-positive cells. I
chose P022 as, compared to B032, it resulted in a limited cell death (<30%).
Using these optimized nucleofection conditions, I electroporated 2.5 μg of CRISPR0
and CRISPR2σ plasmids DNA into 5 x 105 DUP1 patient-derived fibroblasts (table 2.1,
section 2.2.2). The experiment was performed three times, each being a biological
replicate. Non-treated cells were included as a negative control. 48 hours postelectroporation, the percentage of EGFP-positive cells observed by fluorescence
microscopy (section 2.3.23) accounted for about 60% of the total cell population. As the
majority of cells expressed the nuclease, I collected DNA from the total cell pool (without
isolating EGFP positive cells), amplified it and performed the T7 assay (sections 2.3.1
and 2.3.4). However, when I run the products of the T7 assay on the 4-20% TBE gel, I
observed only the upper full-length amplicon band. This suggested that the inclusion of
the untargeted population might have overcome the edited cells, thus masking the
nuclease effect and leading to the cleaved fragments being missed (Fig.4.10).
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Figure 4.9. Screening of electroporation programs in primary control fibroblasts.
DYS+ fibroblasts were electroporated with the CRISPR0 plasmid by means of
electroporation programs U024 (top right), P022 (bottom left) and B032 (bottom right).
Since CRISPR0 expressed EGFP, the extent of fluorescence correlated with
electroporation efficiency. B032 had the highest efficiency, but P022 resulted in more
viable cells.
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Figure 4.10. T7 assay performed on the total population of patient-derived fibroblasts
electroporated with the pCMV-Cas9-GFP vectors.
CRISPR0 and CRISPR2σ vectors were electroporated into patient-derived cells by
using the electroporation program P022 of the Amaxa device. T7 was performed on
DNA derived from the total cell population, without sorting for GFP-positive fibroblasts.
In both samples electroporated with CRISPR/Cas9-expressing plasmids and untreated
cells (UT), I only detected the full length-band of 728 bp. A 100 bp ladder (NEB) was
run alongside the samples.
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To test this hypothesis, DUP1 electroporation was repeated three times (biological
replicates). However, instead of collecting the total cell population, at 48 hours postnucleofection, I isolated EGFP-positive cells (26.02% +/- 0.5) via FACS sorting (section
2.2.14.a). This allowed me to examine only the cells expressing the nuclease while
discarding the non-targeted ones. I expanded the sorted cells to about 3 x105 in one
well of a six-well plate and their DNA was extracted and amplified for T7 assay (sections
2.3.1 and 2.3.4-2.3.6.). Even here, the T7 assay outcome was similar to when the whole
cell population was considered, as I observed only the molecular band representative
of the entire amplicon (Fig.4.11).
This led me to assume that Cas9 targeting in human fibroblasts might be dependent on
the nuclease load to each cell. To test this, I performed a further nuclear electroporation
in DUP1 fibroblasts in triplicate with subsequent sorting of the GFP-positive cells
(section 2.2.12.a and 2.2.14.a). However, I collected only the cells with the highest GFP
expression (top 20%), which appeared as the brightest. I expanded the sorted cells and
extracted their DNA, which was amplified and used for the T7 assay (section 2.3.1 and
2.3.4-2.3.6). This time, running the T7 reaction products on a TBE gel gave cleaved
bands of the expected size, whilst in cells electroporated with CRISPR0 and in nontreated cells (i.e. negative controls), there was only the band corresponding to the noncleaved amplicon (Fig.4.12). Quantitative analysis based on band densitometry
revealed a mean cleavage efficiency of 28% +/- 1.23 across all triplicates.
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Figure 4.11.T7 assay performed on the GFP-positive patient-derived fibroblasts
electroporated with the pCMV-Cas9-GFP vectors.
CRISPR0 and CRISPR2σ vectors were electroporated into patient-derived cells by
using the electroporation program P022 of the Amaxa device. T7 was performed on
DNA derived from the total GFP-positive population. Other than the 728 bp amplicon
band observed in untreated cells and cells electroporated with CRISPR0 (lanes a and
b), only non-specific bands appeared in GFP-positive cells expressing CRISPR2σ (lane
c). A 100 bp ladder (NEB) was run alongside the samples.
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Figure 4.12.T7 assay performed on the Top 20% GFP-positive patient-derived
fibroblasts electroporated with the pCMV-Cas9-GFP vectors.
CRISPR0 and CRISPR2σ vectors were electroporated into DUP1 patient-derived cells
by using the electroporation program P022 of the Amaxa device. T7 was performed on
DNA derived from the brightest GFP-positive population (Top 20%). A) Cleaved band
of the expected size of 511 bp and 217 bp (yellow stars) appeared only in DNA extracted
from the brightest cells pool (lane e) but not in the total GFP population expressing
CRISPR2σ (lane c), and was absent in the negative controls (untreated fibroblasts and
cells electroporated with CRISPR0) (lanes a, b and d). B) T7 assay repeated on the top
20% GFP-population confirmed the cleavage in CRISPR2σ expressing cells (lanes ce) only. A 100 bp ladder (NEB) was run alongside the samples.
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4.3.5. MyoD transduction
Since dystrophin is poorly expressed in fibroblasts468, I could not detect if the genomic
targeting observed in DUP1 cells via the T7 assay led to the correction of dystrophin
transcript and protein. Therefore, I had to differentiate DUP1 fibroblasts into myoblasts
and eventually fuse them into myotubes, as only myotubes express dystrophin490. To
induce myogenesis,

I transduced DUP1 fibroblasts with an adenoviral vector

expressing the MyoD transcription factor491.
The adenoviral vectors of serotype 5 Ad5.f50.AdApt.MyoD and Ad5-CMV-MyoD (Sirion
Biotech) have been previously used to deliver MyoD into human fibroblasts492.
However, their efficiency considerably varied across the human fibroblasts cell lines in
which they were tested and was generally poor. This may have been because nonmodified adenoviruses belonging to the serotype type 5 prevalently infect target cells
by exploiting the coxsackievirus-adenovirus receptor (CAR), which is expressed at very
low levels in human fibroblasts493. Also, these vectors did not carry any selection
cassette (either antibiotic or fluorescent marker) so transduced cells could not be
selected. To overcome these issues I selected a third adenoviral vector expressing
MyoD: Ad(RGD)-GFP-h-MyoD1 (Vector BioLabs). This vector uses its ArginineGlycine-Asparagine motif (RGD motif) to bind σv integrins, which are expressed on
fibroblast surface494. Through this mechanism, they can bypass the entry via CAR
receptors. Moreover, the vector concomitantly expresses both MyoD and GFP, allowing
visual monitoring of the transduction efficiency by the presence of GFP-expressing
cells. As the expression of both MyoD and GFP cDNA is driven by a CMV promoter, I
inferred that a positive fluorescence signal in transduced cells would have also been
indicative of MyoD expression.
Initially, I tested a range of viral doses (50-100-200 MOIs) to identify the one that gave
the highest transduction efficiency (Fig.4.13) (section 2.2.13.b.). As recently
reported389, around 80% of target cells were expressing GFP 24 hours posttransduction with an MOI of 100, suggesting this was the optimal viral dose. Finally, as
myotubes were required to evaluate dystrophin transcript and protein, I cultured
transduced cells with DMEM culture medium supplemented with 2% horse serum for 9
days (section 2.2.13.b) to induce terminal differentiation and obtain myotubes.
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Figure 4.13. Fibroblast transduction with Ad(RGD)-GFP-h-MyoD1 viral vector.
Patient fibroblasts were transduced with increasing doses of the adenoviral vector
expressing the MyoD transcription factor. MOIs tested were 50, 100 and 200.
Transduction efficiency was calculated by counting the number of GFP+ cells and
estimated as 55% +/- 1.23 (MOI 50), 78% +/- 2.30 (MOI 100) and 69% +/- 1.58 (MOI
200). The best transduction efficiency was obtained with MOI 100, used for subsequent
experiments. Fluorescence was assessed with the Olympus IX71 Inverted microscope
at a magnification of 10X. Untreated cells (UT) were used as a negative control. Scale
bar = 100 μm.
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Despite maintaining the viral load suggested by Wojtal et al.389, the percentage of nuclei
in myotubes or “fusion index” was less than 10%. This was unexpected, giving the high
percentage of GFP-positive cells observed at 48 hours post-transduction (around 80%)
(Fig.4.13). I therefore hypothesized such that poor differentiation efficiency was a
consequence of the medium used for the differentiation. To verify this, I repeated the
transduction and tested two other differentiation media. One was composed of DMEM
supplemented with 1% FBS and 1% GlutaMax. The other was DMEM without serum
but supplemented with 1% GlutaMax (section 2.2.13.b) (Fig.4.14). The transduction
and testing of these differentiation conditions was repeated three times (technical
replicate). I fixed and permeabilized cells as detailed in the section 2.3.15. Desmin
immunostaining was performed to identify myogenic cells (section 2.3.17.a) but, even
using these conditions, I detected only rare myotubes (fusion index less than 15%) in
cells cultured with 2% horse serum or 1% FBS (Fig.4.15). These results highlighted the
need to identifying reproducible conditions for this process. Further optimization is
therefore required.
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Figure 4.14. Three differentiation conditions tested in transduced fibroblasts (MOI 100).
Successfully transduced cells expressing MyoD were differentiated by using three
conditions: 2% horse serum (HS, a), 1% fetal bovine serum (FBS, b), no serum (NS, c).
Fluorescence was assessed with the Olympus IX71 Inverted microscope at
magnification 5X. Untreated cells were used as a negative control. Scale bar = 500 μm.
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Figure 4.15. MyoD and desmin immunostaining.
Differentiated MyoD-transduced cells were fixed with 4% paraformaldehyde and
permeabilized with Triton-X. Then they were incubated with DAPI, the mouse antibody
targeting human desmin and the secondary antibody 594, which gives a red fluorescent
signal. GFP expressed by successfully transduced cells should be also indicative of
MyoD expression. Fluorescence was assessed with the Leica DMR fluorescent
microscope at a magnification of 10X. Non-transduced cells (a-d) were used as a
negative control. Transduced fibroblasts differentiated with 2% horse serum (e-h), 1%
foetal bovine serum (i-n) and no serum (o-r). Scale bar = 100 μm
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4.4 DISCUSSION
In the present chapter, I investigated the ability of CRISPR/Cas9 to target intron 9 of
the human DMD gene in DUP1 patient-derived fibroblasts, carrying a DMD duplication
spanning exons 5-11.
To deliver CRISPR/Cas9 into the cells, I considered both viral and non-viral methods.
The use of integrating lentiviral particles was my first choice, as transgene transfection
has generally a low efficiency in primary fibroblasts, especially with plasmids of
considerable size like LentiCRISPR ( around 11 kb)495. Also, lentiviral vectors provide
a number of advantages such as their large packaging capacity, broad cellular tropism
and, above all, the ability to permanently integrate into the host genome496,497. This
feature in particular was considered advantageous, as the integration of the
CRISPR/Cas9 plasmid would allow the nuclease to be continuously expressed.
Therefore, the chances of success of targeting are increased.
For this reason, I produced second generation HIV-1-based lentiviral particles to
express in fibroblasts the two best LentiCRISPRs that I previously validated in HEK
293T cells.
I decided to first test these viral particles in HEK 293T cells by doing a dose escalation
and I identified the minimal effective dose of lentiviral vectors that allowed genomic
targeting without compromising cell viability. However, when I used the same
transducing doses in fibroblasts, I did not observe genomic cleavage. I justified this
outcome considering that the titres of the LentiCRISPRs lentiviral vectors were
calculated from HEK 293T cell line, more easily transduced than fibroblasts498.
Therefore, higher viral doses might have been needed to achieve an equal level of
transduction in human fibroblasts. However, cells transduced with lentiviral particles
expressing pLJM1-EGFP vector were fluorescent, indicating that the transducing doses
I used were high enough to infect fibroblasts. I therefore questioned if a threshold of
nuclease expression was required for mediating the cut in this cell type.
I realized the need of having a selection marker to identify the transduced cells and
isolate them, so that I could clearly observe how many cells expressed the nuclease.
One possibility of selecting transduced cells was through the antibiotic resistance
cassette carried by the LentiCRISPR transgene. However, I chose to avoid antibiotic
selection because to obtain a pure CRISPR-expressing fibroblast population, I would
have had to culture the cells for about 14 days499. Once transduced cells would have
been selected, I would have had to expand them to assess their cleavage efficiency.
The multiple passaging steps needed to reach this point would have increased the risk
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of the cells reaching senescence. This issue would have been further exacerbated by
the fact that fibroblasts do not express dystrophin, and for analysing dystrophin
transcript and protein I would have had to manipulate them through the forced
expression of the myogenic factor MyoD to induce myogenic differentiation. MyoDexpression has to be followed by culturing in a specific medium to induce terminal
differentiation, which takes a further 10-14 days.
I therefore decided to use a selection method based on a fluorescent marker which,
being detectable at 48 hours post-transduction, would have allowed a more rapid
estimate and isolation of the transduced cells, so that I could lower the number of
required passaging steps.
I bought lentiviral particles co-expressing both CRISPR/Cas9 components and the
EGFP protein and I took advantage of the high titre of the viral particles provided by the
company to increase the viral load even more, reaching up to the considerably high
dose of 1000 MOI.
Unexpectedly, I observed that this dose did not elicit signs of cells toxicity nor a clearly
distinguishable EGFP-positive signal, whereas the same dose of lentiviral particles
expressing pLMJ1-EGFP plasmid (produced in house) gave instead both a clearly
detectable EGFP expression and toxicity. Taken together, these results suggest that
the purchased lentiviral vectors were not infectious and/or defective in their ability to
express the transgene they carried. However, different methodologies were used to
titrate the commercial lentiviral particles and the ones produced in house (p24 ELISA
assay versus qPCR). This might have resulted in a different estimate of the viral
genomes/ml, inevitably resulting in different viral doses at the same MOIs. qPCR in fact,
estimates the titre by assessing the number of viral copies integrated into the genome,
while p24 ELISA quantifies the viral particles expressing the capsid protein p24.
Therefore, this last method might overestimate the titre including the empty viral
particles that are fully formed (and therefore express p24) but do not express any
transgene500.

I then investigated non-viral alternatives for delivering CRISPR/Cas9 in primary
fibroblasts.
I considered that, if successful, transient transfection would have been safer for future
in vivo applications, as the plasmid generally remains episomal and is diluted during
each cell division. This would limit its risk of creating off-target effects (section 1.8). The
tool I chose to achieve transient transfection in the patient-derived fibroblasts was an
advanced electroporation method (nucleofection) potentially able to maximize
transfection efficiency, as it exploits specific electric pulses to increase the permeability
of the nuclear membrane and deliver the vector to the nucleous501. I considered that,
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as it is performed by a device set up with customizable parameters and electrical pulses
for a wide range of cells, nucleofection would have abrogated the need of producing
high-titres of viral particles and eased the experimental scale-up. I identified a plasmid
that co-expressed the same guide as the lentiviral vectors I tested (sgRNA2), Cas9 and
EGFP, so that I could visually identify CRISPR-targeted cells. However, in order to
detect a genomic cleavage not only I had to isolate CRISPR/Cas9-expressing cells, but
I had to consider only cells expressing the highest level of CRISPR/Cas9. This
suggested the need of a Cas9 overload for the genomic cleavage to occur in primary
fibroblasts. I hypothesized that this overload was needed because in this cell type
dystrophin is poorly expressed and therefore the chromatin is potentially in a packaged
status that limits the access of the nuclease to the target region. In support of this
hypothesis, Horlbeck et al.502 used chemicals able to alter the chromatin conformation
and demonstrated that Cas9 efficiency varies in accordance to the accessibility of the
target loci. I considered to investigate this further using chromatin modifier agents (as
the histone deacetylase inhibitor butyric acid503), but I did not prioritize these
experiments as I reached the first milestone of my project (i.e. identify CRISPR/Cas9mediated genomic cleavage in patient-derived fibroblasts).

At this point I had to verify if the genomic targeting of CRISPR/Cas9 resulted in the
correction of dystrophin transcript and protein. Therefore, I had to force these cells
towards the myogenic lineage to obtain myotubes expressing dystrophin. I decided to
deliver MyoD into the patient-derived fibroblasts via an adenoviral vector, as these
vectors are generally transiently expressed and other investigators have reported on
their successful use504–506. I considered this feature essential to mimic the temporary
MyoD expression seen in both embryonic development and muscle regeneration, which
fluctuates through the cell-cycle476. Thinking that the transduction efficiency is the first
parameter to be considered for successful MyoD-conversion of fibroblasts, I decided to
use the Ad(RGD)-GFP-h-MyoD1 adenoviral vector (Vector BioLabs), as this vector coexpressed MyoD and GFP and allows the visualisation and selection of MyoDexpressing cells. I observed that, among the transducing dosages I tested, the one
associated with the best infectivity and lower toxicity (MOI 100) was the same one used
by Wojital et al.389. However, when I induced terminal differentiation, none of the media
conventionally used allowed me to obtain more than 15% of nuclei in myotubes in
culture after 9 days.
Even in this case, I wondered if the packed chromatin of my cells could have affected
the process. A recent paper by Manandhar et al., in fact, associated the incomplete
differentiation of fibroblasts into myoblasts to the chromatin structure of the cells of
origin507. He observed that, other than inducing the expression of genes important for
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myogenesis and its own auto-regulatory loop, MyoD influences the chromatin
conformation of the cells in which it is expressed by recruiting remodeling enzymes that
change the regulatory landscape of the cells. However, this is achieved only to a certain
extent

477,508,509

.

A particularly packed chromatin status might therefore affect the

efficiency with which MyoD triggers myogenic differentiation.
Based on these results, in future I would still rely on the GFP expression cassette for
selecting transduced cells expressing MyoD, but I would select a type of vector
associated with an easier modality of transduction (e.g. integrating lentiviral vectors)
similar to Fuente et al.510. Moreover, as I would have to ensure that the MyoD would not
be constitutively expressed, I would exploit the approach with which Chaouch et al.511
obtained up to 70% myotubes, based on the use of an inducible promoter. Exploiting
both of these factors would allow me to have a better control over MyoD expression in
future experiments.
To summarize, the experiments detailed in this chapter show that:
-

Electroporation of CRISPR/Cas9 plasmids is efficient in primary fibroblasts.

-

The isolation of cells expressing high levels of Cas9 is required to assess
genomic cleavage in these cells.

-

The myogenic induction of fibroblasts through the forced expression of MyoD
needs further optimization, especially if relatively high levels of myotubes are
required for the experimental procedure

As I could not verify if the genomic cleavage observed by the T7 assay resulted in the
removal of the duplication in dystrophin protein, I moved to the use of alternative patientderived cells (focus of Chapter 5).
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Chapter 5.

Delivery of CRISPR/Cas9 nucleases

to patient-derived myoblasts and restoration of
dystrophin duplications
5.1 INTRODUCTION
5.1.1. Myoblasts: the ancestors of the muscle fiber
Myoblasts are muscle precursor cells of mesenchymal origin that, upon their fusion,
give rise to multinucleated myotubes which in vivo constitute the muscle fiber490.
During development, the formation of mature muscle proceeds through distinct phases
involving the sequential and alternate expression of four myogenic regulatory factors
named Myf5, MyoD, MRF4 and myogenin512. The combined expression of Myf5 and
MyoD appears indispensable for the early muscle formation, while the expression of
MRF4 and myogenin is predominant during late and terminal differentiation,
respectively513.
In culture, myoblasts proliferate in presence of growth factors such as fibroblast growth
factor (FGF) until differentiation is induced: the removal of growth factors from the
culture medium prevents myoblast proliferation514, which ultimately results in myoblast
alignment and then their fusion to form the multinucleated myotubes. The possibility to
at least partially recreate the muscle structure found in vivo makes myotubes a good
cell type for the study of muscle protein like dystrophin, not expressed in other more
commonly used cell types as fibroblasts.

5.1.2. Patient-derived myoblasts: downsides and benefits
Unlike fibroblasts which can be obtained with a relatively non-invasive method (skin
biopsy), the derivation of skeletal muscle myoblasts requires a muscle biopsy, a
procedure that might be particularly burdensome for young neuromuscular patients who
need a general anesthesia rather than a local anesthesia. A muscle biopsy not only
leaves a scar, but the general anesthesia is associated with an increased risk for
malignant hyperthermia in susceptible individuals, such as those affected by DMD515.
Muscle biopsy is therefore generally performed only if needed for diagnosis, thus the
limited availability of DMD patient-derived myoblasts. Even when a primary myoblast
cell line is established, its culture is not devoid of difficulties. In fact, the percentage of
satellite cells from which myoblasts are derived is often lower in patients with
neuromuscular conditions than healthy muscles, thus providing an obstacle to the
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establishment of a proliferative myoblast population. In fact, it has been hypothesised
that the loss of dystrophin in satellite cells impairs their ability to undergo asymmetric
division from which new myoblasts are generated. Furthermore, the fibrotic/dystrophic
environment reduces the efficiency of satellite cells activation138. For these reasons
these cells cannot efficiently aid muscle regeneration516.
A pure myoblast population can be difficult to obtain following muscle biopsy, as these
cells are often contaminated with muscle fibroblasts517. Since the myogenicity of each
primary myoblast cell line (and consequently the ability of forming myotubes in vitro)
may vary depending on the percentage of non-myogenic cells present within the
preparation, it is important to assess the myogenicity of the cell preparation before
conducting experiments. In fact, dystrophin protein can be detected in myotubes but
not in myoblasts. Working on a myoblast cell line that has a limited capacity of
generating myotubes in vitro might therefore lead to the inability to study the protein of
interest. The myogenicity of each patient-derived myoblast cell line is assessed via
immunostaining for desmin, a cytoskeletal protein belonging to the intermediate
filaments, which is expressed in endothelial and muscle cells518. Although its essential
role in myoblast development and differentiation has been debated, desmin has been
reported to be expressed in myoblasts prior to MyoD expression519 and is considered
one of the earliest muscle-specific structural protein expressed in myogenesis, whose
main role is sustaining muscle strength520.
Although the identification of a pure and myogenic cell line may not be straightforward,
the use of patient-derived myoblasts might represent the ideal alternative for in vitro
proof-of-concept studies, such as the one presented here. Patient-derived myoblasts,
in fact, can be used as target cells to test and validate therapeutic tools such as
CRISPR/Cas9 so that, once the mutated protein is restored, they could be used for
autologous transplantation into patients without the need for immunosuppression.
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5.2 AIMS
The present chapter aims to:
-

Compare the ability of viral and non-viral approaches for delivering the
CRISPR/Cas9 editing tool into myoblasts derived from DMD patients carrying
dystrophin duplications

-

Demonstrate the ability of a single CRISPR/Cas9 nuclease approach of
repairing dystrophin duplications (both at genomic, transcript and protein level)
in DMD patient-derived myoblasts

Each experimental step followed to pursue these aims is indicated in Fig.5.1.
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Figure 5.1.Schematic of the experimental steps required for restoring dystrophin in
patient-derived myoblasts.
Both lentiviral particles and electroporation will be tested as tool to deliver
CRISPR/Cas9 into DMD myoblasts. Total= total cells expressing CRISPR/Cas9; High=
cells expressing high levels of CRISPR/Cas9; Low= cells expressing low levels of
CRISPR/Cas9.
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5.3 RESULTS
5.3.1. Selection of myogenic myoblast cell line
In order to assess if the CRISPR/Cas9 nuclease could remove DMD duplications and
restore dystrophin protein, I had to identify a myoblast cell line with high myogenicity.
This was to ensure the presence of a sufficient number of myotubes expressing
dystrophin, so that this could be detected by western blot. Among the DMD patientderived myoblast cell lines available to me (sections 2.2.1 and 2.2.2) and carrying a
dystrophin duplication spanning exon 9, I chose DUP2 (table 2.1, section 2.2.2) as it
was highly myogenic. DUP2 carries an in-frame duplication of exons 3-16, which results
in the production of a mutated dystrophin protein of higher molecular weight (499 kDa)
than wild-type dystrophin (427 kDa). The possibility to observe the mutated protein is
advantageous as it works as endogenous control for monitoring the extent dystrophin
protein repair.
I confirmed the myogenicity of this cell line through desmin staining and, upon induction
of terminal differentiation, the quantification of fusion index (Figures 5.2. and 5.3).
Desmin was detected in both myoblasts and myotubes following incubation with the
mouse monoclonal antibody M-0760 against human desmin (section 2.3.17.a). The
fusion index was 90%.
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Figure 5.2.Myotubes originated from terminally differentiated DMD1 myoblasts.
Myoblasts DUP2 were seeded in a six-well plate in order to be 80% - 90% confluent the
following day. These were cultured with the M2 differentiation medium for 7-9 days and
imaged by the Olympus IX inverted microscope to assess the presence of myotubes.
Myotubes are easily seen at lower magnification 10X and 20X (a), while with higher
magnification 40X their characteristic multinucleated pattern was observed (b).
Terminally differentiated multinucleated cells are shown by the yellow asterisks.
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Figure 5.3.Myogenicity of DUP2 myoblasts.
Myoblasts DUP2 seeded in each well of a 8-wells chamber slide were stained with DAPI
(1:1000) and the primary antibody AbM0760 (1:100) against human desmin (central
and bottom rows). The top row corresponds to cells incubated with DAPI and secondary
antibody only (1:1000). The fusion index was 90%. Cells were imaged by the Olympus
IX fluorescent inverted microscope at a magnification of 5X. Scale bar = 200 μm.
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5.3.2. CRISPR/Cas9 delivery in patient-derived myoblasts: viral approach
To achieve the highest possible nuclease expression, I decided to deliver
CRISPR/Cas9 in DUP2 myoblasts by means of integrating lentiviral particles.
I chose the lentiviral transgene pL-CRISPR.EFS.GFP (section 2.1.2.b), where I cloned
the sgRNA2 (section 2.1.5.d). Despite being very similar to LentiCRISPRv1 (tested in
human fibroblasts), the plasmid backbone had the puromycin resistance cassette
replaced with the EGFP cassette, fused to Cas9 via a P2A element. This would have
allowed me to isolate EGFP-positive cells (which also expressed Cas9) via FACS, as I
have also performed for the electroporated fibroblasts (section 2.2.14.a). As the
transgene itself expresses EGFP, I did not need to include lentiviral particles expressing
EGFP transgene as a positive control for monitoring the transduction efficiency. The
only control I used for this set of experiments was represented by non-transduced cells
(negative control).
I generated lentiviral particles expressing pL-CRISPR.EFS.GFP (section 2.1.6) and
tested increasing viral doses (ranging from MOI 0.4 to 25.6) in DUP2 myoblasts. I did
this to identify the best dose combining the lowest cell toxicity and the highest
percentage of transduced cells. I repeated this experiment another three times
(biological replicates).
The highest MOI (25.6) was toxic, as 90% of the cells died. The lowest MOI (0.4) was
the safest as, despite a considerably weak fluorescence which was almost undetectable
by microscopic analysis after 48 hours (Fig.5.4), this dose resulted in a better cell
viability (estimated by visually quantifying the live cells as opposed to the rounded
floating cells). The mean transduction efficiency estimated by FACS was 4.48% +/- 0.14
(Fig.5.5). Since recent evidence showed that the transduced cell populations
expressing between 5-30% GFP-positive cells are likely to carry only one viral
genome/cell521, I considered my transduction efficiency adequate for ensuring
reproducibility in the degree of nuclease expression. 72 hours post-transduction, I
collected the EGFP-positive cells via FACS (section 2.2.14.a) and expanded them
(section 2.2.6).
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Figure 5.4.Selection of the best transducing MOI.
DUP2 myoblasts were transduced with a range of viral particles doses in order to
identify the best dose to give a detectable fluorescence (indicative of the transgene
expression) while ensuring the cells’ viability. MOI dosages were scaled down from MOI
25.6 to MOI 0.4. Non-transduced cells (top row) were used as a negative control for the
transduction, and a positive control to monitor cell wellbeing. Clearly detectable EGFPpositive cells were observed with the highest MOI, although most of these were dead
(round floating cells). A faint fluorescence signal was instead detected with MOI 0.4,
which represented the less toxic transducing dosage for these cells. Cells were imaged
by the Olympus IX fluorescent inverted microscope at a magnification of 10X. Scale bar
= 200 μm.
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Figure 5.5.FACS sorting of transduced DUP2 myoblasts.
DUP2 myoblasts transduced with 0.4 MOI of the lentiviral particles expressing the pLCRISPR.EFS.GFP vector were sorted via FACS to precisely estimate the transduction
efficiency. The average transduction efficiency across the four replicates was 4.48 %
+/-0.14. Most of the fluorescent cells were close to the gated non-targeted cells,
confirming the low level of EGFP expression associated with this MOI and previously
observed microscopically.
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a) Verification of CRISPR/Cas9-mediated cleavage at genomic level
Once the sorted and expanded cells reached a number of about 3 x 105, I extracted
their DNA and amplified it for performing the T7 assay (sections 2.3.1 and 2.3.4-2.3.6).
By running the T7 assay products on a 4-20% TBE gel (section 2.3.8), I observed
cleaved bands of the expected size in all the transduced samples expressing the
nuclease, but not in the non-transduced samples (negative controls). The editing
efficiency appeared to be stable across different CRISPR/Cas9 lentiviral transduction
(LVs): LV1 = 28.3%, LV2 = 29.5%, LV3 = 30.03%, LV4 = 28.2% (Fig.5.6). The mean
editing efficiency was 29.0% +/- 0.45.

b) Verification of dystrophin transcript repair following CRISPR/Cas9 activity
I kept an aliquot of the sorted cells in proliferation medium for further expansion until
cells reached a confluence of 70-90%. Then I cultured these cells in the M2 medium
(Sigma Aldrich) to induce terminal differentiation (section 2.2.6). Terminally
differentiated myotubes (50% fusion index) were collected after 7 days (section 2.2.8)
(Fig.5.7), so that I could extract RNA and protein (section 2.3.10 and 2.3.19).
I investigated if the genomic cleavage observed in cells expressing CRISPR/Cas9
resulted into the repair of dystrophin transcript. I generated cDNA from the RNA I
extracted by non-transduced and transduced myotubes (section 2.3.11.a), and I used
it to do both RT-PCR and qPCR (sections 2.3.12 and 2.3.13.b).
I ran two parallel RT-PCRs with parameters set to selectively amplify either the restored
transcript only, or both (section 2.3.12). In this experiment, I included cDNA (provided
by Dr. John Counsell) that was previously derived from differentiated wild-type human
CD133+ cells. As these cells expressed wild-type dystrophin, I consider them as a
positive control. The controls used for this experiment are summarized in the below table
5.1. The RT-PCR was repeated three times (biological replicates).

Control (+/-)

cDNA

Function

-

Non-transduced cells

Amplify mutated transcript

+

CD133+ cells

Amplify wild-type transcript

Table 5.1.List of controls included in the RT-PCR to assess repair of dystrophin
transcript.
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Figure 5.6. T7 assay on transduced DUP2 patient-derived myoblasts.
T7 assay was performed on DNA amplicons derived from non-transduced and
transduced DUP2 myoblasts expressing CRISPR/Cas9 (MOI 0.4). Lanes a-d indicate
the full-length amplicon derived from non-transduced cells, while lanes e-h indicate
transduced cells expressing the nuclease. Two cleaved bands of the expected
molecular weight of 511 bp and 217 bp (*) are present in the transduced samples,
indicating successful genomic cleavage (mean efficiency: 29.0% +/- 0.45). A 100 bp
ladder (NEB) was run alongside the samples to monitor the size of each detected
fragment.
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MYOTUBES (day 7 post-differentiation)

Figure 5.7.Terminal differentiation of DUP2 cells.
Untreated DUP2 cells and DUP2 cells transduced with lentiviral particles expressing
CRISPR/Cas9 were induced towards terminal differentiation and imaged after 7 days.
Both fusing cells and mature myotubes were detected at this stage and appeared to be
more prominent in the untreated cells (right panel). Cells were imaged by light
microscope at a magnification of 10X. Scale bar = 500 μm.
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I observed that the intensity of the band corresponding to the restored transcript was
high in both amplification conditions. However the band corresponding to the mutated
transcript was very weak in the untreated sample and, moreover, also appeared in lanes
containing the wild-type sample (Fig.5.8). I observed this result also in different
experimental RT-PCR replicates, indicating the need to assess the accuracy of the
experimental design and primers used to assess the repair of dystrophin transcript.
The RT-PCR experiment was not pursued further, as the parallel approach based on
qPCR (section 2.3.13.b) allowed me to assess more accurately the restoration of
dystrophin transcript.
For the qPCR I used a different set of primers (2.3.13.b) designed to amplify regions of
about 100 bp. I decided to amplify regions spanning dystrophin exon 8 and 9 (within the
duplication) and the constitutively expressed GAPDH gene, that I chose as a normalizer
gene.
To confirm the specificity of the chosen primer pairs, I performed a qPCR based on
serial dilutions of cDNA derived from non-treated DUP2 myotubes and I analysed their
amplification profile. These primers did not show any non-specific activity. I therefore
repeated the qPCR. I included cDNAs from both non-treated (negative control) and
transduced myotubes. The qPCR plate was set-up including a triplicate of each sample
(technical replicate). I analysed the qPCR data by the ∆∆Ct method (section 2.3.14),
following which I derived fold changes values.
I observed that the expression of dystrophin exons 8-9 normalized to GAPDH was
diminished in transduced samples as opposed to the non-transduced ones. This
suggested a reduction of the duplicated dystrophin transcript caused by the treatment
with the nuclease (Fig.5.9.a). Such reduction was statistically significant when the
Mann-Whitney test was applied (p value= 0.0036).
However, I hypothesized that GAPDH might not have been the best normalizer to use.
This consideration came from the notion that GAPDH levels vary depending on the level
of terminal differentiation of the cells522 and the observation that, visually, the
myogenicity of the cells was reduced following the nuclease treatment (Fig.5.10).
Therefore, I introduced a different normalizer to quantify the extent of dystrophin
transcript correction. This was represented by a dystrophin region located outside the
duplication (anchor region) (section 2.3.13.b). To avoid the amplification of multiple
dystrophin transcript isoforms, I chose the anchor region before any of the dystrophin
promoters that are located throughout DMD gene (section 1.3.2), specifically within
DMD exon 20. Similarly to what I detected in data normalized against GAPDH, upon
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data analysis performed with ∆∆Ct method (section 2.3.14), I observed a reduction of
the mutated dystrophin transcript. However, differently than what I observed with
GAPDH, such reduction was not statistically different when I applied the Mann-Whitney
test (p-value = 0.28)(Fig.5.9.b).
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Figure 5.8. Identification of corrected dystrophin transcript via RT-PCR.
a) RT-PCR strategy design. An extension time of 2 minutes would allow the
amplification of wild-type (WT) and corrected transcripts (T) only, whose size is
expected to be 2,348 kb. Conversely, mutated transcripts derived from untreated (UT)
cells (4,337 kb) could only be amplified with a 4 minute extension time. b) Arrows
indicate the size of expected amplicons. Results obtained by RT-PCR matched those
predicted, as the corrected transcript was amplified (red arrows) with both extension
times, as expected. Amplicons whose size corresponded to untreated transcript were
detected only with 4 minute extension times (blue arrow), even though non-specific
amplicons appeared also in the WT sample. +RT and -RT indicate reactions set up with
and without the reverse transcriptase enzyme, respectively.
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a)

b)

Figure 5.9. Quantification of dystrophin transcript correction in transduced DUP2 cells.
qPCR was performed to assess if CRISPR/Cas9 treatment resulted in a reduced
expression of mutated transcript (represented by dystrophin exon 8-9 junction, within
the duplication). qPCR data showed a significant reduction of mutated transcript in
transduced cells expressing CRISPR/Cas9 when data were normalized to GAPDH (
p=0.0036) (a) but not when normalization was based on the anchor region dystrophin
exon 20 (p=0.28) (b). Error bars represent the standard deviation.
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Untreated DUP2

Transduced DUP2

Figure 5.10.Effect of CRISPR/Cas9 transduction on myoblast myogenicity.
DUP2 cells were induced towards terminal differentiation and imaged after 7 days by
the Olympus IX fluorescent inverted microscope at a magnification of 10X. Visually,
cells transduction (bottom row) appeared to result in the formation of fewer myotubes
than in untreated cells (top row). Scale bar = 200 μm

166

c) Verification of dystrophin protein repair following CRISPR/Cas9 activity in DUP2
cell line
I assessed dystrophin correction at the protein level via western blot (section 2.3.22).
As negative control, I included protein extracted from non-transduced cells, which
should only express the mutated dystrophin isoform. As none of the control myoblasts
cell line was myogenic, I could not obtain myotubes from which extract protein. As such,
the positive control was represented by protein extracted from the immortalized H2K
2B4 cells (provided by Dr. Silvia Torelli), which express wild-type dystrophin. These
controls are indicated in table 5.2.
Control (+/-)

Cells from which protein were extracted

Function

-

Non-transduced cells

Visualize mutated protein

+

H2K 2B4 cells

Visualize wild-type protein

Table 5.2.List of controls included in the western blot to assess repair of dystrophin
protein.
Initially, I tested TurboBlot (section 2.3.22.a) as a method to transfer dystrophin to the
PVDF membrane. I incubated the PVDF membrane with the dystrophin polyclonal
antibody Ab15227 (recognizing dystrophin C-terminus) and β-actin (section 2.3.22.a),
which I chose to monitor the success of protein transfer. I did not detect dystrophin
when the PDVF membrane was analysed with the Odyssey Infrared Imager, whereas I
could observe β-actin (Fig.5.11.a). I hypothesized that the lack of detectable dystrophin
was due to the short transfer time imposed by the Trans-Blot apparatus, which might
not have been sufficient to entirely transfer a large molecular weight protein as
dystrophin. In fact, with this protocol I could not detect even the mutated dystrophin of
higher molecular weight resulting from the in-frame mutation carried by DUP2 cells
(table 2.1, section 2.2.2).
Therefore I tested a different protocol (section 2.3.22.b) based on a longer transfer time
(Wet Blot) and signal amplification of the biotinylated secondary dystrophin antibody by
means of streptavidin-HRP (section 2.3.22.b). I incubated the PDVF membrane with
the same dystrophin polyclonal antibody as above (Ab15227) and, instead of β-actin,
with the V9131 monoclonal vinculin antibody (section 2.3.22.b). I calculated the amount
of restored protein by the ratio between the amount of duplicated and wild-type
dystrophin within the same lane. In addition, I also included vinculin in the western blot
to ensure that the same amount of starting protein was being analysed.
I chose this vinculin antibody as it also recognizes the vinculin isoform known as metavinculin, which can be distinguished from vinculin because of its slightly higher
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molecular weight. Meta-vinculin is only expressed in cardiac and skeletal muscle tissue
but not in non-muscle cells, and increases on skeletal muscle differentiation523.
Because of that, meta-vinculin can be indicative of how well differentiated cells were at
the moment of protein extraction and, consequently, of how much of dystrophin to
expect in each sample.
I observed that, despite the little dystrophin transcript restoration measured by qPCR,
protein editing was extremely efficient: the wild-type protein observed in each replicate
was quantified as approximately 50% of the total dystrophin, with a mean value of
59.9% +/- 6.74. (Fig.5.11.b and c). The values of dystrophin restoration quantified in
each of the four replicates were 49.7%, 70.1%, 72.9% and 46.9%. The outcome of the
western blot allowed me to confirm that lentiviral particles could successfully deliver and
express CRISPR/Cas9 in patient-derived myoblasts. This result indicated that the
constitutive CRISPR/Cas9 expression can correct dystrophin duplication in these cells.
Once demonstrated the efficiency of my approach, however, I considered that the
continuous expression of the nuclease in the cells might lead to the cleavage of nontarget genomic regions, thus limiting the applicability of such approach for therapeutic
purposes.
I therefore wondered if a non-viral delivery methods, that would allow a transient
CRISPR/Cas9 expression, could be used as an alternative to ensure a comparable
level of correction to that observed by means of integrating lentiviral vectors.
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(499 kDa) (427 kDa)
WT dystrophin (427 kDa)

Figure 5.11. Validation of dystrophin repair in transduced DUP2i myoblasts.
Western blot was performed to verify dystrophin protein correction in transduced DUP2
cells expressing CRISPR/Cas9. UT = protein derived from untreated cells (negative
control); LC2 = protein derived from transduced cells; WT= protein derived from the
murine H2K 2B4 cells, expressing wild-type dystrophin (positive control). a) Turbo Blot
only allowed the transfer of the wild-type (but not of the mutated) dystrophin isoform to
the PVDF membrane. Conversely, Wet blot followed by signal amplification (b) allowed
the transfer and visualization of both isoforms. c) Experimental replicates of
independent DUP2 transduction processed as (b). Wild-type (WT) and mutated
dystrophin (Mut) of 427 kDa and 499 kDa, respectively, are indicated by the red arrows.
The mean efficiency of dystrophin repair was estimated as 59.9 +/- 6.74.
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5.3.3. CRISPR/Cas9 delivery in patient-derived myoblasts: non-viral
approaches
a) Transfection by using commercially available transfection reagents
To identify a suitable non-viral method to deliver CRISPR/Cas9 to human primary
myoblasts

I

screened

three

commercially

available

transfection

reagents

(Lipofectamine2000, TurboFect and GeneJuice), each having different mechanisms to
allow DNA entry into the cell.
Similarly to Lipofectamine 2000, which forms cationic liposomes able to entrap the DNA,
TurboFect is based on cationic polymers able to complex with the negatively charged
DNA, while GeneJuice is composed of a small amount of polyamine and non-toxic
cellular protein524–526. I performed each transfection three times (biological replicates)
using the EGFP-expressing plasmid pCMV-GFP plasmid (Fig.2.10), whose size was
4,479 kb. I chose this plasmid as I wanted first to identify the best transfection condition
that I would have later used for the transfection of CRISPR/Cas9 plasmids. As a
negative control, I used non-transfected cells. For each reagent, I transfected 2 x 105
cells seeded in one well of a six-well plate (sections 2.2.11.b-d). I tested four
lipofectamine conditions based on different DNA:Lipofectamine ratios, to identify the
best one among those suggested by the manufacturer’s protocol. The amount of DNA
(2.5 μg) was kept constant across the Lipofectamine transfections, while I increased
the dose of Lipofectamine 2000 from 6 μl to 15 μl. Initially, I assessed the efficiency of
transfection by fluorescence microscopy (section 2.3.23). I quantified the ratio between
the number of cells in the plate and the GFP-positive cells in five fields randomly
acquired for each of the transfected wells (Fig.5.12). According to microscopic analysis,
none of the tested conditions had a transfection efficiency greater than 5% (Table 5.3).
To avoid under- or overestimation of the transfection efficiency which may relate to the
stochastic choice of the fields I imaged, I performed FACS analysis. In this way, I could
more precisely determine the transfection efficiency. I observed that Lipofectamine
2000 transfection (section 2.2.11.b) had a very low efficiency in the tested conditions,
apart from when 9 μl of reagents were used, which gave intensely bright GFP-positive
cells with a mean transfection efficiency of 6.84% +/- 0.64 (Fig.5.13). However, I
observed that this reagent led to a considerable toxicity which resulted in substantial
cell death (visually estimated as 60-80% depending on Lipofectamine 2000 dose). I
therefore concluded that this method was not suitable for my study.
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Phase

GFP
GFP

6 μl L2K

Phase

GFP

9 μl L2K

Phase

GFP

12 μl L2K

Phase

GFP

15 μl L2K

Phase

GFP

Figure 5.12. Lipofectamine transfection of primary myoblasts. Identification of
(Lipofectamine 2000).
Increasing doses of Lipofectamine 2000 (6 μl, 9 μl, 12 μl and 15 μl) were used to deliver
2.5 μg of the pCMV-GFP plasmid DNA amount to patient myoblasts. Transfection
efficiency was low in all the tested conditions, with an average efficiency of 3.5 +/-1.62.
Among those tested, the highest percentage of GFP-positive cells was obtained with a
Lipofectamine 2000 volume of 9 μl (4.84 +/- 0.21). Images were acquired at a
magnification of 10X. Scale bar = 200 μm
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Unstained

LF2000 – 6 μl

LF2000 – 9 μl

LF2000 – 12 μl

LF2000 – 15 μl

Figure 5.13. FACS analysis of patient-derived myoblasts transfected via Lipofectamine
2000 (LF2000).
DUP2 patient-derived myoblasts were transfected with four different doses of
Lipofectamine 2000 ranging from 6 μl to 15 μl. The percentage of GFP-positive cells
varied across conditions and was reported to be below 1% when 6 μl (0.86% +/- 0.26)
and 15 μl (0.18% +/-0.15) were used. The best Lipofectamine 2000 yield appeared to
be 9 μl, which resulted in an average efficiency of 6.84% +/- 0.64, followed by 12 μl
(3.27% +/-1.62).
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I also transfected cells with TurboFect, for which I used 2 μg of plasmid DNA and
increasing dosages of TurboFect from 4 μl to 8 μl (section 2.2.11.c). By microscopic
analysis this reagent seemed to result in a greater transfection efficiency as, on
average, 11.14% +/- 0.74 of the cells expressed GFP (Fig.5.14) (Table 5.3). However,
FACS analysis gave a different outcome, as it showed a similar efficiency to cells
transfected via Lipofectamine 2000: only one condition (8 μl TurboFect) resulted in a
slightly lower (5.3% +/-0.83) transfection efficiency compared to Lipofectamine 2000
(Fig.5.15), although with a better toxicity profile (visually cell death was estimated as
20-30%). Finally, not even GeneJuice transfection (section 2.2.11.d) produced a better
result. Its efficiency was estimated around 2% both by microscopic (2.51% +/- 0.43)
(Fig.5.14) and FACS analysis (1.89% +/- 0.18) (Fig.5.15) (Table 5.3).
Transfection

Lipofectamine2000

TurboFect

GeneJuice

4 μl

N.A.

12.33 +/-0.63

N.A.

6 μl

2.47 +/-0.08

12.42 +/-3.06

2.51% +/- 0.43

8 μl

N.A.

10.15 +/- 0.36

N.A.

9 μl

4.85 +/- 0.21

N.A.

N.A.

12 μl

4.99 +/- 0.35

N.A.

N.A.

15 μl

1.89 +/- 0.42

N.A.

N.A.

reagent

Table 5.3. Myoblasts transfection efficiency assessed by microscopic analysis.
Considering that I could not rely on any of the transfection reagents I tested, I
considered nuclear electroporation, as this technique worked in patient-derived
fibroblasts (section 2.2.12.a).
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Figure 5.14. Identification of the best transfection condition (TurboFect and GeneJuice).
TurboFect transfection: Increasing doses of TurboFect (4 μl, 6 μl and 8 μl) were tested,
while the DNA amount (2 μg) was kept constant. Transfection efficiency resulted to be
low in all the tested conditions, with an average efficiency of 11.14% +/- 0.74. Among
those tested, the highest percentage of GFP-positive cells was obtained with a
TurboFect volume equal to 6 μl (12.42 +/-3.06). GeneJuice was tested in parallel, by
using a volume of reagent equal to 6 μl. The average efficiency of transfection meant
as the number of GFP-positive cells over the total cell pool was 2.51% +/- 0.43. Images
were acquired at a magnification of 10X. Scale bar = 200 μm
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Unstained

TF – 4 μl

TF – 6 μl

TF – 8 μl

GJ – 6 μl

Figure 5.15. FACS analysis of patient-derived myoblasts transfected via TurboFect (TF)
and GeneJuice (GJ).
DUP2 patient-derived myoblasts were transfected with three different doses of
TurboFect ranging from 4 μl to 8 μl and, in parallel, with 6 μl of the GeneJuice
transfection reagent. All the TurboFect conditions resulted in a GFP expression below
1% (4 μl TurboFect = 0.083% +/-0.02, 6 μl TurboFect = 0.71% +/-0.29) with the
exception of the transfection performed with 8 μl of reagent (5.3% +/-0.83). Also
GeneJuice transfection resulted in an efficiency of transfection of less than 2% (1.89%
+/- 0.18).

175

b) Myoblast electroporation: Amaxa versus NEON
To deliver CRISPR/Cas9 to patient-derived myoblasts, I tested the Amaxa
electroporation condition which I used in primary fibroblasts (P022) (section 2.2.12.a),
as this was shown to work also for human myoblasts527. I tested four DNA amounts (1
μg, 2 μg, 3 μg and 4 μg) of pCMV-GFP plasmid I used to test Lipofectamine 2000,
TurboFect and GeneJuice transfection. For each DNA amount, I performed the
electroporation two times (biological replicate). However, differently from fibroblasts, the
electroporation of patient-derived myoblasts with the Amaxa device was ineffective, as
by microscope analysis almost no fluorescent cells was detected (0.67 % +/- 0.12) with
4 μg of DNA, while only a background fluorescence similar to that observed in untreated
cells was seen with the other experimental conditions (Fig.5.16.). Since this method
was even less efficient than transfection, electroporated cells were discarded and not
analyzed by FACS.
I therefore decided to electroporate DUP2 myoblasts using a different device (NEON)
provided by our collaborators from the Translational Myology section of our Institute.
Unlike Amaxa, NEON allows the customization of electroporation parameters, including
the number and duration of electric pulses as well as the voltage. This should result in
a better control of the electroporation process528.
I tested the parameters routinely used by our collaborators (i.e. 1 pulse of 1400 volts of
a duration of 20 milliseconds, Dumonceaux and Mariot, personal communication). As
these conditions were known to work in primary myoblasts, I electroporated 5x105
DUP2 myoblasts not only with pCMV-GFP plasmid, but also with the previously used
CRISPR/Cas9 plasmids (CRISPR0 and CRISPR2σ) (section 2.2.12.b). Negative
controls were represented by the untreated cells and cells electroporated with
CRISPR0. I did this experiment three times (biological replicates). The outcome I
obtained with NEON was considerably different than that I got from the previous
methods. In fact, 48 hours post-electroporation, the mean number of fluorescent cells
identified by microscopic analysis accounted for 33 % +/- 2.06 (CRISPR0), 23,10 % +/0.57 (CRISPR2σ) and 39.11% +/- 0.38 (GFP) of the total population of cells attached
to the plate after the electric shock (Fig.5.17).
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Figure 5.16. Electroporation of CRISPR2σ in DUP2 patient-derived myoblasts (Amaxa
device).
The P022 electroporation program of the Amaxa device was used in combination to
increasing amount (from 1 μg to 4 μg) of the pCMV-GFP plasmid. Only the use of 4 μg
resulted in detectable GFP fluorescence after 48 hours, even though at a very low
efficiency (0.6 % +/- 0.12). Images were acquired at a magnification of 10X. Scale bar
= 200 μm
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Figure 5.17. Electroporation of CRISPR2σ in DUP2 patient-derived myoblasts (NEON
device).
Custom electroporation parameters (1400 V, 1 pulse, 20 milliseconds) of the NEON
device were used to electroporate 1 μg of the pCMV-GFP plasmid, CRISPR0 and
CRISPR2σ plasmids. NEON electroporation proved to be the most efficient non-viral
methods among those tested as, on average, more than 25%of cells appeared to
express GFP 48 hours post electroporation 33% +/- 2.06 (CRISPR0), 23,10% +/- 0.57
(CRISPR2σ) and 39.11% +/- 0.38 (GFP+ Ctrl). Images were acquired at a magnification
of 10X. Scale bar = 200 μm

178

b.i) Verification of CRISPR/Cas9-mediated cleavage at genomic level
Considering the high number of EGFP-positive DUP2 cells resulting from NEON
electroporation, I expanded these cells (section 2.2.6) and used a part of them for DNA
extraction (section 2.3.1), without isolating cells expressing CRISPR/Cas9. I amplified
the CRISPR/Cas9 target region and performed T7 assay to assess the extent of
genomic cleavage (sections 2.3.4 and 2.3.7). However, I could not detect cleaved
bands of the expected size (511 bp and 217 bp) in the samples expressing CRISPR2σ.
I observed that the banding pattern observed in these sample resembled the one
detected in negative controls (i.e. non-treated cells and cells electroporated with
CRISPR0)(Fig.5.18). This outcome suggested the need of isolating EGFP- (and
therefore only Cas9)-expressing cells to detect the genomic cleavage.
I repeated NEON electroporation with the aim of isolating the total population of cells
expressing Cas9. I confirmed the presence of EGFP-positive cells by microscopic
analysis and isolated them by FACS. FACS analysis showed a mean percentage of
EGFP-positive cells of 27.57 +/- 0.75 (the highest I observed in DUP2 myoblasts via
FACS) (Fig.5.19). However, I could not sufficiently amplify sorted DUP2 cells up to the
point where I should have induced them towards terminal differentiation, as they
became senescent due to the excessive passaging. I did this experiments two more
times (biological replicates) but I encountered the same issue in each experimental
replicate. Therefore, I decided to repeat this experiment using DUP2i cells, i.e. DUP2
myoblasts (carrying the duplication of DMD exons 3-16) that were immortalized by Dr.
Vincent Mouly529.
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Figure 5.18.T7 assay on electroporated DUP2 patient-derived myoblasts (NEON).
T7 assay was performed on DNA derived from the total pool of DUP2 patient-derived
myoblasts electroporated with CRISPR0 and CRISPR2σ. Lanes a-d represent the
amplicons derived from non-treated cells (a) and cells electroporated with CRISPR0 (bd), respectively, where the full-length band of 728 bp was detected. Lanes e-g are
instead representative of samples electroporated with CRISPR2σ, in which cleaved
bands having a molecular weight of 511 bp and 217 bp (*) were expected. However,
these bands were only slightly visible in lane g (*). Genomic cleavage was therefore
considered as absent. The 100 bp ladder from NEB was run alongside the samples.

180

Unstained

GFP

CRISPR0

CRISPR2σ

Figure 5.19. FACS analysis of patient-derived DUP2 myoblasts electroporated by
NEON.
DUP2 patient-derived myoblasts were electroporated with 1 μg of pCMV-GFP plasmid
(GFP) as well as CRISPR0 and CRISPR2σ plasmids, which co-express CRISPR/Cas9
components and EGFP. The total EGFP-positive cell population was isolated for each
sample.
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I repeated NEON electroporation on DUP2 cells immortalized by Vincent Mouly (named
DUP2i cells). This experiment was done three times (biological replicates). Controls
were represented by untreated cells and cells electroporated with CRISPR0 (negative
controls). I verified EGFP expression by microscopic analysis after 48 hours and
isolated fluorescent cells via FACS. I noticed that, despite the percentage of EGFPpositive DUP2i cells being lower than in electroporated DUP2 cells (Fig.5.20), NEON
was still the best of all methods tested for CRISPR/Cas9 delivery. The mean efficiency
for each electroporated plasmids was 11.5 % +/- 0.6% (CRISPR0) and 13.27% +/- 1.6%
(CRISPR2σ) (Fig.5.20). These values were at least twofold higher than what I achieved
in all the viral and non-viral delivery methods previously tested (Fig.5.5, Fig.5.13 and
Fig.5.15).
I expanded sorted cells and collected their DNA, that was amplified and analyzed via
T7 assay (section 2.3.7). This time, I observed both cleaved bands of the expected size
of 511 bp and 217 bp in all samples expressing CRISPR2σ, but not in amplicons derived
from untreated cells and cells expressing CRISPR0 (negative controls) (Fig.5.21). The
cleavage efficiencies quantified for each replicate were 20.57 %, 21.46 % and 24.64%,
which resulted in a mean value of 22.2% +/- 1.23.
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Figure 5.20.FACS analysis of immortalized DUP2i myoblasts electroporated by NEON.
DUP2i myoblasts were electroporated with 1 μg CRISPR0 and CRISPR2σ plasmids,
which co-express CRISPR/Cas9 components and EGFP. The mean electroporation
efficiency, assessed by FACS as the percentage of GFP-expressing cells, was 11.5%
+/- 0.6 (CRISPR0) and 13.27% +/- 1.6 (CRISPR2σ).
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Figure 5.21.T7 assay on electroporated DUP2i myoblasts (NEON) expressing
CRISPR/Cas9.
T7 assay was performed on DNA derived from the pool of GFP-positive DUP2i
myoblasts electroporated with CRISPR0 and CRISPR2σ. Lanes a-d represent the
amplicons derived from non-treated cells (a) and cells expressing CRISPR0 (b-d),
where the full-length band of 728 bp was detected. Lanes e-g represent instead cells
expressing CRISPR2σ. Cleaved bands of the expected molecular weight (511 bp and
217 bp, *) were visible in these samples (yellow stars). The mean editing efficiency in
cells treated with CRISPR2σ was 22.2% +/- 1.23. The 100 bp ladder from NEB was run
alongside the samples (lane h).
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b.ii) Verification of dystrophin transcript repair following CRISPR/Cas9 activity in
DUP2i cells
Considering the positive outcome of the T7 assay, I expanded further the sorted cells
kept in culture and seeded them in one well of a six-well plate and one 10 cm2 dish.
These were cultured with the M2 medium (section 2.2.6) for one week to be induced
towards terminal differentiation. RNA and protein were then extracted from resulting
myotubes (sections 2.3.10 and 2.3.19).
I assessed the restoration of dystrophin transcript by doing a qPCR (section 2.3.13.b)
on cDNA obtained as in section 2.3.11.b. I studied a triplicate of each cDNA sample
derived from untreated cells as well as cells derived from each electroporation with
CRISPR0 and CRISPR2σ. Upon qPCR data analysis based on the ∆∆Ct method
(section 2.3.14), I saw that the expression of dystrophin region spanning the duplicated
exons 8 and 9 normalized to the anchor point (dystrophin exon 20) was diminished in
cells expressing CRISPR2σ, but not in cells expressing CRISPR0 and in untreated cells
(Fig.5.26.a). This reduction did not reach statistical significance when Kruskal-Wallis
test was applied (p. value = 0.055). However, I considered that a non-statistically
significant reduction of the mutated transcript could still result in a detectable amount of
wild-type dystrophin, as I previously saw in transduced cells (section 5.3.2.c).
Therefore, I could not use this outcome to infer the missed dystrophin restoration at
protein level.
b.iii) Verification of dystrophin protein repair following CRISPR/Cas9 activity
I ran wet blot as detailed in section 2.3.22.b to assess dystrophin restoration in cells
expressing CRISPR2σ. As a positive control I used protein derived by the differentiated
H2K 2B4 cells530, while as a negative control I included protein from non-treated
myotubes obtained from DUP2i cells. I confirmed that CRISPR/Cas9 treatment resulted
in dystrophin correction, as I saw two bands on the PVDF membrane. These
represented the higher molecular weight dystrophin carrying the in frame duplication
and the smaller wild-type dystrophin. Densitometric analysis, which I performed by
measuring the ratio of intensity between the two dystrophin bands, revealed a mean
dystrophin correction of 54% +/- 7.11 (almost the same as that achieved in transduced
cells) (section 5.3.2.c). This result showed that even the episomal expression of
CRISPR/Cas9 delivered by a non-viral method such as electroporation was able to
efficiently target dystrophin and remove its duplicated region, with a success rate
comparable to that achieved with lentiviral vectors (Fig.5.22).
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Figure 5.22.Validation of dystrophin repair in electroporated DUP2i myoblasts.
Western blot was performed to verify dystrophin protein correction in transduced DUP2i
cells expressing CRISPR/Cas9. UT = protein derived from untreated cells, negative
control; G0 = protein derived from cells electroporated with CRISPR0 plasmid, negative
control; G2 = protein derived from cells electroporated with CRISPR2σ plasmid; WT =
protein derived from the murine H2K 2B4 cells, expressing wild-type dystrophin,
positive control. Wet blot followed by signal amplification allowed to observe wild-type
dystrophin isoform in cells electroporated with CRISPR2σ plasmid but not in the
negative controls, where only the higher molecular weight dystrophin isoform was
detected. The percentage of corrected dystrophin for each experimental replicate was
68.4%, 48.8% and 45.7%. Red stars and arrow indicate wild-type dystrophin (427 kDa),
while blue arrow indicate the mutated isoform (499 kDa).
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c) Contribution of Cas9 expression levels to dystrophin editing
Once I demonstrated that the transient CRISPR/Cas9 expression can restore
dystrophin duplications, I next studied the contribution of cell populations expressing
different levels of Cas9 in triggering the repair. I did this to understand if a threshold in
the level of CRISPR/Cas9 expression was needed to edit dystrophin. I electroporated
DUP2i cells with CRISPR/Cas9 plasmids three times (biological replicates) (section
2.2.12.b). However, unlike previously, I gated GFP-positive cells according to their
fluorescence intensity, which is representative of Cas9 expression levels, and sorted
them accordingly via FACS (section 2.2.14.a). Specifically, gated populations were
either expressing minimal or considerable EGFP levels and were therefore named as
Low and High in relation to their fluorescence (Fig.5.23). By FACS analysis (Fig.5.23),
I derived the mean percentage of fluorescent cells for each plasmids. These were 8.37
+/-0.49 (CRISPR0 Low), 3.92 +/- 0.28 (CRISPR0 High), 10.41 +/- 0.8 (CRISPR2σ Low)
and 3.60 +/-0.39 (CRISPR2σ High).

c.i) Assessing CRISPR/Cas9-mediated cleavage efficiency at genomic level
I expanded each sorted pool representative of the Low and High fluorescent cells and
used part of the cells for DNA extraction (section 2.3.1). I assessed genomic targeting
via T7 assay (section 2.3.7). I observed cleaved bands of the expected size (511 bp
and 217 bp) in both Low and High DUP2i cell populations, expressing low and high
levels of CRISPR2σ (Fig.5.24) but not in untreated cells and cells expressing CRISPR0
(Fig.5.25). However, as expected, the percentage of editing was reduced in the Low
(19.8 +/- 1.12) compared to the High population (28.0 +/- 3.01). This allowed me to
hypothesize that higher level of Cas9 expressing cells contribute to genome editing
more than cells with a barely detectable Cas9 expression.
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Figure 5.23. FACS analysis of DUP2i myoblasts electroporated by NEON.
DUP2i myoblasts were electroporated with 1 μg CRISPR0 and CRISPR2σ plasmids,
which co-express CRISPR/Cas9 components and EGFP. GFP-positive cells were
gated according to their intensity of fluorescence (high or low). The mean percentage
of GFP-positive cells for each gated population were 8.37 +/- 0.49 (CRISPR0 Low),
10.41 +/- 0.8 (CRISPR2σ Low), 3.92 % +/- 0.28 (CRISPR0 High) and 3.60% +/- 0.39
(CRISPR2σ High).
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Figure 5.24.T7 assay on electroporated DUP2i myoblasts (NEON) expressing low and
high CRISPR/Cas9 levels.
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bp and 217 bp,*) were visible in all samples apart for the one corresponding to
untreated cells, as expected. However, the average editing efficiency was lower in cells
barely expressing the nuclease (Low population, mean efficiency = 19.8 +/- 1.12) as
10
compared to cells with an high expression of CRISPR/Cas9 (High population, mean
efficiency = 28.0 +/- 3.01). A 100 bp ladder (NEB) was run alongside the samples.
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Figure 5.25.T7 assay on electroporated DUP2i myoblasts (NEON) expressing low and
high CRISPR/Cas9 levels.
T7 assay was performed on DNA derived from the pool of DUP2i patient-derived
myoblasts electroporated with CRISPR0 and expressing either low or high GFP levels.
Lane h represents the amplicons derived from non-treated cells. Cells expressing low
levels of CRISPR2σ are shown in lanes b-d, while lanes e-g represent instead cells
strongly expressing CRISPR2σ. As expected, in all samples only the full length
amplicon whose size was expected to be 728 bp was detected. A 100 bp ladder (NEB)
was run alongside the samples (lane a).
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c.ii). Verification of dystrophin transcript repair following CRISPR/Cas9 activity
Sorted cells were further expanded and allowed to fuse into myotubes from which I
extracted RNA and protein following the protocols mentioned in sections 2.3.10 and
2.3.19. I analyzed dystrophin transcript via qPCR (section 2.3.13.b) and analyzed the
data by the ∆∆Ct method (section 2.3.14). I observed a reduction of the mutated
transcript in both populations. This reduction was greater in the cell pool expressing
high levels of Cas9 than the pool where the nuclease expression was low. Moreover,
both data sets (Low and High populations) were statistically significant according to
Kruskal-Wallis test (p.values equal to 0.028 (High) and 0.0005 (Low)). I applied the
Mann-Whitney test to each experimental set analyzed by Kruskal-Wallis test and I
confirmed that only the population expressing CRISPR2σ statistically differ from the
control samples (i.e. untreated cells and cells expressing CRISPR0 (Fig.5.26.b and
5.26.c). Moreover, I observed that the mean transcript correction of the Low and High
cell populations expressing CRISPR2σ (0.58 +/- 0.03) concurred with the mean level of
transcript correction detected in the total pool of GFP-positive cells (0.62 +/- 0.10).
c.iii) Verification of dystrophin repair following CRISPR/Cas9 activity
Finally, I ran western blot assay (section 2.3.22.b) to quantify the extent of dystrophin
restoration in both the Low and High cell populations. Positive control was represented
by protein extracted from myotubes originating from H2K 2B4 cells530, while as negative
controls I used the protein obtained from non-treated samples and from samples
expressing CRISPR0. Reflecting the findings at the genomic and transcript levels, wildtype dystrophin was barely detectable in cells poorly expressing Cas9, while it was
clearly present in cells where the nuclease levels were higher (Fig.5.27). This was in
agreement with the hypothesis that the levels of editing increase in line with the
numbers of Cas9 copies present in the cells. The mean percentages of dystrophin
correction were 25.23 +/- 0.65% and 38.6% +/- 0.88 for the Low and High populations,
respectively.
However, the quantification of dystrophin bands was complicated both by their close
proximity and the multitude of non-specific bands present on the PVDF membrane. The
former issue was related to an inefficient protein run within the polyacrylamide gel
(section 2.3.21), while the identification of non-specific bands was likely due to the overamplification of the signal because of the detection method I used (section 2.3.22.b).
Future work will be focused on repeating the western blot to confirm the outcome
indicated above.
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a)

b)

c)

Figure 5.26.Quantification of dystrophin transcript correction in electroporated DUP2i
cells.
qPCR was performed to assess the level of restored dystrophin transcript in the total
pool of DUP2i cells expressing the CRISPR/Cas9 (a) and in DUP2i cells expressing low
(b) and high (c) nuclease levels. UT= untreated cells (negative control); CRISPR0 =
cells expressing CRISPR0 plasmid (negative control), CRISPR2σ = cells expressing
CRISPR2σ plasmid. The reduction of the mutated transcript compared to each negative
c)
control reached significance
only when the Low and High pools were considered
singularly. a) Kruskal-Wallis test not significant (p=0.0552). b) Kruskal-Wallis test
significant (p=0.028) and Mann-Whitney test significant when UT was compared to
CRISPR2σ (p= 0.0091). c) Kruskal-Wallis test significant (p=0.0005), Mann-Whitney
test significant when both UT and CRISPR0 were compared to CRISPR2σ (p=0.0182
and p=0.0008). Error bars represent the standard deviation.
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Figure 5.27.Validation of dystrophin repair in electroporated DUP2i myoblasts
expressing either High or Low CRISPR/Cas9 levels.
Western blot was performed to verify dystrophin protein correction in transduced DUP2i
c)
cells expressing different levels of CRISPR/Cas9. UT = protein derived from untreated
cells (protein not detected); G0 = protein derived from cells electroporated with
CRISPR0 plasmid, negative control; G2 = protein derived from cells electroporated with
CRISPR2σ plasmid; WT = protein derived from the murine H2K 2B4 cells, expressing
wild-type dystrophin, positive control. a) represents High CRISPR/Cas9 expression,
while b) represents Low CRISPR/Cas9 expression. Wet blot followed by signal
amplification allowed to observe a greater level of wild-type dystrophin isoform in a)
(High) compared to b) (Low). Also, wild-type dystrophin appeared in cells
electroporated with CRISPR2σ plasmid but not in the negative controls, where only the
higher molecular weight dystrophin isoform (499 kDa) was detected. The percentages
of corrected dystrophin for each experimental replicate were 40.3%, 38.2% and 37.3%
(High panel) and 24.0%, 26.2% and 25.5% (Low panel). Red stars and arrow indicate
wild-type dystrophin (427 kDa), while blue arrow indicate the mutated isoform (499
kDa).
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5.4 DISCUSSION
In this chapter, I demonstrated that a single CRISPR/Cas9 nuclease can correct
duplications arising in the DMD gene and restore the mutated dystrophin protein in
patient-derived myoblasts.
To investigate dystrophin repair at protein level, I took advantage of a patient-derived
myoblast cell line that was extremely myogenic (90% fusion index). This allowed me to
obtain terminally differentiated myotubes, essential for dystrophin protein analysis. The
chosen cell line had a duplication spanning DMD exons 3-16, which does not disrupt
the DMD reading frame (in-frame mutation), (table 2.1, section 2.2.2). This feature was
advantageous as it allowed to assess the production of the duplicated dystrophin
isoform expression, as an ideal internal control. When I had to assess the extent of
dystrophin repair at protein level, therefore, I could quantify the extent of dystrophin
correction referring to the mutated dystrophin isoform. Moreover, I could use the
detection of the mutated dystrophin via western blot as a way to assess the reliability of
the protocol I used to study dystrophin protein.
I initially confirmed the efficacy of my approach by using integrating lentiviral particles
expressing CRISPR, and later validated dystrophin correction by means of a non-viral
approach based on nuclear electroporation.
I chose to test lentiviral vectors first, as I considered them advantageous for proving the
efficiency of my study design in vitro. In fact, these vectors can target almost every cell
type and integrate in their genome, thus ensuring a continuous expression of the
nuclease531. I demonstrated that the low level of CRISPR/Cas9 nuclease expressed in
vitro by these vectors was sufficient to target and restore the duplication within DMD
gene, thus allowing the production of a wild-type dystrophin protein. The tropism of
lentiviral vectors for both dividing and non-dividing tissues would make these vectors a
good option to target muscle in vivo266,532,533. However, their random genome integration
in vivo might result in adverse effects which include the risk of oncogenesis534. Based
on this consideration, I decided to repeat my experiments with an alternative non-viral
strategy as I thought that, for future in-vivo applications, the use of other vectors whose
transgenes mainly remain episomal upon host infection (such as adenoviral vectors and
AAVs535,536) would be preferable.

I initially explored if a transient CRISPR/Cas9 expression could have been sufficient to
restore dystrophin. To understand this, I looked for a non-viral method to deliver and
express the nuclease in vitro in patient-derived myoblasts.
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The choice of a non-viral method was challenged by the low efficiency of plasmid
transfection to primary myoblasts. In fact, in contrast to immortalized cells530,537, very
few studies managed to obtain high (above 60%) efficiency of transfection in primary
human myoblasts with non-viral methods538,539. I screened three commercial
transfection reagents (Lipofectamine2000, TurboFect and GeneJuice), which all
resulted in a variable but poor transfection efficiency (around 5% or lower). This was
even lower than the efficiency shown in work done on mouse myoblasts540,541 (around
10%).
Considering that experimental parameters (such as the presence/absence of serum
during transfection and the ratio of transfection reagent and DNA) might affect the
outcome of the experiment524, I performed all the transfections in serum-free medium
(i.e. OptiMem), and screened different volumes of transfection reagents. I thought that
the serum-free transfection should have increased the transfection efficiency (as shown
by Dodds et al.542) especially for the Lipofectamine transfection. In fact, serum protein
(as albumin) can interact with either the DNA or the liposome formulation. This would
have reduced the recognition and binding of the membrane receptors through which
liposomes enter the cell543 and consequently the efficiency of transfection. In cells
transfected with Lipofectamine, my results were consistent with those of Jackson et
al.544 who transfected murine myoblasts with different Lipofectamine:DNA ratios (2:1,
3:1 and 5:1). I confirmed that a Lipofectamine:DNA ratio ranging from 3:1 to 4:1 is more
efficient (around 5%) than the other two ratios of about 2:1 and 6:1, as these resulted
in an extremely low transfection efficiency (less than 1%) (section 5.3.3.a).

I next investigated nuclear electroporation, which I previously explored in the attempt to
deliver CRISPR/Cas9 to primary fibroblasts. I used two different devices (Amaxa and
NEON). I observed a considerable amount of cell death (about 80-90%) following
Amaxa electroporation and therefore I did not pursue this strategy further. However,
there was less cell death when I electroporated the cells with NEON (30-40%).
I observed that the cell death I saw following NEON electroporation was higher than
what I saw in cells transduced with lentiviral vectors at 0.4 MOI. Despite that, the
percentage of electroporated cells expressing CRISPR/Cas9 was on average three
times higher than that observed in transduced cells (Figures 5.5 and 5.20). I therefore
decided to use NEON as a non-viral method to test the efficiency of the episomal Cas9
expression to correct dystrophin duplications.
Based on the data I obtained from primary fibroblasts, for both CRISPR/Cas9
transduction and electroporation, I decided to rely on transgenes co-expressing Cas9
and EGFP to facilitate the selection of the cells expressing the nuclease. I realized that,
in myoblasts, the isolation of the total pool of EGFP-positive cells was sufficient to
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observe genomic cleavage via T7 assay. This result differed from what I observed in
fibroblasts, as in these cells I could not detect genomic targeting unless I isolated the
top 20% of EGFP-positive cells. I hypothesized that this difference might have been
possibly due to a more open chromatin conformation in myoblasts (in which a low level
of dystrophin transcript has been observed545) as opposed to fibroblasts. A more open
chromatin, in fact, would be more permissive in allowing Cas9-mediated genome
targeting546.
Interestingly, when I compared the outcomes obtained upon cells transduction and
electroporation, I saw that despite its episomal expression, CRISPR/Cas9 delivered via
NEON electroporation corrected dystrophin to a similar extent (54% +/-7.11) as the
constitutive Cas9 expression of integrating lentiviral vectors (59.9% +/- 6.74). I noticed
that, other than for their targeting efficiency, the two methods differed in the extent of
CRISPR/Cas9 expression. The fluorescence profile obtained by FACS data, in fact,
allowed me to observe that none of the transduced cells expressed high levels of the
CRISPR/Cas9 transgene (Fig.5.5), whereas following NEON electroporation, I could
clearly distinguish very bright cells (i.e. cells expressing high levels of the nuclease)
(Fig.5.19). By analyzing the level of dystrophin correction obtained in cells expressing
low and high levels of the nuclease, I observed that the amount of wild-type dystrophin
protein was higher in cells expressing the higher level of Cas9, while it was barely
detectable in cells in which Cas9 was poorly expressed. Nevertheless, when I analyzed
transduced cells expressing Cas9 at low levels, I observed an high level of dystrophin
repair. Based on these results I hypothesized that the results obtained by CRISPR/Cas9
transduction were likely the result of the constant nuclease expression in the cells. This
effect was therefore equivalent as having a transient but higher CRISPR/Cas9
expression. I therefore concluded that, as long as CRISPR/Cas9 is expressed at a
sufficiently high level, it does not need to be constantly present within the cell for
targeting the genome. For this reason, I would recommend the use of a non-integrating
transgene that could sustain a strong but transient CRISPR/Cas9 expression in vivo.

To summarize, the experiments detailed in this chapter show that:
-

Low doses of integrating lentiviral vectors can trigger CRISPR/Cas9 expression
in primary human myoblasts.

-

Among the non-viral alternatives tested for CRISPR/Cas9 delivery in patientderived myoblasts, the transient transfection reagents have a limited efficiency
(below 5%), whereas NEON electroporation had the highest efficiency (about
15%).
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-

Single CRISPR/Cas9 nucleases expressed either by integrating lentiviral
vectors or NEON electroporation can efficiently target small dystrophin
duplications and restore dystrophin protein expression.

-

Even a transient CRISPR/Cas9 expression is sufficient to restore dystrophin in
a patient carrying a duplication in vitro, to a similar extent as its continuous
expression.

As I demonstrated the applicability of a single nuclease approach in repairing small
duplications, the next step (focus of Chapter 6) will be the investigation of its applicability
in repairing larger dystrophin duplications.
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Chapter 6.

Addressing

single

CRISPR/Cas9

nucleases to large dystrophin duplications in
patient-derived induced pluripotent stem cells
6.1 INTRODUCTION
6.1.1. The advent of induced pluripotent stem cells
Induced pluripotent stem cells (iPSCs) are a type of pluripotent stem cells derived from
terminally differentiated cells. iPSCs were created in 2006 by Takahashi and Yamanaka
who, introducing specific transcription factors (Oct4, Sox2, cMyc and Klf4) into skinderived cells, managed to reprogram these cells into pluripotent cells behaving like
embryonic stem cells (ESCs)547.
Human iPSCs (hiPSCs) can be established from a wide variety of somatic cells (like
skin-derived fibroblasts, keratinocytes, blood and urine-derived cells)547–551. Similarly to
ESCs, iPSCs can be expanded indefinitely and differentiated into almost any type of
cell. However, in contrast to ESCs that require blastocyst isolation, iPSCs can be
obtained from the easily accessible cells mentioned above with only minimally invasive
procedures. Since individual-specific iPSCs can be obtained to generate multiple cell
lineages in vitro, they represent a great potential for the development of personalized
cell therapies aimed to replace lost or damaged tissues. The use of iPSCs as a therapy
would also eliminate the risk of immune response often exacerbated upon the
introduction of non-self biological molecules.
Considering these advantages, in the years following the initial iPSC generation, the
published protocol was replicated by many laboratories and optimized in the attempt to
improve both efficiency and safety of the process552–556. In fact, one of the main
challenges that comes with the iPSCs technology is the low rate of somatic cell
reprograming (below 1%), hypothesized to be due to the epigenetic memory retained
by the original somatic cell557. Among the vectors initially screened, integrating vectors
that could be excised from the genome via a Cre-Lox cassette generated iPSCs with a
efficiency varying from 0.5% to 1.5%558, which was even lower by using adenoviral
vectors556. Nowadays, the reprogramming of fibroblasts is commonly achieved using
the Sendai virus (a non-integrating vector completely removed from transduced cells
after ten passaging steps)559,560, or by the expression of the reprogramming factors such
as mRNAs561.
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Newer protocols also are devoid of the c-Myc transcription factor, as the use of this
proto-oncogene increased the risk of tumorigenicity that would be detrimental for the
clinical application of the iPSC technology. Teratoma formation in immunodeficient mice
injected with iPSCs, considered as a check-point to ensure the success of iPSC
derivation562, was shown to be diminished or absent in case of iPSCs generated using
a protocol devoid of c-Myc563,564.
In culture, the generation of iPSCs is generally associated with the identification of
embryoid bodies. These are three-dimensional ball-shaped structures similar to those
obtained upon culturing human ESCs and are formed by a core of mitotically active
cells surrounded by terminally differentiated cells565. Once embryoid bodies are formed
in vitro, iPSCs have to be assessed through molecular check-points which include the
analysis of their karyotype, qPCR and either immunocytochemistry or FACS analysis.
Karyotype analysis is needed to screen for chromosomal abnormalities and
rearrangements that can be generated during the reprogramming 566, while the other
techniques are needed to verify the expression of specific nuclear or surface
pluripotency markers such as Nanog, Sox2, Oct4, SSEA4 or TRA-1-60567–569, for
example. Once iPSCs have been established, specific differentiation protocols can be
finally put in place to drive iPSCs towards the cell type of interest.

6.1.2. Mimicking developmental myogenesis to induce myogenic
specification in iPSCs
To induce myogenic differentiation of iPSCs and obtain myogenic precursors, the
conditions present during embryonic development have to be recapitulated starting
from the mesodermal lineage which, as reviewed by Kodaka et al., also generates
cardiomyocytes, osteocytes, endothelial and vascular smooth muscle cells and
dermis570. The region from which myogenic cells arise during embryonic development
is the dermomyotome, the epithelial layer which defines the dorsal part of the somites
originated from the mesoderm, underneath the ectoderm571. The dermomyotome is
characterized by the expression of the Pax3 and Pax7 transcription factors. This
population of cells is maintained by the secretion of bone morphogenetic protein 4
(BMP4)572,573. Upon receiving signals generated by the neural tube and notochord such
as Wnt and Sonic hedgehog (Shh)574,575, and the transient activation of Notch
signalling576, Pax3/Pax7-positive muscle precursor cells are converted to cells
expressing MyoD and Myf5 transcription factors which mark myoblast specification577.
Myoblasts then migrate below the dermomyotome, giving rise to the myotome. The
subsequent expression of Mrf4 and myogenin lead to the myoblasts fusing with each
other to form terminally-differentiated muscle fibers577.
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Some of the approaches developed to induce iPSCs to undergo myogenic
differentiation rely on the overexpression of myogenic factors (such as MyoD) 578–581.
The forced expression of MyoD was pioneered by Dekel et al.582 in early ‘90s and later
replicated by Warren et al.561 and Tanaka et a.l583 who, by using either a conventional
transfection or a transposon-based approach to allow a stable genomic integration,
respectively obtained 40% and up to 90% of myogenic cells expressing markers of
terminal differentiation, such as myogenin and myosin heavy chain.
An alternative to MyoD overexpression is represented by the forced expression of Pax3
and Pax7 transcription factors, markers expressed by the myogenic progenitors 584 .
However, these markers are also present in precursors of the neuronal lineage585 and
therefore a further purification step is needed to obtain a pure myoblasts lineage.

Once the myogenic differentiation is triggered, iPSCs have to be cultured with media
supplemented by amino-acids, growth factors (such as FGF, IGF, HGF) and other
stage-specific factors whose concentrations mimic the embryonic gradients of
morphogens (such as Wnt, Notch ligands, Shh, inhibitors of BMP4)

579,586

.

Xu et al.587 identified a cocktail able to induce robust myogenic differentiation in iPSCs.
This contained an inhibitor of the glycogen synthase kinase 3β (GSK-3β) enzyme
which, by stabilizing β-catenin, acts as an activator of the Wnt pathway588, and also
included bFGF (involved in cell proliferation)589.
A similar mixture was also used by Chal et al.579,590, who developed a transgene-free
approach to induce myogenic differentiation. His approach exploits chemicals able to
trigger the simultaneous activation and inhibition of Wnt- and BMP pathway,
respectively, thus recreating the pre-somitic mesoderm stage observed in vivo. One of
such molecules is CHIR99021, a potent activator of the canonical Wnt pathway and
LDN193189, inhibitor of the BMP pathway.
Once the myogenic specification is initiated and myoprogenitors are obtained, terminal
differentiation is generally triggered according to the protocol proposed by Borchin et
al.591, by using media containing a low concentration of serum. These media are also
generally supplemented with IST (insulin/ selenite/ transferrin), a compound that aids
cell toxicity by reducing the levels of reactive oxygen species.

6.2 AIMS
To demonstrate the applicability of a single CRISPR/Cas9 nuclease approach to repair
a large dystrophin duplication, a patient-derived iPSC line was chosen as this cell line
harbored a dystrophin duplication spanning dystrophin exons 3-41.
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These cells will be used for the completion of the following chapter’s aims, also
represented in Fig.6.1:
-

To electroporate CRISPR/Cas9 plasmids in DMD iPSCs cells

-

To induce the myogenic differentiation of DMD iPSCs treated with
CRISPR/Cas9 in order to obtain iPSC-derived myoblast-like cells in which I will
require to demonstrate dystrophin repair at genomic, transcript and protein level

-

To generate iPSCs-derived myoblast-like cells from untreated DMD iPSCs and
electroporate them with CRISPR/Cas9 plasmids

-

To assess dystrophin duplication removal in CRISPR-Cas9 treated iPSCderived myogenic cells
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Figure 6.1.Schematic of the experimental steps required for restoring dystrophin in
iPSCs.

202

6.3 RESULTS
6.3.1 NEON Electroporation of iPSCs with CRISPR2σ
I cultured DUP3 iPSCs (duplication of exons 3-41) (table 2.1, section 2.2.2) in mTeSR1
medium (section 2.2.7) and, when they reached 5 x 105 cells, I detached them from the
plate by means of the TRYPLETM Express reagent (section 2.2.8). I electroporated
these cells with the CRISPR2σ plasmid using the NEON device. I tested three different
electroporation parameters (conditions 1-3) (section 2.2.12.c) to identify one resulting
in a good balance between efficiency of delivery and cell viability. I performed each
electroporation twice (biological replicate). As a negative control, I used non-treated
DUP3 iPSCs.
None of the conditions I tested (including condition 1 which was successful for the
electroporation of patient-derived myoblasts) (section 2.2.12.b), allowed me to detect
either cells viability or EGFP-expression. I observed that almost 90% of the iPSCs
present in the plate 48 hours post-electroporation were dead and those that survived to
the electric shock did not express EGFP (Fig.6.2).

203

NEON on iPSCs

Condition 1

Condition 2

Condition 3

Phase

Phase

Phase

GFP

GFP

GFP

Figure 6.2.Electroporation of DUP3 iPSCs with NEON electroporation system.
A DMD iPSC line (DUP3) with an in-frame duplication of dystrophin exons 3-41 was
used for electroporation of CRISPR2σ plasmid. Cells were electroporated with the
plasmid using the following conditions: 1400 V, 20 milliseconds, 1 pulse (condition 1),
1050 V, 30 milliseconds, 2 pulses (condition 2), 1100 V, 30 milliseconds, 1 pulse
(condition 3). GFP fluorescence was assessed 48 hours post-electroporation by means
of an Olympus IX Inverted microscope (magnification 10X). Unexpectedly, none of the
tested conditions resulted in successful transfection as indicated by the death of
majority of the cells and the lack of GFP expression in the remaining cells. Images
were taken at a magnification of 10X. Scale bar = 500 μm.
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6.3.2. Differentiation of iPSCs into myoblasts
As I could not observe CRISPR/Cas9 expression after electroporating DUP3 iPSCs, I
decided to induce these cells towards the myogenic lineage and repeat the NEON
electroporation on the resulting myoblast-like cells, as I did in section 2.2.12.b on DUP2i
myoblasts.
The protocol I used to induce DUP3 towards skeletal muscle lineage was the transgenefree protocol described by Chal et al.590.
I seeded DUP3 iPSCs at three plating densities: low (LD, Fig.6.3), medium (MD,
Fig.6.4) and high (HD, Fig.6.5). I did this twice (technical replicates). Each time, I
induced myogenic induction (section 2.2.7) by using the Wnt-activator CHIR99021 at a
concentration of either 3µM or 6µM. I did this considering that both seeding density and
CHIR99021 concentration in the culture medium affect the number of cells that initiate
the differentiation program579,580. Moreover, the testing of different conditions allowed
me to identify the best association of density and CHIR99021 concentration for
differentiating my iPSC line, as different iPSCs vary in their differentiation capacity592. I
imaged cells at the completion of differentiation protocol (day 25) and I observed that,
generally, the cell population cultured with 6 µM CHIR99021 contained more cells with
the elongated myoblast-like morphology than those treated with 3 µM CHIR99021.
Within the group of cells cultured with 6 µM CHIR99021, cells seeded at a low density
visually appeared as the most homogeneous cell type (Fig.6.3, bottom panel).
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LD 3uM CHIR

LD 6uM CHIR

Figure 6.3.Myogenic differentiation of DUP3 iPSCs cells seeded at low density.
DUP3 iPSCs cells were induced towards myogenic specification according to the
protocol detailed by Chal et al590. Cells seeded at low density (LD) were either treated
with 3µM (top panel) or 6µM (bottom panel) and imaged at completion of the
differentiation protocol (day 25). Pictures were acquired by a white light microscope at
a magnification of 40X. Scale bar = 200 μm.
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MD 3uM CHIR

MD 6uM CHIR

Figure 6.4.Myogenic differentiation of DUP3 iPSCs cells seeded at medium density.
DUP3 iPSCs cells were induced towards myogenic specification according to the
protocol detailed by Chal et al590. Cells seeded at medium density (MD) were either
treated with 3µM (top panel) or 6µM (bottom panel) and imaged at completion of the
differentiation protocol (day 25). Images were acquired by a white light microscope at a
magnification of 40X. Scale bar = 200 μm.
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HD 3uM CHIR

HD 6uM CHIR

Figure 6.5.Myogenic differentiation of DUP3 iPSCs cells seeded at high density.
DUP3 iPSCs cells were induced towards myogenic specification according to the
protocol detailed by Chal et al590. Cells seeded at high density (HD) were either treated
with 3µM (top panel) or 6µM (bottom panel) and imaged at completion of the
differentiation protocol (day 25). Pictures were acquired by a white light microscope at
a magnification of 40X. Scale bar = 200 μm.
208

6.3.3. Analysis of myogenic markers expression following iPSCs
myogenic induction
Each replicate of the differentiated DUP3 of section 6.3.2 were passaged 1:2. I
extracted RNA (section 2.3.10) from each of the four resulting samples and used it to
quantify Pax7 expression via qPCR (section 2.3.13.a), as shown in fig (Fig.2.14). I did
this to accurately define which cell density and CHIR99021 concentration resulted in
the highest percentage of myogenic precursors expressing the myogenic marker Pax7.
However, I considered that Pax7 is also expressed in precursors of the neuronal
lineage593,594. Therefore, I used the same qPCR protocol to also quantify the expression
of the neuronal marker Pax6. This allowed me to estimate the degree of neuronal
differentiation in each of the analyzed samples. I normalized both Pax7 and Pax6
expression data against the expression of the constitutive SDHA gene, coding for the
succinate dehydrogenase complex flavoprotein subunit A595. The qPCR primers I used
are detailed in section 2.3.13.a.
As negative controls, I included the RNA extracted from wild-type iPSCs (provided by
Dr. Jinhong Meng) and undifferentiated DUP3 iPSCs (Fig.2.14). As they were not
induced towards myogenic or neuronal differentiation, these iPSCs should not express
Pax7 or Pax6. I loaded each of the four samples three times in the qPCR plate (technical
replicates).
I analysed qPCR data using the ∆∆Ct method (section 2.3.14). I observed that, as a
general trend, cells cultured with 6 µM CHIR99021 had an high Pax7 expression and a
low Pax6 expression. Within this group, cells having the highest Pax7 and lowest Pax6
expression were cells seeded at a medium density and cultured with 6 µM CHIR99021.
Specifically, Pax7 and Pax6 expression was 224.94 and 14.8 times higher than
undifferentiated DUP3 iPSCs, respectively (Fig.6.6). I then checked by qPCR the
expression of myogenin and myosin heavy chain (MF20) in cells cultured with 6 µM
CHIR99021. I observed that the expression of MF20 was generally low, indicating a
small number of terminally differentiated cells. Myogenin, instead, was highly expressed
in cells seeded at medium an high density. The highest myogenin expression (152.40
times higher than in undifferentiated DUP3 iPSCs) was detected in cells seeded at
medium density (Fig.6.7). I therefore expanded these cells and used them for NEON
electroporation (section 2.2.12.b) with CRISPR0 and CRISPR2σ plasmids.

209

Figure 6.6. Pax7 and Pax6 expression upon myogenic differentiation of DMD-derived
iPSCs.
The expression of Pax7 and Pax6 upon myogenic induction in iPSCs was normalized
to the expression of the constitutive SDHA gene. Fold changes of expression were
obtained by comparison with the original DUP3 iPSCs, prior to their differentiation.
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Figure 6.7. Myogenin and myosin expression upon myogenic differentiation of DMDderived iPSCs cultured with 6 µM CHIR99021.
The expression of myogenin and MF20 upon myogenic induction in iPSCs cultured with
6 µM CHIR99021 was normalized to the expression of the constitutive SDHA gene.
Fold changes of expression were obtained by comparison with the original DUP3
iPSCs, prior to their differentiation.
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6.3.4. NEON electroporation of myoblast-like cells derived from iPSCs
I electroporated DUP3 iPSCs-derived myoblast-like cells with CRISPR0 and
CRISPR2σ plasmids using the electroporation condition 1, as this worked well for the
electroporation of DUP2i myoblasts (section 2.2.12.b). The experiment was performed
three times (biological replicates). Negative controls were represented by cells
electroporated with CRISPR0 and non-treated cells (table 6.2).

Control (+/-)

Electroporated plasmid

Function

-

CRISPR0

Monitor non-specific cleavage

-

None

Monitor background bands

Table 6.1. List of controls used for the electroporation of DUP3-derived myoblast-like
cells with CRISPR/Cas9 plasmids.
After 48 hours, I observed more than 50% fluorescent cells expressing EGFP by
microscopic analysis (Fig.6.8) (section 2.3.23) and I isolated them via FACS (section
2.2.14.a). According to FACS data, the percentage of cells expressing EGFP following
CRISPR2σ electroporation was the highest (33.23 +/- 0.37) that I have achieved in any
cell type I electroporated (DUP1, DUP2, DUP2i, table 2.1 in section 2.2.2). Moreover,
I observed that a considerably higher number of cells expressed CRISPR2σ (33.23 +/0.37) as opposed to CRISPR0 (13.9 +/-0.56) (Fig.6.9). Such difference was also found
upon microscopic analysis (57.71 +/- 2.61 cells expressing CRISPR2σ versus 40.91 +/1.51% cells expressing CRISPR0). I noticed that via microscopic analysis I detected an
higher percentage of EFGP-positive cells than via FACS. I attributed this outcome to
the fact that part of the cells imaged at the microscope were fluorescent but rounded
dead cells that lied above healthy cells. The inclusion of these in the manual counting
might have biased the quantification by overestimating the actual number of live
fluorescent cells in the plate.
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Figure 6.8.NEON electroporation of DUP3 iPSCs-derived myoblasts.
Myoblasts derived from the DUP3 iPSCs cell line carrying a dystrophin duplication in
dystrophin exons 3-41 was electroporated with the CRISPR0 and CRISPR2σ with the
parameters previously chosen for condition 1 (1 pulse, 1400 V, 20 milliseconds). Almost
60% of cells expressed CRISPR2σ (57.71 +/- 2.61) while fewer cells (40.91 +/- 1.51%)
expressed CRISPR0. Images were taken 48 hours post-electroporation by a camera
associated to the inverted fluorescent microscope Olympus IX at a magnification of 5X.
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Unstained

CRISPR0

CRISPR2σ

Figure 6.9.FACS analysis of electroporated iPSCs-derived patient myoblasts.
Myoblasts derived from the iPSCs cell line carrying a dystrophin duplication in
dystrophin exons 3-41 and electroporated with the CRISPR0 and CRISPR2σ plasmids
were sorted by the FACSAria cell sorter. Consistently with the fluorescent microscope
analysis, a greater percentage of cells expressed CRISPR2σ (33.23 +/- 0.37) while less
cells expressed CRISPR0 (13.9 +/-0.56).
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6.3.5. T7 assay on electroporated and FACS sorted iPSC-derived
myoblast-like cells
I expanded FACS sorted cells, extracted their DNA (section 2.3.1) and amplified it as
required for the T7 assay (sections 2.3.4 and 2.3.7), which I performed to monitor the
CRISPR/Cas9 targeting efficiency in DUP3- myoblast-like cells. When I ran T7 assay
products on a 4-20% TBE gel (section 2.3.8), I observed cleaved bands of the expected
molecular size (511 bp and 217 bp) in samples obtained from cells electroporated with
CRISPR2σ (Fig.6.10). The cleavage efficiencies measured in cells electroporated with
CRISPR2σ were 19.7%, 16.7% and 17.3% (mean efficiency 17.9 +/- 0.92). However, I
observed non-specific background bands (whose molecular weight was similar to the
lower CRISPR2σ cleaved fragment) also in samples derived from CRISPR0
electroporation. As such, I could not infer that these values of CRISPR/Cas9 were
reliable.

6.3.6. Inducing terminal differentiation of iPSCs-derived myoblast-like
cells
To assess dystrophin repair at transcript and protein level, I had to culture the
electroporated and sorted cells in M2 medium (section 2.2.6) to generate myotubes
expressing dystrophin. However, as the myogenic differentiation of iPSCs did not result
in a pure population, I performed FACS analysis to screen for the ErbB3 marker,
expressed in myogenic cells (section 2.2.14.b). Unexpectedly, a very limited number of
cells expressed the ErbB3 marker (Fig.6.11.), indicating that this cell pool contained
only a few myoblast-like cells that could have sustained myogenic differentiation.
Therefore, I could not obtain RNA and proteins.
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Figure 6.10.T7 assay on electroporated myoblast-like cells derived from DUP3 iPSCs.
T7 assay was performed on DNA derived from myoblast-like cells derived from DUP3
iPSCs and electroporated with CRISPR/Cas9 plasmids (NEON device). Cleaved bands
of the expected molecular weight (511 bp and 217 bp) were observed in cells
electroporated with CRISPR2σ (lanes e-g). However, none of the cleaved bands was
detected in the untreated sample (lane a) and in samples electroporated with the
CRISPR0 plasmid (lanes b-d). The molecular weight of each full length and cleaved
band was assessed by using the 100 bp ladder (NEB).
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UT

CRISPR0

CRISPR2σ

Figure 6.11.Selection of iPSCs-derived myoblast-like cells expressing ErbB3.
Once the DUP3-derived myoblast-like cells expressing CRISPR/Cas9 plasmids were
isolated, they were further selected according to the expression of the myogenic marker
ErbB3. A very low percentage of cells (below 1%) expressed this marker and was
isolated by flow-cytometry. UT= untreated cells; CRISPR0= cells previously
electroporated with CRISPR0; CRISPR2σ= cells previously electroporated with
CRISPR2σ.
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6.4 DISCUSSION
In this chapter I aimed to investigate the ability of a single CRISPR/Cas9 nuclease
approach to restore considerably large dystrophin duplications in a DMD iPSC line.
The use of CRISPR/Cas9 to remove large-sized genomic regions was reported a few
years ago by Young et al., who generated an internally deleted dystrophin devoided of
up to 725 kb in DMD iPSCs596. However, his approach was not applied to DMD
duplications and was based on the use of two different nucleases.
Conversely, Long et al.597 restored dystrophin in iPSC-derived cardiomyocytes carrying
a duplication of DMD exons 55-59 using the single nuclease approach I used in this
thesis. Nevertheless, his approach was applied to a multi-exon duplication whose size
was limited compared to the one present in the cell line I chose, spanning exons 3-41
(about 1000 kb). Achieving dystrophin repair in this cell line would therefore allow me
to demonstrate for the first time that CRISPR/Cas9 can target and correct genomic
duplication larger than 1 million bp.
I chose to electroporate CRISPR/Cas9 nuclease both in iPSCs and in myoblast-like
cells derived from iPSCs (duplication of DMD exons 3-41) to compare the efficiency of
editing in these two cell types.
I considered that the study of both cell types would be advantageous for my study. On
one hand, the benefit of using gene-edited iPSC clones is their capability of unlimited
expansion and the possibility to use the them as isogenic control alongside the nontreated iPSC cells598. Furthermore, iPSCs can generate not only skeletal muscle, but
also cardiomyocytes and neuronal cells, all expressing dystrophin and functionally
compromised in Duchenne muscular dystrophy (section 1.2). Therefore, the removal of
DMD duplication at the iPSC stage would allow me to obtain cells expressing wild-type
dystrophin that I could differentiate towards the lineages mentioned above. In this way,
I could assess the efficiency of dystrophin protein repair across multiple cell types.
On the other hand, the CRISPR/Cas9 delivery to iPSC-derived myoblast-like cells
would allow me to determine how the editing efficiency varies across myoblasts carrying
specific mutations. Moreover, by comparing the results obtained from the nuclease
expression in iPSCs and iPSCs-derived myoblast-like cells, I could examine the
efficiency of CRISPR/Cas9 in two separate cell types genotypically identical. Finally,
the use of iPSC-derived myoblast-like cells would be beneficial also from a technical
perspective. In fact, once the myogenic cells have been produced in culture, they can
be easily expanded and stored for further applications. This would allow me to save
time and lower the costs associated with the iPSCs differentiation following each
experiment.
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I observed that the CRISPR/Cas9 delivery in these two cell types resulted in clearly
different outcomes. The electroporation of cells at the iPSC stage gave rise to a
considerable cell death, even though two of the three parameters I tested were shown
to be successful in iPSCs in the publications of Wang et al., Howden et al. and Ihry et
al.599–601. According to the recent study by Ihry et al., high levels of CRISPR/Cas9
expression in iPSCs are associated with a considerable cell death, by virtue of the
Cas9-mediated activation of the p53 pathway601. However, if the cell death I observed
had been derived by an high level of CRISPR/Cas9 expression, I would have expected
it to occur later in time and not immediately after electroporation. I therefore
hypothesized that the cell death might be due to the unsuitable electroporation
conditions for these particular patient-derived iPSCs.
In contrast, iPSC-derived myoblast-like cells survived the electroporation and
expressed high levels of CRISPR/Cas9. I noticed that, despite having been
manipulated first by electroporation and then by sorting, the IPSC-derived cells
maintained their proliferative ability, so that I could quickly expand them to assess
CRISPR/Cas9 efficiency at the genomic level. It is likely that such considerable
proliferation was due to the protocol I used for their differentiation, published by Chal et
al.590. This protocol, in fact, gives rise not only to mature muscle fibers, but also to
satellite cell-like myogenic precursors. This provides an advantage over primary
myoblasts when cells have to be kept in culture for a long period of time, as the
proliferative ability of primary myoblasts is limited compared to satellite cells602.
In this thesis, iPSC-derived myogenic precursors treated with CRISPR/Cas9 would be
ideally maintained in the proliferative state until their number was sufficient for DNA,
RNA and protein studies. Only at that point cells would be induced towards terminal
differentiation. The same approach would be also suitable if ex vivo cell therapies were
considered, as it would allow the generation of a considerable number of cells to be
transplanted in vivo (even though cells with a limited proliferative ability in vitro have
been shown to have a better survival post engraftment603).
I observed that the efficiency of the CRISPR-mediated genomic cleavage in iPSCderived myoblast-like cells was similar to that which occurred in the immortalized DUP2i
myoblasts (duplication of DMD exons 3-16, table 2.1, section 2.2.2) expressing low
levels of CRISPR/Cas9 (around 20%). In order to assess the efficiency of dystrophin
correction I had to integrate the genomic analysis with dystrophin transcript and protein
data. However, neither of these are available at present. In fact, I could not generate
myotubes from which to extract RNA and protein, as a very limited amount of the
myogenic precursor cells expressed the myogenic surface marker ErbB3 according to
FACS analysis. This outcome lead me to hypothesize that contaminant cells were
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present in culture, potentially generated by experimental variables occurred during the
iPSC differentiation. In support of this hypothesis, I noticed that almost all the
differentiation conditions I tested (apart for cells seeded at low density and treated with
6µM CHIR99021) visually appeared to be a mixture of myogenic and neuronal cells.
This was also observed by Hosoyama et al.604 in the presence of the differentiation
conditions I used.
Since the outcome of FACS analysis limited the information that I could derive in
regards to the efficiency of CRISPR/Cas9 for correcting large dystrophin duplications,
for future work I would recommend the selection of a pure myoblast population based
on myoblast specific markers605,606 before CRISPR/Cas9 delivery. In this way,
contaminant cells will be eliminated and I could obtain a population of myogenic cells
able to sustain terminal differentiation. This approach nevertheless is not devoid of
risks. Cells would have to be kept in culture for the relatively long period associated with
the CRISPR/Cas9 electroporation, followed by sorting and expansion that would be
needed before inducing terminal differentiation. This might lead to cells senescence or
death607, compromising the success of the experiment.

To summarize, in this chapter I observed that:
-

DUP3 (duplication of DMD exons 3-41) iPSC-derived myoblast-like cells (but
not DUP3 iPSCs) can express CRISPR/Cas9 following NEON electroporation.

-

CRISPR/Cas9 can target dystrophin genomic region in myoblast-like cells
derived from DUP3 iPSCs.

-

The isolation of a pure myoblasts cell population is a necessary requirement for
the analysis of dystrophin transcript and protein, so that the CRISPR/Cas9
ability to repair large dystrophin duplications can be confirmed.
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Chapter 7.

General discussion

7.1 THE ROLE OF CRISPR/CAS9 AS A THERAPEUTIC STRATEGY FOR
DMD
Duchenne Muscular Dystrophy is caused by genetic mutations resulting in the absence
of the intracellular protein dystrophin, and is one of the most debilitating and severe
neuromuscular conditions that leads to death early in life13. In the years which followed
the discovery of the DMD gene in 1985, clinicians and scientists undertook extensive
investigations to understand the DMD pathogenesis (section 1.2) and, since then, many
therapeutic approaches have been developed in the attempt to delay DMD progression
(section 1.6). However, none of the proposed strategies operates at the genomic level
to restore a wild-type DMD gene, as they act either by mitigating the symptoms of the
disease, or by compensating for the consequences of the missing/defective protein.
As an example, the mutation-independent approach based on AAV-mediated delivery
of mini/micro-dystrophin constructs can be used for any type of DMD mutation and
potentially be exploited to ameliorate disease severity (section 1.6.2.d). However, as
the dystrophin transgene expressed by the AAVs is internally deleted, it is expected to
be only partially functional. This shorter dystrophin isoform would not be able to totally
compensate for the absence of dystrophin. Therefore, it is expected that, in the best
scenario, its expression would result in a milder Becker-like phenotype (section 1.2).
Similarly, exon-skipping (section 1.6.2.b) would be able to restore the dystrophin
reading frame by skipping selected exons, but would not lead to the production of a
wild-type dystrophin. Furthermore, exon-skipping is only applicable to deletions, small
duplications and nonsense mutations disrupting dystrophin reading frame, but is not
applicable to large duplications spanning multiple exons.
Finally, most of these approaches would require the repeated administration of the
therapeutic agent for a life-long maintenance of the beneficial effect, with the exception
of the AAV, for which repeated administration is currently not feasible due to
immunological reasons.

An alternative to these therapies has recently been found in engineered nucleases and
in particular in CRISPR/Cas9, a bacterial-derived nuclease that can potentially target
and cleave any genomic region that needs to be edited375. The main advantage of this
strategy is that any modification introduced in the target DNA would be permanent.
Furthermore, depending on which repair pathway prevails after that the nuclease cuts
the target DNA (i.e. HDR or NHEJ), CRISPR/Cas9 can be exploited to repair any type
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of mutation, from smaller point mutations to larger deletions and duplications (section
1.8).
Long et al.608, for example, were among the first to demonstrate CRISPR/Cas9mediated dystrophin restoration via HDR in the mdx murine model (which carries a point
mutation in exon 23)217. By injecting mdx zygotes with both CRISPR/Cas9 components
(sgRNA and Cas9, section 1.8) and a DNA template carrying the wild-type exon 23, he
demonstrated variable degrees of dystrophin correction (from 2% to 100%) in three
different skeletal muscles (quadriceps, soleus and diaphragm) and cardiac muscle of
mice examined in their adulthood.
The approach proposed one year later by Ousterout et al., instead, relied on the NHEJ
repair mechanism to partially correct dystrophin both in vitro in immortalized DMD
myoblasts and in vivo in immunodeficient mice609. His strategy (defined as multiplexed
approach) exploited the simultaneous delivery of multiple sgRNAs either to introduce
large dystrophin deletions or insertion/deletions (indels, section 1.7) that would restore
the dystrophin reading frame609.
However, the use of multiple sgRNAs increases the probability of observing cleavage
at unintended sites and chromosomal translocations between on-target and off-target
sites610.
In the present study, I developed a simpler NHEJ-based CRISPR/Cas9 strategy that
would not require multiplexing and tested its efficacy in vitro, as a proof-of-concept for
the generation of future in vivo therapeutic approaches.
Specifically, the strategy I designed was based on the use of a single CRISPR/Cas9
nuclease to correct dystrophin duplications (section 1.9), that occur in 10-15% of DMD
patients1. The hypothesis behind the project was that directing the nuclease to a specific
genomic region within the duplication would result in two genomic cuts (one for each
target sequence). This would cause the elimination of the intervening duplicated
segment and, upon ligation of the two cleaved ends by NHEJ, the restoration of the
DMD gene (Fig.1.9). This approach is theoretically applicable to all the patients carrying
DMD duplications, as it can be used for correcting both small and large duplications.
The main advantage of my approach is that DMD patients treated with CRISPR/Ca9
would not produce a Becker-like dystrophin, but a fully functional dystrophin that would
be expressed in a proportion of nuclei, resembling the situation of DMD carriers611.
Depending on the extent of somatic cell correction, this could potentially be
advantageous as most DMD carrier typically have no substantial progression of clinical
symptoms.
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7.2 CRISPR/CAS9 AND DYSTROPHIN EDITING: THE IMPORTANCE OF
THE STUDY DESIGN
As a first step, I had to select a genomic region of the DMD gene to be targeted by the
nuclease. I decided to target an intronic region. The reason for this choice was linked
to the fact that NHEJ, the prevalent repair mechanism of DNA breaks in the absence of
a DNA template, is an imprecise mechanism which could randomly introduce insertion
and/or deletions at the break site. If these would occur within an exon, they could
potentially disrupt the DMD gene reading frame612. Alternatively, indels could result in
the addition of new amino-acid sequences to the dystrophin protein. This would
generate new epitopes that could alter the protein structure612. Both cases would result
in a non-functional or altered protein.
I then had to consider which cell type was the best to demonstrate my experimental
hypothesis in vitro. I demonstrated that CRISPR/Cas9 nuclease can target both small
and larger genomic duplications in primary fibroblasts, primary and immortalized
myoblasts and iPSCs. I initially expressed CRISPR/Cas9 in primary fibroblasts derived
from patients carrying dystrophin duplications as these were readily available to me
through our BioBank. Since dystrophin protein is not detectable in fibroblasts468, I had
to induce them towards the myogenic lineage through the forced expression of the
MyoD transcription factor (section 4.1.2). However, I could not generate enough
myoblast-like cells to be terminally differentiated into myotubes expressing
dystrophin490 (section 4.3.5), and therefore I only used fibroblasts to confirm genomic
targeting upon CRISPR/Cas9 treatment. Instead, I identified a patient-derived myoblast
cell line carrying a duplication of DMD exons 3-16 with an extremely high myogenicity
(fusion index of 90%) which allowed me to generate terminally differentiated myotubes
so that I could assess dystrophin repair at protein level. Thanks to this highly myogenic
myoblast cell line, I was able to show that CRISPR/Cas9 is capable of correcting small
dystrophin duplications (sections 5.3.2.c, 5.3.3.bii and 5.3.3.ciii).
I also used iPSCs (duplication of DMD exons 3-41), a cell model that offers considerable
advantages for diseases affecting multiple tissues as for DMD613. Despite the fact that
I did not succeed in expressing CRISPR/Cas9 in iPSCs, I would consider this cell type
for future studies. In fact, iPSCs can be used to derive not only myoblasts, but also
cardiomyocytes and neurons (which are also compromised in DMD but impossible to
obtain other than at post-mortem). This feature makes iPSCs appealing not only for
demonstrating genetic correction of different cell types in vitro, but also for in vitro
disease modelling aimed to provide new molecular insights into the pathogenic
mechanisms of the disease613.
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Moreover, if ex vivo cell therapies based on transplantation of edited patient-derived
cells were considered, the indefinite proliferative ability of iPSCs would generate a
larger number of cells to transplant than primary myoblasts or mesoangioblasts.
Alternatively, despite not used for my study, I would consider the use of urine-derived
stem cells, recently identified by Falzarano et al.614. Urine-derived stem cells can be
coaxed down the myogenic lineage and generate myogenic precursor cells614 but,
unlike iPSCs, they maintain their proliferative ability without generating tumours or
teratomas615. Furthermore, unlike fibroblasts, myoblasts and iPSCs, urine-derived stem
cells are easy to be accessed without any discomfort.

The use of a stable versus a transient transgene expression was a further parameter
that I had to consider in my experimental design. Initially, I chose integrating lentiviral
vectors for demonstrating the efficacy of my approach in vitro. The reason for such
choice is that CRISPR/Cas9 transgenes expressed by lentiviral vectors are integrated
into the DNA and persistently expressed. This results in an overload of CRISPR/Cas9
nuclease, thus increasing the chances of cleaving DNA at both duplicated sites and, as
a consequence, of restoring as much dystrophin as possible. Moreover, lentiviral
vectors can accommodate transgenes as large as 11 kb406. As such, these vectors are
suitable for hosting the all-in-one plasmids that express not only the CRISPR/Cas9
components, but also selection markers (antibiotic resistance and/or fluorescent
proteins) to facilitate the readout of CRISPR/Cas9 expression in the treated cells in an
in vitro system. Thanks to the permanent co-expression of Cas9 and EGFP by means
of lentiviral vectors, I could select transduced cells and demonstrate that the approach
I designed is successful to correct dystrophin duplications in vitro.
The single CRISPR/Cas9 nuclease approach trialled in my study has been
independently validated in vitro by the work of Lattanzi et al.616, who succeeded in
removing the duplication of dystrophin exon 2 (the most common dystrophin
duplication)78. Similarly, Wojtal et al.389 demonstrated the removal of a dystrophin
duplication by using a single nuclease not only in vitro in patient-derived myoblasts, but
also in vivo in a mouse model carrying a dystrophin duplication of exons 18-30. In both
studies CRISPR/Cas9 was expressed by the LentiCRISPRv2 vector and transduced
cells were selected exploiting puromycin selection.
Kimura et al.533 showed that lentiviral vectors delivered in vivo in the tibialis anterior of
mdx4cv dystrophic mice (nonsense mutation in dystrophin exon 53)617 were able to
target and integrate in satellite cells. This represents a major advantage of these
vectors, as satellite cells are the muscle precursor stem cells that are activated upon
muscle damage to produce new myoblasts. If CRISPR/Cas9 would repair DMD gene
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in satellite cell’s DNA, each newly formed myoblast would express a wild-type and
stable dystrophin which would contribute to the integrity of the myofibers with which it
would fuse. Similarly, the new myofibers generated by the regenerative process would
not undergo degeneration618. Moreover, the muscle regeneration process itself would
be improved by correcting dystrophin in satellite cells, as regeneration process is
affected by dystrophin loss in this cell type139.
Despite this important achievement, an intra-muscular delivery route on the line of
Kimura et al.533 could not be used for pathologies like DMD which affects muscles bodywide. A systemic delivery would be necessary, but lentiviral particles delivered
systemically are known to be sequestered by the liver and rapidly cleared from the
circulation following the interferon response, thus hampering successful systemic
muscle targeting619.
Moreover, although lentivirus can integrate in both dividing and non-dividing tissues
such as muscle264, their ability to integrate within the host genome would increase the
chances of off-targeting due to the constant presence of Cas9, and also the risk of
tumorigenesis due to insertional mutagenesis272. Taken together, these limitations led
me to consider alternative non-integrating delivery systems which I could eventually use
for the delivery of the CRISPR/Cas9 in vivo model, which is the future goal of the project.

I therefore investigated if an episomal (and thus transient) CRISPR/Cas9 expression
could be exploited to repair dystrophin duplications in vitro. I hypothesized that a
provisional CRISPR/Cas9 expression might, in fact, not be sufficient for achieving a
sufficient level of duplication removal to be detectable as a restored dystrophin protein.
I attempted transient CRISPR/Cas9 expression in vitro in patient-derived myoblasts
(duplication of DMD exons 3-16) either by transfecting these cells by commercial
transfection reagents or by electroporation. The use of transfection reagents resulted
in a very low level of CRISPR/Cas9 expression (below 5 %, section 5.3.3.a) and was
therefore not pursued further. Electroporation, instead, allowed the nuclease
expression at even higher levels than those achieved with lentiviral vectors at the
optimal titre of 0.4 MOI (sections 5.3.3.b.1 and 5.3.2), despite the nuclease being
expressed by two strong promoters (i.e. EF1σ core and CMV)620. Moreover, I observed
that even though Cas9 was serially diluted with every cell division following
electroporation, its transient but higher expression resulted in a similar extent of
dystrophin protein correction as its constitutive expression (sections 5.3.2.c and
5.3.3.biii). These promising results indicated that the genomic integration of transgene
DNA is not necessary to ensure a high level of editing, and that also an episomal
CRISPR/Cas9 expression in skeletal muscle in vivo might be efficient in restoring
dystrophin protein. An approach based on the transient CRISPR/Cas9 expression
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would be safer when moving in vivo, as it would avoid the oncogenic risk associated
with a random transgene integration into patient’s genome, and could be potentially
repeated multiple times.

7.3 IN VITRO CRISPR/CAS9 GOES IN VIVO: FUTURE PERSPECTIVES
7.3.1 Genome-wide analysis of off-target effects
The next step following on from my project would be testing CRISPR/Cas9 efficacy in
vivo. However, safety checks, such as the assessment of off-target effects derived from
the nuclease, would be needed first.
In fact, the degree of nuclease specificity in recognizing its target is a well-documented
issue: off-target sites sharing a certain degree of homology with the target site can
indeed be found either in non-coding and coding regions of genes. As a result of
nonspecific nuclease activity, these genes might be inactivated or mutated by the
introduction of insertions and/or deletions621. Similarly, the introduction of indels in offtarget sites located within regulatory regions such as enhancers/repressors can, in turn,
disrupt the homeostasis of several other genes622. Tumorigenesis might also occur if
perturbed genes are involved in controlling cancerous cells either as oncogenes or
tumour suppressor-genes.
Most of the in silico tools for the prediction of potential off-target sites developed up to
date are not completely accurate. The off-target sites listed by the algorithm of Tsai et
al.623, for example, complemented those predicted by the different algorithm used by
Frock et al.624 and vice-versa. This suggested that neither tool could predict all of the
off-targets with absolute certainty (even though the most recent tool developed by Tsai
offers an off-target profile resembling the one obtained following whole genome
sequencing)625.
The chances of having non-specific editing might be reduced using Cas9 isolated from
different organisms, as these would rely on PAM motifs (the sequences that defines
each nuclease target) less common than the trinucleotide 5’-NGG-3’. As an example,
the Cas9 nuclease isolated from S. aureus recognizes the more rare 5’-NNGRR-3’
motif, where N and R stays for any nucleotide and a purine, respectively626.
Finally, as in silico tools are developed on reference genomes, they do not consider
the huge number of sites (up to 5 million) that have been estimated to vary in the genetic
background of each individual627. Lessard et al. recently pointed out that single
nucleotide polymorphisms or copy number variation specific for each person might
either alter, create or destroy the PAM motif 627. Furthermore, these can as well disrupt
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on-target sequences and/or generate additional off-target sites625. All these scenarios
would affect the final outcome of the therapeutic approach in vivo, resulting either in
inefficient treatment or severe adverse effects627. To guarantee the best nuclease
design, whole genome sequencing of individual patients would be recommended625,
although at present this is not a very practical solution as it would be time-consuming
and expensive.
Not even the combinatorial approach of in-silico predictions and whole-genome
sequencing analysis might reflect what actually occurs upon CRISPR/Cas9 targeting in
vivo. These tools, in fact, do not account for the epigenetic status of the target cells,
which determines the degree of chromatin accessibility to the nuclease628,629. In fact,
different cell types have specific chromatin conformation in accordance with their
expressed genes. This might limit the ability of Cas9 to access any genomic region with
the same efficiency546.
While alternative strategies and optimization of the off-target effects analysis are
ongoing, an ideal nuclease to be tested in vivo would be expected to induce the
therapeutic benefit with a minimal profile of off-target effects.

7.3.2. Considerations for future CRISPR/Cas9-based therapies
The choice of which system to use for CRISPR/Cas9 delivery in vivo is a fundamental
factor that has to be considered depending on which cells/tissues have to be targeted.
For example, the delivery of CRISPR/Cas9 via electroporation (which I tested in vitro)
could be applied for ex vivo cell-based therapies (section 1.6.2.c), but cannot be used
to target muscles body-wide in vivo. Although many other non-viral strategies are being
continuously improved and adapted for the delivery of the nuclease in different formats,
for targeting muscle in vivo I would opt for the well characterized AAV vectors that are
in use in several clinical trials (section 1.6.2.d).
Several advantages related to AAV vectors allowed me to consider them as the best
choice for in vivo CRISPR/Cas9 delivery.
One factor is that the transgene expressed by AAV vectors remains mostly episomal.
This would result in a CRISPR/Cas9 expression limited in time, overcoming the risk of
insertional mutagenesis associated with the integrating vectors272.
Also, despite having a limited packaging ability which would require the substitution of
the Streptococcus pyogenes Cas9 with the smaller Cas9 protein derived from
Staphylococcus aureus630, AAV vectors have instead a relatively low immunogenicity
and are much better-tolerated when delivered systemically, as this is the only
administration route that would allow the targeting of muscles body-wise. This feature
227

does not apply to adenoviral vectors, which are instead associated with an high
immunogenic risk263.
Finally, as each AAV serotype has a preferential tissue tropism, different AAV vectors
can be used to target the different tissues and organs affected in DMD 275,276. AAVs of
serotypes 6, 8 and 9 successfully transduce heart and muscle in vivo in the mdx mouse
model, as independently observed by several groups387,631–633.
However, the works published by Arnett et al. and Tabebordbar et al.387,634 underlined
the poor tropism of AAVs towards satellite cells, in which a level of editing less than
5% was observed387,634. This might limit the extent of dystrophin correction that might
be achieved, underlining the need to engineer AAV vectors so that an efficient targeting
of satellite cells would be achieved. In fact, an ideal therapeutic solution would consider
the editing of dystrophin both in satellite cells (section 1.5.1 and 1.6.1.c) and in
myofibers to obtain a maximal level of protein repair.

Once the vector for expressing CRISPR/Cas9 and a delivery route have been identified,
a further criterion to be considered in vivo is the age at which the nuclease is
administered. I believe that providing the nuclease to DMD patients at the appearance
of symptoms (i.e. at an early stage of the disease) would be more beneficial that later
in time, considering that more muscle tissue would be available and preserved from
fibrosis. Moreover, once the AAV targeting of satellite cells will be possible, the muscle
regeneration observed at the initial stages of the disease will allow a quicker
replacement of the damaged fibres with fully functional ones635.
An additional question to be answered is how much functional dystrophin is needed to
restore muscle function. Van Putten et al. investigated how much dystrophin is required
to ameliorate the phenotype of the mdx-Xisths mice, a disease model which exhibit
minimal but varying dystrophin levels as it derives from the breeding of XistΔhs females
(carrying a mutation in the Xist gene, responsible for X-inactivation636) and mdx males.
She showed that very low levels of wild-type dystrophin (starting from a minimum of
4%) are enough to improve performance (measured as endurance), muscle survival as
well as cardiac and motor function of mdx-Xisths mice, even though at least 20% of
dystrophin expression had to be achieved before she could assess the full protection of
muscle against eccentric contractions637–639. Similar results were reported by Godfrey
et al. Her work on mdx mice showed that as few as 15% dystrophin homogenously
expressed in the muscle fibres within the muscle is enough to protect against muscle
damage caused by eccentric exercise640, similarly to what seen upon an higher (73%)
but heterogenous dystrophin expression across muscle fibres (only 65% of dystrophin
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positive fibres)641. These findings indicated that, even though it is effective at very low
levels, dystrophin has to be expressed in the majority of the muscle fibres to allow a
functional improvement.
However, mice are not bipedal and therefore they distribute force across four limbs. As
a consequence, muscle damage in response to load is expected to be less in mice than
humans. The study published by Neri et al. showed that, in humans, a level of
dystrophin expression between 29% (which is almost double the amount reported by
Godfrey et al.

640

) and 57 % of wild-type dystrophin is needed to completely prevent

muscular dystrophy when expressed in the majority of muscle fibres within the
muscle642.
In light of these findings, the single nuclease approach developed in my study could be
successful in vivo if resulting in levels of restored dystrophin expression higher or similar
to those mentioned by Neri et al.

7.3.3. In vivo CRISPR/Cas9 immunity: further considerations
A recent study by Charlesworth et al. demonstrated that, in healthy human adults, antiCas9 immunity exists to Cas9 nucleases derived both from Streptococcus pyogenes
and Staphylococcus aureus, as these bacteria frequently colonize and cause diseases
in humans643. Even though the humoral response towards the intracellular Cas9 would
not be harmful for Cas9-expressing cells, these can be killed by the cellular immune
response, which triggers the secretion of interferon-γ by the CD8+ T lymphocytes644.
The risk of a strong immune response might be mitigated by the use of low
immunogenic vectors such as AAV. However, the pro-inflammatory environment which
is characteristic of dystrophic skeletal muscle645 might exacerbate Cas9 immunity and
increase the extent of nuclease destruction. Therefore, the use of immune-suppressors
during the time of nuclease expression might be needed. Alternatively, a minimal
therapeutic level of Cas9 expression might increase the tolerance of Cas9 and limit the
triggering of the immune response646. To ensure a low but still effective CRISPR/Cas9
expression in the clinical context, I would modulate the nuclease expression by means
of a tissue specific and inducible promoter.
Tissue specificity would restrict the Cas9 expression to the tissue of interest (i.e.
skeletal muscle), similarly to what was recently shown by Bengtsson et al.633, who used
a custom-designed647 muscle-specific promoter to limit the expression of Cas9 to
skeletal and cardiac muscles of mdx4cv mice (nonsense mutation in dystrophin exon 53).
The possibility to express Cas9 only in desired tissues would also limit potential offtarget effects (section 1.8) that might arise if targeting occurs in tissues or cells having
a different epigenetic landscape.
229

The use of an inducible promoter, instead, would allow me to control the timing of the
nuclease expression, so that it could be maintained only until required. This would
reduce the risk of off-target effects and lower the chances of triggering immune
response. Ideally, I would put Cas9 under the control of a promoter that could be
induced by means of a drug. In this way, patients would receive the drug for a limited
period of time required for Cas9 to be expressed and, following drug clearance, Cas9
expression would be silenced.

7.4 CONCLUDING REMARKS
The scientific approach developed in this thesis allowed me to confirm that single
CRISPR/Cas9 nucleases can correct dystrophin duplications in vitro in multiple cell
types, providing the basis for in vivo therapeutic approaches tailored to the 10-15% of
patients carrying DMD duplications.
Moreover, I could validate this approach both by using viral and non-viral strategies and
the comparison of these strategies allowed me to infer that a considerable but transient
expression of Cas9 can be as effective as its continuous but poor expression.
Therefore, in vivo therapeutic designs should aim to a “hit-and-run” expression of Cas9,
so that long term risk of constitutively active endonucleases would be reduced.

Further optimizations aimed to increase the safety of this approach are for sure needed
before translating this approach into clinic for DMD. However, I believe that the scientific
progress will speed up this process and will reveal the widespread therapeutic
applicability of this tool. In the field of DMD, the refinements of the CRISPR/Cas9 editing
tool is likely to proceed in conjunction with the rapidly evolving AAV gene therapies.
I believe that it is realistic to expect that, with new discoveries on improving safety and
specificity, genome editing for DMD including duplication will be achieved in the future.
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APPENDIX I: Formulation of culture medium used during iPSCs
differentiation

The name of each medium recapitulates its main components, as indicated below:

D = Dulbecco's Modified Eagle Medium/Nutrient Mixture F-12
C = CHIR99021
L = LDN193189
F = bFGF
K = knock-out serum (KSR)
I = IGF-1
H = HGF

DICL medium
Reagent

Working
conc.

DF12

1x

IST

1x

NEAA

1x

CHIR

3µM

LDN

0.5µM

Note

Daily
medium
change

DICLF medium
Reagent

Working conc.

DF12

1x

IST

1x

NEAA

1x

CHIR

3µM

LDN

0.5µM

bFGF

10ng/ml

Note

Daily
medium
change
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DKHIFL medium
Reagent

Working conc.

DF12

1x

NEAA

1x

KSR

150 µl/ml

β-ME

2µl/ml

HGF

10ng/ml

IGF-1

2ng/ml

bFGF

20ng/ml

LDN

0.5µM

Note

Daily
medium
change

DKI proliferation medium
Reagent

Working conc.

DMEM

1x

KSR

15%

NEAA

1x

β-ME

2µl /ml

IGF-1

2ng/ml

Note

Daily medium
change

DKHI proliferation medium
Reagent

Working conc.

Note

DF12

1x

KSR

15%

NEAA

1x

change
medium
every other
day

β-ME

200 ul/100 ml

HGF

10ng/ml

IGF-1

2ng/ml
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Passage cells
Reagent

per well of 6well plate

Collagenase

1ml

Dispase

100ul

Note
Split 1 to 3-5
ratio
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