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Abstract
Ion channels are critical modulators of cellular function and are implicated in a range of medical
conditions. The ion channel studied in this thesis is the human P2X4 receptor, which is involved
in signalling pathways associated with pain perception. The P2X4 receptor is a target for
antibody-based therapeutics against neuropathic pain, a chronic pain condition. The
development of a therapeutic can be facilitated by an understanding of its interaction with the
target. In addition, such knowledge is important for the progression of candidate therapeutics
through trial and approval processes.
We use the atomic force microscope (AFM) to study P2X4 receptors reconstituted into model
membranes of well controlled composition. AFM is a powerful technique for imaging single
biomolecules at sub-nanometre resolution in near-native conditions. We visualise P2X4
receptors at high resolution in the presence and absence of the ligand ATP. In addition, the
thesis reports our efforts to directly visualise the binding of candidate antibodies to P2X4
receptors using AFM.
Furthermore, we apply super-resolution optical microscopy (principally total internal reflection
fluorescence microscopy, TIRFM) to visualise the binding of labelled antibodies to P2X4
receptors in our model membranes. TIRFM, combined with single-particle tracking algorithms,
allows us to determine valuable kinetic parameters (dissociation constant, on-rate, off-rate and
Hill coefficient). Finally, we apply the acoustic technique known as quartz crystal microbalance
with dissipation monitoring (QCM-D) to measure the binding of unlabeled antibodies to P2X4
receptors, validating our TIRFM data.
In summary, the thesis reports the use of three biophysical methods to characterise the binding
of an antibody therapeutic to a human protein implicated in a chronic pain condition. Our data
yields information that has proven non-trivial to acquire using typical work-horse techniques;
the results presented have contributed directly to a drug discovery project with our industrial
partner MedImmune.
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Impact Statement
Firstly, it is envisaged that the knowledge presented in this thesis will contribute towards an
ongoing drug discovery effort at MedImmune Ltd. The drug in question is an antibody-based
therapeutic designed for the treatment of debilitating chronic pain conditions in humans; the
severity and prevalence of such conditions is of significant socioeconomic impact. The
measurements of receptor-antibody binding kinetics and affinity may be useful in the
development of safer and more potent therapeutics. Furthermore, the methods and expertise,
pertaining to experiments and data analysis, could be applied in the future to other
collaborative drug discovery projects between UCL and the AstraZeneca group. The methods
and findings will be disseminated to the wider academic and industrial communities in the
format of a first-author publication* in a scholarly journal (manuscript in preparation).
Secondly, a segment of the work presented in this thesis contributed to a publication* on a
novel synthetic anti-microbial peptide that mimics the viral capsid architecture; we captured
atomic force microscopy videos of the peptide destroying biomimetic membranes, helping to
elucidate the mechanism of action. Antibiotic resistance is recognised as one of the largest
medical problems facing the developed world; this publication presents a creative strategy for
the de novo design of new antimicrobial agents. The work also featured on the UCL website
(https://www.ucl.ac.uk/news/news-articles/0118/230118-synthetic-virus) as well as several
mainstream

media

outlets

including

The

Express

(https://www.express.co.uk/news/science/912868).
In addition, an element of the work presented in this thesis contributed towards the real-time
visualisation of membrane attack complex (MAC) formation. This process is fundamental in
the human immune system’s response to bacterial infection and therefore has significant
biomedical importance. These findings will be disseminated to the academic community via
publication* in a scholarly journal (in preparation).
Finally, this thesis also describes the development of a multi-parameter stage for enhanced
environmental control during AFM experiments. The work was funded by an EPSRC impact
acceleration award. The device now forms part of the toolkit available for the AFM facility at
the London Centre for Nanotechnology, where it is intended for use across multiple medicallyrelevant projects. The design was showcased in the 5th Institute of Making End of Year report
(https://www.instituteofmaking.org.uk/blog/2018/05/institute-of-making-fifth-year-report).

* A list of publications is provided on the following page.
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Introduction

This chapter provides an introduction to the concepts of antibody-based drugs, as well as the
importance of ion channels in physiology and as attractive therapeutic targets. In addition, the
chapter gives a broad overview of the structural biology techniques used to characterise ion
channels. Common techniques for the screening of candidate therapeutics against ion channel
targets are also described, including a case study on the discovery of functional antibodies that
inhibit a human receptor implicated in chronic pain conditions. To set the stage for the
experimental work presented throughout, the chapter outlines the use and suitability of several
biophysical techniques for studying receptor-antibody interactions. The chapter concludes by
introducing the motivation and rationale for the project, and by defining the scope of this thesis.

Background
Ion channels are major regulators of cellular processes, and are critical for maintaining normal
physiology in humans [1]. Ion channels are thus implicated in a plethora of diseases, making
them attractive targets for therapeutic drugs [2]. This thesis explores the use of several
biophysical techniques to study the interaction of antibody-based drugs with a human ion
channel. Our experiments are carried out using reductionist model membrane systems. An
understanding of receptor-antibody interactions at the single-molecule level can be used to
facilitate the development and approval of therapeutic antibodies against ion channel targets.

Antibody-based Therapeutics
Antibodies, also known as immunoglobulin (Ig) molecules, are critical components of the
adaptive immune system that protects the body from infection [3]. There are five different
classes (or isotypes) of immunoglobulin, denoted IgG, IgM, IgD, IgA and IgE. Antibodies
belonging to the IgG isotype have a classic Y-shaped structure comprising four subunits; two
large heavy chain subunits and two smaller light chain subunits (Figure 1.1).

Figure 1.1: The ‘Y-shaped’ structure of human IgG antibody, as adapted from [4]. The ~ 150
kDa antibody is a tetramer, with two γ heavy chains and two light chains. The backbone structure
is shown from the front (a) and side (b). Colours show relatively mobile (red) and rigid (blue) regions.
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As illustrated in Figure 1.1, antibody heavy (H) chains and light (L) chains are further
subdivided into variable (V) and constant (C) domains. The heavy chains are linked to each
other, and to one light chain each, by disulphide bonds. The Fab (fragment antibody binding)
regions comprise VL, VH, CL and CH1 domains. The conserved Fc (fragment crystallisable)
regions comprise the CH2 and CH3 domains. The Fab and Fc region are connected by highly
flexible hinge regions that are important for the immune function of antibodies.
The exquisite specificity of an antibody for its antigen is determined in a region of the Fab
termed the ‘paratope’ (the part of the antigen recognised is the ‘epitope’). Each V L and VH
domain contains three variable loops that make up the complementarity determining regions
(CDRs) involved in specific antigen binding. The different CDRs are termed VHCDR1-3 and
VLCDR1-3. Hypervariability in the CDR regions results in a huge combination of possible CDR
amino acid sequences; thus, highly specific antibodies exist against a vast number of antigens.
The different antibody isotypes play varying and crucial roles in the body’s defence against
infectious pathogens [3]. Essential to antibody function is the exquisite specificity with which
antibodies recognise and bind complementary antigen molecules. Antibodies are produced in
differentiated B lymphocytes (more specifically, plasma cells); of the five classes, IgG is the
most common in circulation in the bloodstream [3]. There are also four sub-classes of IgG
(termed IgG1-4) of which IgG1 is the most abundant in serum. IgG antibodies act against
pathogens via several mechanisms. IgG can bind and directly neutralise toxins [4], in addition
to binding and agglutinating pathogens together. IgG molecules can also bind and coat
pathogen surfaces (known as opsonisation) tagging them for recognition and destruction by
phagocytosis [3]. Furthermore, the Fc domains drive antibody ‘effector functions’, usually by
binding to complementary Fc receptors on immune effector cells. Effector functions usually
entail immune-mediated cell killing mechanisms, including complement-dependent cytotoxicity
(via activation of the classical complement pathway [5]), antibody-dependent cellular
cytotoxicity (ADCC) via macrophages, natural killer cells and eosinophils [3][6].
Antibodies bind to their target antigens with very high specificity, and often high affinity; this
can be harnessed in the design of targeted antibody-based therapeutics [2]. The concept of
biologically inspired drugs is not new; drugs and medicines derived from biological sources
(termed ‘biologics’) account for a significant proportion of globally prescribed drugs [7].
Antibody-based biologics are now a well-established drug class. Several of the world’s highestselling ‘blockbuster’ drugs are monoclonal antibodies, including: adalimumab (marketed as
Humira), an anti-inflammatory IgG against tumour necrosis factor α, the first fully human
antibody to gain approval by the US food and Drug Administration (FDA) [8][9]; and
palivizumab (a.k.a. Synagis), a humanised IgG against the respiratory syncytial virus [10][11].
In fact, antibodies and related molecules represent the fastest growing class of therapeutic
drugs [2] with a remarkable rise in the number of clinical approvals; in 2017, antibody-based
medications comprised 12 of the 46 new molecular entity approvals granted by the FDA
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[11][12]. The high specificity of antibodies addresses one of the major obstacles in smallmolecule drug development, namely difficulty in specifically targeting highly similar or
conserved antigens, such as homologous ion channel subtypes [2] (see Section 1.3).
Antibodies also typically bind antigens with high affinity, which can be further enhanced by
protein engineering. An engineering approach can also be extended to the Fc region to
modulate antibody effector function. Primarily, this allows the half-life of therapeutic antibodies
to be prolonged (implicating dosing frequency and duration of action) to the order of several
weeks. Fine-tuning effector function also allows control over processes such as ADCC [2].
Antibodies have also long been regarded as potential ‘magic bullets’ in the diagnosis and
therapy of cancer; remarkable clinical success has been recently seen in this area [6][13].
Antibodies can be used for: direct blockage of receptors in tumour-related signalling;
modulation of the immune system, including via immune ‘checkpoints’ [14]; and the activation
of cytotoxic effector processes that result in tumour cell killing [6]. Furthermore, antibody-drug
conjugates can be engineered for the highly targeted ‘payload delivery’ of cytotoxic drugs to
cancerous tissues [15][16]. A similar approach, known as antibody-directed enzyme pro-drug
therapy, uses antibodies to direct non-immunogenic enzymes to tumours, where they catalyse
the cleavage of pro-drug precursors to potent cytotoxic drugs [17].
Despite the recent acceleration in antibody approvals, there has been relatively little progress
in the generation of antibodies to inhibit ion channel proteins [2]. However, ion channels play
critical roles in physiology and disease and as such are highly attractive therapeutic targets [1]
[2]. The following section provides an introduction to the ion channel superfamily, with
particular emphasis on the structure, mechanism and disease-biology of P2X receptors.

An introduction to Ion Channels
Analysis of the human genome reveals that several hundred genes encode transmembrane
ion channels. These ion channels form a large and diverse superfamily and can be broadly
classified as either ligand-gated or voltage-gated depending on the primary stimuli that cause
channel activation or inactivation [2].
In the most simple instance, an ion channel is a water-filled pore that enables ion flux through
a cell membrane in response to chemical stimuli, mechanical forces, or temperature change
[1]. The water-filled pore is formed from a collection of protein domains, typically consisting of
four or more helices, that come together to create a barrel-like structure. These helices can be
from the repeated domains of a single subunit, or contributed by several different subunits.
There is enormous variation in the sequence and topology that distinguishes the different
subfamilies of ion channels. However, all ion channels exhibit several conserved features
(Figure 1.2) including: the aforementioned water-filled pore region; a selectivity filter, often a
pore-loop structure, that regulates which ions are permitted to traverse the pore; a sensory
region to detect stimuli and instigate a response; and a gate region that undergoes
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conformational changes to control the opening and closure of the pore [1]. Auxiliary modules,
cavities and fenestrations may be present on both faces of the channel to provide additional
functionality to the system, often pertaining to tighter control of pore kinetics and gating [18].

Figure 1.2: A schematic illustration of the basal components of proteins in the ion channel
superfamily. The channel fully spans the membrane. A solvated ion is shown traversing the pore,
encountering the: ion selectivity filter; central water-filled pore; and gate region. Auxiliary modules
and fine channel structure, such as cavities and fenestrations, are not shown. Adapted from [1].

Ion channels are remarkable machines capable of rapid, yet highly selective, ion flux. An open
ion channel may permit on the order of 108 ions to traverse every second. At this speed, each
ion interacts with the channel on the nanosecond timescale; nonetheless, potassium channels
pass K+ ions with a fidelity ~ 10,000 times greater than the smaller sodium ion [1]. The fast and
selective ion flux through ion channels establishes and controls the manifold electrochemical
gradients that are crucial to maintain normal, healthy physiology.
Ion channels are expressed ubiquitously across all tissues and cell types in the human body
where they are intimately involved in almost all aspects of physiology [1]. Members of the
superfamily are crucial in processes including: signal transduction; gene transcription; sensory
and cognitive function; muscle and nerve excitability; blood pressure regulation; and cell
proliferation, to name but a few [1][2]. For example, voltage-gated sodium channels play an
essential role in initiating and propagating action potentials in neurons, which fundamentally
underpins electrical signalling in the body [18][19]. Furthermore, the GABA class of ligandgated ion channels respond to γ-aminobutyric acid (GABA), the major inhibitory
neurotransmitter in the central nervous system [1], and are thus involved in almost all brain
functions.
Aberrant modulation of ion channels has been causally implicated in a range of diseases
including neurological disorders, cardiac disorders, kidney failure, blindness, and disorders
pertaining to the perception of pain [1][2]. As a result, ion channels are attractive targets to
exploit by therapeutic drugs; ion channels as a class represent the third largest family of
proteins within the druggable human genome [12]. Small molecule drugs targeting ion
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channels comprise the third best-selling group of prescribed drugs; this is exemplified by the
successful action of the anti-anxiety/anti-seizure drug Diazepam on GABA receptors [2].
However, despite the success of several ion channel modulators, only a small number of the
estimated 400 ion channel genes predicted in the human genome have been successfully
targeted [2]. The ion channel superfamily therefore represents a plethora of underexploited
targets which is increasingly becoming the focus of an extensive drug discovery effort [1][2].

1.3.1 P2X Receptors
Many ion channels are modulated not by changes in membrane potential but by the association
and dissociation of specific ligands. There are three superfamilies of ligand-gated ion channels
in mammals: the pentameric Cys-loop receptors [20]; the tetrameric glutamate receptors [21];
and trimeric P2X receptors [22].
Trimeric P2X receptors are purinergic receptors, often referred to as purinoceptors, because
they open a membrane ion channel in response to extracellular adenosine-5’-triphosphate
(ATP) [22][23]. Together with adenosine receptors (P1) and certain G-protein coupled
receptors (P2Y), P2X channels respond to the release of purine nucleotide neurotransmitters
[23]. Mammalian species have seven P2X receptor subtypes, termed P2X1 through to P2X7,
encoded by different genes. P2X receptors most commonly assemble to form homotrimers
(P2X2, P2X4 etc) although some combinations of heterotrimeric assemblies (e.g. P2X2/3,
P2X2/4/6) are also formed [22][24][25]. P2X receptors are distinct from other ligand-gated
channels in terms of subunit arrangement and topology; each subunit within the trimer
comprises two transmembrane domains, separated by a large extracellular domain, and
intracellular N- and C-termini [22]. The structure and mechanism of P2X receptors will be
discussed in greater detail in Section 1.3.1.2.
Functionally, P2X receptors are non-selective ion channels that allow cations (primarily Ca2+
and Na+) to traverse their electrochemical gradients in response to ATP binding. In the cellular
context, the influx of cations depolarises the cell and facilitates calcium signalling within the
cell [22][23]. Functional P2X receptors are expressed in the neuronal and non-neuronal cells
of almost all of the main organs in the body [26] where they are implicated in transient signalling
(such as communication between cells) and long-lasting signalling (such as cell growth and
proliferation) [27]. P2X-mediated neurotransmission is primarily localised to the peripheral and
central nervous system, where ATP is a major signalling molecule in neuron-neuron, neuronglia and neuron-muscle cell interactions [27].
P2X receptors play multifarious roles in ‘normal’ physiology, a non-exhaustive list of which
includes excitatory cardiac signalling and control of smooth muscle [23][26], neutrophil
chemotaxis, taste transduction, long-term potentiation in the hippocampus (a significant
contributor to the neuronal mechanism underpinning memory), cytokine release in the immune
response, bone remodelling, and pain signalling [22][23][27].
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The latter function is perhaps the most important role of P2X receptors in pathophysiology.
ATP is present at high local concentrations at sites of injury, cell damage and mechanical
stress [23]. The activation of P2X receptors by extracellular ATP, and the subsequent
downstream signalling, is thus critical for pain perception (nociception) and pain signalling [27].
The pharmacology of ATP-gated receptors is a large research field; a growing body of
evidence exists that links P2X receptors with crucial roles in the pathophysiology of visceral
pain, neuropathic and inflammatory pain and several cancer-associated pain conditions [27].
Furthermore, P2X4, P2X2, P2X3, P2X2/3 and P2X7 are all implicated in neuropathic pain (see
Section 1.3.1.1). As a result, P2X receptors are increasingly considered as attractive
therapeutic targets for the management of pain conditions [2][26][27][28].
Please note that the terms P2X4 and P2X4R may occasionally be used interchangeably
throughout this thesis; in both cases they refer to the P2X4 receptor.

1.3.1.1 P2X4 receptors in neuropathic pain
The perception of acute pain is an evolutionary protection mechanism; when a painful stimuli
is experienced, we reflexively withdraw so as to protect ourselves from further damage.
Constant low-level inflammatory pain, in response to tissue damage, can also be thought of as
a protective pain [29]. However, chronic pain can be induced if explicit nerve damage occurs;
this pain is known as neuropathic pain. Neuropathic pain is the most debilitating of all clinical
pain syndromes and can occur as a consequence of infection, trauma or pathology from
diseases affecting peripheral nerves [29]. However, unlike acute pain, neuropathic pain offers
no protective advantage and can persist long after the initial injury has healed. The prevalence
of debilitating neuropathic pain is sufficient to cause a major socioeconomic problem [29].
There is significant evidence to suggest that P2X4 receptor (P2X4R) upregulation and
activation is a key driver of neuropathic pain [29][30][31]. Gene knockdown or knockout studies
suggest that P2X4R has a functional role in spinal microglia, where it contributes to neuropathic
pain [12]. Microglia cells exist in a lattice-like pattern in the spinal cord where they detect
deviations from CNS homeostasis. Receptor expression and genetic disruption experiments
have further delineated the role of P2X4Rs in chronic pain pathophysiology [28]. P2X4
receptors become upregulated and aberrantly activated in response to nerve damage [29];
several intracellular signalling pathways have been implicated in the upregulation of P2X4R
gene expression [28]. Downstream of P2X4R activation by extracellular ATP, brain derived
neuropathic factor (BDNF) is released which acts on spinal lamina I neurons to reduce the
expression of a neuronal chloride transporter KCC2. This unbalances the electrochemical
gradient for chloride. The rise in intracellular chloride weakens the inhibition of GABA
receptors, thus the GABA neurotransmitter is rendered excitatory, evoking pain [29][30].
As outlined above, P2X4R-mediated BDNF release in the spinal cord is believed to be a major
driver in neuropathic pain. Inhibition of P2X4R activity is therefore an attractive therapeutic
strategy for the amelioration of neuropathic pain [12][30]. It is worth noting that neuropathic
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pain fails to respond to conventional analgesics [30] and that current therapies, such as
opioids, anti-convulsants and gabapentin [1], are ineffective in roughly half of patients [32].
This provides the motivation for the discovery of P2X4R inhibitors. Small organic P2X inhibitors
exist, although many show poor selectivity for P2X4R over the other, highly conserved, P2X
family members [2]. Researchers at MedImmune have therefore developed a panel of antiP2X4R antibodies that achieve highly selective and potent inhibition of P2X4R. Said antibodies
also ameliorate neuropathic pain in mammalian in vivo models [12]. This process is described
in greater detail as a case study in Section 1.5.5.

1.3.1.2 P2X(4) receptor structure
The family of P2X receptors share a conserved topology, with three P2X subunits combining
to form a single ion channel with a common pore [23]. P2X receptors have two α-helical
transmembrane domains (TM1 and TM2) per monomer and a large (~ 270 residues) heavilyglycosylated extracellular ‘ectodomain’ [23].
Attempts to understand the structure of P2X receptors were traditionally hindered by the
absence of high resolution structures [23]. However, in 2009 a three-dimensional structure of
zebrafish P2X4R was solved to 3.1 Å [33] resolution using x-ray crystallography (see Section
1.4.1). The crystal structure revealed a topology that was likened to the shape of a dolphin
(Figure 1.3).

Figure 1.3: The crystal structure of zebrafish P2X4R in the closed state reveals the
architecture of P2X receptors, adapted from [33][34]. a) Stereoview of P2X4R viewed parallel to
the membrane. The ~ 150 kDa protein protrudes ~ 70 Å above the membrane and the
transmembrane region is ~ 28 Å in height. b) Stereoview of P2X4R viewed perpendicular to the
membrane. The receptor is ~ 75 Å wide with a three-fold axis of symmetry. c) Ribbon representation
of a single P2X4R subunit superimposed over an annotated dolphin cartoon. The three subunits
are coloured in blue, red and yellow (a, b). The black bars (a, c) suggest the boundaries of the two
leaflets of the membrane bilayer (‘out’ is extracellular, ‘in’ is intracellular). PDB accession: 3H9V.

In the dolphin analogy, the transmembrane helices and extracellular domain are akin to the
flukes and the upper body respectively [33]. A β-sandwich motif of β-sheets makes up the
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central architecture of the extracellular ‘body’ domain. The body domain is attached to the head
domain, the dorsal fin, the right flipper and the left flipper. The head domain comprises three
antiparallel β-strands and one α-helix. Unstructured loops form the left flipper, whilst adjacent
helical domains form the dorsal fin and right flipper [33].
The structure reveals a chalice-shaped trimeric receptor, that is woven together by subunitsubunit contacts; the extracellular region of each subunit wraps around its neighbour, giving
rise to a propeller-like shape with a right-handed twist [33]. The extracellular domains also
contain fenestrations that attract and funnel cations to vestibules near the central channel pore.
The first P2X4R crystal structure captured the receptor in the agonist-free, apo state. Within
each subunit, the TM helices are oriented antiparallel to one another, at an angle of ~ 45 ° from
the membrane normal. In this closed configuration, the inner TM2 helices cross each other to
constrict the transmembrane pore; this ~ 8 ° slab of protein acts as a ‘gate’ and serves to
completely occlude the pore in the closed, resting state [33].

1.3.1.3 P2X(4) receptor mechanism of opening
More recently, crystal structures have been solved for P2X family members in the desensitised
[35] and open states [35][34][36]. Furthermore, P2X receptors have been crystallised and
characterised complexed with allosteric antagonists [37] as well as agonists [37]. In concert,
these structures shed light on the mechanism of ATP binding and ion channel activation in
P2X4 [34].
The co-crystal structure of P2X4R-ATP reveals that there are three equivalent ATP binding
sites per trimer [34]. The ATP-binding pocket is formed at the interface between the three pairs
of subunits, located ~ 40 Å up from the top of the TM domain. The pocket is lined with charged
amino acids and is cradled by the head domain, upper body, lower body, left flipper and dorsal
fin. The protein fold underpinning the ATP-binding motif is unique [33][34].
Furthermore, comparison of the apo, closed state and the ATP-bound open state reveals the
conformational changes involved in P2X4R activation (Figure 1.4). Firstly, ATP binding at the
intersubunit clefts promotes downward movement of the head domain towards the dorsal fin,
which pushes the left flipper out from the ATP-binding pocket. The dorsal fin and left flipper are
structurally coupled to the lower body, therefore the lower body undergoes and outward
‘flexing’ movement [34][38]. The flexing, or ‘lever arm’ motion increases the intersubunit
separation in the lower body by ~ 10 Å [34]. The lower body domains are directly coupled to
the TM1 and TM2 helices, which ‘expand’ in an iris-like motion to form the open ion channel
pore. The TM1 and TM2 helices rotate by ~ 10 ° and ~ 55 ° respectively relative to the axis
perpendicular to the membrane. The helices also tilt by 8 ° and 2 ° relative to the axis parallel
to the membrane. These small movements manifest as an ‘iris-like’ widening; the helices move
~ 3 ° from the pore centre, expanding the ion conductive pore [34].
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Throughout the conformational changes described above, the upper body of each subunit acts
as a rigid ‘scaffold’ or ‘brace’ structure; the domains rotate by roughly 8 ° around a rotation axis
perpendicular to the membrane but otherwise superimpose well between the apo and open
structures [34].
Comparison of the crystal structures shows that hydrated ions access the pore via a lateral
pathway through fenestrations; ions pass through the fenestrations, where the highly acidic
central vestibule repels anions, concentrating cations at the ion channel pore [34]. A more
recent crystal structure confirmed this theory and showed that water and ion egress occurs
through lateral, phospholipid-lined cytoplasmic fenestrations [35]. This paper also describes
an intracellular motif, termed the ‘cytoplasmic cap’ that stabilises the open state of P2X
receptors and creates these lateral fenestrations [35].

Figure 1.4: Schematic of the ATP-dependent activation mechanism of P2X4R, reproduced
from [34]. Only two subunits are shown for clarity (denoted by either A or B in parentheses). The
black arrows illustrate the conformational movements from the apo closed state (a) to the ATPbound open state (b). One of three intersubunit ATP-binding pockets is indicated. The extracellular
(out) and intracellular (in) faces of the membrane are also annotated.

Mansoor et al. note that the structures described above illuminate the conformational
rearrangements that underpin P2X receptor gating and provide a foundation for the
development of new pharmacological agents targeted against P2X receptors [35]. Generally,
understanding the structure and function relationship for a receptor can be useful in the rational
design of therapeutics that modulate their function. Therefore the structural biology of ion
channels and membrane proteins is a vast research area [39]. The following section describes
several of the major techniques used to study the structure of membrane proteins.

Techniques to Study the Structure of Ion Channels
Studying membrane proteins has represented one of the major challenges in protein
biochemistry [39][40]. It is non-trivial to handle these proteins outside of the natural lipid
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environment. Maintaining the stability and function of a protein throughout solubilisation and
reconstitution processes, as well as crystallisation (or equivalent step) is a significant barrier
to progress [39][40]. The size, complexity and degree of post-translational modification of
eukaryotic proteins have also been major obstacles [41]. Nonetheless, advances in structural
biology techniques have shed light on the structure of many ion channels. This section
describes the typical ‘workhorse’ tools applied in the structural biology of membrane proteins.

1.4.1 X-ray Crystallography
The structural biology field has, until recently, been dominated by X-ray crystallography [39].
An overwhelming majority of the structures in the Protein Data Bank have been generated
using crystallography [42]. X-ray crystallography exploits the short wavelength (1-10
Ångström) of X-rays, similar in size to interatomic spacings. The molecule of interest must be
arranged non-covalently into a periodic crystal lattice within which individual molecules adopt
approximately identical orientations. This ordered 3D array of molecules is then placed in the
path of a narrow X-ray beam; the beam is diffracted into many discrete interfering beams as it
is scattered by the interatomic layers of the crystal, and the resulting diffraction pattern is
captured using a detector. Mathematical interrogation of diffraction and interference patterns
allows the formation of an electron density map of the crystalline molecule, from which full
three-dimensional reconstructions of the molecule can be generated at atomic resolution [43].
Crystallography has revealed the structures of molecules including: various voltage-gated
sodium channels [44][45][46] including prokaryotic NavMs co-crystallised with a small
molecule drug from Pfizer-Neusentis [47]; the NMDA receptor co-crystallised with antagonists
[48]; multiple GPCRs [49]; the human GABAA receptor [50]; the human neuropeptide Y Y1
receptor [51]; and many more. The crucial role of X-ray crystallography in understanding the
structure of P2X receptors was outlined in Section 1.3.1.2 and Section 1.3.1.3. The crystal
structures of zebrafish P2X4R [33] and human P2X3R [35] were particularly informative. Note
that in [33] it was necessary to truncate the P2X4R construct to improve crystallisation and
diffraction behaviour, as is often required in the field [33]. The critical importance of P2X
receptors in humans has long been known, but the first high-resolution structure of a human
P2X receptor was only found in 2016 [35][52].
As with all techniques, there are caveats that limit the use of X-ray crystallography. Firstly,
generating protein crystals is non-trivial and many proteins currently resist the process.
Furthermore, if crystallisation is achieved, increasing the size and complexity of the crystal unit
cell typically reduces the resolution of the atomic structure obtained. This places a practical
size limit for high-resolution crystallography. In addition, biomolecules are interrogated in a
crystalline lattice, in vacuum, representing a significant deviation from physiological conditions.
Mechanistic inferences can be drawn by comparing structures of different conformations of a
protein (i.e. closed and open) although an individual structure reveals little dynamic
information. Finally, the method is heavily reliant on computation ensemble averaging tools.
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1.4.2 Cryo-Electron Microscopy
The emergence of cryo-electron microscopy (cryo-EM) as a tool for structure determination
has been a major development in structural biology [53][54]. In cryo-EM a solution of
macromolecules is rapidly plunged into a coolant, vitrifying the solution in a solid, glass-like
state. Crucially, the vitrification process traps the macromolecules in many different
conformations and angles but all in their native, hydrated state. An electron beam is then
focused on the sample, which is held in vacuum; electrons are scattered by the charge on the
nucleus of atoms within the macromolecule (albeit screened by the atomic electron shell) and
the pattern of this scattering is captured on an exquisitely sensitive photodetector. The advent
of highly-sensitive direct electron detectors has revolutionised the field further [39][54][55].
Whilst the wavelength of an electron beam is ~ 0.03 Å, in practice the small aperture sizes
used in cryo-EM limit the achievable electron optical resolution to 1-2 Å [53]. However, the
small apertures do mean that cryo-EM has a large depth of field, therefore all parts of the
specimen are approximately in the same focal plane; each image of a thin biological specimen
is thus a 2D projection of the 3D density. These images are very low contrast, however a full
3D reconstruction of the macromolecule can be obtained if enough 2D projections of the
molecule are captured [53][56]. Atomic models are then fitted within the ensemble averaged
3D density maps. Furthermore, although specimens are vitrified, Cryo-EM is particularly adept
at determining conformational changes in large, flexible macromolecules because many
different conformational states are captured within an ensemble of trapped molecules [53][54].
Cryo-EM has yielded several of the earliest structures of P2X receptors, including: a 3D
reconstruction of human P2X4R at a resolution of 21 Å [52]; and a 3D reconstruction of rat
P2X2R in the closed state at 15 Å resolution [57], which built on from a previous negative-stain
EM structure of the same protein [58]. Cryo-EM also revealed the structure of the electric eel
voltage-gated sodium channel [56] (Figure 1.5).
More recently, cryo-EM has been used to generate 3D reconstructions of many biomolecules,
including: a neutralising IgG1 antibody bound in complex with dengue virus particles, the
epitope of which reveals druggable sites within the viral structure [59]; the Ca2+-permeable rat
transient receptor potential ion channels TRPV1 [60] and TRPV2 [61] at 3.4 Å and ~ 5 Å
respectively; the bovine CLC chloride channel at ~ 4 Å resolution [62]; the rabbit GPCR GLP1 receptor in complex with a G-protein at ~ 4 Å resolution; and the ligand-gated N-methyl-Daspartate (NMDA) receptor from Xenopus laevis at between 4.5 – 6 Å in the presence and
absence of small molecule allosteric modulators [63]. Finally, a recent high-impact cryo-EM
publication revealed the structure of polycystic kidney disease 2 (PKD2) ion channel at 3 Å
resolution in lipid nanodiscs [64]. Nanodiscs have significantly impacted the structural biology
of membrane proteins as they readily allow isolation of the channel of interest in a small yet
stable ‘patch’ of native lipid membrane [64][65].
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Figure 1.5: Electron microscopy images of the electric eel voltage-gated sodium channel, as
adapted from [56]. a) Raw cryo-electron microscopy images captured at different angles (row 1)
are processed to generate 2D averages (row 2), surface views of 3D reconstructions (row 3) and
projections of 3D reconstructions (row 4). 3D reconstructions reveal the bell-shaped, tetrameric
structure of the channel at 19 Å resolution. b) The binding of antibody to the C-terminus of the
sodium channel imaged using negative stain electron microscopy (top). Transient conformations of
different receptor-antibody complexes are captured and traced (bottom). Scale bars: 50 Å.

Although cryo-EM has become a major tool in structural biology, like all techniques there are
caveats that limit its applicability. Firstly, cryo-EM is carried out on vitrified molecules in vacuo;
for biomolecules, these are highly non-physiological conditions. Secondly, the structures
obtained by cryo-EM are the product of extensive ensemble averaging across tens of
thousands of particles, and may reveal less about the structural and dynamic heterogeneities
of individual particles within the ensemble.

1.4.3 Alternative Techniques
The structural biology of membrane proteins is a vast research field that is too broad to
exhaustively describe in this thesis. Several other notable techniques used to complement
those listed above include: nuclear magnetic resonance (NMR), a powerful technique for
generating time-resolved structures of macromolecules [66], ligand-protein interactions [67]
and membrane proteins in their native membranes [68] and model bilayers [39][69]; circular
dichroism [70][71]; patch clamp methods (see Section 1.5.5.3); computational modelling
techniques, including molecular dynamics simulations [72][73]; electron paramagnetic
resonance [41][74]; small angle X-ray scattering methods [75]; single-molecule fluorescence
microscopy [76]; and atomic force microscopy [77]. The latter two methods will be described
in more detail in Section 1.6.

Techniques for Screening Antibody Binding to Ion Channels
The drug discovery process requires techniques to identify molecules that bind to the target
ion channel, as well as techniques to assess the functional effect of the drug on the ion channel
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activity. Screening methods are designed to optimise sensitivity, throughput and reagent usage
(Figure 1.6). The majority of discovery strategies begin by testing large libraries of candidate
molecules; many early-stage screening tools are therefore focused on high-throughput, often
exploiting large multi-well array plates and automated, multiplexed detection systems [2][12].

Figure 1.6: Modern tools for screening large libraries of candidate drugs are designed to
balance throughput with sensitivity and reagent usage. Reproduced from [78].

The following section describes some common methods for the discovery of antibody-based
therapeutics [2]. The process of discovering monoclonal antibodies that are potent and specific
inhibitors of human P2X4 receptor is also described, reproduced primarily from [12].

1.5.1 Enzyme-linked Immunosorbent Assay (ELISA)
A common technique for high-throughput screening is the enzyme-linked immunosorbent
assay (ELISA). This versatile quantitative assay can be performed in a variety of configurations
(Figure 1.7).

Figure 1.7: Enzyme-linked immunosorbent assays (ELISAs) can be carried out in multiple
configurations [79]. The direct assay detects the amount of antigen adsorbed to the surface via a
primary antibody conjugated to an enzyme. The indirect assay also detects the amount of antigen
adsorbed to the surface, but does so via a primary antibody and an additional secondary antibody
linked to an enzyme. The third, most common and robust, configuration is the capture assay (also
known as the ‘sandwich’ assay). The antigen is captured at the surface via binding to a specific
capture antibody; the amount of antigen captured is then detected via a pair of antibodies, one of
which is conjugated to an enzyme. In all configurations, the enzyme cleaves its substrate to give a
detectable product. ELISAs are compatible with multi-well plates and high-throughput plate readers.
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ELISA methods are compatible with multi-well plates and automated plate-readers, permitting
the high throughput required for screening large panels of candidate molecules [79][80][81].
The antigen or capture antibody can be immobilised onto the surface of the plate using passive
adsorption. More commonly, biotinylated antigens or antibodies are tethered to the surface
using biotin-binding proteins, which protects the displayed molecule from the denaturing
properties of the surface [79]. The various ELISA configurations are all based on the exquisite
specificity of antibody-antigen binding.
In brief, the antigen is absorbed to the surface or captured at the surface using a capture
antibody. Next, a primary antibody is used to recognise and bind to the antigen. The primary
antibody, or a secondary antibody directed against it, is conjugated to an enzyme (typically
horseradish peroxidase, HRP) which catalyses the conversion of its substrate to a detectable
product. The product is typically detected via its chromogenic, chemifluorescent, or
chemiluminescent properties. Crucially, the intensity of signal produced when the substrate is
added is directly proportional to the amount of antigen captured in the plate. The sandwich
assay is preferred as it is the most robust configuration that yields the fewest false-positive hits
[79][80].
ELISAs can be used for determining the dissociation constant (Kd) for antigen-antibody
pairings [82]. The antigen protein of interest can be free in solution, embedded into tethered
vesicles [83] or expressed within its native cellular membrane [84][85]. ELISAs are powerful
when used in combination with other methods, including surface plasmon resonance [83][86].

1.5.2 Surface Plasmon Resonance (SPR) Spectroscopy
Surface plasmon resonance (SPR) has emerged as a powerful tool for characterising ligand
binding to membrane proteins, and for screening libraries of candidate compounds with high
sensitivity and medium throughput [87][88][89].
SPR is a surface technique in which the target protein is immobilised on a solid conductive
substrate, typically gold or silver. Under specific conditions, a polarised incident light source
will induce plasmon resonance, resonance of electrons at the surface of the conductive
support. Plasmon resonance is exquisitely sensitive to the boundary of the conductor and
medium. Therefore, when an antibody binds to the immobilised protein at the surface, this
boundary is altered and the plasmon resonance frequency, and thus refractive index, of the
surface changes. In most SPR setups, this manifests as a change in the angle of reflection of
the incident beam, which can be measured on a photodetector with rapid temporal resolution.
Other detection methods, such as interferometry [90] are also used.
SPR is particularly powerful for real-time measurements of the on-rate, off-rate and equilibrium
constant for intermolecular interactions [87][89]. SPR results can also be validated by
swapping which of the antigen/antibody pair is immobilised on the support and repeating the
flow-over experiment [91]. The antigen of interest can also be attached to lipid membranes,
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reconstituted into a lipid membrane environment [92][93], or contained within the native cellular
environment [94][95]. A significant drawback SPR is that it can be non-trivial to maintain the
native structure and activity of the reconstituted receptor adsorbed on the surface; non-specific
receptor adsorption is also common [96]. It is also difficult to reconstitute protein at a density
high enough to give strong signals [92]. Nonetheless, SPR biosensors are often viewed as the
‘gold-standard’ for the quantitative, real-time measurement of intermolecular interactions [87].

1.5.3 LigandTracer Assays
A relatively recent addition to the screening toolkit is the LigandTracer™ technology developed
by Ridgeview Instruments [97][98][99]. Figure 1.8 shows the principle underlying a typical
LigandTracer assay. Live cells expressing the receptor of interest, and control cells not
expressing the target receptor, are seeded in discrete patches on a cell culture dish. The dish
is placed on an inclined support and the cells immersed in media containing fluorescently
labelled antibody or ligand. After the desired incubation time, the plate is slowly rotated and
due to the incline the media is washed off the cells. A fluorometric detection system, fixed with
respect to the rotating dish, quantitatively measures the amount of antibody binding to the
different patches of live cells [97].

Figure 1.8: A schematic illustration of the LigandTracer assay principle, adapted from [98].

LigandTracer assays can be used to follow protein-cell interactions in real-time over minutes,
hours or days [97]. The rotary motion of the dish means that each individual patch of cells is
iteratively immersed in antibody-containing media, with a controlled incubation time per rotation
(usually 30 sec). As a result, the association and dissociation kinetics of receptor-antibody
interactions can be quantified, as well as the antibody binding affinity [98][99]. These assays
can be influenced by receptor internalisation, as well as avid binding due to the complex and
crowded nature of the cellular membrane. Furthermore, it can be non-trivial to generate cells
that express the number of target receptors requisite for strong detection signals. Nonetheless,
the technology is powerful for measuring the kinetics of receptor-antibody interactions.
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1.5.4 Flow Cytometry
Flow cytometry is a versatile method applied to analyse the expression of cell surface
receptors, for characterising and sorting different cell types in a heterogeneous population and
for measuring the binding of molecules to cells [100]. Flow cytometry allows simultaneous,
multiplexed analysis of multiple properties of single cells. Fluorescent-activated cell sorting
(FACS) is a commonly used variant of flow cytometry [101][102]. Flow cytometry is
predominantly used to measure the fluorescence intensity produced by labelled antibodies
specifically bound to cell-associated molecules [103][104].
Figure 1.9 demonstrates the principle underlying flow cytometry experiments. Typically, a
suspension of cells is incubated with labelled antibody and then run through the cytometer.

Figure 1.9: An illustration of a typical flow cytometry experiment. A suspension of cells, stained
with fluorescent antibody, is hydro-dynamically focused using the flow of sheath fluid. The
suspension flows through the detection laser beam one cell at a time. The forward and side
scattered light from all cells is detected, as well as fluorescence from stained cells. The laser source
can contain several multiplexed wavelengths of light, allowing the simultaneously measurement of
multiple different dyes in the suspension [100][104].

Flow cytometry is a powerful, high-content, high-throughput drug screening tool [104]; the
technique was used extensively at MedImmune during the discovery of monoclonal antibodies
specific to human P2X4R. This discovery process is described further in the following section.

1.5.5 Case Study: Discovering functional anti-P2X4 antibodies
The following section provides a brief, simple description of the strategy and process of
discovering the anti-P2X4R monoclonal antibodies investigated throughout this thesis. The
data shown throughout the section is primarily reproduced from a manuscript under
consideration for publication [12]. The section will identify key outcomes on the journey from
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purified target protein to monoclonal antibodies that are highly-specific and potent P2X4R
modulators [12].

1.5.5.1 Phage Display
Phage display is a common technique used to identify antibodies that specifically bind to the
target antigen [105][106][107].
Figure 1.10 illustrates the principle underlying a typical phage display experiment.

Figure 1.10: A schematic illustration of a phage display assay. A library of bacteriophage
displaying different antibody fragments is exposed to antigens immobilised on the surface of a
microplate well. The different antibody fragments are represented by the blue square and the red
and green circles. The antigen is represented by the black semi-circle. Iteration of the binding,
washing, and amplification steps is known as ‘panning’. The process identifies and enriches those
phage that display antibody fragments that bind the antigen with the highest affinity (the red circle).

Bacteriophage (a.k.a. ‘phage’) viruses can be engineered to contain antibodies, or antibody
fragments, fused within their surface coat proteins. Large libraries of bacteriophage exist that
typically contain hundreds of thousands of antibody fragments (commonly scFv, or single-chain
variable fragments) with different complementarity-determining region (CDR) sequences. The
target antigen is immobilised on the surface of a multi-well microplate and exposed to a solution
containing the large library of phages. A phage that displays a scFv that binds to the antigen
will remain bound to the surface whilst others are removed by washing. The binding phage are
then eluted and amplified (typically by infecting and lysing bacteria) yielding a solution that is
enriched with binding phage. Multiple iterations of this process, referred to as ‘panning’,
systematically selects for the highest-affinity binding antibodies in the library [107].
Phage display was used by Williams and colleagues to identify specific anti-P2X4R antibodies.
In brief, recombinant hP2X4R was purified (as described in Chapter 2.1), immobilised and
exposed to a naïve phage library displaying human scFv antibodies. Using the method
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described in [107], two rounds of selection identified more than 3000 individual scFv antibodies
that bound to recombinant hP2X4R [12].

1.5.5.2 Fluorometric Microvolume Assay Technique (FMAT)
Representative individual scFv antibodies identified by phage display were then expressed in
bacteria, using a high-throughput method described in [108]. Periplasmic extracts containing
scFv antibodies (produced by lysing the bacteria) were then screened for binding to HEK293
cells over-expressing hP2X4R; this screening was carried out using the fluorometric
microvolume assay technique (FMAT). In brief, HEK293 cells over-expressing hP2X4R are
seeded in wells on a multi-well plate and incubated with one of the many candidate antibodies.
A fluorescently-labelled secondary antibody is then added to detect the scFv antibodies. The
plate is then loaded into a laser-scanning macro-confocal fluorescent plate reader. The plate
reader measures the fluorescent intensity at the surface of each well; the intensity is directly
proportional to the amount of scFv antibody binding to high-expressing cells within each well.
The scFv antibodies were also counter-screened against untransfected cells. Of the > 3000
scFv antibodies screened, FMAT identified 33 that bound hP2X4R expressing cells and not
untransfected cells [12]. These antibodies were sequenced and converted to human IgG1-TM;
this human IgG1 format contains a triple mutation (TM) in the Fc domain that significantly
reduces the effector function of the mAb [12].

1.5.5.3 Patch-clamp Electrophysiology
By definition, ion channels allow the flux of ions across biological membranes. This generates
detectable charge gradients. Patch clamp electrophysiology is a long-standing tool that exploits
these gradients to investigate ion channel activity, as well as the effect of drug molecules on
channel function [109][110]. Patch clamp has been applied to P2X receptors [33][111], voltagegated sodium channels [47] and many other systems [112][113].
In brief, a glass micropipette is sealed onto the cell of interest, electrically isolating a small
patch of the membrane. The micropipette houses the recording electrode, whilst a second
electrode in the bath solution around the cell acts as a reference ‘ground’ electrode.
Conceptually, an electric circuit is formed between the two electrodes and the clamped cell;
current flow through the circuit is a measure of the ion conductance across the ion channels
within the clamped patch. Patch clamp methods can be applied in a variety of configurations,
including on-cell and whole-cell recording [111], as well as single-channel and population
recording [12].
Williams and colleagues used whole-cell patch clamp to assess the functional activity of the
panel of 33 antibodies identified by FMAT screening. Recordings were carried out using
P2X4R-expressing HEK293 cells; the peak inward current in response to a 3 second dose of
ATP (3 µM) was measured pre and post antibody addition. Out of the 33 antibodies that bound
to hP2X4R, six demonstrated significant inhibition of P2X4R current and eight showed
potentiation with respect to an isotype control antibody.
38

Figure 1.11 shows the whole-cell current traces for two different candidate antibodies. IgG#151
fully inhibits the hP2X4R current, whereas IgG#105 caused potentiation of the current.
Inhibition of P2X4R currents by IgG#151 could be readily reversed by washing the antibody
off, suggesting that the inhibitory effect was not mediated by receptor internalisation.

Figure 1.11: Inhibitory and potentiating anti-hP2X4R antibodies were identified by whole-cell
patch clamp recordings on hP2X4R high-expressing HEK293 cells. a) IgG#151 causes full
inhibition of P2X4R current (red) relative to a time-matched isotype experiment (blue). b) IgG#105
causes significant potentiation of P2X4R current (green) relative to a time-matched isotype control.
In both instances the grey bar represents a 3 second application of 3 µM ATP. Adapted from [12].

Whole-cell patch clamp was also used to measure the functional selectivity of an affinityoptimised derivative of IgG#151 (see Section 1.5.5.4) for hP2X4R over other P2X isoforms.
Recordings were carried out on HEK293 cells expressing different P2X isoforms. No notable
inhibitory activity was observed for high concentrations of the affinity-optimised mAb at hP2X2,
hP2X3, hP2X2/6 or hP2X7. Furthermore, whole-cell patch clamp recordings on human
monocyte derived macrophage (hMDM) isolated from blood show that IgG#151-LO could fully,
potently inhibit native hP2X4R. Control experiments confirmed that the reduction in current
observed was due to inhibition of P2X4R, rather than other receptors or receptor
internalisation. Complete inhibition was observed using 10 µM TNP-ATP, a non-specific smallmolecule P2X inhibitor. However, crucially, no inhibition was observed using 100 µM Suramin,
a P2X inhibitor that does not act on hP2X4R [12].

1.5.5.4 Affinity Optimisation of anti-P2X4R antibodies
The inhibitory IgG#151 antibody described thus far was isolated from a naïve phage library,
therefore it required further affinity optimisation to enhance its potency. Affinity optimisation
was achieved using two complementary mutagenesis strategies, comprising: directed
mutagenesis of the VH and VL CDR3 loops; and error prone mutagenesis in the entire VH and
VL regions. Mutants with potentially improved affinity were obtained from affinity-based phage
display selections using decreasing hP2X4R concentrations. The potent scFv antibodies
identified from this strategy were then identified by screening in a cell-based FMAT competition
assay against the parent antibody. The affinity optimised antibody (IgG#151-LO) was shown
to be 1600-fold more potent (IC50 ~ 0.7 nM) than the parent IgG#151 using patch clamp [12].
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Note that IgG#151-LO is the anti-P2X4R monoclonal antibody used for the majority of the
experiments described throughout this thesis.

1.5.5.5 Immunofluorescence Imaging
Williams and colleagues visualised the immunofluorescence of labelled IgG#151-LO and
isotype control antibodies bound to HEK293 cells overexpressing either human or murine
P2X4R. Cells were fixed, stained and imaged on an ImageXpress micro XLS (Molecular
Devices). The resulting images (Figure 1.12) show the species specificity of mAb#151-LO.

Figure 1.12: Immunofluorescence from HEK293 cells overexpressing either hP2X4R (left and
middle) or mouse P2X4R (right). Cell nuclei were stained using Hoechst stain. Extensive binding
of IgG#151-LO to hP2X4R HEK cells was observed, compared to no appreciable binding in the
isotype control. Furthermore, no appreciable binding of IgG#151-LO to mP2X4R HEK cells was
seen, demonstrating specificity of the mAb for hP2X4R. Images reproduced from [12].

1.5.5.6 Antibodies ameliorate neuropathic pain in an in vivo model
As IgG#151-LO did not cross react with murine P2X4R, antibodies to murine P2X4R were
generated using hybridoma technology to enable evaluation of anti-P2X4R inhibition in a
mouse model of pain. Hybridomas containing mP2X4R-reactive antibodies were generated by
immunising rats with purified mP2X4R protein and P2X4R-expressing HEK293 cells [12].
Hybridoma clones were screened for mouse cell binding using an FMAT and tested for function
using patch clamp electrophysiology. This resulted in the generation of a potent inhibitor
(IgG#191) of mouse P2X4R [12]. Intrathecal (into the spinal cord) administration of IgG#191
was then shown to reverse hyperalgesia in the Seltzer model of neuropathic pain in mouse.
Critically, the reversal of neuropathic pain was maintained for at least a week post-dose, whilst
no reversal of pain was observed for an isotype control. In brief, the Seltzer model uses a
partial sciatic nerve ligation surgery to induce mechanical hyperalgesia in mice; note that a
control population of mice were also anaesthetised and subjected to a ‘sham’ surgery [12].
Subcutaneously dosed IgG#191 was unable to penetrate the blood-brain-barrier (BBB).
However a chimeric construct of IgG#191 and a known CNS delivery antibody, that binds to
receptors involved in receptor-mediated transcytosis at the BBB [114], penetrated the BBB and
showed dose-dependent reversal of mechanical hyperalgesia [12]. This in vivo mouse model
was critical for confirming that the mAbs described thus far not only inhibit P2X4R currents in
vitro but can also functionally ameliorate neuropathic pain within a mammalian organism.
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1.5.5.7 Mutagenesis, Computational Modelling and Antibody Docking
Up to this point, the methodology had identified antibodies for the selective and potent inhibition
of hP2X4R; however, the approach revealed little regarding the epitope bound by the antibody,
or the structure of the receptor-antibody complex.
Inhibitory IgG#151-LO bound specifically to hP2X4R and not cP2X4R (cynomolgus monkey)
despite possessing 97% amino acid sequence identity. The extracellular domains of hP2X4R
and cP2X4R differ at nine amino acid positions. These nine different hP2X4R mutants were
generated and expressed in HEK cells and screened for IgG#151-LO binding by FMAT. Of the
nine mutants, mutation of S131N in hP2X4R completely abolished IgG#151-LO binding.
Moreover, mutating N131S in cP2X4R lead to binding. Mutation of K127A also abolished
IgG#151-LO binding. This analysis hones in on the two residues that are crucial for the
selectivity of IgG#151-LO for hP2X4R. Both S131 and K127 are located within the head
domain of the hP2X4R protomer.
Knowledge of the residues critical for antibody binding was then used for computational
docking. A homology model of P2X4R was generated in the closed conformation using the
human P2X3R [35] and zebrafish P2X4R [33] crystal structures (Figure 1.13).

Figure 1.13: Computational docking model of hP2X4R in complex with Fab#151-LO,
reproduced from [12]. The docking pose supports the theory that IgG#151-LO binding to the
hP2X4R head domain restricts conformational changes in response to ATP-binding (downwards
movement of the head, upward movement of the dorsal fin). These restricted movements are shown
by orange arrows marked with red crosses. The key hP2X4R epitope residue K127 is highlighted.

For computational feasibility, only the Fab fragment was retained for the modelling. A rigidbody docking algorithm was then used to generate over 50,000 docking poses of the antibody41

hP2X4R complex; the complexes were then ranked and filtered by shape complementarity and
electrostatic energy factors. Residues in the transmembrane domain of P2X4R, and the CH1
and CH2 within the antibody, were blocked. The poses were further refined by imparting steric
distance constraints on key residues; hP2X4R K127 and antibody residues F32 (VHCDR1),
D97 and D101 (VHCDR3) were within a 4 Å cut-off. Docking poses were energy optimised and
ranked, resulting in a final potential complex structure (Figure 1.13).
The final complex indicates that Fab#151 binds to an hP2X4 trimer at an epitope formed
between two hP2X4 protomers. The Fab fragment is oriented parallel to the membrane axis,
with the VL chains facing away from the membrane. Four residues within the V LCDR2 are in
contact with the receptor, however the majority of the contact is made by the VH chain. A total
of nine residues from the VHCDR2 and VHCDR3 make contact with the head domain of
protomer one. Five residues from VHCDR2 make contact with the α-helix of the dorsal fin of
the second protomer in the trimer. Finally, the docking pose indicates the possibility that a salt
bridge interaction can form between hP2X4R K127 and D101 of Fab#151-LO VHCDR3 [12].

1.5.5.8 Summary
The process described throughout this section was optimised to identify antibodies that bind
specifically and selectively to hP2X4R. A rigorous combination of in vitro and in vivo
experiments confirm that IgG#151-LO is a potent inhibitor of hP2X4R activity and can be
administered to ameliorate neuropathic pain in mouse. It is interesting to note that the process
is not predominantly led by structural data or structural techniques. This is typical of a modern
drug discovery effort; historically, the scarcity of high-resolution structures for many attractive
target ion channels has limited the application of structure-led design approaches. As a result,
many of the common screening techniques are designed to yield high affinity, potent molecules
in the complete absence of structural information.
Furthermore, the experimental work does not confirm the stoichiometry, cooperativity or
kinetics of the interaction. However, techniques that give insight into these factors can be
useful; better understanding the interaction between antibody and antigen can facilitate the
development and approval of more specific, more potent and safer antibody-based
therapeutics

[33][115].
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pharmacokinetic/pharmacodynamic modelling for the design of suitable clinical dosing
strategies [91]. The following section introduces several biophysical techniques that we have
applied to investigate receptor-antibody binding, with the goal of complementing the data
revealed by the method described by Williams and colleagues [12].

Alternative Techniques for Studying Receptor-antibody Binding
1.6.1 Atomic Force Microscopy
The atomic force microscope (AFM) operates by the same principle as originally proposed by
Binnig, Quate and Gerber [116]. The principles of AFM operation, including different images
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modes and detection methods, will be described in greater detail in Chapter 2.3. In brief, a
sharp tip mounted on a cantilever beam is raster scanned across a sample surface. Interaction
forces between the sample and the tip are measured as a deflection in the cantilever,
generating a 3D topography map of the underlying sample surface. Figure 1.14 illustrates the
basic principle of AFM, as originally described in [116].

Figure 1.14: The basic principle of AFM imaging, reproduced from [116]. The tip traces a path
(B) over the sample, measuring the topography of atoms or molecules (A) adsorbed to the surface.

One of the major strengths of AFM is that it directly probes the sample of interest, either in fluid
or in air. Single, label-free, molecules can therefore be studied without the need for ensemble
averaging. Furthermore, AFM has an intrinsically high signal-to-noise ratio, which can enable
imaging at sub-nanometre lateral and vertical resolution. Certain ideal samples can be imaged
at atomic resolution, resolving individual atoms and atomic-scale defects within the atomic
lattice [117]. Figure 1.15 shows the atomic lattice of muscovite mica as resolved by AFM.

Figure 1.15: Muscovite mica imaged at atomic resolution in aqueous solution using AFM,
reproduced from [117]. The ‘honeycomb’ structure of the mica atomic lattice is clearly visible; the
interatomic spacing is ~ 0.3 nm and a single unit cell of the lattice is ~ 0.52 nm wide (inset). Defects
in the lattice are visible as variations in unit cell height. The scan shown above is ~ 10 nm in width.

In reality, ideal substrates such as muscovite mica starkly juxtapose the dynamic biomolecules
and large, complex macromolecular ‘machinery’ typical to biological systems. The soft, flexible
and often intricate nature of many biomolecules imparts an intrinsic limit on the resolution
obtainable by AFM in aqueous solution.
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The following section describes several key contributions of AFM in the study of biomolecules.
Given the aim of this thesis, emphasis is placed on the use of AFM for investigating membrane
proteins and the application of AFM-based methods for understanding receptor-antibody
interactions. Any technical concepts raised will be described in greater depth in Chapter 2.3.

1.6.2 Atomic Force Microscopy for Studying Biomolecules
As outlined previously, an array of techniques are available for investigating the structure and
function of biomolecules. The limitations of these techniques are varied but typically include:
reliance on ensemble averaging, such that individual transient conformations are lost; the
requirement of a fluorescent label; or the necessity to measure static molecules in non-native
conditions, including in vacuo. These factors limit the study of how biomolecular structure
changes over time. AFM is a powerful technique for imaging single, label-free biomolecules
under near-native conditions; as such, AFM can be sensitive to heterogeneity in the
appearance and movement of biomolecules over time. Furthermore, although the temporal
resolution of AFM typically lags behind the timescales of many biological processes, recent
advances in AFM technology have accelerated the image acquisition rates achievable [118].
Figure 1.16 illustrates the evolution of AFM as a tool for studying biological systems.

Figure 1.16: A timeline of AFM advancements for molecular and cell biology applications,
reproduced from [77]. The timeline shows (left to right) the development of: the AFM; an optical
detection system and fluid cell for contact mode AFM in fluid; dynamic mode (DM) AFM, including
‘tapping’ mode; force-distance (FD) AFM; multiparametric (MP) AFM, such as molecular recognition
(MR) AFM; multi-frequency (MF) AFM, which oscillates the cantilever at multiple frequencies to
map various physical responses of the surface; correlative AFM-optical imaging (Opto-AFM); and
high-speed (HS) AFM, which has enabled fast, dynamic processes to be accessed. The top panel
(left to right) shows: ATP-synthase [119]; DNA [120]; bacteriorhodopsin [121]; a Young’s modulus
map of a human keratinocyte [122]; cell-surface receptors [123]; pentameric IgG [124]; adhesion
molecules in fibroblast cells [123]; and bacteriorhodopsin dynamics [125].
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The most basic AFM methods are limited to probing the surface topography of the sample.
However, complex biological systems exhibit many interesting properties that cannot be
directly inferred from topography alone. To access this information, the repertoire of AFM
methods has expanded to include modes such as nanomechanical mapping [126], force
spectroscopy [127], molecular recognition AFM [128] and correlative AFM-fluorescence
imaging [77][129]. The breadth of AFM applications illustrated in Figure 1.16 demonstrates the
versatility of the technique across a large range of length scales.
The work in this thesis is focused on topography imaging at high spatiotemporal resolution.
Two striking examples of the power of AFM include: the direct visualisation of the double helix
structure of DNA, including deviations in major and minor groove depth [130]; and the
unprecedented video-rate visualisation of myosin motor protein 5 ‘walking’ along an actin
microfilament [131] as illustrated in Figure 1.17.

Figure 1.17: Video-rate AFM imaging of a myosin motor walking along an actin filament,
adapted from [131]. The ingenious sample preparation orientates the filament such that the myosin
motors move in the plane of the substrate, rather than perpendicular to the substrate [132].
Individual actin monomers are resolved as corrugation along the filament. The helicity of the
filament is also visible. In addition to the remarkable time-lapse data above, this work investigated
the ATP-dependent ‘power-stroke’ generation and ‘foot-stomp’ mechanism of myosin V walking
along actin at the single-molecule level. Imaging speed: 150 ms per frame. Scale bar: 30 nm.

In addition to the examples provided in Figure 1.16, AFM has been applied to better understand
a breadth of biological systems including, but not limited to: the formation and dynamics of
supported lipid membranes [133][134]; the structure and poration mechanism of several poreforming proteins [135][136]; DNA topology, supercoiling and origami [137][138][139]; the
nuclear pore complex structure and nano-mechanical properties [140][141]; the real-time
assembly of centriole scaffold proteins [142]; the mechanical genome protection mechanism
of a virus [143]; and the action of novel antimicrobial peptides on lipid bilayers and on live
prokaryotic cells [144][145][146].
The following section will focus on the application of atomic force microscopy methods in the
study of membrane proteins, antibodies, and receptor-antibody interactions.

1.6.2.1 AFM Imaging of Membrane Proteins
Purified membrane proteins can be imaged by AFM following deposition onto a flat substrate,
typically under dried conditions [147][148][149][150]. Drying the sample prior to imaging traps
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the ion channels on the substrate, albeit in a static and non-native conformation. Ion channels
can be incubated with antibody tags against one or more epitopes on the receptor, followed by
drying. Drying immobilises any receptor-antibody complexes formed in solution onto the
substrate, where they can be imaged at high-resolution by AFM. This approach has
demonstrated: the contentious trimeric structure of P2X2 receptors [148] (Figure 1.18); the
stoichiometry and subunit arrangement of the α4β3δ GABAA receptor [150]; the trimeric
structure of the acid-sensing ion channel ASIC1a [149]; the formation of P2X2/4 and P2X4/7
homotrimers (Figure 1.18) [151]; and the formation of P2X2/P2X4/P2X6 heterotrimeric
receptors [25]. P2X4 receptors have also been imaged on functionalised mica in liquid [152].

Figure 1.18: Immobilised P2X receptors imaged using AFM in air, adapted from [148] and
[151]. a) Dried P2X2 receptors were imaged without antibodies (top), liganded by one antibody
(middle) or two antibodies (bottom). The frequency distribution of angles between the antibodies
for the doubly liganded receptors was ~ 120 ° which is indicative of a trimeric receptor. b) A gallery
of ‘double receptors’ co-immunoprecipitated from cells expressing different P2X subunit
combinations: the top panel shows P2X4 only; the middle panel shows P2X2 and P2X4; the bottom
panel shows P2X2 and P2X7. Colour scales: 3 nm. Scale bars: 20 nm (a) and 30 nm (b).

Whilst AFM images of purified protein on a flat substrate are informative, in an ideal
experimental system the membrane protein of interest would be imaged whilst integrated into
a native membrane. Combined with imaging in physiological buffer solution, this system would
be a close approximation of the native environment of the membrane protein. Therefore AFM
has been extensively applied to visualise native membranes, the most studied and best
characterised of which is the purple membrane of Halobacteria salinaria [137][153][154].
Purple membrane contains only one protein, the light-driven proton pump bacteriorhodopsin
(bR) in a densely packed, regular array. The trimeric structure of bR can be strikingly resolved
by AFM [153]. The resolution achieved on bR (Figure 1.19) has become somewhat of a ‘goldstandard’ of AFM in biological applications and generally still exceeds the resolution achieved
on specimen that are either: softer; less regularly arranged; or more mobile and flexible
[153][155]. High-speed AFM has resolved dynamic light-induced conformational changes in
bacteriorhodopsin [125][156] as well as functionally-relevant association/dissociation
dynamics, lateral coupling and cooperativity in bR [157][158]. The purple membrane has also
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served as an ideal sample for mechanical AFM methods [121], including mapping of single
bacteriorhodopsin proteins at submolecular resolution [159].

Figure 1.19: High-resolution AFM images of bacteriorhodopsin in a purple membrane,
adapted from [155]. a) Purple membrane directly adsorbed onto a supporting mica substrate. The
extracellular (b) and cytoplasmic (c) surfaces of the purple membrane are shown. The trimeric bR
structure is clearly resolved, in addition to intricate protein substructure, requiring single-nanometre
to sub-nanometre lateral resolution. Scale bars: 500 nm (a), 5 nm (b, c), and 2 nm (insets).

AFM has also shed light on the assembly, subunit stoichiometry and dynamics of different
proteins in native membranes, including: the voltage-dependent anion channel (VDAC) [160];
connexions and aquaporins [161]; the GPCR Rhodopsin in membrane from a bovine eye [162];
and several others [155][163].
As outlined above, it is preferable to assess membrane proteins in their native membrane.
However, not all membrane proteins of interest exist at high density in a native membrane, and
not all native membranes are easy to isolate. The latter point is particularly applicable to human
membrane proteins. To overcome this, recombinant membrane proteins can be expressed,
purified and then reconstituted into lipid vesicles; these vesicles are then deposited on a flat
substrate to form continuous supported lipid bilayers (SLBs) that are amenable to AFM
[133][161]. SLBs are flat, and receptors can be integrated in their native conformation and
orientation; furthermore, the bilayer provides an intrinsically passivated, inert surface.
In several instances, expertise from crystallography and cryo-EM can be exploited to form 2D
crystalline lattices of reconstituted membrane protein [164][165]. The high packing density of
proteins and the rigidity of the 2D crystal are ideal for high-resolution AFM imaging. AFM has
successfully resolved ligand-induced structural changes in the cyclic nucleotide-modulation
bacterial potassium channel MloK1 [164] and cation-dependent conformational states of the
prokaryotic potassium channel KirBac3.1 [165]. In both cases, the high-resolution and dynamic
data provided by AFM informed a robust hypothesis of the mechanism of ion channel function.
Single-nanometre to sub-nanometre vertical and lateral resolution (achieved via high force
control, high force sensitivity, and optimised feedback ‘gain’ parameters during imaging) would
be required to generate the striking topography images shown in Figure 1.20.
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Figure 1.20: Real-time AFM visualisation of conformational changes in membrane proteins
reconstituted in 2D crystals, adapted from [164] and [165]. a) MloK1 receptors imaged in the
presence of cyclic AMP (cAMP) clearly demonstrate an open, tetrameric pore structure. An
averaged structure shows the four subunits arranged in a left-handed windmill (inset). b) MloK1
receptors imaged in the absence of cAMP are single-protrusion, suggestive of a closed state. c)
KirBac3.1 receptors imaged in the relaxed state, in the absence of Mg 2+, show an open tetrameric
pore structure. d) KirBac3.1 receptors imaged in the constricted state, in the presence of Mg 2+, are
closed. The insets in (c) and (d) are averages (n = 15) to accentuate the difference in conformation.
The images in (a) and (b) are shown with the same false colour scale. However, the colour scale in
(c) is 1.6 nm compared to 3 nm for (d). Lateral scale bars represent 25 nm unless labelled otherwise.

KirBac receptors belong to a family of inwardly rectifying potassium (hence Kir) channels,
meaning that they show a greater tendency for potassium uptake than export. As a result of
this interesting behaviour, Kir channels are attractive targets for inhibitory drugs [1]. Given the
visually-compelling data shown in Figure 1.20 it is easy to imagine how AFM could be applied
to screen the effect of candidate therapeutics on KirBac channel activation in real-time.
AFM has been applied to various other ion channels and complex protein machines
reconstituted at a high density in model membranes [119][163]. Other notable works include:
quantifying the electrostatic field and potential generated by the outer membrane protein F
(OmpF) at sub-nanometre resolution [166]; visualising voltage and pH induced channel
closures in OmpF [167]; and the direct visualisation of the elevator mechanism of ion and
substrate symport in the glutamate transporter GltPh [168].
It is non-trivial to create high densities or crystals of reconstituted membrane proteins in
supported lipid bilayers (see Chapter 4.3). AFM has previously resolved gating-associated
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clustering-dispersion dynamics in reconstituted KcsA potassium channels [169]. Furthermore,
high-speed AFM has been applied to directly visualise ligand-induced conformational changes
in reconstituted P2X4 receptors [152]. The tripartite structure of the activated pore is clearly
resolved, as well as two different conformational states of the active P2X4R channel, an open
state and a wider dilated state [152]. Owing to its relevance within the context of this thesis,
the study by Shinozaki and colleagues will be described in significant detail in Chapter 4.4.2.
High-speed AFM has also been applied to visualise the activation of reconstituted N-methylD-aspartate (NMDA) receptors [170]. NMDA receptors, which are attractive drug targets [48],
are shown to undergo a decrease in height (> 1 nm) in response to the photolytic release of
caged glutamate in the presence of the co-agonist glycine [170]. This particular study, by
Suzuki and colleagues, will be addressed further in the following section, which covers the use
of AFM methods to visualise antibodies and receptor-antibody interactions.

1.6.2.2 AFM of Antibodies and Antibody-antigen Interactions
The specific labelling of membrane protein subunits with antibodies, and Fab fragments, has
been utilised for several in-air AFM experiments [150][171][172]. Antibodies [173][174][175]
and antibody-antigen complexes [176][177] have also been imaged at high-resolution in air.
Furthermore, the submolecular structure of IgG has been visualised by frequency modulation
AFM in liquid, resolving the classic ‘Y’ shape and the 25 kDa domains within the Fab fragments
[124]. The study also clearly resolved the structure of self-assembled IgG hexamers; moreover,
antibody hexamers could form an ‘immunoactive’ two-dimensional crystal that retained its
ability to specifically bind to antigens in solution [124]. Figure 1.21 illustrates these structures.

Figure 1.21: Immunoactive self-assembled structures of IgG imaged at high-resolution by
AFM, adapted from [124]. a) Two self-assembled antibody hexamers containing six IgG molecules
(annotated). Individual Fab fragments can be clearly resolved (marked by * and +) in the ‘outer ring’
of the structure. The ‘inner ring’ is formed by the coming-together of six Fc regions. High force
sensitivity, and optimised feedback to react to small changes in cantilever frequency, would be
required to resolve this detail within the IgG hexamers. b) The 2D crystal of IgG imaged prior to the
addition of antigenic human serum albumin (HSA). c) The same area of the 2D crystal as imaged
after incubation with antigenic HSA. The result shown in (c) was also validated using non-antigenic
mouse serum albumin (MSA). Insets are contrast-enhanced, enlarged views of the dashed regions.
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To the best of our knowledge, there are only a few instances where AFM has been applied to
visualise the binding of an antibody to a receptor in real-time [170][178]. AFM has followed the
binding of IgG antibodies to purple membranes over time [178]. Anti-Sendai IgG antibodies
were bivalently bound to mutant bacteriorhodopsin receptors containing an appended Sendai
recognition epitope. The substructure and conformation of bound antibodies was clearly
resolved and used to localise antibody-binding epitopes on bR receptors in the Sendai purple
membrane [178]. An empirical on-rate was determined from a distribution of the number of
bound antibodies over time. Figure 1.22 shows the binding of antibodies to bacteriorhodopsin.

Figure 1.22: The binding of IgG to purple membrane visualised by AFM, adapted from [178].
a) Sendai mutant purple membrane prior to antibody addition. b) The same region of purple
membrane imaged 72 minutes after addition of anti-Sendai IgG. White arrows indicate antibody
binding events. c) The shape of bound antibodies can be classified depending on the Fab and Fc
arrangement. Colour scales: 10 nm (a, b) and 8 nm (c). Scale bars: 100 nm (a, b) and 20 nm (c).

As previously outlined in Section 1.6.2.1, high-speed AFM has resolved conformational
changes in NMDA receptors in the presence of glutamate and glycine co-agonists [170]. The
study also shows that structural changes do not occur in the absence of glycine, or in the
presence of the selective NMDA antagonist D-2-amino-5-phosphonopentanoic acid,
suggesting that the observed changes were caused by receptor activation. Interestingly, AFM
revealed two populations of NMDA receptor height above the bilayer; the taller particles were
specifically decorated by anti-GluN1 antibodies that bind within the agonist-binding region of
the extracellular domain. This represents one of the only few examples of high-resolution AFM
imaging of antibody binding to a reconstituted receptor in fluid. The stoichiometry and
appearance of receptor-antibody complexes was determined, as well as the dimensions of the
constituent biomolecules. The anti-GluN1 antibody used was a specific but non-functional
antibody, unlike the antibodies described in Section 1.5.5. Nonetheless, this study is
conceptually very similar to the initial aim of the investigation described throughout this thesis.

1.6.2.3 Molecular Recognition Imaging and Force Spectroscopy
The most common application of AFM for studying receptor-ligand interactions is molecular
recognition AFM using functionalised cantilevers. Specific biomolecules are attached to the
AFM tip; scanning the sample using the tip like a ‘fishing rod’ detects the interaction forces
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between the molecule the tip and complementary molecules on the sample surface. This
method detects specific binding events (i.e. between an antigen-antibody pair) at the singlemolecule level, with piconewton force sensitivity and nanometre positional accuracy
[77][128][179].
Molecular recognition is often combined with a force spectroscopy approach that interprets the
strength of single recognition events from the force required to rupture the interaction.
Extrapolation of force spectroscopy data to a ‘zero force’ regime reveals the off-rate constant
of the interaction, whilst the on-rate constant can be inferred from the interaction time needed
for half-maximal probability of binding; the equilibrium dissociation constant can then be
estimated from these parameters [128]. Molecular recognition and force spectroscopy AFM
have been applied to investigate several antibody-antigen interactions [179][180][181][182]
and numerous other receptor-ligand interactions [123][127][183][184]. Recently, molecular
recognition AFM has identified and quantified two ligand-binding sites on a reconstituted
human receptor [185], using a tip functionalised with two ligands (Figure 1.23).

Figure 1.23: Two ligand-binding sites are identified and quantified in reconstituted human
protease-activated receptor (PAR1) using molecular recognition AFM, adapted from [185]. a)
A schematic of the setup used to map adhesion forces on membrane proteins. The cantilever tip is
bi-functionalised with receptor-activating peptide (red) specific to the extracellular face, and an NTA
group specific to a His-tag engineered into the cytoplasmic face (green). A force-distance curve is
generated by measuring the tip-sample interaction upon approaching (blue) and retracting (red) the
surface. The NTA group requires Ni2+ to engage with the receptor, thus measuring in a Ni2+
depleted solution allows the recognition of receptor-activating peptide only. b) An adhesion map of
rupture forces of the interaction between PAR1 and receptor-activating peptide. Inset: topography
AFM image of the scan area. c) A heat map of the rupture forces of the interaction between PAR1
and the Ni2+-NTA ligand. The colour scale represents rupture force: 35 pN to 90 pN (b) and 60 pN
to 200 pN (c). The scan area is approximately 3 µm.

Force spectroscopy has also been applied extensively in the study of single cells
[186][187][188], the folding and mechanobiology of proteins [189][190] and many other
systems [127][155][191]. The strength and disadvantages of force spectroscopy relative to
similar methods, including optical and magnetic tweezers, has also been explored [192]: both
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tweezer methods can be used to probe samples in the sub-piconewton force regime, lower
than the forces typically achieved using AFM; tweezer techniques also allow precise 3D
manipulation of the sample of interest, including applying torque in order to study the effect of
twist/torsion on individual biomolecules and intermolecular interactions [192]. As previously
outlined, force spectroscopy can measure thermodynamic and kinetic parameters of single
intermolecular interactions. The major drawbacks of the method include non-specific
interactions, difficulties in controlling the attachment of molecules to the tip, and complexities
in the quantitative analysis of the data [193][194]. It is non-trivial to analyse force curves, and
the analysis makes the underlying assumption that measured unbinding forces are solely
attributed to the rupture of specific interactions [195]. Nonetheless, force spectroscopy is the
favoured AFM-based method for quantitative investigation of intermolecular interactions [196].

1.6.3 Fluorescence Microscopy
As outlined previously, fluorescence microscopy fundamentally underpins many of the most
common tools in drug discovery and development. The sensitivity and versatility of optical
biosensors makes them highly suited for high-throughput screening applications [78]. In
addition to use in drug discovery, fluorescence methods have been extraordinarily influential
in the broader context of structural, molecular, cellular and systems biology.
Paradigm shifts in the field of optical microscopy have been observed over recent years;
several techniques have been developed to surpass the diffraction limit, marking the entrance
into an era of super-resolution and single-molecule microscopy [197][198]. The diffraction limit
is imposed by the diffraction of light as it passes through the circular aperture of an objective
lens. This phenomena has historically limited an instruments ability to resolve objects
separated by a lateral distance less than half the wavelength of the incident light (see Chapter
2.5 for more information on the diffraction limit and super-resolution imaging).
The following section provides a brief overview of super-resolution microscopy, with particular
emphasis on the application of total internal reflection fluorescence microscopy (TIRFM) for
visualising intermolecular interactions.

1.6.3.1 Super-resolution Microscopy
Super-resolution microscopes utilise advances in fluorescent labelling, as well as excitation
and detection methods, to circumvent the diffraction limit. Numerous different super-resolution
methods have been developed, including stimulated emission depletion (STED),
photoactivated localisation microscopy (PALM), structured illumination microscopy (SIM) and
stochastic optical reconstruction microscopy (STORM).
In STED, the focal region of molecular excitation is much smaller than the diffraction limit [199].
This is achieved by overlapping the excitation beam with a doughnut-shaped spot of longer
wavelength light; the second spot is used to instantly de-excite fluorophores from their
fluorescent state to the ground state, using the principle of stimulated emission. Thus, the area
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of effective excitation is confined to the very centre of the doughnut; scanning the sharpened
spot across the sample specimen generates images with subdiffraction resolution [198][199],
Figure 1.24 shows a superresolution image of neurons imaged using STED microscopy. In
SIM, spatially structured illumination is generated by passing the illumination beam through a
line-patterned grating. The use of structured excitation makes normally inaccessible highresolution information visible as fringes in the image; this information is extracted from a series
of images, producing a reconstructed image with significantly improved spatial resolution [200].

Figure 1.24: A neuron imaged using confocal microscopy (left) and at super-resolution using
STED (right), as reproduced from [198]. The striking difference in spatial resolution is evident.
This sample demonstrates the benefit of super-resolution imaging, as the neuron contains a high
density of fluorescently-labelled molecules. By using a spot of excitation illumination smaller than
the diffraction limit, STED accesses information on the locations of single molecules that are
separated by a distance less than the diffraction limit; this approach circumvents the problem of a
high density of fluorophores. In contrast, the confocal image is diffraction limited and thus does not
contain this ‘super-resolution’ information. As a result, the STED image comprises ‘sharp’ and
distinct fluorescent points (contrasting the diffuse, blurred and, in several places, saturated
fluorescence intensity in the confocal image). The STED image subsequently reveals more detail
regarding the shape and structure of the underlying neuron than the confocal image.

STORM and PALM are based on the use of photoactivatable or photoswitchable fluorescent
probes. The stochastic activation of fluorescence intermittently switches a subset of the
photoactivatable molecules to an excited state, which can be localised and then
photobleached/switched-off. Closely spaced molecules, that are spatially indistinguishable, are
thus separated in the temporal domain. This process is repeated until all of the fluorophores
are localised; a super-resolution image can then be constructed by merging all of the singlemolecule positions localised over time [201][202][203].
STORM experiments are carried out in a total internal reflection configuration (see Section
1.6.3.2) and typically use a photoswitchable probe comprising a pair of synthetic dyes (such
as the cyanine dyes Cy5 and Cy3). In a typical STORM experiment, red laser light is used to
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switch the population of Cy5 dyes into a stable ‘dark’ state. Green light is then used to convert
a random sub-population of Cy5 dyes back into a fluorescent state (a recovery process that
requires close proximity of Cy5 with the secondary dye, Cy3). This process is cycled to form a
super-resolution image [203]. PALM (and fluorescence photoactivation localisation
microscopy, FPALM) are conceptually similar to STORM; however, these methods were
developed using fluorescent proteins, such as photoactivatable green fluorescent protein (PAGFP) [201]. Crucially, PALM uses the activation, localisation and permanent photobleaching
of fluorophores, whereas STORM utilises the repeated photoswitching of fluorophores [198].
The various different embodiments of super-resolution microscopy all allow the localisation of
fluorescently labelled probes at a resolution of tens of nanometres, enabling the relatively highspeed imaging of single biomolecules in liquid under physiological conditions [198].
Furthermore, single-molecule localisation microscopy and computational tracking [204][205]
can be combined to visualise the dynamic trajectories of mobile biomolecules ranging from
membrane proteins in their native cellular environment [206] to the transport of quantum-dot
cargoes in the nuclear pore complex [207]. Correlative techniques that combine superresolution microscopy with the superior spatial resolution of EM [208][209][210] and AFM [129]
have also emerged. The latter was demonstrated using STORM and PALM to localise single
biomolecules within high-resolution AFM images of F-actin and live cells [129].
Please note that the fluorescence microscopy experiments presented in this thesis do not apply
advanced super-resolution methods, such as photoswitchable fluorophores or structured
illumination sources. Instead, our experiments rely on a relatively low concentration (picomolar
to nanomolar range) of labelled molecules; the resulting low density of fluorescent antibodies
means that the majority of single antibodies are spatially distinguishable from the nearest
neighbouring molecules and can thus be localised at a resolution beyond the diffraction limit.

1.6.3.2 Total Internal Reflection Microscopy (TIRFM)
Total internal reflection fluorescence microscopy (TIRFM) uses an evanescent wave of
illumination to image fluorescent molecules in a shallow focal plane with high signal-to-noise.
The fundamental principle underpinning TIRFM is described in further detail in Chapter 2.5.
Since its inception, TIRFM has been applied as a highly-sensitive technique for visualising the
binding of labelled molecules to surfaces. Early TIRF studies include visualisation of: the
binding of labelled antibodies to organic haptens immobilised on silica [211]; the binding of
insulin to insulin receptors reconstituted in supported lipid bilayers [212]; the binding of
antigenic peptides to major histocompatibility complex molecules reconstituted in lipid bilayers
[213]; and the binding of conformation-specific antibodies to different conformations of
immobilised myoglobin [214]. Interactions between labelled proteins (including antibodies and
viral coat proteins) and lipid moieties in SLBs have also been studied [215][216][217][218].
Furthermore, single-molecule FRET (Förster resonance energy transfer) using TIRFM has
been used to probe structural processes, including: ligand-induced rearrangements in
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glutamate receptors in the cellular environment [219]; conformational dynamics in tethered
(biotin-streptavidin) maltose-binding proteins, as well as the subsequent effects on the kinetics
of maltose binding [220]; and conformational transitions in activated kinase enzymes [221].
Young and colleagues also used single-molecule FRET, in combination with EM, for an early
demonstration of the architecture, shape, and size of functional human P2X4 receptors [52].
In addition, TIRFM has been used to screen ligands against the immobilised 5-HT3 serotonin
receptor; this study demonstrated that the pharmacology of the immobilised receptor was
identical to the native receptor, and that the binding of unlabelled compounds could be
measured using competition assays [222]. TIRFM has also revealed the mechanism and
cooperativity of the ligand-induced activation of platelet integrin receptors integrated in lipid
nanodiscs [223].
More recently still, TIRFM has been applied to visualise the binding of herpes simplex virus 1
(HSV-1) particles to glycoproteins within supported lipid bilayers derived from native
membrane material isolated by cell homogenisation [224]. The binding of chaperone proteins
to cytotoxic α-Synuclein oligomers and fibrils, which are implicated in Parkinson’s disease, has
also been demonstrated [225][226]. In an interesting recent study, so-called ‘multi-dimensional
super-resolution imaging’ has been applied to simultaneously obtain positional and
hydrophobicity information on lipid vesicles and amyloid aggregates [227].
Furthermore, a recent publication has visualised P2X2Rs embedded in planar bilayers derived
from plasma cell membrane vesicles [228]. Briefly, the native vesicles are formed by inducing
blebbing in cells expressing neon green fused P2X2Rs; the vesicles are then ruptured onto a
glass substrate functionalised with a polymeric cushion. Single-molecule trajectories and
FRAP data (fluorescence recovery after photobleaching) show that neon-P2X2Rs have high
mobility and are able to diffuse through the bilayer, similarly to a control protein that binds to
the bilayer but does not insert [228]. This study demonstrates the power of super-resolution
TIRFM and single-molecule tracking for studying reconstituted P2X receptors.
Several novel TIRFM assays have been developed recently in collaboration with AstraZeneca
[78][101][229][230]. An interesting development proposed in these assays is the use
fluorescently labelled lipid vesicles containing a single reconstituted receptor; the binding of
the receptor to antibodies/ligands immobilised on a surface can then the visualised, including
in the presence of inhibitors [101][229].
In one example, full-length BACE-1 (β-secretase 1) enzyme was reconstituted into liposomes
made from rhodamine labelled phosphatidylethanolamine (PE) lipid. BACE-1 is a key enzyme
in the cleavage of amyloid precursor protein (APP) and has therefore emerged as a promising
target for the treatment of Alzheimer’s disease [229]. A specific substrate for BACE-1 was
tethered to a functionalised surface; single association and dissociation events were observed
under equilibrium conditions using time-resolved TIRFM (Figure 1.25). This approach was able
to measure the Kd of validated inhibitory compounds down to the single nanomolar range;
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critically, the dynamic range of measurable affinities was extended by greater than two orders
of magnitude compared to SPR measurements carried out on the same sample [229].

Figure 1.25: A schematic of the TIRFM methodology presented in [229]. The binding between
BACE-1, reconstituted into vesicles with an average of 1 protein per liposome, and a tethered
substrate was measured using time-resolved TIRFM. The association and dissociation kinetics of
single binding events could be determined, including at a range of concentrations of small molecule
BACE-1 inhibitors. The dynamic range of measurable affinities greatly exceeded that of SPR.

To conclude, TIRFM has emerged as a powerful method for characterising candidate
therapeutics [78]. The use of automation, for reagent handling, has also been explored by
AstraZeneca to increase reliability and throughput of TIRFM assays (unpublished work).
Furthermore, the application of microfabrication and microfluidic methods to improve the
throughput of TIRFM assays have been enhanced [231][232] to meet the throughput required
of modern screening.

1.6.4 Quartz Crystal Microbalance with Dissipation Monitoring
Quartz crystal microbalance with dissipation monitoring (QCM-D) is a sensitive technique for
detecting the interactions of label-free analytes in solution with molecules immobilised on a
quartz crystal resonator [233]. More specifically, QCM-D measures properties of the soft,
solvated interface between a solid surface and bulk liquid; this in turn reveals a wealth of
information regarding the structure and function of the interface [233]. The principles
underpinning QCM-D will be discussed in detail in Chapter 2.6.
QCM-D has been applied to a breadth of biological systems, including but not limited to:
supported lipid bilayers [234] and protein-tethered bilayers [235]; the reconstitution and
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assembly of a transmembrane ‘nano-machine’ [236]; the kinetics of Annexin proteins binding
to supported lipid bilayers [237]; the binding of membrane attack complex (introduced in
Chapter 3.2.5) components to supported lipid bilayers [238]: anti-myoglobin IgG binding to
immobilised human cardiac myoglobin [239]; and conformational changes in immobilised
plasminogen proteins in response to small molecule ligands [240].
QCM-D has also been used to study medically-relevant antibody-antigen interactions,
including but not limited to: detecting autoantibodies in human serum using a self-assembled
monolayer of peptide derived from a protein associated with diabetes and autoimmune disease
[241]; detecting HIV-specific antibodies in rabbit sera by immobilising a fragment of the HIV
transmembrane protein gp41 on a QCM-D sensor [242]; detecting breast cancer cells in
solution by immobilising ferritin protein cages non-covalently linked to the anti-cancer biologic
trastuzumab [243]; and the binding of anti-dinitrophenyl (DNP) IgG to tethered vesicles
containing DNP hapten groups [83]. As well as demonstrating the suitability of QCM-D for
antibody-binding assays, these studies also comment on the compatibility of QCM-D with other
commonplace screening techniques such as SPR [241][242] and ELISAs [83]. Notably, QCMD can provide information on both the affinity and kinetics of receptor-drug binding [98][237].

1.6.5 Other Techniques
It is beyond the scope of this thesis to provide an exhaustive list of techniques that are suited
to measuring intermolecular interactions. Alternatives include: optical and magnetic tweezers
[192]; analytical ultracentrifugation [244][245]; cantilever-based sensing [246][247]; the
recently developed, label-free optical methods of interferometric scattering microscopy
(iSCAT) [248] and interferometric scattering mass spectrometry (ISCAMS) [249][250]; and
biolayer interferometry (SBI) methods [251][252], to name just a few.

Rationale
The development and approval of a therapeutic involves extensive pre-clinical and clinical
testing [115][253]. Critical to these processes is finding a safe (i.e. non-toxic) yet therapeutically
relevant (i.e. effective) dose for mammalian in vivo models and human studies [115]. An
understanding of the pharmacokinetics (PK, how the body affects the drug molecule) and
pharmacodynamics (PD, how the drug affects the body) of a drug is essential for establishing
clinical dosage strategies and can also be leveraged for the design of highly potent
therapeutics [115][254][255][256]. The collective term PK/PD is commonly used.
Certain PK/PD concepts are difficult to quantify without in vivo models, such as adverse effects,
toxicity, and the therapeutic index. However, other PK/PD parameters can be modelled and
quantified using high-quality in vitro data regarding drug affinity and the kinetics of drug
interactions with the target [254]. For example, the drug plasma half-life is partly influenced by
the rate of drug association and dissociation from its target (measurable by in vitro binding
assays) and is vital in optimising the dosing frequency and duration of action. Furthermore, the
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amount and duration of ion channel suppression for a given antibody exposure is impacted by
the affinity of the interaction [254]. Please note that the above is a greatly simplified account of
the broad role of PK/PD in drug discovery; PK/PD modelling is a complex field that is beyond
the scope of this thesis.
As outlined previously in Section 1.5.5, MedImmune have identified anti-P2X4R monoclonal
antibodies that specifically bind, and potently inhibit, P2X4 receptors [12]. Tests using in vivo
models confirm that administration of antibodies results in amelioration of neuropathic pain in
mouse. This thesis uses a combination of biophysical techniques to characterise the interaction
between the candidate anti-human P2X4R IgG and recombinant human P2X4 receptors.
Quantifying the affinity and kinetics of the interaction between the antibody and the P2X4R
target could facilitate drug development with regards to potency improvements, dose
predictions and safety.

Scope of Thesis
As outlined in this chapter, AFM is a powerful method for observing biomolecules in action,
owing to its high spatial resolution and operation in near-physiological liquid conditions. AFM
has the potential to simultaneously resolve antibody binding to P2X4R, and conformational
changes on the nanometre scale as a consequence of binding [170]. AFM could therefore
possibly be used as a low-throughput tool for characterising receptor-antibody binding.
Our primary objective was to apply AFM to investigate the binding between P2X4R and
candidate therapeutic anti-P2X4R monoclonal antibodies. Aspects of particular interest to our
collaborators at MedImmune include:
o

Visualising receptor-antibody complex geometry, validating the antibody docking pose
and putative binding epitope determined from computational modelling data (Section
1.5.5.7). For example, AFM topography maps could hypothetically show that the
majority of antibodies bind at the top of the P2X4 receptor, consistent with binding to
an epitope within the P2X4R head domain.

o

Determining receptor-antibody complex stoichiometry. AFM could potentially reveal
the number of antibodies that can bind to a single P2X4R simultaneously; each
receptor contains a maximum of three intersubunit binding epitopes, however it is
hitherto unknown to MedImmune whether three antibodies can feasibly bind a single
receptor at once. High-resolution topography maps of receptor-antibody complexes
could also reveal whether a single antibody engages a single P2X4R with both Fab
regions simultaneously or with only one Fab region at any given time. This effects the
affinity/avidity and stoichiometry of the interaction, with potentially substantial
implications on the PK/PD profile of the antibody as a therapeutic.

o

Characterising receptor-antibody binding kinetics at the single-molecule level.
Timelapse AFM imaging at high spatiotemporal resolution could be used to elucidate
the on-rate and apparent dwell time of binding [178]. Comparing the apparent rate of
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binding for the first bound antibody with the rate of subsequent binding events (at a
single P2X4R) could also reveal any underlying mechanism of cooperative binding.
o

Resolving the effect of antibody binding on receptor conformational state. Highresolution AFM images have previously illustrated ligand-induced conformational
changes in receptors [170]. A similar approach could, for example, confirm that the
binding of an inhibitory antibody to P2X4R prevents the receptor from transitioning
from a closed conformation to an open conformation upon ATP addition (validating the
proposed mechanism of action of the antibody).

o

Quantifying the effect of adding well-characterised ligands (such as ATP) on the
amount (and rate) of receptor-antibody binding. This approach could determine
whether the anti-P2X4R antibody is a competitive inhibitor (binding within the ATPbinding site) or an allosteric inhibitor (binding outside the ATP binding site, as
expected from computational docking). This information would help to validate both
the proposed binding epitope and the mechanism of action of the inhibitory antibody.

This thesis describes the use of AFM to investigate the binding of candidate anti-P2X4R IgG
antibodies to human P2X4 receptors. Where this task encroaches on the limitations of AFM,
we utilise the complementary biophysical techniques of TIRFM and QCM-D in a combinatorial,
synergistic approach. The complex recombinant receptors are studied in reductionist and
tuneable in vitro model membrane systems. The aim of the work presented throughout is to
obtain a detailed understanding of the affinity and kinetics of antibody binding. Importantly, the
methods here developed can also be applied to other biologics interacting with cell surface
receptors. The use of AFM in the study of P2X4R is also accompanied by work to advance the
AFM methods for the study of biomolecules at high-speed, with greater environmental control.
The following chapters describe:


The methodology used for the preparation and characterisation of samples using AFM,
TIRFM and QCM-D and the robust analysis of experimental data (Chapter 2).



Further work towards the advancement of AFM methods for the study of biomolecules
at high temporal resolution and with enhanced control of conditions (Chapter 3).



The extensive use of AFM for the characterisation of P2X4R and monoclonal
antibodies, as well as efforts to visualise receptor-antibody interactions in real-time
(Chapter 4).



The use of fluorescence microscopy to visualise receptor-antibody binding and obtain
affinity and kinetic information regarding the interactions (Chapter 5)



The use of QCM-D to measure receptor-antibody binding, including quantification of
binding affinity and kinetics (Chapter 6).

The methods presented throughout the thesis are not intended to supersede the use of
traditional drug discovery tools (see Section 1.5). Rather, it is envisaged that the methods may
be used in concert with a range of drug discovery methods; the differing strengths and
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weaknesses of the multiple techniques provide an in-depth understanding of the receptorantibody interaction.
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2

Materials and Methods

The following chapter describes the methods used – in the context of this thesis – for preparing
and characterising samples using a combination of biophysical methods. Here, we present
optimised experimental parameters for each technique, as well as robust analysis methods for
the quantitative and qualitative evaluation of experimental data.

Protein Purification and Antibody Generation
All hP2X4R proteins and anti-P2X4R mAbs were generated by staff of MedImmune and
AstraZeneca [12]. A detailed account of these methods can be found here [12][30].
In brief, recombinant hP2X4R proteins were expressed with a C-terminal Avi-tag (Avidity LLC)
and a poly-histidine tag using Sf9 inset cells (Life Technologies). Cells were lysed in a highsalt phosphate buffer, followed by membrane harvesting by ultracentrifugation. Next, P2X4Rcontaining membranes were solubilised in detergent solution. A combination of affinity
chromatography (Talon® resin, Clontech laboratories, Takara BioCompany) and size
exclusion chromatography (Superose 6 10/300 column, GE Healthcare) was applied to purify
the hP2X4R. The resulting pure protein was then aliquoted and shipped, on dry ice, in a
detergent-mix specifically formulated to maximise protein stability and lifetime. This mix
comprised 50 mM Tris-HCL, pH 8, 600 mM NaCl, 10% (v/v) glycerol, 0.025% (w/v) n-dodecylβ-D-maltoside (DDM), 0.0125 (w/v) n-dodecyl-thio-maltoside, 0.0075% (w/v) CHAPS and
0.0015% (w/v) cholesteryl hemisuccinate [12].
Specific anti-P2X4R antibodies were determined from a naïve human scFv (single-chain
variable fragment) phage display library. Two rounds of selection were applied using the
recombinant human P2X4R protein. Identified individual scFvs were then expressed in the
bacterial periplasm and screened for binding to HEK (human embryonic kidney) cells
expressing hP2X4R by an FMAT cell-binding assay. The antibody resulting in the most specific
binding was converted to a human IgG1-TM (triple mutant, for decreased binding to human
IgG) antibody (IgG#151) and expressed and purified using a previously described method
[257].
Note that the parent antibody IgG#151 was subjected to further affinity optimisation to yield the
antibody used in this project. In brief, affinity optimisation involved: testing a large scFv phage
library derived from IgG#151 (derived via both directed and random mutagenesis) over four
rounds of selection at sequentially decreasing human P2X4R concentrations; followed by a
competition assay comparing the relative binding of parent and optimised antibody to hP2X4R
expressing cells. The affinity optimised antibody (IgG#151-LO) is the mAb utilised most
commonly throughout this thesis.
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Preparing Lipid Vesicles and Supported Lipid Bilayers
Most of the experiments described in this thesis use supported lipid bilayers (SLBs) as cell
membrane mimics. A typical cell is a large, highly complex and crowded system. In
comparison, SLBs are a minimal, reductionist system. As a consequence, the contents and
biophysical properties of SLBs can be precisely tuned and controlled. Here we describe
methods to generate lipid vesicles, to reconstitute P2X4Rs into vesicles and to form SLBs on
a range of substrates using the vesicle fusion method.

2.2.1 Formation of Small Unilamellar Vesicles
Small unilamellar vesicles (SUVs) were prepared via the extrusion method, as detailed
elsewhere [258][136]. In brief, powdered lipid was dissolved in chloroform (Sigma Aldrich),
creating a homogeneous mixture with a lipid concentration of 2.5 mg ml -1. A dry lipid film was
then produced by slowly evaporating the solvent with a stream of nitrogen. This lipid film was
resuspended in 1 ml of 10 mM Hepes, 140 mM NaCl, pH 7.4 (Imaging Buffer), by vortexing
vigorously for 4 min. The resulting solution, containing large multilamellar vesicles, was
transferred to a Fisherbrand FB11201 bath sonicator (Fisher Scientific). The vesicles were
disrupted by sonication for 30 min at room temperature and at frequencies between 37 and 80
kHz. The sonicated solution was loaded into a mini-extruder kit (Avanti Polar Lipids) and
pushed through a Whatman Nucleopore polycarbonate filter (GE Healthcare Lifesciences) with
a nominal pore diameter of 50 nm. Repeating the extrusion process a minimum of 30 times
yields a homogenous solution of SUVs.
We primarily used egg phosphatidylcholine (egg PC) lipid (Avanti Polar Lipids) throughout our
experiments, owing to its simple preparation and propensity to form bilayers. Initial experiments
used an equimolar mixture of egg PC and porcine phosphatidylserine (PS) lipid. The anionic
PS is particularly enriched in the plasma membrane of neural tissue; therefore, we included
PS in our model to more closely mimic the native membrane of P2X4R [259]. However, we
observed no experimental difference (P2X4R appearance, density, aggregation etc) between
PC/PS membranes and PC-only membranes, thus PS was omitted from our SLB system.
Several alternative phospholipid mixtures were used for our experiments. Different lipids have
distinct properties and behaviours, owing to variations in head and tail group chemistry, which
can be exploited. Antimicrobial peptides (see Section 3.2.6) were studied on a 3:1 molar ratio
of POPC (1-palmitoyl-2-oleoyl-glycero-3-phosphocholine) and POPG (1-palmitoyl-2-oleoyl-snglycero-3-phospho-1'-rac-glycerol). The membrane attack complex (see Section 3.2.5) was
observed using an equimolar mixture of DOPC and DOPE (1,2-dioleoyl-sn-glycero-3phosphoethanolamine). AFM imaging of phase-separated bilayers (see Section 3.3.3.4) used
an

equimolar

mixture

of

DOPC

(1,2-dioleoyl-sn-glycero-3-phosphocholine),

SM

(sphingomyelin) and cholesterol [136]. Phase separation is not discussed in-depth in this
thesis; more information can be found here [134]. All lipid vesicles used were prepared via the
method described in this section. Vesicles were prepared at a temperature exceeding the
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highest transition temperature of the lipids in the mixture; this ensured the lipids were in the
fluid phase.

2.2.2 Reconstitution of P2X4R into SUVs
The first stage in reconstituting P2X4 receptors into lipid vesicles was to stabilise the protein
in a detergent of choice. 10 µl of 220 ng µl-1 recombinant hP2X4R was combined with 6 µl 50
mM n-dodecyl β-D-maltoside (DDM) detergent mix (detailed in Section 2.1) and 134 µl buffer
(10 mM Hepes, 140 mM NaCl, pH 7.4). The concentration of DDM during stabilisation was 2
mM, above the critical micelle concentration (CMC) of DDM (0.7 mM). As a result, detergent
micelles form around the hydrophobic transmembrane domains of the P2X4 receptors. Next,
100 µl of freshly extruded SUVs, prepared as above, was added to the solution containing
detergent-stabilised hP2X4R. This formed the reconstitution mixture, with a total lipid
concentration of 1 mg ml-1 and a DDM concentration slightly above the CMC.
To promote the reconstitution of proteins into the lipid vesicles, the detergent concentration
was gradually dropped to below the CMC. To achieve this, Bio-Beads SM Hydrophobic and
Polar Interaction Adsorbents (Bio-Rad) were added to the reconstitution mixture. Prior to use,
the Bio-Beads were washed thoroughly in methanol and MilliQ water and degassed in the bath
sonicator to remove trapped air. Degassed Bio-Beads (10 mg of wet mass) were mixed gently
with the 250 µl reconstitution mixture and left at 4°C for a minimum of 12 hrs. The hydrophobic
tails of detergent molecules bind to the hydrophobic surface of the beads, gradually depleting
the concentration of detergent in solution. Over time, detergent micelles disintegrate into
individual detergent monomers and the integration of P2X4R into the SUV membrane becomes
more favourable [40]. Following overnight incubation, the Bio-Beads were removed and P2X4R
proteoliposomes were ready to be deposited onto a substrate and analysed by either AFM,
TIRFM or QCM-D.
Our initial reconstitutions were carried out using n-octyl-β-D-glucopyranoside (OGP, SigmaAldrich) and serial dialysis over 5 days using microdialysis buttons (Hampton Research) and
a 50 kDa molecular-weight cut-off membrane (Spectrum Laboratories). This protocol has been
described previously elsewhere [152]. Detergent monomers can pass through the dialysis
membrane, whilst SUVs, proteins and micelles cannot. As a result, the detergent concentration
in solution drops over time, making it more favourable for receptors to integrate into the
vesicles. Following five days of dialysis, replacing the buffer (10 mM Hepes, 140 mM NaCl, pH
7.4) daily, proteoliposomes were ready to be analysed.
However, we found that the use of DDM and Bio-Beads yields a sufficiently high areal density
of P2X4R in the bilayer, and fewer proteinaceous aggregates. Furthermore, the Bio-Beads
method required significantly less time, increasing the throughput of our experiments.
The two different reconstitution methods are illustrated in Figure 2.1.
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Figure 2.1: P2X4R proteins are reconstituted into small unilamellar vesicles using a variety
of methods. Bio-Beads can be used for the overnight removal of DDM (here depicted in green) at
4 °C. Dialysis membranes, with a molecular-weight cut-off, can be used to remove OGP over five
days at 4 °C. Note that P2X4 receptors (red) can integrate into the vesicles (dark grey) in two
possible geometries, with the extracellular domain facing outwards or inwards. Detergent molecules
are shown in green and receptors are shown in red/orange. Vesicle structure downloaded from the
open-source platform http://www.texample.net.

2.2.3 Vesicle Fusion method of SLB formation
Supported lipid bilayers were formed on various substrates (including mica and borosilicate
glass) via the vesicle fusion method described fully in [133]. In this method, SUVs adsorb onto
the surface, flatten to an ellipsoidal shape and rupture to form a continuous lipid bilayer [133].
Divalent cations in solution enhance the adsorption of the vesicles, acting as an electrostatic
bridge between the vesicles and the substrate. Figure 2.2 represents a schematic of the vesicle
fusion process.

Figure 2.2: Schematic illustrations of the formation of supported lipid bilayers via the vesicle
fusion method. a) SUVs without reconstituted P2X4R adsorb onto the surface, flatten out (not
shown) and rupture to form a continuous bilayer. b) SUVs containing P2X4R form SLBs in the same
manner; note that receptors are integrated in the bilayer in two possible geometries.

To form supported lipid bilayers on mica and glass, 25 to 50 µl of P2X4R proteoliposomes
were injected onto a freshly prepared substrate (see Section 2.3.3) in Imaging Buffer
supplemented with 2 – 50 mM MgCl2. A continuous SLB was formed after a 60 minute
incubation (at room temperature) and excess vesicles were removed by rinsing 10 – 12 times
in Imaging Buffer. If additional rinse steps were required, an extra 2 µl of 1 M MgCl 2 was
introduced into the sample volume prior to further rinsing. Full coverage, flat SLBs were
routinely generated.
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Atomic Force Microscopy
2.3.1 Principle of Operation
An atomic force microscope operates by the principle originally proposed by Binning, Quate
and Gerber [116]. Conceptually, AFM is similar to the scanning tunnelling microscope (STM)
first reported by Binnig and Rohrer [260] although unlike STM it is not limited to investigating
conducting materials. AFM visualises the sample of interest by tracing a sharp tip, attached to
a flexible cantilever beam, over the sample surface. The tip is raster scanned over the surface,
much in the same manner as a blind person uses a cane to ‘feel’ the street in front of them,
allowing a topographic map of the surface to be constructed line-by-line [116]. Figure 2.3 is an
illustration of a typical AFM setup for imaging in liquid.
Laser Diode

Mirror

Photodiode
Cantilever

Liquid
Tip

Sample

z
x

y

Scanner

Figure 2.3: A schematic showing the basic principle of operation for AFM imaging in fluid.
This diagram illustrates the optical beam deflection method. The setup is the same for in-air
imaging, although for AFM in liquid the sample and cantilever are immersed in fluid. The cantilever
is contained within a quartz fluid cell (not shown). The detection laser, adjustable mirror and fourquadrant photodiode are all shown. The piezo-tube scanner positions the cantilever with high
precision in three dimensions. The sample here is a mica disc (Section 2.3.3). Drawing not to scale.

Interactions between the sample and the imaging tip induce bending in the cantilever beam
(see Section 2.3.2.1) whilst scanning. In the majority of AFM instruments, bending is monitored
using a laser focused onto the top surface of the cantilever, and an adjustable mirror that
angles the reflected laser light onto a position-sensitive detector (usually a four quadrant
photodiode). Deflections in the cantilever, due to tip-sample interactions, cause the position of
the reflected spot to shift relative to the quadrants of the photodiode, therefore the position of
the cantilever can be tracked with high accuracy. This is known as the optical lever, or optical
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beam deflection, method [261][262]. Note that other methods for monitoring cantilever
deflection exist, as discussed further in Section 2.3.2.6.
The advantages of using AFM for imaging biomolecules are manifold. Single biomolecules are
directly probed and can be resolved with (sub-)nanometre vertical and lateral resolution without
requiring ensemble averaging. Critically, AFM can be operated in both air and in liquid; the
ability to work in fluid allows us to visualise biomolecules in their native, hydrated state and
under near-physiological conditions.
There are several different AFM imaging modes, discussed in more detail in Section 2.3.2.
However, there are several key elements common to all AFM modes. A piezoelectric tube
scanner is used to raster scan the sample, capturing trace and retrace profiles in the fast-scan
axis; the entire area of interest is profiled line-by-line by moving the cantilever in the slow-scan
axis, illustrated in Figure 2.4.

Figure 2.4: AFM builds a topographic map of the sample by raster scanning the cantilever
across the area of interest. The magnified area illustrates the movement of the cantilever. Trace
and retrace scans are captured in the fast-scan axis (green). The slow-scan axis is shown in blue.

Furthermore, all of the imaging modes measure cantilever deflections due to tip-sample
interactions. The forces at play between the tip and the sample include long-range Van der
Waals (VdW) and electrostatic interactions. In addition, repulsive forces are significant for small
tip-sample distances. Typically, AFM traces are generated at constant tip-sample interactions,
controlled using a PID feedback loop; the piezo movement (in the vertical z-axis) required to
maintain a constant interaction is used to build a precise topography map of the sample. The
parameter (e.g. force, cantilever amplitude) monitored to determine the tip-sample interaction
varies between modes; this is discussed further in the following section.

2.3.2 AFM Imaging Modes and Parameters
2.3.2.1 Cantilever and Tip Specifications
The use of a cantilever beam is common to all of the AFM imaging modes. Cantilevers are
typically made of silicon or silicon nitride. There are several key properties of the cantilever
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that have a large influence on imaging. The cantilever beam is a simple harmonic oscillator
which obeys Hooke’s law Equation 2.1.
F = – kx

(2.1)

Thus, the applied force in an AFM experiment (F, Newtons) can be calculated from the
measured cantilever deflection (x, metres) if the cantilever stiffness, denoted by the spring
constant (k, Newtons per metre), is calibrated. The deflection of the cantilever is used as a
measure of tip-sample forces; typically, the (static, average or maximum) tip-sample is kept
constant by adjusting the tip-sample distance; and during raster scanning, this adjustment is
used to build a topographic map of the sample. Therefore, choosing a cantilever of suitable
stiffness is crucial for imaging biomolecules. Table 2.1 shows the specifications of the
cantilevers utilised here.

Cantilever

Resonant Freq.

Spring Constant

Tip Radius

(liquid)

(nominal / max)

(nominal / max)

(kHz)

(N m-1)

(nm)

FASTSCAN-D

90 – 140

0.25 / 0.40

5/8

MSNL-E

10 – 15*

0.10 / 0.20

2 / 12

MSNL-F

30 – 50*

0.60 / 1.40

2 / 12

AC40

17 – 45

0.09 / 0.14

8 / 15

USC-F1.2-k0.15

~ 500

0.15 / 0.30

< 10

ScanAsyst HR

30 – 50*

0.20 / 0.60

2 / 12**

ScanAsyst-Fluid+

30 – 65*

0.70 / 1.40

2 / 12**

*Cantilever resonance frequencies in liquid are given, using an approximate, empirical rule, as 1/3
of the resonance in air
**Cantilevers were provided by the manufacturer pre-qualified for tip sharpness, tip radius < 2 nm
Table 2.1: Nominal specifications for the resonant frequency (f 0), spring constant (k) and tip
radius (R) of the various AFM cantilevers used throughout this investigation.

Soft cantilevers, with low spring constants, are used to enhance AFM force sensitivity. Soft
cantilevers are sensitive to small changes in tip-sample forces, due to small changes in the
underlying sample topography, which can be exploited for high-resolution imaging [120][137].
Furthermore, soft cantilevers typically apply lower load forces to the sample, minimising the
deformation of soft biomolecules during imaging. There are also disadvantages of using soft
cantilevers, in that softer cantilevers have lower resonance frequencies than stiffer levers (or
equal lateral dimensions), which can limit the scan speed; and in that their position noise (due
to thermal fluctuations) is larger than that of stiffer levers.
The radius and aspect ratio of the sharp tip attached to the cantilever are also important. Every
AFM image will contain convolutions from the shape and diameter of the imaging tip [130].
Therefore, low tip radii typically yield higher spatial resolution than tips with larger radii. In some
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instances a high aspect tip may be advantageous to probe ‘deeper’ into narrow sample
topographies [140]. The ideal AFM tip would be a sharp needle with a miniscule radius, such
as a single carbon monoxide molecule [263]. However, manufacturing such tips and applying
them at physiological conditions is not trivial. AFM tips are typically silicon, with a tip radius
between 2 – 10 nm. Carbon tips, formed by electron beam deposition (EBD) are also available.
The resonant frequency of the cantilever beam is also an important consideration. As a general
rule, cantilevers with high resonance can be used to image at higher speed than achieved with
low resonance levers [118]. For imaging modes that exploit cantilever oscillations (see Section
2.3.2.3) a higher cantilever resonance also allows faster AFM imaging without compromising
the sampling rate. For conventional cantilevers, high resonant frequencies are achieved by
increasing the stiffness. However, shortening the cantilever (reducing the mass) also increases
the resonant frequency whilst retaining a reasonably low spring constant [264]. The
development of miniaturised cantilevers has therefore been influential in advancing the AFM
imaging of biomolecules at high spatiotemporal resolution [118][265].

2.3.2.2 Contact Mode Imaging
The most simple, and historically the most common, AFM imaging mode is known as contact
mode. In contact mode, the cantilever tip is kept in constant contact with the sample; the
measured deflection signal is inputted into a feedback loop and the tip-sample height is
adjusted to maintain a constant tip-sample interaction force (a predefined ‘setpoint’ value). The
height adjustment required to maintain a constant force is used to build a topography map of
the sample. Contact mode has been applied to image biomolecules at high resolution
[266][267]. However, the major limitation of contact mode is that it exerts high lateral forces
onto the sample during imaging. Contact mode is thus largely limited to flat surfaces and
biological samples that can withstand high lateral forces, such as proteinaceous lattices.

2.3.2.3 Tapping Mode (Amplitude Modulation)
Dynamic AFM modes were developed to reduce the lateral forces applied during imaging.
Tapping mode, also referred to as intermittent-contact or amplitude modulation (AM) mode, is
the most commonly applied dynamic imaging mode.
In a tapping mode experiment, the cantilever is actuated such that it oscillates above the
sample at a frequency near the fundamental cantilever resonance. A piezoacoustic actuator in
the fluid cell is typically used to drive the cantilever, although alternative methods exist (see
Chapter 3.2). The amplitude of the oscillation is continuously monitored whilst the cantilever is
raster scanned over the sample surface. Tip-sample interactions induce a reduction in the
oscillation amplitude of the cantilever; a PID feedback loop is used to maintain a constant
amplitude by adjusting the tip-sample distance (moving the cantilever relative to the surface,
or vice versa). A topography map is generated from the height adjustment required to maintain
a constant oscillation amplitude (set to a pre-defined setpoint value which is typically ~ 75% of
the ‘free’ cantilever amplitude). Tapping mode applies lower lateral forces to the sample than
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contact mode imaging. However, note that tapping mode using piezoacoustic actuation is
subject to ill-defined and variable applied forces, as discussed further in Section 2.3.2.5.
Several of the tapping mode experiments presented here were carried out using the Bruker
Dimension FastScan AFM and FASTSCAN-D cantilevers. Table 2.2 shows typical imaging
parameters applied here for visualising biomolecules in fluid.
Parameter

FASTSCAN-D

Drive Frequency

~ 90 kHz

Amplitude Setpoint

> 500 mV

PI Gains

Optimised

Line Rate

> 4Hz*

Samples per Line

256 / 384 / 512

Z range

~ 0.5 μm

Aspect Ratio

Typically 1.5

Deflection Limit

≤ 12.24 V

*Line rate varies greatly depending on experiment, no. of samples per line & aspect ratio
Table 2.2: Typical parameters for tapping mode AFM in fluid using a FASTSCAN-D cantilever.
PID feedback gains are optimised to be just below the point of ‘ringing’ for high-resolution imaging.

2.3.2.4 PeakForce Tapping (Rapid Force-Distance mode)
More recently, AFM modes have been developed that simultaneously measure surface
topography and mechanical properties of the surface [126]. PeakForce Tapping, developed by
Bruker, is a type of rapid force-distance curve imaging. Figure 2.5 illustrates the principle
underpinning PeakForce Tapping (PFT) mode.

Figure 2.5: A schematic illustration of the principle behind PeakForce Tapping mode. i) The
movement of the AFM tip over time for a single sinusoidal cantilever ‘tap’. The cantilever is
approached to the surface (blue) and then withdrawn (red) once the PeakForce setpoint is reached.
The z-piezo movement is shown (black dotted line). B marks the jump to contact, C indicates the
peak force and D is the adhesion force when pulling off the surface. ii) A typical force-distance plot.
iii) A plot of force against tip-sample distance, showing how the different quantitative
nanomechanical mapping (QNM) parameters are calculated in PFT mode. Reproduced from [268].
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PFT performs a series of force curves at every pixel position on the sample surface, at a
frequency significantly lower than the cantilever resonant frequency. The tip is approached to,
and withdrawn from, the sample in a sinusoidal motion (at an amplitude typically ~ 10 nm and
a frequency of 2 – 8 kHz in the experiments presented here). A single force-distance curve is
generated for every period of the sinusoidal motion. The tip-sample interaction is controlled
using a feedback loop to maintain a constant maximum tip-sample force, known as the ‘peak
force’. The distance at which the peak force is reached is then used to construct a
topographical map of the surface. PFT mode is typically slower than conventional tapping
mode in liquid, however it has the advantages of precise tip-sample force control and well
quantified applied force; this better protects the AFM tip and the underlying sample from
damage [126].
All of the PeakForce Tapping experiments presented here were carried out using the Bruker
MultiMode 8 or the Bruker Dimension FastScan. Table 2.3 shows the optimised PFT imaging
parameters for high-resolution imaging of P2X4Rs and antibodies. The PeakForce setpoint
was intentionally minimised throughout and typically corresponded to an applied imaging force
of 50 pico-Newtons (pN) or less.
Parameter

MSNL-E

MSNL-F

FASTSCAN-D

Engage Setpoint

~ 50 mV

~ 50 mV

~ 30 mV

Engage Int. Gain

8

8

8

PeakForce Setpoint

10 – 30 mV

~ 10 mV

20 – 35 mV

PeakForce Amplitude

10 – 25 nm

10 – 25 nm

10 – 25 nm

PeakForce Frequency

2 kHz

2 kHz

8 kHz

Feedback Gain*

~ 20 Arb.

~ 20 Arb.

~ 20 Arb.

Deflection Limit

≤ 12.24 V

≤ 12.24 V

~ 4.09 V

Z range

~ 1 μm

~ 1 μm

~ 0.5 μm

Samples per line

256 / 384 / 512

256 / 384 / 512

256 / 384 / 512

*Feedback gain values vary greatly, require optimising for every image
Table 2.3: Typical parameters using for high-resolution PeakForce Tapping imaging in fluid.

Furthermore, PFT mode can be configured to measure mechanical properties of the sample,
including dissipation, adhesion, deformation and the elastic modulus [140][126]. These
parameters were not used in the high-resolution imaging presented here, however the
‘dissipation energy’ will be discussed briefly in Chapter 4.7.4.

2.3.2.5 Mode of Cantilever Actuation
The resonance spectrum of an AFM cantilever closely resembles a simple harmonic oscillator,
clearly observed if one measures the thermal motion of the cantilever. However, the spectrum
corresponding to a driven cantilever looks strikingly different and is often referred to as a ‘forest
of peaks’ [269]. This phenomenon occurs because the driven cantilever response is actually
the product of the drive response and the cantilever response (Figure 2.6).
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Figure 2.6: The driven cantilever response is the product of the drive response and the
cantilever response, adapted from [270]. The cantilever response is close to a simple harmonic
oscillator, however the drive response in piezoacoustic actuation typically contains many spurious
resonances. The resulting driven cantilever response is commonly referred to as a ‘forest of peaks’.

Piezoacoustic actuation is the most commonly applied actuation method, largely due to its low
cost, ease of use and adequate performance [270]. In piezoacoustic actuation the drive piezo
is mechanically coupled to the cantilever. However, the piezo is also mounted within the AFM
and as a result becomes a part of a large mechanical system with a highly complex resonance
spectrum [269]. The resulting drive response thus contains many spurious resonances, hence
the ‘forest of peaks’ reference, leading to poorly-defined and unstable cantilever amplitudes.
Furthermore, these issues are compounded in liquid; inevitable changes in fluid volume over
time lead to variations in the many spurious resonances, thus the driven cantilever response
is largely unstable over time. This makes tapping mode, known as amplitude modulation
mode, difficult in fluid [270].
Several alternative actuation methods exist, most notably magnetic actuation [271][272] and
photothermal actuation [273][274]. Photothermal actuation is an attractive alternative to
piezoacoustic methods. Photothermal actuation uses a power-modulated laser, focused onto
the cantilever surface, to directly excite the cantilever oscillation. For metal-coated cantilevers,
heating the cantilever enhances stress gradients along the beam (known as the ‘bimetallic
effect’) causing it to oscillate [270][274]. The power of the drive laser is modulated at a
frequency matching the required excitation frequency, whilst the amplitude of the drive laser is
adjusted to give the desired cantilever oscillation amplitude. Critically, this method directly
excites only the cantilever; no other spurious system resonances are driven, therefore no forest
of peaks arises. The driven cantilever response resembles the simple harmonic oscillator
cantilever response. Photothermal actuation gives vast improvements in cantilever amplitude
stability (resulting in improved force control and increased imaging stability) over time [270].
Photothermal actuation with a small laser spot can also be used for high-speed AFM using
miniaturised cantilevers; short cantilevers can be photothermally driven at high frequency, with
lower noise and increased stability relative to piezoacoustic actuation [270]. Furthermore, the
use and availability of photothermal actuation is increasing, largely due to the commercially
available Cypher AFM manufactured by Asylum Research. The Cypher system uses a
proprietary ‘blueDrive’ actuation method, whereby a 405 nm laser is used to actuate the
cantilever [270].
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The photothermal AFM experiments carried out in this investigated used a photothermal
adaptation for the commercially-available Bruker MultiMode AFM [142][264][275]. The
photothermal head is described further in Chapter 3.2.1. Table 2.4 shows the optimised
parameters for AFM imaging with the photothermal head.
Parameter

FASTSCAN-D

USC-F1.2-k0.15

Drive DC Offset

0.52 V

0.52 V

Drive Voltage

~ 250 mV

~ 150 mV

Drive Frequency

~ 90 kHz

~ 600 kHz

Amplitude Setpoint

~ 500 mV

~ 500 mV

PI Gains

Optimised

Optimised

4 – 40 Hz*

Line Rate

5 Hz*

Samples per Line

256 / 384 / 512

256 / 384 / 512

Aspect Ratio

1.5 – 6.0

1.5 – 6.0

*Line rate varies greatly depending on experiment, samples per line and the aspect ratio
Table 2.4: Parameters for high-resolution imaging using the photothermal AFM head [264].
The DC Offset is the voltage given to the drive laser diode. Imaging parameters vary by experiment.

2.3.2.6 Mode of Cantilever Detection
Several methods exist to detect the deflection of the cantilever during AFM imaging. The
majority of commercial AFMs utilise optical beam deflection owing to its ease of setup and
operation [261][262]. However, beam deflection setups are more complicated to implement for
measurements using small (few microns wide) cantilevers [276]. Briefly, the cantilever
deflection in a beam deflection setup is effectively a measurement of angle; this angle is
relatively small compared to the large optical opening angle needed to focus the laser beam
onto a small (micron-sized) spot.
Interferometric cantilever detection was first introduced by Rugar and colleagues [277] and
has since been developed to detect small cantilever deflections with high precision
[278][279][280][281]. During this investigation, a home-built AFM system was tested that uses
a Fabry-Perot interferometer for cantilever detection (see Appendix Figure 1). Previous work
has demonstrated the superior noise floor and detection sensitivity of the detection setup
[276][282]. More recently, images of mica at atomic resolution in fluid [117] and DNA at doublehelix resolution [137] have demonstrated the superior imaging performance of the home-built
interferometric system.

2.3.3 Preparation of Sample Substrates for AFM
For high-resolution AFM imaging, the sample must be adsorbed onto an atomically flat
substrate; this ensures that the topographic map generated is attributed solely to the sample
and not the underlying substrate. We most commonly used muscovite mica (Agar Scientific,
9.9 mm nominal diameter) as the substrate. Mica consists of planes that can be cleaved, using
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sticky tape, to reveal an atomically flat surface [283]. A sheet of polytetrafluoroethylene (PTFE)
was glued to the underside of the mica disc using Araldite Epoxy adhesive. The hydrophobic
PTFE confines the sample solution to the mica during imaging [284]. The mica disc and PFTE
sheet were mounted onto a steel puck using a self-adhesive coating on the PFTE underside.
The steel puck allowed the magnetic immobilisation of sample discs on the AFM stage.
A typical mica sample disc is illustrated in Figure 2.7.

Figure 2.7: A schematic of the standard mica sample preparation, formed using mica, PTFE
and a steel puck. The mica disc can be cleaned and freshly cleaved between experiments.

Muscovite mica is intrinsically birefringent, meaning that it has two different refractive indices.
This property can be prohibitive for optical methods [285]. Therefore, for our TIRFM
experiments we deposit supported lipid bilayers onto borosilicate glass coverslips (see Section
2.5.1). As a result, our AFM control experiments were also carried out using borosilicate glass
coverslips. Coverslips were thickness grade 0 and had a nominal diameter of 22 mm (Fisher
Scientific). Coverslips were rinsed with isopropanol and copious amounts of distilled water,
dried using compressed air and plasma cleaned (Zepto model, Diener Electronic) in air at 70%
power for 2 minutes. A small disc of fluorinated ethylene propylene (FEP) with an adhesive
underside was rinsed with detergent and punched to create an ‘O-ring’ of 10 mm diameter.
The O-ring was gently attached to the freshly plasma-cleaned coverslip. This construct was
then mounted onto a steel puck using double-sided carbon tape.
A typical glass sample disc is shown in Figure 2.8.

Figure 2.8: A schematic of the standard glass coverslip sample preparation for AFM. The
freshly cleaned coverslip is glued to a steel puck. An FEP ring is used to confine the sample liquid.
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2.3.4 AFM experiments on Functionalised Mica
Biomolecules can be directly adsorbed onto mica substrates for AFM imaging. The
electrostatic attachment of biomolecules to mica (net negative charge) can be enhanced by
functionalising the mica with cationic polymers [152][138] or including cations in the solution
[130][124]. Functionalised mica is an attractive substrate for studying biomolecules because
of its ease of regeneration and its compatibility with common passivating and ‘click-chemistry’
reagents [286].
Antibodies or detergent-solubilised P2X4Rs were immobilised for AFM imaging by
functionalising the mica with a cationic polymer monolayer of poly-L-lysine (Sigma, PLL). The
freshly-cleaved mica surface was treated with 20 µl of PLL for 2 minutes, washed 3 – 5 times
with MilliQ water and then incubated with 20 – 100 ng of mAb or hP2X4R for 10 minutes in
Imaging Buffer. In some instances, the sample was rinsed in Imaging Buffer prior to AFM
imaging, although this step was not essential. Detergent-solubilised P2X4 receptors were also
immobilised on mica using monovalent cations, as detailed by Shinozaki and colleagues [152].
Briefly, freshly-cleaved mica was treated with 10 mM Hepes, 1M KCl, pH 8.0, for 30 min. 30 –
50 ng of hP2X4R was then incubated on the substrate for 30 min at RT, followed by at least 5
rinse steps in Imaging Buffer. In addition, antibodies were adsorbed onto mica at using divalent
cations (Mg2+) as described by Ido and colleagues [124].
For in-air AFM imaging of receptor-antibody complexes, hP2X4R was incubated (overnight, 4
°C) in solution with an excess of antibody. 50 – 200 ng of the incubated mixture was then
deposited onto freshly-cleaved mica in Imaging Buffer over 60 minutes. The solution was
quickly dried, by a combination of blotting and drying under compressed air. For optimal
results, the sample was left to dry further overnight or over several days [173] prior to imaging.
In-air AFM was then carried out in PeakForce Tapping mode using an MSNL-F cantilever, with
PeakForce amplitudes between 20 – 50 nm and a PeakForce setpoint between 10 – 50 mV.

2.3.5 AFM Antibody Addition Experiments
SLBs were formed on mica substrates as described in Section 2.2.3. Our antibody addition
AFM experiments were broadly classified into two categories, namely ‘before-and-after’ and
‘direct injection’ experiments (see Chapter 4.7).
In a ‘before-and-after’ experiment a large area of the sample was profiled (a composite view
comprising many smaller, high-resolution images). The cantilever was then withdrawn and
monoclonal antibody (diluted to the desired concentration in Imaging Buffer) was pipetted into
the solution. The sample was then incubated, typically for ~ 1 hour, before the original area of
the sample was imaged again. This approach yielded large datasets of high-resolution images
before-and-after the addition of antibody. The use of an AFM equipped with a driftcompensated ‘closed-loop’ scanner (Bruker Dimension FastScan) allowed us to withdraw and
re-approach to within several microns of the original area. To check for receptor-antibody
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binding, before-and-after images were qualitatively compared. Quantitative single-particle
analysis (see Section 2.3.7) was also used.
The direct injection approach was used to continuously visualise a small number of receptors
in real-time whilst antibody was introduced into the imaging buffer. Most experiments were
carried out in either PFT or Tapping mode on the Bruker Dimension FastScan using FSD
cantilevers. Different methods of injecting antibody were also investigated (see Chapter 4.7.2).
In some instances, the photothermal head was applied for direct injection experiments using
high-speed Tapping mode imaging and FSD cantilevers. These experiments utilised an
injection channel milled into the photothermal fluid cell; the channel was passivated with BSA
to ensure the diffusion of antibody into the sample. In all cases, qualitative and quantitative
data analysis methods were used to search for binding events.
A more detailed list of the experimental parameters varied in our efforts to capture receptorantibody binding in real-time by AFM is provided in Chapter 4.7.

2.3.6 AFM ATP Addition Experiments
Our experiments aiming to visualise ATP-induced conformational changes in P2X4 can also
be categorised into ‘before-and-after’ and direct injection approaches. ATP addition
experiments were carried out using the MultiMode 8 AFM, the Dimension FastScan and the
photothermal head MultiMode adaptation. In all cases, ATP (Sigma-Aldrich) was dissolved in
Imaging Buffer, vortexed and injected into the sample volume to a final concentration of 1 mM,
as used elsewhere [152]. High resolution images were obtained, with an effective pixel density
~ 2 px nm-1. Single-particle size analysis (described in the following section) was used to
generate histograms of receptor dimensions in the presence and absence of ATP.

2.3.7 AFM Image Processing
All AFM image analysis was performed in Nanoscope Analysis version 1.7 (Bruker) or the
open-source software Gwyddion version 2.44 (www.gwyddion.net). Raw images were planefitted and line-by-line flattened (subtracting a 1st or 2nd order polynomial from the topography
map). Single-particle analysis was carried out in Gwyddion or Nanoscope Analysis, using the
‘Distribution of Various Grain Characteristics’ and ‘Particle Analysis’ tools respectively. The
resulting distributions were loaded into MATLAB (The MathWorks Inc) and histograms of
receptor dimensions (Chapter 4.3.1) were generated. Histograms of P2X4R diameter before
and after ATP injection were compared using a two-sample Kolmogorov-Smirnov test (KS-test)
in MATLAB. The two-sample KS-test queries the null hypothesis that two compared samples
(i.e. diameter distributions before and after ATP addition) are drawn from the same continuous
distribution. The null hypothesis is accepted if the empirical distribution functions of the two
samples are not significantly different (significance level of 0.05) in both location and shape.
Where appropriate, a two-sample t-test (significance level of 0.05) was carried out in MATLAB
to validate the KS-test result. The areal density of reconstituted P2X4Rs in SLBs (Chapter
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4.3.1) was quantified by manually counting receptors in a large dataset of AFM images of
sufficient resolution to resolve individual receptors (< 2 nm px-1). All 3D views of AFM images
were generated in Nanoscope Analysis and subjected to a 3 pixel Gaussian low-pass filter.

Confocal Microscopy
Confocal microscopy was used to visualise the binding of fluorescently labelled anti-P2X4R
mAb to P2X4Rs reconstituted in the membranes of intact vesicles. Confocal microscopy is a
commonly used type of fluorescence microscopy that utilises spatial filtering methods to
enhance the resolution and quality of imaging.
Figure 2.9 illustrates a confocal setup and the principle underlying its operation.

Figure 2.9: A schematic of the confocal principle and its application in epi-fluorescence laser
scanning microscopy. The diagram illustrates how spatial filtering is used to eliminate the emitted
fluorescent light that is not confocal with the pinhole aperture; thus only the emission from the focal
plane is detected. The setup presented here can also be inverted. Adapted from [287].

In a conventional widefield epi-fluorescence microscope, secondary fluorescence emitted by
the sample can make it difficult to resolve features in the objective focal plane. This is
particularly problematic for samples thicker than the depth of the immediate focal plane.
Confocal microscopy uses spatial filtering to eliminate this out of focus light, removing
detrimental background information from the image and allowing finer detail to be resolved in
the focal plane [288]. Another advantage of confocal microscopy is that optical sections can
be collected in the vertical axis.
In a confocal microscope, coherent light emitted by an excitation laser is diffracted through a
pinhole that is in a conjugate plane (simultaneously in focus, a.k.a. confocal [289]) with a point
on the specimen and an additional aperture situated in front of a photomultiplier detector. A
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mirror system, including a dichroic mirror, is used to raster scan the laser spot over the sample
surface in a defined focal plane. Fluorescence emitted from the sample in the focal plane
passes through the dichroic mirror and becomes focused to a confocal point on the aperture
at the detector. In contrast, most of the fluorescence emitted from above and below the focal
plane is not confocal with the pinhole and does not reach the detector [288].

2.4.1 Giant Unilamellar Vesicle Preparation
Giant unilamellar vesicles (GUVs) were prepared using an electroformation unit (Vesicle Prep
Pro, Nanion Technologies) as described in [290][291]. The lipid composition used was a
mixture of synthetic 1,2-diphytanoyl-sn-glycero-3-phosphocholine (DPhPC) and biotinylated
phosphatidylethanolamine (PE). Lipids were combined in a ratio of 99:1 by mass. GUVs were
formed in imaging buffer solution containing an excess of the sugar sorbitol. GUVs containing
reconstituted P2X4Rs were generated overnight as described in Section 2.2.2; the detergent
DDM was used and the SUVs were substituted for the equivalent mass of GUVs.
Glass coverslips were cleaned and modified with an FEP ring as described in Section 2.3.3.
Coverslips were then passivated using BSA (10 mg ml-1, 15 minutes) to block against nonspecific antibody binding. The coverslips were rinsed 5 – 10 times with Imaging Buffer to
remove excess BSA. GUVs were injected in Imaging Buffer supplemented with 300 mM NaCl;
the high salt concentration generates an osmotic pressure that causes the GUVs to swell and
settle onto the glass surface.

2.4.2 Confocal Imaging
Confocal imaging was carried out using an inverted Olympus IX81 microscope (Olympus)
running Olympus Fluoview Ver4.2 software. An oil-immersion Olympus UPLFLN 40X objective
was used throughout. Coherent excitation laser sources were used at wavelengths of 488 nm
and 633 nm. An Olympus U-RFL-T mercury lamp was used for bright-field imaging. 488 nm
Fluorescein-labelled Dextran (ThermoFisher Scientific) was injected into the sample solution
following the deposition of P2X4R-GUVs; this provides contrast between the fluorescent buffer
solution and the non-labelled solution within the GUVs. Antibodies were labelled with DyLight®
650 dye as described in Section 2.5.2. P2X4R-GUVs and control GUVs were incubated with
labelled mAb at a concentration of 200 nM for 30 minutes prior to imaging. Time-lapse images
were captured in the bright-field, 488 nm and 633 nm channels at a rate of 10 – 15 seconds
per image. Optical sections (z-stacks) were captured at 633 nm to generate 3D reconstructions
of P2X4R-GUVs.

Total Internal Reflection Fluorescence (TIRF)
Total internal reflection fluorescence microscopy (TIRFM) was used to visualise the binding of
labelled mAb to P2X4Rs embedded in supported lipid bilayers. TIRF utilises the physical
phenomenon of total internal reflectance to generate a shallow evanescent wave of illumination
at the sample surface [292]. Total internal reflection occurs at the interface between two media
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with different refractive indices. When a collimated beam reaches the interface it is either
refracted as it enters the medium, or reflected at the interface, depending on the refractive
indices of the two media and the angle of incidence. Total internal reflection only occurs when
the beam encounters a boundary to a medium of lower refractive index, and when the light is
incident to this boundary at a sufficiently high angle (known as the critical angle, θ c). Figure
2.10 illustrates the application of total internal reflection in TIRFM.

Figure 2.10: A schematic diagram of total internal reflection fluorescence, adapted from
[292]. When excitation light hits the interface between two media of different refractive indices, at
an incident angle ≥ the critical angle, most of the light is reflected; this generates a shallow
evanescent field (a few hundred nanometres in depth) of illumination. This eliminates background
fluorescence and therefore allows fluorescent imaging at the interface surface with very high signalto-noise ratio.

The practical implication of TIRF is that only the fluorophores that are within the shallow
evanescent wavefront are excited. This confines the excitation and detection of labelled
molecules to a thin region of the specimen immediately above the sample surface. Elimination
of background fluorescence arising from above the focal plane yields a high signal-to-noise
ratio at the surface, enhancing the quality of fluorescent images obtained [292].
We harnessed the high signal-to-noise ratio and shallow depth of illumination of TIRF to
visualise the binding of labelled antibody to P2X4R-SLBs deposited at the glass-liquid interface
(see Section 2.5.3). The use of TIRF in fluorescent microscopy is not a new development
[222][293][294][295]. However, it remains a powerful tool for single-molecule studies of
biomolecular systems and interactions.

2.5.1 Disc and Sample Preparation
Plasma cleaned borosilicate glass coverslips were prepared and adapted with an FEP O-ring
as described in Section 2.3.3. Instead of attaching the sample disc to a steel puck, the disc
was mounted into a cell culture chamber (SKE Research) that can be loaded directly onto the
TIRF microscope stage.
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Figure 2.11 illustrates the sample preparation used; for early experiments a ring of hydrophobic
liquid blocker ink (Kisker Biotech) was used, instead of the FEP O-ring, to confine the solution.

Figure 2.11: A schematic of the standard glass sample disc and chamber used for TIRFM.
The FEP self-adheres to the plasma cleaned glass. The coverslip sits within a cell culture chamber;
the chamber forms a seal around the FEP and can be placed onto the microscope stage for TIRFM.

Phosphatidylcholine SLBs were formed on the glass samples as detailed in Section 2.2.3.
SLBs containing reconstituted P2X4Rs were formed from P2X4R-SUVs generated as
described in Section 2.2.2. Bilayers were formed on glass substrates in situ in the cell culture
chamber, which was then transferred to the microscope stage for imaging. Antibody labelling
is described in detail in the following section.

2.5.2 Antibody Labelling and Calculating Concentration
Anti-P2X4R mAb and the isotype control NIP were labelled for TIRF and confocal imaging
using the Dylight™ 650 Microscale Antibody Labelling Kit (Thermo Scientific). The DyLight™
650 dye was chosen due to its ease of conjugation and because it was used during
experiments carried out by our collaborators [12].
DyLight™ dyes conjugate directly to available amine groups, are extremely bright and are
highly water soluble. A single labelling reaction kit was used to label 100 µl of antibody, diluted
to ~ 1mg ml-1 in 0.05 M sodium borate (pH 8.5) as per the manufacturer’s instructions. We
introduced an additional step to the process, wherein reaction products were incubated with
degassed Bio-Beads for 12 hours at 4 °C; this step reduced the number of large dye/protein
aggregates. The antibody concentration and antibody:dye molar ratio were determined using
a NanoDrop One (Thermo Scientific). Typically, labelled antibody was recovered from the
labelling kit at a concentration of ~ 10 µM and with 5 – 10 moles of dye per mole of antibody.
The anti-P2X4R mAb and the control NIP showed similar concentration and antibody:dye ratio
following labelling. Labelled solutions were serially diluted to the desired concentration for TIRF
imaging (see Section 2.5.3). Small aliquots of the serial dilutions were measured by NanoDrop,
wherever possible, to minimise experimental errors associated with concentration.

2.5.3 TIRF Imaging
2.5.3.1 Microscope Setup
All TIRF imaging was conducted using a custom-built microscope, based on a fully motorised
Olympus IX81 base, similar to a setup described elsewhere [221][296]. The microscope was
configured for ‘through-objective’ (or ‘cis’) TIRF imaging [292].
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The 640 nm wavelength excitation laser source was an iChrome Multi-Laser Engine (Toptica
Photonics) coupled to a single-mode optical fibre (Thorlabs PM-S405-XP). The output of the
fibre was collimated and passed through a quarter-wave plate to produce a circularly polarised
beam. The beam then passed through the ‘TIRF’ lens (Thorlabs 200 mm achromatic doublet),
which is mounted on a micrometer translation stage to adjust the TIRF angle. The TIRF lens,
combined with a two-axis mirror (Newport), focus the beam directly onto the back focal plane
of the objective lens. The mirror was spun at ~ 30 Hz in order to generate a more even (or
‘shadowless’) field of evanescent illumination; the spinning-mirror method for TIRFM imaging
is described elsewhere [297].
The setup contained an oil-immersion Olympus TIRF objective lens (1.49 NA, 100X
magnification). The camera was an ORCA 4.0 V2 Scientific CMOS (Hamamatsu). Sample
positioning was controlled using an XYZ-Nanopositioning stage (Physik Instrumente) mounted
onto a motorised micrometer stage (Physik Instrumente). The microscope was operated using
µmanager (Open Imaging, Inc.) [298] and software written in-house in C++ and Python. The
laboratory temperature was ~ 17 °C, although the local temperature at the objective surface
was not controlled.

2.5.3.2 Binding Assays without Gold Nanoparticles
In our initial TIRF experiments, DyLight™ mAb was injected into the sample solution in situ on
the microscope stage. The focal plane of the surface could only be localised once fluorescent
antibodies began to bind to the P2X4R-SLB surface. Thus the actual process of antibody
binding could not be captured in real-time. Images were captured using a 100 ms exposure
and 4.98% (arbitrary) laser power.
Three independent repeats of ‘equilibrium samples’ were carried out (see Chapter 5.3.4).
DyLight™ mAb was injected into the sample on the benchtop, rather than the microscope
stage. Samples were then incubated, at a final concentration of 500 pM antibody, for 1 hour at
16 °C. After 1 hour, the antibody binding process was assumed to have reached equilibrium
and the samples were transferred to the microscope stage and imaged for 5 minutes at 100
ms exposure and 4.98% power.

2.5.3.3 Binding Assays with Gold Nanoparticles
To visualise the process of antibody-binding in real-time we developed a method for localising
the sample focal plane before adding labelled mAb. Gold nanoparticles of 100 nm diameter
(Sigma Aldrich) were deposited onto the freshly prepared glass coverslips. Between 2 – 20 µl
of the nanoparticle stock (~ 4x109 particles per ml) were incubated in Imaging Buffer
supplemented with 50 mM MgCl2 for 15 minutes. Excess gold was rinsed off the surface with
buffer and SLBs were formed around the gold nanoparticles as described in Section 2.2.3.
The gold nanoparticles were used to localise the focal plane of the SLB during continuous TIRF
imaging. Fluorescently labelled anti-P2X4R mAb or the labelled isotype control NIP were
directly injected into the sample meniscus and mixed gently by pipetting up and down. The
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subsequent antibody binding process was captured in real-time at 100 ms exposure at 4.98%
laser power.
For the preliminary assay investigating the effect of ATP on mAb binding, fresh ATP was
injected into the sample meniscus, to a final concentration of 1 mM, prior to antibody injection.

2.5.3.4 TIRF Binding Isotherms
Three independent repeats of a mAb binding isotherm were carried out at antibody
concentrations between 0 – 500 nM. Labelled antibody was pipetted onto P2X4R-SLB
samples, mixed gently and then incubated for 1 hour at 16 °C. Incubated samples were then
transferred to the TIRF microscope and imaged at 35 ms exposure and 1.85% laser power.
These parameters were found to be optimal for the concentration range tested, utilising most
of the dynamic range of the CMOS.

2.5.4

TIRF Single-molecule Tracking Protocol

The videos of antibody binding to reconstituted P2X4R were obtained at a sufficiently low
antibody concentration such that single antibody binding events were resolved. This section
describes our protocols for localising single labelled antibodies at super-resolution, forming
single-molecule trajectories from the localisations and finally quantifying the single-molecule
behaviours of the antibody trajectories.

2.5.4.1 ThunderStorm Plugin for FIJI identifies single molecules
The diffraction limit denotes that the ultimate resolution of an optical microscope is limited by
the wavelength of light and the aperture angle of the objective [197][299]. Ernst Abbe
formalised this relationship, noting that a microscope cannot resolve to objects that are closer
than λ/2NA, where λ is the wavelength of light and NA is the objective numerical aperture. In
diffraction-limited microscopy, this equation describes the fundamental limit of the lateral (x, y)
resolution.
However, several techniques have since been developed to break through this limit [197].
Many of these superresolution techniques utilise the photoswitching or photobleaching
properties of fluorophores. Our experiment did not apply these advanced methods, such as
STORM, SIM or STED [197]. As a result, our analysis protocol is dependent on single antibody
molecules being separated in space by a resolvable distance, hence the use of a low (pM)
concentration of labelled mAb.
When light is emitted from a small point source in the sample, it is transmitted to the image
plane through a high NA objective. However, although the point source is infinitely small the
objective lens does not focus the emitted light to an infinitely small point in the image plane.
Rather, a three-dimensional diffraction pattern, known as a point spread function (PSF), is
formed (Figure 2.12). The radius of the pattern (known as an Airy disk) is determined by the
objective NA; the point spread function is narrower for higher NA objectives [300].
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Single-molecule localisations were obtained using the ThunderSTORM plugin [301] executed
in the open-source image analysis platform FIJI [302]. In brief, ThunderSTORM interrogates
an intensity map (intensity plotted against lateral position) of every image captured within a
TIRF movie. Intensity spots above a pre-defined baseline value (the noise floor) are identified.
A Gaussian function is fitted to every individual intensity spot, approximating the point spread
function of the spot. The Gaussian profiles are then used to localise the centroid of each
individual spot with lateral resolution beyond the diffraction limit, as illustrated in Figure 2.12.

Figure 2.12: Single-molecules were localised with precision beyond the diffraction limit
using ThunderSTORM for FIJI, reproduced from [303]. a) An idealised point spread function
(PSF) for a single fluorescent emitter. b) A Gaussian function is fitted to every intensity spot. The
inset shows the raw intensity data as captured on the CCD. c) Analysis of the Gaussian function
for each data point localises the centroid of the spot to within a sub-diffraction-limited area.

The ThunderSTORM plugin was configured with the camera parameters that were used during
data acquisition. The pixel size, photoelectrons per analogue to digital count, and the electronmultiplier gain were all entered as set during TIRF imaging. The base level (A/D counts) was
determined as the minima of a histogram of A/D counts measured across an entire TIRF timelapse video.

2.5.4.2 Single-particle Tracking Algorithms (MATLAB)
The .csv files generated by ThunderSTORM contain the localisations of all intensity spots, but
no information regarding which spots are part of the same particle trajectories over time. The
.csv ThunderSTORM files were loaded into MATLAB and subjected to single-particle tracking
algorithms developed by Dr A R Lowe.
The single-particle tracking algorithm utilised is highly conserved with the ‘track.pro’ code
developed by Crocker, Grier and colleagues [204]. In brief, given the positions for n particles
at time t(i) and m possible new positions at time t(i+1), the function considers all possible
identifications of n old positions with the m new positions. The identification which results in
the minimal total squared displacement is chosen, providing the trajectory obeys a series of
pre-defined thresholds. This process is carried out for all localised particles for i = number of
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frames, until all particles are either assigned to a trajectory or discarded. Every single-particle
trajectory is then allocated a unique identifier (id).
The function also uses several pre-defined tracking criteria, the two most notable of which are
maximum displacement (maxdisp) and memory (mem). The ‘maxdisp’ criteria specifies the
maximum distance, in pixels, a particle can move between t(i) and t(i+1) and still be classified
as the original particle. The ’mem’ criteria specifies the number of frames a particle can be
absent from and still be classified as the original particle. Figure 2.13 illustrates the implications
of these tracking criteria.
For non-interacting Brownian particles with the same diffusivity, the algorithm produces the
most probable set of trajectories. Those particles that don’t associate with a new position within
‘maxdisp’ and ‘mem’ of an old position are discarded. In practice, the function works well for
systems with a wide range of particle motions, as long as single time-step displacements are
reasonably small. The algorithm was deemed suitable for use on our TIRFM data as the
fluorescent particles are well spaced and predominantly static; furthermore, those particles that
are mobile do not exhibit diffusion, between frames, greater than the typical inter-particle
spacing.
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Figure 2.13: Schematic illustrations of principle underlying our particle-tracking algorithm.
a) A hypothetical ideal system would successfully identify the movement of a particle (x, y) over
time (t, vertical axis). The movement of the red particle between t(i) and t(i+3) is used to build a
trajectory (shown in blue on the right). In reality, single-molecule experiments are crowded and
contain many diffusing molecules, therefore tracking criteria are required. b) A demonstration of the
maximum displacement criteria. In this example, the red particle movement between t(i), t(i+1) and
t(i+2) are all less than the maxdisp value (grey dashed line); the particle position in these three
frames is identified as a single trajectory (blue). However, between t(i+2) and t(i+3) the particle has
travelled a distance > maxdisp, therefore this localisation becomes the first particle in a new
trajectory (green). c) A demonstration of the memory criteria, where mem is set to zero. The red
particle movement between all of the time intervals obeys the maxdisp parameter. However the
particle is not seen in t(i+2) and reappears in t(i+3). For mem = 0, the particle in t(i+3) is not identified
as part of the original trajectory (blue) and thus becomes the first particle in a new trajectory (green).

84

2.5.4.3 Minimum and Maximum Tracking Parameters
The actual number of fluorescent antibodies binding during a TIRF experiment is absolute and
discrete. However, the tracking algorithm generated a range of values for the number of
trajectories formed, depending on the tracking criteria used. To account for this, a single
dataset was tested using sixteen permutations of the memory and maximum displacement
criteria (data not shown).
The values of mem and maxdisp were varied between 0 – 5 (frames and pixels respectively)
as illustrated in Appendix Figure 2. Both mem and maxdisp have practical limits; as maxdisp
approaches the mean spacing between particles, and mem is increased, the number of
possible particle combinations increases (giving an ‘excessive combinatorics’ error) and the
algorithm run-time becomes unfeasibly long.
For the real-time ‘P2X4R + mAb’ experiment, between 250000 and 450000 single-molecule
trajectories were formed. The lower value was given by maxdisp = 5 and mem = 4, which
represents the most stringent tracking criteria. The upper value was given by maxdisp = 1 and
mem = 0, which are the least stringent tracking criteria. The criteria maxdisp = 3 and mem = 1
yielded a number of trajectories close to the average of the minima and maxima. All TIRF
datasets were then analysed using the three permutations of tracking criteria; this provided a
measurement of the error introduced by the tracking algorithm (Chapter 5.3.3.1).

2.5.4.4 Additional Thresholding of Single-particle trajectories
Single-particle trajectories were subjected to further thresholding to select trajectories that
were static over time. Thresholding was achieved by calculating the net displacement (in
pixels) between the first and last frames of a trajectory. Our initial approach calculated the total
track length (nm) of a trajectory; however, the sub-pixel movements of a ‘static’ particle
summed to give a large total track length, therefore net displacement was preferred.
Trajectories were then thresholded by net displacement, discarding all tracks with net
displacement > 300 nm (~ 2 pixels). The threshold was sufficiently large relative to the linear
drift intrinsic to the TIRF measurements (drift ~ 9 pixels per hour); this ensured that the drift did
not cause unwanted trajectory loss during the thresholding process.
Trajectories corresponding to antibodies that were statically bound to the surface over time
were then carried forward for quantitative analysis (see Section 2.5.5).

2.5.5

Single-molecule Data Analysis

Note that all TIRF data was fitted using the ‘curve fitting’ toolbox in MATLAB.

2.5.5.1 Fundamental equations for receptor-ligand interactions [304]
The reversible binding of a ligand (L) to a receptor (R) is commonly denoted by Equation 2.2.
The stoichiometry of the reaction is indicated by the superscripts.
(2.2)

R i + Lj ↔ R i Lj
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The dissociation equilibrium constant (Kd) can be expressed as the ratio of the off-rate (koff,
units of s-1) and on-rate (kon, units of M-1 s-1) constants as shown in Equation 2.3,
Kd =

(2.3)

[R]i [L]j
[Ri Lj ]

=

koff
kon

where brackets ([…]) denotes concentrations. For one-to-one binding (i = j = 1), we can now
proceed noting that [R] = ([LR] + [R]) – [LR], with ([LR] + [R]) the total concentration of
receptors, with and without bound ligand, allowing us to find a relationship between Kd, ligand
concentration and the proportion of unoccupied receptors bound to a ligand,
(2.4)

#total receptors - #bound receptors

Kd = [L]* (

# bound receptors

)

The relationship between the ligand binding off-rate constant (koff) and the average dwell time
of a ligand-receptor complex (in seconds) is shown in Equation 2.5.
(2.5)

koff (s-1 ) =

1
dwell time (s)

Equation 2.6 shows a two-component exponential fit function that was applied to plots of the
number of single-molecule trajectories (ids) against time (seconds). With the assumptions that
both kplus = kon [L] and kminus ~ kbleach are both much larger than koff, this function will be as
follows,
(2.6)

f(t) = a*[e-kminus *(t-t0 ) - e-kplus*(t-t0) ]

Where t0 refers to the time that the receptors are first exposed to their ligands (mAbs, in our
experiments). We note that the number of bound mAbs in our experiments is negligible to the
number of mAbs in solution, such that we may approximate [L] as a constant.

2.5.5.2 Onset Time Analysis
Our kinetic analysis was largely limited by the photobleaching of the DyLight™ dye used to
visualise antibodies (see Chapter 5.3.3.4). To circumvent this limitation we calculate the ‘onset
time’ of each single-molecule binding event. The onset time for binding event i is calculated as
ti – t0 (seconds), where ti is the frame that event i appears and t0 is the frame that the first event
is recorded. This metric can conceptually be thought of as the dwell-time of an unoccupied
receptor (R) in the presence of free antibody (L), and we can define a rate constant kplus for the
conversion of an unoccupied receptor to an occupied one. Figure 2.14 illustrates the concept
of the ‘onset time’.
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Figure 2.14: A schematic illustration of the onset time for a single antibody-binding event.
For the antibody binding event i (dashed rectangle), the onset time is the time between the first
binding event in the field of view (t0) and the first frame of the binding event i (t0 + onset timei).

The onset time was calculated for every static antibody-binding trajectory. The histogram of
onset times was then fitted with an exponential and the resulting rate constant (kplus) was
converted to kon (= kplus / [L]) as outlined above. Critically, the on-rate yielded by the onset time
is not directly influenced by the rate of photobleaching if we assume that fluorophores do not
bleach before they are bound to a receptor at the surface.

2.5.6 TIRF Binding Isotherm Analysis
Total intensity and average pixel intensity values for isotherm TIRF videos were generated in
FIJI [302]. Three independent isotherm repeats were carried out, between 0 nM and 500 nM
DyLight™ 650 labelled antibody. However, during the time that the three independent
experiments were being carried out the microscope was adapted in several key ways
(pertaining to the camera and laser source). We therefore found that variations in microscope
setup, particularly the TIRF illumination and laser source, made it difficult to amalgamate
independent isotherm datasets. Rather than combining each of the independent repeats into
one aggregated binding curve, we treated each dataset independently. Each repeat was
normalised to the maximum intensity and fitted with Equation 2.7 as derived from the Hill
equation [144].
The maximum intensity was interpreted as the maximum antibody binding response,
corresponding to 100% receptor occupancy.

(2.7)

f(x) =

x
Kd

α

( )
x
Kd

α

1+ ( )

where x = [L]

The Kd and Hill coefficient (α) were determined, with a standard deviation, for each
independent binding curve. A weighted average mean of Kd and α was then calculated for the
three independent repeats. The weight for each dataset was calculated as per Equation 2.8.
(2.8)

Weight, wi =

1
σ2 i

The weights were then normalised by dividing the weight for each data point by the sum of all
of the weights in the dataset. Note that normalised weights sum to 1. σ denotes standard
87

deviation. Once the weights were normalised, the weighted mean average was calculated as
shown in Equation 2.9.
Weighted Mean =

(2.9)

w1 x1 + w2 x2 + w3 x3
w1 +w2 +w3

The weighted standard deviation was then calculated in MATLAB from the weighted mean
average and normalised weights using the function std(data, w’). The basic formula employed
by MATLAB for calculating standard deviation (for vector variable A, of N observations and
mean µ) is shown in Equation 2.10:
1

σ = √n-1 ∑ni=1 | Ai - μ |2

(2.10)

The normalised intensity over time was plotted for isotherm experiments over a range of
antibody concentrations (see Chapter 5.4.2). The exponential shown in Equation 2.11 was
fitted through the intensity vs time plots to approximate the rate of intensity decay (kminus) at a
range of antibody concentrations. In practice, because the rate of photobleaching >> the rate
of antibody dissociation, the intensity decay measured is dominated by the bleaching of
DyLight™ fluorophores.
y = a*e(-kminus *x) +b

(2.11)

Quartz Crystal Microbalance with Dissipation Monitoring
2.6.1 Principle of Operation
Quartz crystal microbalance with dissipation monitoring (QCM-D) is an acoustic technique that
is very sensitive to the mass changes at the surface of an oscillating quartz crystal [233]. QCMD is adept at measuring the binding of biomolecules to the sensor surface in real-time (see
Chapter 6.1 for more a more detailed description of the use of QCM-D for studying molecular
interactions). We applied QCM-D in this study as a label-free method for measuring the binding
of label-free antibody to reconstituted P2X4Rs. QCM-D binding isotherm data and frequency
traces were used to validate kinetic parameters obtained using TIRFM.
QCM-D is based on the inverse piezoelectric effect (Figure 2.15). Application of a voltage to
the crystalline sensor causes mechanical deformation of the material. An alternative applied
voltage gives a cyclical deformation, manifesting as an oscillatory motion in the crystal; if the
frequency of the applied voltage matches the resonant frequency of the crystal, a standing
wave occurs inside the crystal [233].
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Figure 2.15: Schematics of the principles of QCM and QCM-D operation, adapted from [233].
a) A drawing of a 4.95 MHz quartz crystal used. The yellow colour is due to the gold electrode
underneath the silica sensor. b) A side view of the crystal; an applied oscillatory voltage causes the
top and bottom surfaces to move tangentially in an anti-parallel fashion. The fundamental frequency
(black waves at the edges of the crystal) and the third overtone (blue wave in the middle) are shown.
The schematic exaggerates the magnitude of the motion; the crystal is ~ 300 µm thick and the
amplitude of motion is at most a couple of nanometres in liquid. c) QCM-D uses the ring-down
method, where the driving voltage is intermittently switched-off and the oscillation decay is
monitored over time. Resonance frequency f and energy dissipation D = 2Γ/f are extracted from the
decay curve (Γ is the resonance bandwidth). The blue curve corresponds to a crystal oscillating in
air. The red curve corresponds to a dissipation of 1.6 x10-1 which is a greatly exaggerated value for
illustrative purposes (dissipation of a bare crystal in water is ~ 3.5x10-4 at the fundamental). d)
Resonance spectra, obtained by impedance analysis, for a crystal in liquid (red) and in air (blue).
Impedance analysis measures polarisation at the crystal surface as a function of applied voltage
frequency. The excitation frequency is plotted on the x-axis, whilst the y-axis represents the
amplitude of the crystal shear motion. Note that bandwidth and dissipation are strictly equivalent.

QCM-D can conceptually be imagined to measure changes in the properties of an aqueous
‘film’ at the resonator surface. Firstly, binding of biomolecules increases the mass of the film,
causing a decrease of the crystal resonance frequency. Secondly, binding can alter the
viscoelastic properties of the film (thought of as rigidity or softness for simplicity) in turn altering
the dissipation of energy from the resonator into the film. Simultaneously monitoring the
frequency shift and the dissipation energy provides a real-time description of ‘bulk’ changes at
the sensor surface that occur as a direct consequence of intermolecular interactions [233].

2.6.2 QCM-D Experimental Protocol
Prior to QCM-D measurements, silicon dioxide sensors (Biolin Scientific) were incubated in 2%
SDS (Sigma-Aldrich) overnight at room temperature. Sensors were rinsed in MilliQ water and
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Ethanol, then treated in a UV/ozone chamber (BioForce Nanosciences) for 15 minutes. QCMD chambers and fluid tubing were cleaned (using a combination of SDS, water and ethanol)
and then passivated using buffer solution containing 10 mg ml-1 BSA (Sigma-Aldrich). QCM-D
measurements were made using the QSense Analyser (Biolin Scientific) at 23 °C.
Frequency and dissipation shifts (Δfi and ΔDi) were measured for six overtones (i = 3, 5, …,
13) at a sampling interval < 1 s. Each overtone corresponds to a different oscillation mode of
the resonator and therefore senses changes at different areas of the sensor surface. For
example, the fundamental is sensitive to changes across nearly the entire resonator surface;
as a result, Δf0 is noisy and contains many spurious resonances. As the order of the overtone
(i) increases, Δfi detects changes over a progressively smaller sensor surface areas; the signalto-noise ratio at higher overtones is often higher, however Δf values for higher overtones are
less representative of ‘bulk’ changes that occur over the entire sensor surface.
Figure 2.16 illustrates the sample preparation protocol for our QCM-D experiments.

Figure 2.16: Illustration of the sample preparation protocol for QCM-D experiments. a) The
QCM-D sensors were soaked in detergent, rinsed and then activated under ozone. b) Sensors were
then placed within deconstructed, passivated chambers. The black line indicates two halves of a
chamber. c) Chambers were then assembled, enclosing the sensors. d) Multiple chambers were
then integrated into the QCM-D instrument and connected to the inlet (+) and outlet (-) tubing. e)
Chambers are then connected to syringes in a syringe pump, and the inlet tubing is inserted into
samples contained within Eppendorf tubes. The QCM-D controller is also shown. f) QCM-D traces
were monitored in real-time for up to four chambers simultaneously.
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2.6.2.1 Supported Lipid Bilayer (SLB) formation
SUVs containing P2X4R, and empty control SUVs, were prepared as described in Section 2.2
and then diluted to 50 µg ml-1 in Imaging Buffer supplemented with 2 mM MgCl2. SLBs were
formed on QCM-D sensors over 30 – 60 minutes at a constant flow rate of 20 µl min-1. Bilayer
formation was adjudged to be complete when the frequency trace stabilised; at this point the
flow was switched to imaging buffer, removing excess SUVs from the chamber. SLBs were left
to equilibrate to a stable baseline (frequency drift ~ 1 Hz per hour) before the addition of
antibody.

2.6.2.2 Antibody Binding Experiments
Anti-P2X4R antibody (mAb) and the isotype control antibody (NIP) were diluted in Imaging
Buffer to a range of concentrations between 0 – 200 nM. Antibodies were introduced to the
chambers at a constant flow rate of 20 µl min-1 for as long as required to reach equilibrium.
SLBs containing P2X4R, and empty bilayers, were incubated under flow with NIP or mAb and
the resulting frequency shifts were measured. The maximum frequency shift observed
following antibody addition was < 1 Hz; therefore, binding experiments were carried out in
groups of one or two concentrations to mitigate the effect of intrinsic system drift (~ 1 Hz per
hour).
Three independent repeats were carried out for every antibody concentration. Independent
control experiments also measured the binding of mAb to empty SLBs and the non-specific
binding of NIP to SLBs containing reconstituted P2X4Rs.

2.6.3 QCM-D Analysis
QCM-D frequency and dissipation traces were exported in ASCII format using QTools software
(Biolin Scientific) and analysed in MATLAB (The MathWorks Inc).

2.6.3.1 Tilt correction
QCM-D frequency traces in response to antibody binding were tilt-corrected to compensate for
system drift, where appropriate. First, we identified the segment of the frequency trace that
contained the frequency shift in response to antibody binding. A first or second order
polynomial was then fitted through the region of the segment measured before antibody
injection. The gradient of this fit measured the rate of baseline drift prior to antibody addition.
The polynomial was then subtracted from the entire segment, compensating for the system
drift (see Chapter 6.3.1).

2.6.3.2 Calculating frequency and dissipation shifts
Frequency shift values were then determined from tilt-corrected frequency traces. The mean
frequency was calculated for the 120 seconds prior to antibody addition and the 120 seconds
after the frequency had decreased and stabilised. This approach factored in the lag time
immediately following antibody addition and the time required for the antibody binding reaction
to reach equilibrium. Δf was calculated as the difference between the mean frequency, with
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standard deviation, before and after antibody injection. Values of Δf were calculated for the 3rd,
5th, 7th, and 9th sensor resonance overtones.

2.6.3.3 Binding Isotherm Analysis
Frequency shifts observed in multiple independent repeats were highly consistent over a large
range of antibody concentrations. Therefore, the data could reliably be amalgamated to form
one binding isotherm curve. The frequency shifts as a result of antibody binding were
normalised to the maximum response (observed at 200 nM mAb). Normalisation converts the
value of Δf into an approximate value for receptor occupancy (pbound). The receptor occupancy
was then fitted using Equation 2.12.

(2.12)

f(x) =

x
Kd

α

( )
x
Kd

α

1+ ( )

where x = [L]

For the above equation, x is the antibody concentration and α is the Hill coefficient.

2.6.3.4 Off-rate Determination
The off-rate of antibody binding was directly measured from QCM-D frequency traces. The
region corresponding to antibody unbinding, observed after the removal of antibody from the
flow, was identified and fitted with Equation 2.13. The measured rate constant kminus is
influenced by the experimental flow rate and represents a rough approximation of the off-rate
(koff) of mAb-P2X4R interactions.
(2.13)

Frequency (Hz) = b + a*[1-e-kminus *(t-t0 ) ]

The fitting parameters b and a were constrained within a suitable range of values.

2.6.3.5 On-rate Determination
As described for the off-rate, the on-rate of antibody binding was also directly interpreted from
frequency traces. The region corresponding to unbinding was fitted with Equation 2.14. The
measured rate constant kplus is influenced by the flow rate. kplus was then converted to an
approximate on-rate (kon = kplus/[L]) as before, assuming that kplus >> koff, as validated aposteriori.
(2.14)

Frequency (Hz) = a*[1-e-kplus*(t-t0) ]

2.6.3.6 Kd Determination from On-rate and Off-rate
The values of kon and koff determined from QCM-D traces may both depend on the experimental
flow rate. The flow rate was constant for all experiments. Our analysis makes the assumption
that the reaction kinetics (for both binding and unbinding) are slow relative to the rate of fluid
exchange in the QCM-D chamber. We thus assume that the values of kplus and kminus obtained
from QCM-D traces are not heavily dominated by the flow rate. Under our experimental
conditions, we obtain consistent kplus values across two orders of magnitude of antibody
concentration. Furthermore, our measured Kplus greatly exceeds the measured kminus which
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suggests that our kinetic results are mostly independent of the flow rate. Taken in concert,
these findings support the aforementioned assumption. As a result, the relative ratio of the two
kinetic parameters koff and kon can be used to calculate an approximate value for the
dissociation constant, as described in Equation 2.3.
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3

Advancement of Atomic Force Microscopy Methods
Introduction

As outlined previously, atomic force microscopy (AFM) methods have extensive applications
for the study of biomolecules (see Chapter 1.6.2 for a review of the current capabilities of bioAFM). Biomolecules, and the many and varied macromolecular assemblies formed by their
coming together, are intrinsically soft, flexible and highly dynamic. Imaging biomolecules
therefore poses significant challenges by AFM, a non-exhaustive list of which would include:
increasing the speed of AFM image acquisition to capture fast, dynamic movements of
biomolecules; improving the force control and force sensitivity of imaging, in order to resolve
biomolecules at high spatial resolution whilst minimally perturbing their structure; and achieving
more sophisticated control of experimental variables (temperature, pH, buffer composition etc)
in order to visualise biomolecules under more physiological conditions.
The development of miniaturised cantilevers (see Chapter 2.3.2.1) has been critical in
advancing AFM imaging of biomolecules [265]. In addition to short cantilevers, alternative
methods for actuating the cantilever have resulted in increased imaging stability and force
control relative to conventional piezoacoustic actuation [270][271]. Moreover, the use of highlysensitive detection systems has allowed very small shifts in cantilever position to be detected
[276]. Furthermore, recent developments have been made for manipulating sample conditions
during AFM imaging [118][305].
The following chapter describes the development of advanced AFM methodologies for the
study of biomolecules. Firstly, the chapter describes the testing of an AFM head, for the
photothermal actuation of miniaturised cantilevers, which can be integrated onto a commercial
microscope [264]. Secondly, the chapter provides a detailed account of the design, building
and testing of a device compatible with the Bruker Dimension FastScan and Icon microscopes.
The device comprises: a heater-cooler system for controlling the sample temperature; a
microfluidic setup for continuous buffer exchange and the introduction of reagents; and an
ultraviolet LED capable of releasing caged compounds by in situ photochemistry. It was initially
envisaged that the methods presented throughout this chapter would enhance our attempts to
visualise antibody binding to P2X4R in real-time (see Chapter 4.7 for a detailed account of
experiments towards this goal).

Photothermal Head Adaptation for the MultiMode AFM
3.2.1 Introduction to the ‘EPFL’ Photothermal AFM Head
The photothermal head (Figure 3.1) is designed, and assembled during an open-science
workshop at EPFL in the laboratory of Professor Georg Fantner [264], to seamlessly integrate
onto a Bruker MultiMode AFM, without the need for additional optics, piezo-tube scanners or
signal-processing electronics. Note that when the photothermal head is in place the vertical
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optics and camera of the AFM, used typically for aligning the cantilever and approaching to the
surface, are unavailable. Similarly to a normal MultiMode, the photothermal head uses the
optical beam deflection method. The readout laser (peak emission at λ = 645 nm) is collimated
and manually aligned onto the cantilever in x, y and z. The sum signal, caused by the reflected
readout beam hitting a four quadrant photodiode in the head, is then maximised by manually
adjusting the position of the photodiode. The drive laser (peak emission at λ = 686 nm) is
introduced into the optical path via a dichroic mirror. Critically, the position of the drive laser on
the cantilever can be manually adjusted independently of the readout laser; this allows the
maximum cantilever amplitude response to be achieved without compromising the magnitude
of the readout signal.

Figure 3.1: The EPFL photothermal head adaptation for a commercial AFM, adapted from
[264]. a) Schematic drawing of the photothermal head OBD mechanism, configured in the ‘spatial
separation’ architecture. b) Annotated photograph of the photothermal head in situ on a MultiMode.

The readout and drive lasers are both reflected off the cantilever surface, and the incident and
reflected readout beams are separated in two possible ways depending on the architecture of
the OBD assembly [264]. The simpler method (shown in Figure 3.1) uses spatial beam
separation. In brief, the incident light path is offset from the central axis of the focusing lens
such that the focused light is incident to the cantilever at an angle. The light from the cantilever
returns through the focusing lens on the opposite side of the lens axis to the incident light; the
reflected beam is then re-collimated and directed towards the photodiode using a right-angled
mirror.
The alternative method, applied within the photothermal head used in this chapter, is
polarisation-based beam separation. In short, the collimated light passes through a polarising
beamsplitter (PBS), a quarter-wave retarder and then the focusing lens. The light reflected
from the cantilever returns through the focusing lens and quarter-wave retarder; as a result,
the incident and reflected beams are of different polarisation and are therefore separated at
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the polarising beamsplitter. In both OBD architectures a band pass filter blocks the drive laser,
therefore only the reflected readout laser reaches the four-quadrant photodiode [264].
The photothermal head offers a significant increase in imaging speed using a Bruker
MultiMode simply by replacing the AFM head and the cantilever. The cantilever imaging
f

bandwidth (B ≅ π Q0 where f0 is the resonance frequency of the cantilever and Q is the cantilever
quality factor) is typically the rate-limiting component in a conventional AFM. A standard probe
may have a bandwidth of ~ 1 kHz, at least an order of magnitude lower than the scanner z
resonance (~ 10 kHz), the PID bandwidth of the AFM controller (80 kHz) and the detection
electronics bandwidth (~ 2 MHz). However, by facilitating the use of miniaturised cantilevers
on a MultiMode (f0 on the order of MHz) the photothermal head reaches imaging speeds limited
predominantly by the AFM scanner and controller [264].

3.2.2 Assembling the Photothermal Head
The photothermal head was assembled at the École Polytechnique Fédérale De Lausanne in
collaboration with Dr Alice Pyne (Fellow, London Centre for Nanotechnology). In the interest
of brevity, the assembly protocol is omitted in this thesis. In brief, the process involved: building
the aluminium ‘chassis’ of the head; inserting, aligning, and fixing all optical components
(lenses, laser diodes, photodiodes); and soldering, testing and integrating all electronic printed
circuit boards (PCBs) and cables. The imaging performance of the photothermal head was
tested on-site by imaging common calibration standards and by resolving the double-helical
structure of DNA in fluid.

3.2.3 Performance Testing the Photothermal Head
The following section describes experiments devised and carried out by A. R. Yon at the
London Centre for Nanotechnology to ascertain the capability of the photothermal AFM head.

3.2.3.1 Photothermal vs Piezoacoustic actuation: the forest of peaks…
Figure 3.2 shows cantilever amplitude and phase response spectra obtained for a Bruker
FASTSCAN-D (FSD) cantilever driven by photothermal actuation and conventional
piezoacoustic actuation. The cantilever amplitude response (expressed as a deflection in volts)
using piezoacoustic actuation shows the classic ‘forest of peaks’.
In contrast, the photothermally driven cantilever amplitude response contains a single smooth
peak at the cantilever resonant frequency in liquid (~ 125 kHz). The response at the cantilever
resonance is found to be smaller than that at low frequencies (below ~ 50 kHz), due to the
relatively slow kinetics of heat propagation through the cantilever (although the response of
the actuation laser electronics may also play a role). At 0 Hz, this response is largest,
corresponding to the static bending due to the laser-induced increase in mean cantilever
temperature, here referred to as the ‘DC deflection’ of the cantilever; the AC cantilever
oscillations used for imaging are in addition to this DC bending. Note that the nominal deflection
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sensitivity of a FSD cantilever on this AFM system is ~ 20 nm/V, so the amplitudes shown are
on the order of ~ 20 nm.

Figure 3.2: Amplitude and phase response spectra for a FSD cantilever driven by different
actuation methods. a) The cantilever deflection (in volts) is plotted across a 200 kHz frequency
range for photothermal actuation (grey) and piezoacoustic actuation (blue). The amplitude response
using photothermal actuation is a single, smooth peak similar to a simple harmonic oscillator. In
contrast, the amplitude response using piezoacoustic actuation shows the classic ‘forest of peaks’.
Note that the nominal deflection sensitivity of an FSD lever is ~ 20 nm/V. b) The phase responses
of an FSD driven using photothermal (grey) or piezoacoustic (blue) actuation are strikingly different.

The cantilever phase response, a measure of the phase difference between the amplitude
setpoint and the actual driven amplitude, is also shown in Figure 3.2. The phase response of
the cantilever when driven by photothermal actuation is a smooth curve, contrasting the
response when driving with piezoacoustic actuation. Phase imaging can complement
topography data, semi-quantitatively showing the relative amount of energy lost to the sample
at the tip.
It is important to note that the amplitude and phase responses of a FASTSCAN-D cantilever
driven by photothermal actuation show no spurious peaks and significantly lower noise than
the equivalent responses obtained when using piezoacoustic actuation.

3.2.3.2 Photothermal actuation of USC F1.2 Cantilevers
The tuning data presented in Figure 3.2 was obtained using a FASTSCAN-D cantilever, which
is a silicon nitride beam coated on one side with a reflective gold surface. It is the thermal
expansion of this gold coating that leads to cantilever oscillations during photothermal
actuation (the bimetallic effect). However, we show photothermal actuation can also be applied
to drive a cantilever coated with gold on both sides (Figure 3.3). A NanoWorld USC-F1.2-k0.15
cantilever (7 µm by 2 µm, with a resonance frequency of ~ 500 kHz in liquid) could be driven
at usable oscillation amplitudes of > 10 nm. Both the cantilever amplitude response and the
phase response are clean, low-noise spectra with minimal spurious resonances. The driven
cantilever amplitude stability was tested by connecting an oscilloscope to the MultiMode
controller (via the Bruker Signal Access Module). Critically, the amplitude stability of the
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double-coated USC cantilever was comparable to the stability observed when photothermally
actuating a single-coated FSD cantilever.

Figure 3.3: The cantilever amplitude and phase response spectra for a USC-F1.2 cantilever.
Both the amplitude (a) and phase (b) spectra are clean and low noise. Furthermore, oscillation
amplitudes exceeding 10 nm are readily achieved, suitable for imaging most biomolecules.

The high resonant frequency of the miniaturised USC cantilever (~ 0.5 MHz in liquid) can be
used to increase the sampling rate during AFM imaging; this allows us to capture highresolution images (with high pixel density) at an acquisition rate surpassing the speed of
conventional tapping mode on a MultiMode. The advantages of this improvement in speed and
sampling rate are manifold. Firstly, high-speed AFM imaging can be applied to visualise
dynamic processes that occur on timescales quicker than conventional imaging speeds.
Secondly, faster imaging speeds allow large datasets, with resolution sufficiently high to
perform single-molecule analysis, to be accumulated in a shorter space of time. We
demonstrate these advantages, as well as the imaging performance of the photothermal head
using USC cantilevers, by imaging DNA minicircles.
DNA minicircles are tractable, model genomes useful for studying DNA structure, particularly
relating to torsional supercoiling [306]. The supercoiling of DNA is a key factor in gene
regulation, influencing regulatory protein-DNA interactions (principally the binding of
transcription factors) and DNA-DNA interactions [307][308]. Here we use a minicircle system
containing a triplex binding site (a region dsDNA that is specifically bound by a short singlestranded oligonucleotide, forming a region of intertwined triple-stranded DNA, known as a
triplex) as a test sample for the photothermal actuation of a USC-f1.2 cantilever (Figure 3.4).
Firstly, we obtained sufficient spatial resolution to resolve the DNA double helix; the full helical
repeat of DNA is ~ 3.6 nm, whilst the major and minor grooves are typically < 1 nm in depth
[130][137]. Resolving the double helix thus requires single-nanometre lateral, and subnanometre vertical, resolution. Secondly, we could visualise triplex forming oligonucleotides
(TFOs) bound to DNA minicircles, in zoomed out images and at high resolution. This DNADNA interaction had been found (in our lab) to be very sensitive to imaging force and thus
easily disrupted by the cantilever. Furthermore, the structure is small (distinguished from the
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rest of the minicircle by the width and height of a single DNA strand). Resolving bound TFOs,
without disrupting DNA-DNA binding, demonstrates that we can image with a photothermally
driven USC-F1.2 at high resolution, with good force control and high force sensitivity [309].

Figure 3.4: The binding of Triplex Forming Oligonucleotides (TFOs) and the DNA double
helix visualised by AFM using the photothermal actuation of a USC-f1.2-k0.15 cantilever. a)
Zoomed-out image acquired at high resolution (512 samples per line) at an imaging speed an order
of magnitude higher than typically achieved using a MultiMode. The DNA minicircles are resolved
at sufficient resolution to determine their configuration (open circle, figure of eight etc). b) A highresolution AFM image showing a TFO (white arrow) bound to a DNA minicircle. These complexes
are subtle and easily perturbed; resolving the triple stranded region is evidence of the imaging
capability of the EPFL head. c) The DNA double helix is resolved as a ‘corrugation’ along the
molecule backbone (grey dashed area). Scale bars: 200 nm (a) and 20 nm (b, c). Colour scale: 0
nm to 2.3 nm (a, b) and 0 nm to 2.3 nm (c) relative to the mica substrate.

3.2.3.3 Head Temperature
To determine the effect of the actuation laser on the sample temperature, a calibrated 10 kΩ
thermistor was submerged in liquid on mica and placed directly underneath a photothermallyactuated cantilever in the AFM head. The temperature in the fluid was initially 28 degrees, and
< 2 degrees of thermal heating was observed over 120 minutes (Figure 3.5a).

Figure 3.5: Global and local temperature in the EPFL head during AFM imaging. a) Solution
temperature in the EPFL head measured over two hours using a calibrated 10 kΩ thermistor. b)
Height difference between the liquid disordered (Ld) and liquid ordered (Lo) phase in a phaseseparated lipid mixture measured on a conventional MultiMode AFM at a range of calibrated
temperatures. The Ld-Lo height difference measured using the EPFL head (~ 700 pm) is indicated,
corresponding to an approximate temperature of 30 °C in the immediate vicinity of the AFM tip.
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To measure the local heating at the position of the cantilever we imaged a phase-separated
lipid mixture. The height of the liquid-ordered phase in a phase separated mixture
(DOPC:SM:Chol, equimolar ratio) is dependent on temperature [134]. Using a calibrated
heater on a MultiMode 8, in tapping mode with a cantilever of similar spring constant to a FSD,
we measured the height of the liquid ordered (Lo) phase relative to the liquid disordered (Ld)
phase at 25 – 36 degrees. An MSNL-E cantilever was used, with a cantilever amplitude of 500
– 600 mV. We then measure the same composition of lipid using the photothermal head (10
µm2 area). The EPFL tapping parameters were: 0.52 V DC offset; ~ 200 mV drive voltage; and
~ 600 mV achieved cantilever amplitude. Comparison of the height of the liquid ordered phase
(Figure 3.5b) indicates that the local temperature at the lipid bilayer surface in the photothermal
head is approximately 30 – 32 °C. The two experiments differ significantly, particularly relating
to detection sensitivity and applied force, therefore this approach only gives an approximate
value for the local temperature at the tip.

3.2.4 High-speed Photothermal Tapping Imaging of Biomolecules
As outlined previously, one of the major advantages of the photothermal head is that it allows
imaging speeds much greater than those of an unmodified MultiMode [264]. Figure 3.6 is a
time-lapse AFM movie showing a single reconstituted P2X4 receptor imaged at ~ 2 frames per
second. The imaging speed using a FSD cantilever (~ 100 kHz resonance in liquid) was limited
by the MultiMode scanner (E scanner). The sequence does not clearly illustrate that the high
imaging speed was achieved in part by applying a high aspect ratio (1:6) during imaging. The
size of the scan area is also compromised in the interest of speed. Nevertheless, we can
resolve the single receptor at an imaging speed unrivalled by a conventional MultiMode.

Figure 3.6: A time-lapse AFM movie of a single reconstituted P2X4R imaged at ~ 2 frames
per second using the photothermal head. Despite the high imaging speed the receptor (circled)
is clearly resolved above the bilayer. Images were captured using a FSD cantilever, at low sampling
rate (128 pixels per line) and an aspect ratio of six (then cropped with a 1:1 ratio). The static receptor
appears to shift position due to drift in the open-loop scanner. Images shown are non-continuous,
selected from a sequence captured over 5 minutes. Scale bar: 15 nm. Colour scale: 15 nm.
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3.2.5 Time-lapse Imaging of Membrane Attack Complex Formation
In addition to imaging reconstituted P2X4Rs, we also image the membrane attack complex
(MAC) inserted in a model membrane (Appendix Figure 3), at speeds up to ~ 3 frames per
second, exceeding the speed achieved using a conventional MultiMode by an order of
magnitude. The MAC is an oligomeric pore-forming protein that plays an integral role in the
body’s early immune response to pathogens [310]. The MAC is part of the complement
terminal pathway and forms cytotoxic pores on the surface of microbes. The stepwise
assembly of MAC from soluble complement factors is described in detail in the literature
[5][310] and illustrated in Appendix Figure 4. In collaboration with Dr Edward Parsons
(Research Associate, London Centre for Nanotechnology) the assembly of MAC on SLBs was
visualised at high-spatiotemporal resolution using the photothermal head, upon subsequent
addition of MAC components C5bC6, C7, C8 and C9. The time-lapse AFM movies strikingly
capture the stepwise MAC assembly process, illustrated by Figure 3.7.

Figure 3.7: Time-lapse AFM movie of MAC assembly on supported lipid bilayers, visualised
at high spatiotemporal resolution using the photothermal head. The image sequence
documents the sequential injection of soluble complement proteins during continuous imaging. No
static structures are visible on the SLB surface until the injection of C9; following C9 injection we
observe the fast formation of MAC assemblies (see 60 nm by 60 nm inset). In several instances,
we resolve the oligomerisation of single pores. Scale bar: 500 nm. Colour scale: 30 nm.
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The time-lapse videos of MAC formation using photothermal actuation are of sufficient
spatiotemporal resolution to resolve intermediate structures along the assembly pathway
(Figure 3.8). Such AFM data is, to the best of our knowledge, the first of its kind for the MAC.

Figure 3.8: Time-lapse AFM imaging captures intermediate steps along the MAC assembly
pathway. Such structures become visible on the membrane following C9 injection and elongate in
a clockwise manner over time, consistent with the stepwise recruitment of copies of C9 to the
assembly. Schematics represent the proposed composition and shape of the intermediate; C9
monomers are shown in grey, whilst a simplified C5b8 complex is shown in green.

The

characteristic ‘split-washer’ shape is observed in the right-hand image, as well as a height density
attributed to the C5b8 stalk protrusion. Images rendered in 3D using NanoScope. Scale bar: 30 nm.

3.2.6 Imaging Membrane Destruction by Antimicrobial C3-capsids
The photothermal head has also advanced the toolkit available for visualising antimicrobial
peptides destroying bacteriomimetic model membranes [144]. Essentially, these peptides
degrade bacterial membranes and AFM can be used to monitor this degradation process in
real time, as here demonstrated – using the photothermal head – on antimicrobial peptides
(named ‘C3’) forming capsids that disintegrate on and next disrupt the target membrane [144].
Please see Appendix Figure 5 for more information on the C3 capsid design and architecture.
Previously, this process was imaged using PeakForce™ Tapping mode on a MultiMode AFM,
capturing images at a rate of more than two minutes per frame. Furthermore, with this
experimental setup there was a lag-time of several minutes between injecting peptide and reimaging the underlying model membrane; this approach confirmed the pore-forming action of
the capsid but yielded little information about the speed and mode of action. Using the
photothermal head we improved the imaging speed to allow imaging at ~ 13 seconds per
frame. In addition, a purpose-built channel in the photothermal head fluid cell allows the direct
injection of C3-capsids onto the SLB during continuous AFM imaging, reducing the lag-time to
< 10 seconds. The resulting time-lapse AFM movie (Figure 3.9) captures the real-time
destruction of bacterial-mimic model membranes at high spatiotemporal resolution. A. R. Yon
designed the experiment, captured the data and prepared the figure for publication [144].
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Figure 3.9: C3-capsids porating phospholipid bilayers, visualised in real-time using the
photothermal head. a) A time-lapse AFM, captured at 13 seconds per frame, show total
destruction of the membrane over 5 minutes. The time stamps correspond to the middle line of
each AFM scan, relative to the time of capsid injection (3 μm total peptide). b) Line profile cross
sections along the lines indicated before (left) and after (right) the addition of capsid. The depths of
holes formed by C3-capsid action are consistent with complete bilayer poration. Bacteriomimetic
bilayers were formed from POPC/POPG (3:1, molar ratio). Imaging the first ~ 3 minutes of activity
was made possible by using the photothermal head. Scale bar: 1 μm. Colour scale: - 3 nm to 3 nm,
where 0 nm represents the membrane surface.

3.2.7 Photothermal AFM Conclusion
To conclude, we have demonstrated that photothermal actuation gives more stable cantilever
oscillation amplitudes relative to conventional piezoacoustic actuation. Furthermore, using a
photothermal head adaptation we achieve amplitude stability and imaging speeds greatly
exceeding that of a standard MultiMode AFM. Using miniaturised cantilevers (namely FSD and
USCf1.2 levers) we visualise dynamic DNA-DNA and protein-protein interactions at high
spatiotemporal resolution. We observe the assembly of MAC pore-forming proteins in real-time
(Figure 3.7) and the bilayer poration mechanism of a de novo synthesised antimicrobial capsid
(Figure 3.9). These experiments also utilise a fluid injection channel that allows direct injection
of reagents to the sample during continuous high-speed imaging.
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We conclude that photothermal AFM, particularly the speed and stability of imaging it provides,
is a valuable addition to the bio-AFM toolkit. For a detailed account of the use of photothermal
actuation in AFM experiments visualising P2X4Rs please see Chapter 4.4.3 and Chapter 4.7.3.

Multi-parameter AFM Stage
3.3.1 Introduction and Concept
Almost all biological processes are finely-tuned and dependent on one or more of the following
conditions: temperature; pH; ionic and macromolecular composition in solution; and the
concentration of available reactants. Achieving finer control of these variables in situ during
AFM imaging is thus advantageous. In this section we describe the design, prototyping and
testing of a multi-parameter stage that allows us to manipulate experimental conditions in realtime during AFM imaging.
In brief, the stage comprises: a Peltier element, capable of cooling and heating samples over
a wide temperature range; a bright ultraviolet LED integrated underneath the sample for the
triggered photolytic release of caged reagents; and a microfluidic system for the continuous
flow of buffer during imaging. Our stage is compatible with the Bruker FastScan microscope;
this microscope is designed to achieve superior imaging speeds, in both force-distance and
amplitude-modulation modes, relative to a MultiMode AFM. The combination of high imaging
speeds and enhanced control of imaging conditions is promising. Furthermore, the FastScan
microscope design is ideally suited for accommodating additional modifications.
Conceptually, the device draws inspiration from elements of previous publications describing
advances in the AFM toolkit [170][305]. Critically, our design is focused on cost-effectiveness
and creating a modular device that can readily be modified; as a result, our prototype stage is
inexpensive relative to similar designs in the literature [305] without compromising significantly
on functionality. For example, rather than integrating an expensive fibre-coupled ultraviolet
laser diode for in situ photochemistry we use a cheap, broad wavelength ultraviolet LED.
We designed multiple versions of the multi-parameter stage; in the interest of brevity we focus
particularly on the final prototype, which utilises a radiator and pump to continuously cool the
underside of the Peltier element. The noise performance and cooling capability of the device
is also thoroughly tested. Finally, we present preliminary images of pore-forming proteins,
demonstrating the potential of our device for low-temperature AFM measurements of
biomolecules.

3.3.2 First Prototype: Air-cooled Stage
Our initial design had an aluminium heatsink attached to the underside of the Peltier element
(see Appendix Figure 6 and Appendix Figure 7). The heatsink was cooled by the flow of air
within the AFM enclosure. However, despite successfully imaging pore-forming protein pores
on supported lipid bilayers at low temperature (see Appendix Figure 8), we observed a critical
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flaw in the air-cooled prototype; over time, the temperature of the heat sink increased. The
subsequent thermal expansion of the heat sink caused sizeable drift in the AFM z-piezo during
imaging; a full AFM image was therefore difficult to capture at a typical scan rate without the
drift exceeding the piezo limit.

3.3.3 Final Prototype: Water-cooled Stage
To mitigate the problematic drift described above, the final prototype stage incorporates
continuous water-cooling of the heatsink; this allows the Peltier to be operated in the cooling
configuration over long timeframes without causing significant thermal expansion of
components of the AFM stage.
Figure 3.10 is a schematic diagram of the water-cooled stage prototype. Similarly to the first
prototype, the stage integrates within the acoustic enclosure of the AFM. In brief, a watercooling circuit, consisting of a pump and an ice-cooled radiator, removes thermal energy from
the copper heat sink. An ultraviolet LED is integrated into the heatsink, capable of directly
illuminating the sample surface from below.
An additional fluid circuit, comprising two synchronised syringe pumps and a milled Teflon fluid
cell, allows continuous exchange of buffer solution whilst imaging. The electronic circuits for
temperature control, LED triggering and coolant flow are connected to a controller (see Section
3.3.3.2). Finally, the controller is connected to a laptop, which provides the power to run the
electronics and permits user input.

The work presented here was supported by Knowledge Exchange and Enterprise funding (EPSRC
Impact Acceleration award). All work was carried out jointly between A. R. Yon and Adrian Hodel
(AWH, a PhD Candidate at the London Centre for Nanotechnology) using the tools and expertise
of the UCL Institute of Making.
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Figure 3.10: Schematic diagram of the final prototype (water-cooled) of the multi-parameter
stage. The multi-parameter stage sits within the AFM enclosure, directly on top of the AFM stage.
The Teflon fluid cell is designed to accommodate the z-scanner of the AFM (represented as a
rectangle and a cantilever). Continuous flow of buffer, using two synchronised syringe pumps, is
indicated by green arrows. The Peltier element is shown in the cooling configuration; the cold
surface (blue) is proximal to the sample, whilst the hot surface (red) is attached to the heat sink.
Thermal energy flows from the hot surface into the copper heat sink (red arrows), where it is
removed by the water-cooling system (red arrows). The pump continuously removes ‘hot’ coolant
from the Perspex chamber and replaces it with ‘cold’ coolant from the radiator, which is immersed
in ice. An integrated thermistor (asterisk) measures the local temperature at the sample underside.

3.3.3.1 Water-cooled Sample Stage
The water-cooled sample stage is the critical component of the setup (Figure 3.11).
It is essential that the water-cooled sample stage fits between the FastScan AFM stage and
the z-scanner that houses the cantilever (total available height ~ 18 mm). The full assembly
has a total height of ~ 10 mm (13 mm if the fluid cell is attached). The assembly comprises: a
Peltier element (Thorlabs TEC1.4-6); a hand-drilled brass ring, central in the Peltier, containing
a thermistor (Murata NTC 10k) and five small (ø = 1 mm) magnets; a hand-milled copper heat
sink (3 mm thick); an ultraviolet LED (Lite-On 365 nm SMD LED) mounted onto a copper plate
(0.9 mm thick); a water-cooling chamber formed by hand-milling recessed channels into two
Perspex sheets (2 mm thick); two tube connectors (ø = 5 mm) connected to the pump and
radiator; and three magnets (ø = 6 mm) for the stable, low-vibration, attachment of the
assembly to the FastScan AFM x,y-scanner stage.
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Figure 3.11: Photographs of the water-cooled sample stage assembly. a) Top-view of the
sample stage. The Peltier and LED are indicated. The brass ring, housing five magnets and a
thermistor, is labelled in the centre of the Peltier. A central hole drilled through the brass ring allows
light from the LED to reach the sample. The screws that attach the copper heatsink to the underlying
Perspex sheets are visible. Some oxidation of the copper is visible. b) Bottom-view of the sample
stage. The channels milled into the underneath of the heatsink, for coolant flow, are visible. Note
that the channels comprise three individual ‘trenches’ which increases the effective surface area
for heat exchange. The flow of coolant is indicated by the multi-coloured arrow. Finally, the three
magnets that attach the stage assembly to the AFM stage are indicated by the white dashed circles.

The components described above are assembled with a focus on achieving maximum cooling
efficiency. The thermistor, used for temperature feedback during active temperature control, is
positioned in close proximity to the sample. Furthermore, the Peltier element is attached to the
heatsink using thermally conductive epoxy adhesive (ASTA-7G, Arctic Silver) to maximise heat
transfer.
Moreover, the use of Perspex for the underside of the coolant chamber provides an additional
layer of thermal insulation between the Peltier and the AFM stage. Note that high vacuum
grease (Dow Corning) is applied at the interface between the copper heatsink and the Perspex
chamber to prevent coolant leakage. Finally, the sample is mounted directly onto the Peltier
element.
For UV experiments, mica discs are attached directly onto square (20 mm) borosilicate glass
coverslips (Agar Scientific) and mounted onto the Peltier using vacuum grease. The Teflon
fluid cell can optionally be screwed on top of the sample and sealed using vacuum grease. For
other applications, typical sample discs (see Chapter 2.3.3) can be placed directly onto the
Peltier, where they are held in place by magnets in the brass ring.

3.3.3.2 Controller, Pump and Radiator Assembly
The controller is the central to the operation of the multi-parameter stage (Figure 3.12). The
elements of the controller are housed within a laser-cut Perspex enclosure, subdivided into
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three compartments. One compartment houses the power supply (50W, 24 V) that provides
power to the entire assembly. A second compartment contains the TEC-1123-HV board
(Meerstetter Engineering) that controls the Peltier heating/cooling operation. The final
compartment houses an Arduino Micro (Adafruit Industries) USB-microcontroller which
controls the LED. The controller connects to a laptop and is operated via the manufacturer
software (Meerstetter Engineering Software v3.11). The laptop is also used to trigger the UV
LED via Arduino 1.8.5 (www.arduino.cc) or Processing v3.0 (www.processing.org).
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Figure 3.12: The controller, which powers and controls the multi-parameter stage, annotated
from left to right. The assembly is connected to mains power (9) via an on/off switch (7). The 50
W power supply (8) steps the mains voltage down to 24 V and is connected directly to the pump
connector cable (5) and the TEC board (4). The TEC board is connected to the stage connector
cable (6) which relays signals from the thermistor (temperature feedback) and powers the Peltier
element accordingly. The Arduino Micro (3) interfaces with a multi-USB hub (2) and is connected
to the external USB connector (1). The Arduino controls a transistor switch that triggers the LED
via the stage connector cable (6).

In addition, a pump (Figure 3.13) is connected to a radiator and continuously pumps coolant
around the stage, removing thermal energy from the copper heatsink. The pump (Laing D5
with an integrated coolant reservoir, EK Water Blocks) circulates coolant solution (MilliQ water
containing 10% v/v EK-CryoFuel coolant, EK Water Blocks) through a radiator (SE 140, EK
Water Blocks) and the stage. The radiator, which has a high surface area, is immersed in a
Styrofoam box filled with ice (see Section 3.3.3.3). This maintains the coolant at a constant
temperature close to the freezing temperature, maximising the cooling efficiency of the setup.
The advantage of this setup is that it enables prolonged low temperature measurements
without causing thermal expansion of the AFM stage.
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Figure 3.13: The pump assembly, which circulates coolant solution through the stage,
annotated from left to right. The pump (4) is attached to an in-built coolant reservoir (3). The
pump receives a 24 V output from the controller. The optimal voltage for operating the pump is 12
V, therefore a buck-converter circuit (1) is used to step down the signal from the controller by 50%.
The pump flow rate is controlled using a pulse-width modifier (PWM) that rapidly modulates the 12
V supply between on and off. The PWM (2) is typically set to a duty cycle, or modulation frequency,
of 25 kHz. An interface on the pump assembly allows the input voltage and PWM frequency to be
adjusted manually. The parameters for low-noise cooling are investigated further in Section 3.3.3.4.

The pump shown in Figure 3.13 is connected to a radiator and continuously pumps coolant
around the stage, removing thermal energy from the copper heatsink. The pump (Laing D5
with an integrated coolant reservoir, EK Water Blocks) circulates coolant solution (MilliQ water
containing 10% v/v EK-CryoFuel coolant, EK Water Blocks) through a radiator (SE 140, EK
Water Blocks) and the stage. The radiator, which has a high surface area, is immersed in a
Styrofoam box filled with ice (see Section 3.3.3.3). This maintains the coolant at a constant
temperature close to the freezing temperature, maximising the cooling efficiency of the setup.
The advantage of this setup is that it enables prolonged low temperature measurements
without causing thermal expansion of the AFM stage.

3.3.3.3 Setting up the Multi-Parameter Stage for usage
To setup the multi-parameter stage for an experiment, the controller must be connected to the
mains power and all other components (including the laptop, pump, and radiator) connected
accordingly. The full assembly is shown in Figure 3.14. For a cooling experiment, the radiator
is wholly submersed in ice. For experiments involving buffer flow, the Teflon fluid cell is
fastened on top of the glass-mica sample and sealed with vacuum grease. The fluid cell was
designed with holes milled into the side to accommodate the fluorinated ethylene propylene
tubing (0.8 mm inner diameter, Dolomite Microfluidics). The TEC software retains a memory
of the last experiment written to the TEC hardware (e.g. voltage/current limits and PID
feedback gains) simplifying the setup process for an experiment.
110

a

b
Ice
Mica
Radiator
Fluid Cell

c
2
1

6
3

5

4
Figure 3.14: The full multi-parameter stage setup for a temperature-controlled AFM
experiment. a) The radiator is submersed in ice to increase the cooling capacity of the stage. b)
The stage is adapted for flow experiments by screwing the Teflon fluid cell, greased and placed on
top of the mica-glass construct, into the underlying copper heatsink. Two lengths of microfluidic
tubing can be inserted into the fluid cell; the two tubes are connected to two syringe pumps, which
are synchronised but acting in opposing directions. c) The full assembly, shown during an AFM
experiment, comprises: the multi-parameter stage magnetically attached on top of the AFM stage
(1); the computer operating the AFM (2); the pump assembly (3); the radiator (4); the controller (5);
and the laptop from which the stage can be controlled (6). The two syringe pumps (Kent Scientific
Genie Plus), generously provisioned for our testing by Professor Guillaume Charras, are not visible.

3.3.3.4 Noise and Temperature Testing
Our initial priority was to ascertain whether introducing a pump and heating/cooling elements
into the FastScan AFM has an adverse effect on its imaging performance. To do so, we
collected AFM images of bare mica whilst cooling the sample to 10 °C and operating the pump
at a range of speeds. The pump speed (%) is the ‘setpoint’ duty cycle expressed as a
percentage of the maximum possible duty cycle. Images obtained were flattened, and a
Gaussian fit was applied to the height histogram; the standard deviation of the Gaussian fit
111

was interpreted as a proxy of image noise. The measured noise was 0.25 nm at 0% pumping
speed (this is the sum of the intrinsic system noise and the noise introduced by the Peltier
element). The image noise did not increase when the pump speed was raised to 20%.
However, the noise was significantly elevated when pumping speeds greater than 30% were
applied (maximum noise of ~ 1.5 nm was seen at 100% speed). Furthermore, when the pump
was operated at 20% the rate of coolant flow was sufficient to allow stable imaging whilst
cooling the sample to 8 °C. At room temperature and 20% pump speed we obtained low-noise
images of the pore-forming protein perforin [136] binding to DOPC supported lipid bilayers
(Figure 3.15).

Figure 3.15: An AFM image of perforin (PFN) pores on a DOPC supported lipid bilayer,
imaged at room temperature using the stage. The AFM image is clean and the oligomeric protein
rings are clearly resolved within. The AFM imaging using the stage is thus sufficiently stable and
low-noise for imaging biomolecules of the size typically studied in our laboratory; PFN pores (~ 10
nm in height) were readily resolved above any undesired noise introduced by operating the cooler
and/or pump. The images are similar to prior data in the literature [136]. Scale bar: 200 nm. Colour
scale: 15 nm to – 10 nm, where 0 nm represents the height of the lipid membrane surface.

In addition, the relative height of different lipid domains in a phase separated bilayer was clearly
resolved at 20% pumping speed (Figure 3.16). The height difference between ‘fluid’ and ‘gel’
phases in this mixture is ~ 0.5 nm as expected from the literature [134]. The temperature
sensitive domain boundaries in the lipid mixture can also be used to further demonstrate the
heating/cooling capability of the stage (Figure 3.16).
The desired temperature is set using the TEC software and maintained via a PID feedback
circuit between the Peltier and a thermistor below the sample. However, we observe that the
temperature measured by the thermistor and the temperature of the sample solution are not
strictly identical; the variation between the two readouts is dependent on the type of sample
mounted (i.e. mica on either a glass coverslip or a steel disc) and whether the AFM was
engaged or withdrawn. To account for this, we generated calibration curves for both of the
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sample types. The temperature in the sample solution was measured using a second
thermistor that could fit into the solution with the AFM scanner engaged. The resulting
calibration curve obtained using conventional steel sample discs is also shown in Figure 3.16.

Figure 3.16: Phase separated lipids imaged during cooling and heating, shown alongside a
calibration curve of temperature setpoint vs solution temperature. A supported lipid bilayer,
composed of an equimolar mixture of DOPC/egg sphingomyelin/cholesterol, imaged at 17 °C (a),
22 °C (b) and 36 °C (c). The image in (c) shows no phase separation, proving that the sample
temperature has exceeded the transition temperature of the liquid ordered phase. d) Calibration
curve plotting the temperatures measured by the integrated thermistor and a second thermistor in
the sample buffer (Solution temperature). The calibration curve shown here is for samples mounted
on steel discs. The ideal behaviour, where measured and solution temperature are exactly equal,
is plotted in grey. Deviations from the ideal behaviour are attributed to losses in heat transfer
efficiency due to the steel disc and contact between the sample and the engaged AFM. The
temperature data shown above is courtesy of AWH. Scale bar: 2 μm. Colour scale 2 nm to – 2 nm.

3.3.3.5 UV LED Illumination
Pulses of ultraviolet light have been used in the literature to release reagents from
photosensitive chelator ‘cages’ (e.g. DMNP-EDTA) [305]. To this end, we incorporate an
ultraviolet LED for in situ photochemistry (Figure 3.17). The emission spectrum of the LED is
centred at 365 nm, with a FWHM ~ 10 nm. According to the manufacturer specifications, the
LED emits roughly 600 mW of power over a circular area of illumination ~ 3 mm in diameter.
The LED illumination is outside the visible spectrum, therefore we demonstrate the function of
the LED using a crystal of green fluorite mineral; the fluorite absorbs UV radiation and emits a
distinct, visible, blue fluorescence. Critically, when the LED is triggered on the second
timescale, in situ on the AFM stage, the illumination is clearly visible with the AFM optics. The
long pulses of LED illumination are detrimental to the quality of AFM imaging. It is possible that
some UV light is incident onto the photodiode; we observe a spike in the sum signal and a
streak in the AFM image where the feedback temporarily stops functioning. However, we
observe smaller perturbations in AFM imaging using sequential pulses on the millisecond
timescale.
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Figure 3.17: Initial tests of the UV LED illumination. The stage was tested outside of the AFM
enclosure, using green fluorite crystal to visualise the LED emission. a) Image of the stage without
triggering the LED. No fluorite fluorescence is observed. b) Upon triggering the LED, the fluorite
crystal shows a bright, characteristic blue fluorescence. This confirms that the LED emits UV light
when triggered via the Arduino Micro. c) A photograph taken during a 10 ms UV pulse, detected via
the FastScan alignment optics; the pulse is observed as a bright purple flash. Scale bar: 200 µm.

Preliminary tests of the LED are promising, however the conditions (i.e. UV pulse power, length
and frequency) for the efficient release of caged reagents [305] could be optimised further. It
would also be prudent for future work to determine the LED parameters which minimally
influence AFM imaging; it is currently unclear if repeated use of the LED would cause damage
to the cantilever tip or, more importantly, the photodiode/OBD detection system within the
FastScan AFM itself.

3.3.3.6 Low Temperature AFM Experiments
To test the cooling performance of the water-cooled prototype, we imaged supported DOPC
bilayers at 8 °C (data not shown). Images obtained had low intrinsic noise and could be stably
acquired without significant z-piezo drift. Perforin pores, pre-formed on the bilayer at 25
degrees, were also imaged stably at 8 °C (data not shown). The distinct ring-shaped oligomeric
pores (as shown in Figure 3.15) were readily resolved over the noise induced by cooling to a
low temperature.

3.3.3.7 Imaging with Continuous Buffer Flow
In addition, the continuous flow of buffer could be achieved by carefully balancing the flow rates
of two syringe pumps; the two pumps were set in opposite pumping directions and the pumping
speed was synchronised. Setting up the stage for flow experiments, and balancing the
opposing flows, was an initial barrier with respect to ease-of-use. Nonetheless, we successfully
imaged a sample of perforin pores (similar to Figure 3.15) at a continuous buffer flow rate of
0.1 ml/min. When the setup was configured such that buffer flow was perpendicular to the
cantilever fast-scan axis we do not observe any significant effect on the AFM imaging (data
not shown).
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3.3.4 Multi-parameter Stage Conclusion & Outlook
Preliminary tests on mica, and SLBs with and without bound pore-forming proteins, show that
the noise performance and cooling capability of the stage are promising for low-temperature
imaging. We demonstrate that the heating/cooling function of the stage, and attached watercooling system, allows responsive and stable control over a wide range of sample
temperatures. However, during low temperature experiments the noise introduced by the
coolant pump can reach the order of ~ 1 nm. For the majority of the proposed applications (low
temperature imaging of large pore-forming proteins or reconstituted receptors) this noise is not
significant; however, experiments requiring sub-nanometre vertical resolution would be limited.
To circumvent this limitation, future work could replace the current pump assembly with gravityinduced coolant flow (via a ‘vibration-free’ gravity pump). The concept of a gravity pump could
also potentially be applied to the microfluidic flow of buffer. An alternative approach to the
pump noise would be to introduce a large monolithic mass to the stage in order to dampen the
vibrational noise of the pump.
We also demonstrate that an inexpensive ultraviolet LED can be used to illuminate the sample.
Future work would investigate the most optimum output power and pulse pattern for the release
of caged reagents. It is envisaged that the UV LED will be utilised to release calcium in the
study of calcium-dependent pore-forming protein mechanisms, as well as the release of
ligands that activate receptors. For reasons documented extensively in Section 4.4.4 we did
not attempt to visualise conformational changes in reconstituted P2X4Rs in response to the
photolytic release of ATP [152].
It is envisaged that combining low sample temperatures with high AFM imaging speeds (i.e.
16 kHz PeakForce™ Tapping or Tapping mode with short cantilevers) will facilitate the study
of processes that occur on fast timescales. Future work in the laboratory will investigate the
structural dynamics of perforin pre-pores at low temperature and the effect of pH on pore
formation [136]. Crude preliminary data suggests that, for reasons discussed in detail in
Section 4.7.4, it is non-trivial to capture antibody-P2X4R binding by AFM at reduced
temperature (15 °C) and constant antibody flow (0.1 ml min-1). However, due to time constraints
we were unable to investigate this approach in detail. In Section 4.7.4 we propose that the
dissipation energy exerted by the AFM cantilever is greater than the binding energy of receptorantibody complexes; if this is the case, it is unclear what advantage, if any, reducing the sample
temperature by a single order of magnitude would yield.
In conclusion, we present a home-built multi-parameter AFM stage that facilitates:
heating/cooling of the sample; photolytic release of reagents via UV illumination; and the
continuous flow of buffer whilst imaging. In concert these capabilities allow us to exercise
greater control over sample conditions. Furthermore, our device is inexpensive relative to
previous publications but does not appear to compromise significantly on functionality [305].
Our tests focused on applications for conventional topography imaging, although it is
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envisaged that the stage could also be utilised to enhance nanomechanical mapping and force
spectroscopy AFM experiments.
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4

AFM Characterisation of P2X4R and IgG
Introduction

As outlined in Chapter 1, the atomic force microscope has been used to visualise
conformational changes in ion channels [158][164][165][169][311] and the binding of
antibodies and ligands to membrane proteins in fluid [178][211]. Thus AFM is a potential
technique for low-throughput antibody-binding assays that observe the binding between
antibody and receptor, simultaneously correlated with the receptor conformational state [170].
This assay would require a flat sample surface that displays the receptor in a way that is
accessible to antibodies in solution and to the imaging AFM tip. Much of the previous work in
the literature focuses on ion channels that naturally occur at high density (usually as a
repeating lattice) in a native membrane [155]. Once isolated and deposited on a suitably flat
substrate, such native membranes are very amenable to high-resolution AFM imaging. The
rigid lattice structure often accentuates conformational changes in the receptor, whilst also
providing a high local density of receptors that promotes, and stabilises, binding of antibodies
[178]. Improvements in the temporal resolution of AFM are also shedding light on the motion
of membrane proteins occurring at the sub-second timescale [311].
The subject of our study is human purinoceptor P2X4R, an attractive target for antibodies in
the prevention of neuropathic pain [30]. As discussed in Chapter 1, new methods of measuring
antibody drug binding to complex membrane receptors are required, both to screen for
functional antibodies and to better inform the progression of candidate drugs through approval
processes [2].
This chapter details our exploration of AFM as a tool for studying P2X4R and its interaction
with ligands. It is non-trivial to isolate native membranes that contain P2X4Rs (e.g. neurons
and microglia) therefore we use purified recombinant human P2X4R as our target [30]. We
describe the AFM imaging of recombinant P2X4R on functionalised substrates and
reconstituted in simple model membrane systems. The work utilises high-specification AFM
instrumentation and cantilevers, as well as several of the advances in AFM covered in Chapter
3. We report a model system that is compatible with a range of substrates, facilitating the study
of P2X4R by optical and acoustic techniques. In addition, we characterise P2X4R and
monoclonal IgG at high resolution in fluid, demonstrating instances of submolecular resolution
in both cases. Our endeavours to visualise the real-time binding of a therapeutic anti-P2X4R
mAb are detailed, in addition to our attempts to capture conformational changes at the receptor
surface in response to ATP binding. A critical review of work by Shinozaki and colleagues
[152], which reports the direct AFM observation of ATP-induced conformational changes in
P2X4R, is also included with reference to our own experimental findings. Furthermore, we
report preliminary data for the binding of anti-P2X4R Fab fragments to reconstituted P2X4R.
Finally, we present preliminary data on a simple AFM-based antibody-binding assay exploiting
the immobilisation of monoclonal IgG on functionalised mica.
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Characterisation of P2X4R on Functionalised Mica
Previous studies of P2X receptors by AFM utilised mica functionalised with cationic polymers
as the substrate for imaging [152][171]. However, the use of functionalised mica in an antibody
binding assay relies on the receptors adsorbing to the substrate in a near-native conformation.
Detergent-solubilised receptors were directly adsorbed onto poly-L-lysine functionalised mica
as described in Chapter 2.3.4. The net negative charges of P2X4R and mica under
physiological conditions are electrostatically bridged by the cationic PLL, resulting in strong
attachment of receptors on the flat substrate (Figure 4.1). We observe heterogeneity in the
appearance and dimensions of adsorbed P2X4R, suggesting that receptors are adsorbed on
the substrate in a variety of geometries.
Critically, we find that P2X4Rs immobilised on poly-L-lysine mica are substantially compressed
(~75%) in height. Single-particle analysis on high-resolution AFM images yielded a measured
receptor height of 2.4 ± 1.2 nm compared to an expected height of ~10 nm based on crystal
structure data [33][34]. This vertical compression is consistent with the literature and has
previously been attributed to P2X4R being adsorbed to the functionalised mica in tilted and
bent conformations [148][152]. It is also plausible that the hydrophobic transmembrane helices
of P2X4R collapse, and that the flexible extracellular domain becomes compacted, when the
receptor adsorbs on the mica surface.
Irrespective of the cause, the compression of P2X4R on functionalised mica suggests that the
protein structure is distorted away from its native conformation, bringing into question the
biological relevance of structural data acquired by this method. Furthermore, it is believed that
the anti-P2X4R mAbs in this study target a conformational epitope in the extracellular domain;
thus in order to bind the antibody, P2X4R must be adsorbed in a native, unperturbed
conformation [2][30]. Finally, poly-L-lysine adheres molecules non-selectively purely on the
basis of charge; as a result antibodies are readily and stably attached to poly-L-lysine mica.
Poly-L-lysine functionalised mica is therefore not a suitable substrate for carrying out antibodybinding assays. Subsequently, we focused on reconstituting P2X4Rs into model membranes
that mimic the native environment of the receptor whilst passivating the underlying substrate
against antibody binding.
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Figure 4.1: P2X4 receptors adsorbed on poly-L-lysine mica imaged in fluid by AFM. Receptors
appear adsorbed to the substrate in a variety of geometries, manifesting in heterogeneous particles
size and appearance in a large image (a). The grey dashed line indicates the zoomed area shown
in (b). Receptor dimensions (including height and radius) can be extracted at sub-nanometre
resolution from images with high pixel density. c) Histogram of receptor height generated by singleparticle analysis on a large dataset (n > 400 receptors) yields a mean receptor height of 2.4 ± 1.2
nm. Scale bars are 100 nm (a) and 50 nm (b). Colour scale, shown in (b), represents 4 nm.

Reconstitution and Characterisation in Supported Lipid Bilayers
We have developed robust protocols for reconstituting P2X4R into small unilamellar vesicles,
as detailed in Chapter 2.2.2. When these proteoliposomes are deposited on freshly-cleaved
mica, under optimised concentrations of bivalent cations, a continuous supported lipid bilayer
(SLB) is formed (see Figure 4.2a for a control bilayer without protein); reconstituted P2X4
receptors are embedded in the bilayer, clearly visible as regions of height above the flat
membrane (Figure 4.2b-c).
By inspection, reconstituted receptors appeared uniform in size. Some large aggregates were
observed per scan, in addition to flat clusters/arrays comprising of multiple receptors.
Receptors were successfully reconstituted using the detergent OGP and dialysis. However,
samples prepared using a concoction of maltoside detergents (principally DDM) removed by
overnight dialysis using BioBeads yielded similar quality samples (with respect to the density
of reconstituted receptors and the number of aggregates observed) in a fivefold shorter
timeframe; this allowed us to increase the throughput of AFM experiments.
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Figure 4.2: P2X4 receptors reconstituted in a phosphatidylcholine (PC) supported lipid
bilayer imaged by AFM in fluid. a) SLB formed by depositing control vesicles (no P2X4R) is flat
and empty when imaged by AFM. b) SLB formed by depositing vesicles containing P2X4R is flat
but studded with embedded receptors that are visible above the membrane. This sample was
prepared using OGP and serial dialysis. c) Sample prepared using DDM and overnight treatment
with BioBeads. The areal density of P2X4R is similar for the two sample preparations. Somewhat
less clustering is observed using the DDM preparation. Scale bars are 200 nm (a, b c). The colour
scales is 10 nm to -5 nm, where 0 nm represents the height of the membrane surface.

4.3.1 Reconstituted P2X4Rs are in a near-native conformation
To accurately determine the dimensions of reconstituted P2X4Rs, AFM images were captured
at small scan sizes and high pixel density. Figure 4.3 shows high-resolution images of
reconstituted P2X4Rs, displayed alongside an image of an empty SLB for comparison. From
analysing the height of the each receptor, we can determine the orientation of the channel in
the membrane, as previously documented [312]. A reconstituted receptor can integrate into a
lipid vesicle in two possible orientations, with either the intracellular or extracellular domains
projecting out from the vesicle centre; these two possible geometries manifest as two heights
of protein when imaged by AFM in a model membrane. The vast majority of the receptors
appeared with the higher geometry, consistent in size with the extracellular domain projecting
upwards and accessible to the AFM tip. Importantly, the extracellular domain houses the
nucleotide binding sites and the epitope recognised by the anti-P2X4R antibodies used in this
study [30][33]. A small fraction of the features on the membrane (estimated < 5%) appears
significantly lower, hence attributed to P2X4R oriented such that the intracellular domain
projects upwards, towards the AFM tip.
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Figure 4.3: P2X4Rs reconstituted into a PC SLB imaged at high-resolution by AFM in fluid.
a) An empty control SLB. b) Three cases of P2X4 receptors (arrowheads) protruding about 6 nm
above the membrane. c) Several cases of P2X4 receptors appearing 6 nm above the membrane,
consistent with the size of the extracellular domain; some features are detected with lower heights
(see example in white circle), presumably representing the intracellular domain of P2X4R. d)
Schematic of an SLB on mica. e) Schematic of an SLB containing a P2X4R trimer (PDB: 3H9V).
Renders generated in Blender (http://www.blender.org) by Adrian Hodel. f) Line profile along the
grey line in (c) shows the protrusion of the reconstituted P2X4R above the membrane, consistent
in size with the extracellular domains of a P2X4R trimer. Scale bars are 20 nm. Colour scale is 10
to -5 nm, where 0 nm represents the height of the membrane surface (as described in Figure 4.2).

Single-particle size analysis was carried out, as described in Chapter 2.3.7, on a large dataset
of high-resolution images (<250 nm in size and captured at 512 samples per line, thus resulting
in an effective pixel size < 0.5 nm). Effective pixel size is of importance here as it determines
the experimental error associated with any lateral dimension value derived from an AFM
image; for an effective pixel size of 0.5 nm, variations in receptor diameter < 0.5 nm cannot be
reliably determined.
Figure 4.4 shows the diameter and height distributions for reconstituted P2X4R (n = 120)
imaged in PeakForce Tapping™ using a FASTSCAN-D cantilever. The mean receptor
diameter is 11.4 ± 1.5 nm and the mean receptor height is 10.4 ± 0.7 nm. The receptor height
is calculated as the observed height above the bilayer plus the measured thickness of the SLB
(4.0 ± 1.5 nm). An additional dataset (n>100, not shown) captured using an MSNL-E cantilever
gives a mean diameter of 10.5 nm; MSNL cantilevers are typically sharper than FASTSCAND, demonstrating the well-documented effect of tip radii on the measured diameter of
biomolecules [130].
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Figure 4.4: Histograms of receptor diameter and height from single-molecule size analysis.
Reconstituted P2X4Rs appear with an average diameter of 11.4 ± 1.5 nm and an average height
of 10.4 ± 0.7 nm. Receptor height is given with respect to the mica substrate, accounting for an
average bilayer thickness of 4.0 ± 1.5 nm, as determined by AFM imaging of bilayers with
incomplete coverage of the substrate (data not shown). The distribution does not show a peak
corresponding to the lower, presumably intracellular, receptor population; this is because features
that protruded < 3 nm above the membrane when measured by AFM (i.e. features that would give
rise to a receptor height < 7 nm) were deemed to be ‘intracellular’ P2X4Rs and were omitted from
the analysis. Dimensions are roughly consistent with crystal structures [33].

Receptors within higher order assemblies (Figure 4.5) were omitted from the single-particle
analysis.

Figure 4.5: Higher order assemblies of reconstituted P2X4R are omitted from the singleparticle analysis. Zoomed-in AFM images show a single P2X4R trimer, a dimer-of-trimers, a
trimer-of-trimers and a tetramer-of-trimers (from left to right). The ability to resolve these higherorder assemblies is utilised in Chapter 5.3.4 to accurately determine the areal density of P2X4R in
a bilayer. The assemblies may shed light on the preferential association of P2X4Rs into clusters,
which could have implications for signalling function in vivo. Colour scale: 15 nm, as in Figure 4.2.

Overall, our observed receptor dimensions are in agreement with the crystal structures [33].
The receptor width from crystallography data is ~ 7.5 nm; the larger width observed by AFM
could be due to tip convolution effects [130] and the high flexibility of the extracellular domain.
The crystal structure also shows that the transmembrane (TM) domain is ~ 2.8 nm in height;
our bilayer thickness of 4.0 nm is larger than this, although it is unclear what effect this may
have on the conformation of the receptor. Nonetheless, we use our AFM data to make the
informed assumption that P2X4Rs have a near-native structure and conformation when
reconstituted into model membranes. Reconstituted P2X4Rs should therefore be recognised
by anti-P2X4R mAbs and also respond to stimulation by ATP; thus, our reconstituted model
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SLB system is a suitable platform for carrying out ligand-binding and antibody-binding AFM
assays. Note that the binding of antibody to P2X4R in model SLB membranes is demonstrated
later in Chapter 5.

4.3.2 Force Dependence of Receptor Dimensions
Previous publications have demonstrated that it is possible to compress biomolecules (both
laterally and vertically) with the AFM tip during imaging [130]. Figure 4.6 shows two
reconstituted P2X4Rs imaged over a range of tip-sample interaction forces (peak forces of 20
pN – 80 pN). The receptor diameter is notably decreased with increasing imaging force,
whereas the receptor height is less affected; this indicates that the receptors are more
susceptible to influence by lateral drag forces than vertical forces. Lateral and vertical
compression can be undone by returning to the ‘low force’ imaging regime, indicating that the
deformation of receptors at high imaging force is reversible.

Figure 4.6: The lateral compression of reconstituted P2X4R increases with increased
imaging peak force. Imaging forces (piconewtons, pN) were 20 pN (a), 30 pN (b), 45 pN (c), 55
pN (d), 65 pN (e), and 75 pN (f). The average receptor height at 20 pN force was ~ 10.5 nm,
compared to ~ 10.0 nm at 75 pN force. In contrast, the average receptor diameter was ~ 15.0 nm
at 20 pN force, compared to ~ 8.0 nm at 75 pN force (line profile analysis not shown). Increasing
the peak force therefore has a greater effect on the lateral dimensions of P2X4R than the vertical,
suggesting that the predominant forces at work are lateral ‘drag’ forces. Forces are calculated from
the measured cantilever spring constant (k) and sensitivity. Compression of receptors was
reversible. Colour scale: 15 nm, as described in Figure 4.2. Scale bars are 30 nm.

This finding illustrates one of the major caveats of imaging biomolecules by AFM; namely, the
tip exerts forces on the sample during imaging, the magnitude of which may be sufficient to
alter the appearance of the sample. It is important to note that at very low imaging force (< 20
pN) the AFM tip does not accurately track the receptors, causing them to appear larger and
less well defined than at the optimal imaging force. Conversely, imaging at high force does not
guarantee that an object is well defined or appears at its actual size. Therefore, it is critically
important that the imaging force is optimised and controlled, maintaining the force and
feedback parameters such that the tip tracks the object adequately but with minimal influence
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on the sample. This is particularly crucial if structural or mechanistic inferences are to be made
from AFM topography data, demonstrated subsequently in Figure 4.14.

Visualising Conformational Changes upon Ligand-activation
An AFM assay correlating the binding of antibodies to P2X4R with structural changes at the
receptor surface would be reliant on the ability to resolve said conformational changes within
the receptor. As previously mentioned, AFM has successfully resolved conformational
changes in several ion channels [164]. However, previous work on P2X4R required extensive
averaging and symmetrisation of AFM images in order to resolve ligand-induced widening
[152]; applying these methods to AFM data can introduce errors and bias, a concept that is
discussed further in Section 4.4.2.

4.4.1 Towards submolecular resolution imaging of P2X4R in real time
In only a very small number of instances (~ tens out of several thousand receptors) we are
able to observe some possible signatures of the trimeric submolecular structure of
reconstituted P2X4Rs (Figure 4.7 and Figure 4.8). Such resolution is rare because it requires
many factors to be simultaneously optimal, including but not limited to: the sharpness of the
AFM tip and the imaging force (intrinsically linked properties, a sharper tip exerts higher
pressure on the sample); the gains of the feedback loop; and the instantaneous orientation of
the highly mobile P2X4 receptor with respect to the tip.

Figure 4.7: The tripartite substructure of P2X4Rs is partially resolved in real-time by AFM. a)
The top left receptor exhibits a degree of subunit resolution in a minimally processed AFM image.
This resolution is not achieved on the other receptors. A tip artefact is apparent in the image,
manifesting as a shadow below each receptor. b) Enhancing the contrast and enlarging the image
accentuates the tripartite topology (inset). Black dots mark the putative centre of each subunit lobe
within the P2X4R trimer. Scale bars: 20 nm. Colour scales: 6 nm to -1 nm (a) and 5 nm to -1 nm
(b), where 0 nm refers to the membrane surface.

Figure 4.7 shows three P2X4Rs imaged with a cantilever that visibly displays a tip artefact; it
is possible that damage has occurred to the tip, creating a sharp defect that can resolve the
receptor subunits and a blunt tip shoulder that causes the apparent artefact (the ‘shadow’ in
the same orientation below all three receptors). Furthermore, the remaining two receptors in
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the image display typical resolution, with no semblance of tripartite topology, which suggests
that the subunit resolution obtained on the highlighted receptor is not artefactual.

Figure 4.8: Further examples of possible subunit resolution achieved on P2X4Rs by AFM in
fluid. a) A single receptor in which the three monomer lobes are clearly resolved. Substructure can
also be resolved in P2X4Rs contained within arrays (b, c); other receptors do not show subunit
resolution (white circle) suggesting that the resolution is not artefactual. Black dots in the enhanced
contrast images mark the putative centre of each subunit. Scale bar: 20 nm. Colour scale (top) is
15 nm, as described in Figure 4.2. Colour scale (bottom) is enhanced for contrast.

Figure 4.8 demonstrates three additional examples of possible subunit resolution on P2X4R.
The tripartite structure indicative of the receptor subunits is observed in each image.
Hypothetically, we would expect a receptor imaged at subunit resolution in the closed state to
display a clear widening/opening in response to ATP stimulation. However, due to the rarity
and short-lived nature of such resolution we have been unable to investigate this further. In
addition, treatment of samples with the fixative agent glutaraldehyde did not increase the
occurrence of subunit resolution on P2X4Rs (data not shown). Glutaraldehyde has been
applied previously to rigidify biomolecules for high-resolution AFM [136] but this approach
yields no gain in resolution on P2X4Rs.

4.4.2 A critical review of Shinozaki et al (PLoS Biology, 2009)
The concept of an AFM assay investigating the action of ATP on P2X4Rs was guided by the
existence of a prior publication by Shinozaki and colleagues [152]. The publication predates
the seminal crystal structure of zebrafish P2X4 reported by Kawate and colleagues [33] that
marked the dawn of the ‘post structure’ era for P2X receptors [313].
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In brief, Shinozaki et al report the direct observation of ATP-induced conformational changes
in P2X4Rs, on functionalised mica and reconstituted in supported lipid bilayers, using highspeed AFM. In addition to observing the closed-open transition in P2X4Rs, a third ‘dilated’
conformation is shown in the absence of Ca2+. The observation of two open P2X states was
later corroborated in P2X7 using whole-cell patch-clamp methods [111]. Shinozaki et al also
performed fluorescence assays on P2X4Rs reconstituted in a lipid bilayer spanning across
holes in a plastic plate; their AFM data is thus correlated with Ca2+ and dye uptake in the
presence/absence of ATP. However after close inspection of the AFM data, aided by almost a
decade of subsequent AFM literature, we have identified several areas of the methodology
that may have introduced error and bias into the data. The following section addresses these
areas, in addition to detailing our efforts to faithfully reproduce the experiments as described
by Shinozaki et al [152].

4.4.2.1 Conformation of P2X4Rs on poly-D-lysine mica and in SLBs
As shown in Figure 4.1, P2X4Rs are compressed in height when adsorbed on poly-lysine
functionalised mica. Shinozaki et al also observe this compression, attributing it to the binding
of receptors to the substrate in tilted and bent conformations: In their data, the reconstituted
P2X4Rs have a mean height of 5.8 ± 0.1 nm including the thickness of the supported lipid
bilayer. The crystal structure published several months later would reveal that P2X4R is ~ 10
nm in height [33] as observed in our experiments (see Figure 4.4). Compared with the now
known height of P2X4R [33] the reduced P2X4R height in Shinozaki et al’s AFM data suggests
that the receptors are reconstituted in a non-native conformation. This brings into question the
validity of mechanistic inferences drawn there from the dimensions of reconstituted receptors.

4.4.2.2 Appearance of conformational changes in P2X4R
Intriguingly, the data in [152] includes changes in P2X4R appearances (on poly-D-lysine)
dependent on the presence of ATP, as shown in Figure 4.9. After 30 min incubation with 1 mM
ATP, the receptors are tripartite in appearance, whereas control receptors imaged without ATP
are not; the authors conclude that this difference in appearance is due to the ATP-induced
activation, and thus widening, of P2X4Rs.
Rather worryingly, however, the images contain several indications of tip artefacts [314], in
which the features of the sample are convolved with more complex geometries at the tip end.
To a small extent, such artefacts can be observed in the control images, manifesting as a slight
shadowing below every receptor, in the same orientation (marked in red) for all features in the
image, in spite of these features being completely isolated and uncoupled. In the image
recorded after ATP treatment, such repeated signatures are less subtle, as also noted by the
authors (“under our conditions, most of the P2X4Rs exhibited similar directions” [152]).
Critically, the same orientation is also observed on small features in the background ‘noise’ in
the images (marked as white circles). Since all these features are isolated and uncoupled,
there is no reason why the P2X4Rs should all align in the same orientation on the surface.
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Indeed, in other publications where conformational changes are observed in ion channels,
heterogeneity is observed in the appearance of activated receptors, including when the
channel is imaged within a lattice network [164][169][315].

Figure 4.9: AFM observations of P2X4Rs on poly-D-lysine coated mica. Adapted from [152].
a) P2X4Rs imaged in the absence of ATP. White arrows indicate polymeric features typical of polyD-lysine on mica. A subtle tip artefact is seen on the receptors (indicated using red lines) and on
background features (white circle). b) P2X4Rs imaged after incubation at 1 mM ATP (30 min).
Tripartite morphology is observed in the receptors, which we attribute to a tip artefact (marked in
red, where one tip geometry comprises a line and two dots). The ‘open’ receptors are identical in
shape and orientation, which cannot be explained as an intrinsic property of the isolated receptors
on the surface. Panels of cropped images of single receptors are generated from control samples
(c) and samples incubated with ATP (d). Signatures of the tip artefact are visible throughout the
entire panel of activated receptors (d). The tip geometry is indicated in red. Scale bars: 10 nm.

Interestingly, the authors also observe mobility of P2X4R on functionalised mica (Figure 4.10).
In spite of large lateral movement, the rotational orientation of the translated P2X4R does not
appear to change and remains in line with that of other features in the same image, which is
another observation that is hard to explain without invoking a tip artefact as the origin of the
observed substructures.
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Figure 4.10: Further evidence that P2X4Rs were possibly imaged with a tip artefact. Adapted
from [152]. The white box indicates a single P2X4R that moves on the mica. The authors suggest
that the receptor moves as one tripartite unit therefore cannot be three neighbouring P2X4Rs. It is
also possible that the particle is a single P2X4R imaged with a tip artefact, therefore it still shows
tripartite structure after it has moved. All of the receptors show the same structure and are aligned
at the same angle, as well as visible features in the background (white circles). Scale bars: 20 nm.

4.4.2.3 Averaging and symmetrisation may amplify bias and artefacts
Underlying structures in AFM images may be enhanced by averaging and symmetrisation, but
can’t overcome the limit in spatial resolution as defined by the shape of the AFM tip. Shinozaki
et al apply such procedures to accentuate the conformational changes observed by AFM [152].

Figure 4.11: Averaging and symmetrisation of AFM data accentuates the tripartite structure.
Adapted from [152]. a) Cross-correlation averaged P2X4Rs before and after incubation with ATP.
b) Cross-correlation averaged images from (a) after threefold symmetrisation. c) Left to right: a
zoomed-in raw AFM image of a representative P2X4R; an averaged image using ten P2X4Rs; and
an averaged and symmetrised image using ten P2X4Rs. Scale bars are 5 nm (a, b) and 10 nm (c).

Figure 4.11 shows raw AFM data, averaged but non-symmetrised data and finally data that is
both averaged and symmetrised. The averaged and symmetrised control and ATP images
were generated using ten separate P2X4Rs taken from the panel of zoomed images shown in
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Figure 4.9. The 3-fold symmetrisation consisted of rotating averaged images 0°, 120° and 240°
and averaging again at each rotation.
In spite of the visual appeal of the resulting averages, this procedure clearly bears the risk of
enhancing artefacts in the underlying data, and in particular of artefactually inducing a threefold
symmetry that is not obvious in the underlying data. In this context, such artefacts may have
been further enhanced by a bias in the selection of the P2X4R for averaging. Notably,
Shinozaki et al state that “when the ATP stimulated particles were selected for averaging,
P2X4R without subunit-like structures were eliminated from the averaging process”; and that
“when the activated P2X4Rs were averaged, the P2X4Rs without the subunit-like structures
observed in the control were eliminated”.
Taken together, these observations make it more that plausible that the tripartite structure
observed by Shinozaki et al. [152] does not represent the open conformation of P2X4R (or, in
fact, any specific P2X4R conformation), nor is its occurrence unambiguously exclusive to
samples that have been treated with ATP.

4.4.3 ATP Addition Experiments on Functionalised Mica
As outlined above, there are aspects of the methodology presented by Shinozaki and
colleagues that may be vulnerable to bias and artefacts of AFM imaging [152]. To address this,
we attempted to reproduce the experiments under identical conditions, utilising the advanced
AFM equipment and imaging modes at our disposal. In brief, P2X4Rs adsorbed on
functionalised mica do not display a significant increase in diameter when treated with ATP in
our AFM experiments.
Figure 4.12 shows a high-resolution AFM image containing three P2X4Rs in the presence of
2 mM ATP. No tripartite structure is observed on the receptors, which are uniform in size but
differ in their appearance and orientation on the substrate. Single-particle size analysis
(Gwyddion) was used to generate histograms of receptor diameter before and after 30 min
incubation at 2 mM ATP. P2X4Rs in the absence of ATP have mean diameter 10.1 ± 2.9 nm,
compared to a mean diameter of 10.5 ± 3.0 nm following ATP treatment. However, the
difference in diameter observed (~ 0.4 nm) is below the limit of the lateral resolution for these
AFM images (an effective pixel size of ~ 0.5 nm). In addition, other factors exist that could
result in an artefactual increase in the measured P2X4R diameter, including: heterogeneity in
P2X4R adsorption geometry; variations in feedback/force parameters between images; and
changes in tip geometry/radius over time. We therefore cannot confidently conclude that the
observed increase in measured diameter following ATP addition represents a real
conformational change in the diameter of the underlying P2X4Rs.
Furthermore, a two-sample KS-test (p value ~ 0.7) and a two-sample t-test (p value ~ 0.4) both
accept the null hypothesis that there is no statistically significant difference between the
distributions of P2X4R diameter prior to, and after, the injection of ATP (see Section 2.3.7).
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Figure 4.12: P2X4Rs adsorbed on mica using KCL show no statistically significant diameter
increase in response to ATP treatment. a) Histogram of receptor diameter before (10.1 ± 2.9 nm)
and after (10.5 ± 3.0 nm) treatment for 30 mins at 2 mM ATP. b) Zoomed-in high-speed AFM image
of three P2X4Rs captured using photothermal actuation for amplitude-modulation imaging. P2X4Rs
are uniform in size but display a variety of orientations. A two-sample KS-test accepts the null
hypothesis (p value ~ 0.7) that the two samples are drawn from the same continuous distribution
(suggesting that there is no statistically significant difference between the histograms). The KS-test
was carried out with a 5% significance level and further validated using a two-sample t-test. Scale
bar: 20 nm. Colour scale: 5 nm to -2 nm, where 0 nm represents the height of the mica substrate.

To avoid introducing variations due to multiple tip radii into the data, the histogram shown in
Figure 4.12 is from a single dataset captured with one FASTSCAN-D cantilever. Two additional
independent repeats of the experiment corroborated the findings. The images were obtained
on a MultiMode 8 adapted for high-speed imaging using the photothermal actuation of
miniaturised cantilevers (see Chapter 3.2.1). Images were acquired at < 10 seconds per frame
in tapping mode. In addition to a high image acquisition rate, this experimental setup provides
stable imaging amplitudes using soft cantilevers, as well as low lateral forces (relative to forcedistance imaging) in an attempt to minimally perturb the P2X4Rs structures.

4.4.3.1 Tip artefacts are regularly observed when imaging P2X4Rs
When carrying out ATP-addition experiments on P2X4R on functionalised mica, and
reconstituted receptors, we regularly observe drastic tip changes and tip artefacts (Figure
4.13). These artefacts sometimes occur randomly due to the spontaneous attachment of debris
from the sample to the cantilever. However, the artefacts more commonly appear immediately
upon resuming imaging (after withdrawing the cantilever to incubate the sample with ATP, and
re-approaching). These tip artefacts are often tripartite in shape, visible in image backgrounds
and reproduced across a large range of scan sizes: this may be due to the attachment of a
trimeric P2X4R to the AFM tip, such that the tripartite nature can in fact be related to P2X4R
symmetry. However, given the artefactual nature of these observations, such an interpretation
remains highly speculative.
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Changes in the tip artefact geometry can be monitored over time (zoomed-in images) and are
faithfully replicated across images with larger scan sizes. However, if the cantilever is rinsed
with copious volumes of imaging buffer the P2X4Rs imaged are no longer tripartite in
appearance. The cantilever is withdrawn from the sample and removed from the AFM for this
rinsing, thus the sample is entirely unaltered. This provides further evidence for our
interpretation of the observed tripartite structures [152] as artefacts in the AFM imaging
process.

Figure 4.13: Tripartite tip artefacts, as observed when imaging P2X4Rs, can be removed by
rinsing the cantilever. A time-lapse sequence of non-consecutive images shows changes in the
tip geometry over time. The cantilever is removed from the sample and washed between (5) and
(6). Zoomed-out images show that all P2X4Rs show identical shape and angle (white triangles).
The same shape and angle is also seen in the background (asterisks) a typical indication of a tip
artefact. Scale bars: 20 nm (top), 40 nm (bottom). Colour scale: 5 nm to -2 nm, where 0 nm
represents the height of the mica substrate.

4.4.4 ATP Addition Experiments with Reconstituted Receptors
Given the observation of artefacts on P2X4R in poly-L-lysine functionalised mica, we next
focussed on the reconstituted P2X4Rs in supported lipid bilayers. As demonstrated in Figure
4.3 and Figure 4.4, this yields receptors embedded in a membrane environment; furthermore,
receptors appear with correct dimensions in our AFM images [33]. Two types of experiment
were carried out to investigate the effect of ATP addition on thus prepared receptors, denoted
here as ‘before-and-after’ experiments and direct-injection experiments. In a typical beforeand-after experiment, a large area of the sample is imaged without ATP, the sample is then
incubated with > 1 mM ATP and the same area is imaged again. This method provides datasets
of many P2X4Rs imaged at sufficient resolution to carry out single-molecule size-analysis.
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Critically, as for P2X4Rs on poly-L-lysine functionalised mica (Figure 4.12), we observe no
appreciable change in P2X4R diameter or height after ATP addition (Figure 4.14). For a single
dataset, the mean receptor diameter is 11.9 ± 1.3 nm without ATP and 11.8 ± 1.6 nm after ATP
addition (n ~ 30 isolated P2X4Rs). The mean receptor height is 9.9 ± 0.6 nm and 10.1 ± 0.5
nm above the mica substrate, respectively, consistent with the crystal structure [33].
Furthermore, a compiled dataset generated from > 5 independent repeats (Figure 4.14) yields
a mean diameter of 11.3 ± 1.4 nm without ATP and 11.5 ± 1.6 nm after ATP addition (n ~ 120
receptors). As outlined previously, the observed difference in mean diameter (~ 0.2 nm) is
below the effective pixel size of the AFM images. There are also multiple factors that could
artefactually influence the measured P2X4R diameter. Furthermore, a two-sample KS test (see
Section 2.3.7) suggests that there is no statistically significant difference between the diameter
distributions prior to, and after, the addition of ATP (p value ~ 0.2). This conclusion is further
evidenced by the result of a two-sample t-test using a 5% significance level (p value ~ 0.3).
To check for bias in the data resulting from the use of multiple cantilevers (with varying tip radii)
we compare distributions from the compiled dataset with distributions from individual
constituent experiments; the dimensions are in close agreement. The dimensions are also
consistent with data presented in Figure 4.4 and therefore approximately in line with published
crystal structure data [33].

Figure 4.14: Histograms of reconstituted P2X4R diameter and height before and after ATP
treatment. No significant increase (determined using a two-sample Kolmogorov-Smirnov test with
5% significance level) in diameter is observed following incubation with ATP (30 min, > 1 mM ATP).
Mean receptor diameter is 11.3 ± 1.4 nm (pre-ATP) and 11.5 ± 1.6 nm (post-ATP). Our singleparticle size analysis focused on P2X4Rs not contained in clusters (see Figure 4.5). However,
extending the analysis to include clustered P2X4Rs did not alter the size distributions (not shown).

In contrast to ‘before-and-after’ experiments, direct-injection experiments monitor a small
number of receptors in real-time whilst ATP (~ 1 mM) is introduced into the imaging buffer; this
method captures a relatively small number of P2X4Rs but has the advantage of continuous
high-speed AFM imaging during ligand addition. The ATP solution was pipetted into the sample
via a channel in the fluid cell of the photothermal head (see Chapter 3.2.6).
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Figure 4.15 shows an AFM time-lapse series generated from a typical direct-injection
experiment. High-resolution images are acquired at ~ 12 seconds per frame before and after
ATP injection. The need for high pixel density (effective pixel size < 0.5 nm) necessitates small
scan sizes, therefore it is labour intensive to generate large datasets with this type of
experiment. Line profiles were manually drawn through each individual P2X4R at every frame
to determine the diameter and height of each receptor over time following ATP addition.
Analysis of multiple independent direct-injection repeats shows no appreciable increase in
P2X4R diameter after incubation with excess ATP; this data is omitted from this thesis because
it is highly similar to the histograms presented in Figure 4.14.

Figure 4.15: Time-lapse movie showing two P2X4Rs imaged continuously during ATP
injection. Images were taken at 12 seconds per frame using the photothermal AFM head. The grey
line indicates the point of ATP injection (~ 1 mM). Scale bar: 50 nm. Colour scale: 15 nm, as
described in Figure 4.2.

There are several potential explanations for why we do not observe a diameter increase in
P2X4Rs upon ATP addition. Firstly, it is possible that the P2X4Rs are reconstituted in a
conformation that is unable to bind to ATP, perhaps because the ATP binding pockets in the
extracellular domain are buried or somehow occluded. Secondly, reconstituted P2X4Rs may
not be capable of undergoing conformational changes upon ATP binding, possibly due to the
interactions with the underlying substrate. Reconstituted P2X4Rs are stationary despite being
embedded in a highly mobile fluid membrane; the receptors must therefore be tethered or
anchored to the substrate in some manner, although this has not prohibited the study of
conformational changes shown previously in SLBs by AFM [165].
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The third, and most probable, explanation is that reconstituted P2X4Rs can undergo
conformational changes upon ATP binding but that these changes are not detected by AFM
imaging. An examination of the crystal structures of closed and open P2X4R [34] shows that
the ligand-induced structural changes in P2X4R are small (on the order of several Ångströms)
and occur predominantly in the lower body and transmembrane region of the protein (see
Chapter 1.3.1.3). By definition, AFM profiles the topography of the receptors from directly
above; therefore AFM is essentially blind to changes in the receptor that occur in the membrane
and do not alter the shape of the large extracellular domain above. Where conformational
changes have been observed by AFM previously, the receptor undergoes large (several nm)
structural changes that manifest at the surface of the receptor visible to the AFM tip
[80][165][170]. Furthermore, the P2X4R width measured by AFM is wider than expected from
crystal structures; we postulate that the size and flexibility of the ECD influences the receptor
width resolved by AFM, obscuring conformational changes in the ECD.
It is unfortunate that we cannot resolve conformational changes in P2X4Rs by AFM. As
outlined previously (in the opening paragraph of Section 4.4) an AFM assay that correlates
antibody-binding with conformational changes at the receptor surface is totally dependent on
being able to resolve these changes. For certain other membrane proteins, this is not beyond
the capability of AFM [165]. However, our endeavours have shown that P2X4Rs are not
conducive to a study of this type.

Visualising Flexible Antibodies at Submolecular Resolution
The second major aim of our proposed AFM assay was to observe the binding of monoclonal
antibodies to P2X4Rs in real-time. To inform these assays, we first characterise the lead antiP2X4R mAb by AFM in fluid (Figure 4.16). The antibodies, adsorbed onto poly-L-lysine
functionalised mica, clearly show the classic Y-shaped structure.
Furthermore, we successfully resolve the individual domains comprising each Fab of an
adsorbed antibody. This resolution is comparable to the highest resolution achieved on a single
antibody in solution by AFM [124] although we use a more simple imaging mode. Singlemolecule size analysis of a large dataset of antibodies imaged at high resolution (effective pixel
size ≤ 0.5 nm) reveals that adsorbed IgG’s are ~ 3.5 nm high, with length ~ 16 nm (measured
across the longest part of the molecule) and width ~ 12 nm (measured in the axis perpendicular
to the length measurement). Our dimensions from AFM are consistent with structural data [4].
Prior to the work of Ido et al, submolecular resolution (known as 25 kDa resolution owing to
the combined mass of the two immunoglobulin folds in the domain) had only been
demonstrated in air [175]. This level of resolution would be beneficial when studying receptorantibody complexes, enhancing the structural and mechanistic inferences that could be drawn
from the data. In addition, we observe that antibodies adsorbed on functionalised mica retain
a degree of intramolecular flexibility and mobility which can be monitored over time by AFM.
We are able to track large movements of antibody arms relative to one another (Figure 4.16).
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Figure 4.16: Submolecular ’25 kDa’ resolution on anti-P2X4R IgG achieved by AFM in fluid.
a) A high-resolution AFM image rendered in 3D shows the classic Y-shape as well as the individual
domains (marked by asterisks) within the Fab regions; these domains are not typically resolved in
lower resolution images. The Fv region is partially obscured at this angle but is clearly visible in the
non-rendered image. b) Antibodies retain a degree of intramolecular mobility on functionalised
mica. The large-scale movement of an Fv region is shown; the Fv is initially parallel with the
substrate but appears to move freely around a flexible hinge to sit perpendicular to the substrate
(second image from the left) before returning to its original position. Submolecular resolution is
observed (second image from the right). Scale bars: 15 nm (a) and 20 nm (b). Colour scale: 5 nm
to -1 nm (a) and 3 nm to -1 nm (b) where 0 nm represents the height of the mica substrate.

We also demonstrate ‘25 kDa’ resolution on anti-P2X4R Fab fragments adsorbed on Poly-Llysine functionalised mica in fluid (Appendix Figure 12); adsorbed Fab fragments are consistent
in size with the Fab regions resolved within entire antibodies.

Visualising Receptor-antibody Complexes by In-air AFM
Atomic force microscopy was influential in determining that P2X receptors are trimeric [148].
In brief, P2X2Rs recombinantly expressed to contain one His-tag per subunit were incubated
with anti-His6 antibodies and then rapidly dried onto a mica substrate. AFM imaging in air
observed three distinct populations of receptor-antibody complex comprising one, two or a
maximum of three antibodies per receptor. The antibodies were bound at ~ 0°, 120° and 240°
suggesting a trimeric receptor structure [148]. Similar approaches have been demonstrated
more recently [176][316]. Our AFM imaging in air captures receptor-antibody (P2X4R and antiP2X4R monoclonal IgG) complexes (Figure 4.17).
Drying biomolecules onto the surface traps the complexes (presumed to be highly dynamic in
fluid) in a fixed, static orientation. Individual P2X4Rs and unbound antibodies are also
observed. No structures resembling complexes are observed in the control experiments, where
P2X4R and mAb are separately dried onto mica and imaged by in-air AFM. We also observe
that the resolution achieved on a dried sample increases with longer desiccation times. This is
due to the removal of excess residual water layers [175]. Optimal resolution was achieved after
3 – 5 days of drying, after which we could resolve interconnecting structures between the Fab
and Fc domains of antibodies.
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Figure 4.17: 3D renders of an in-air AFM image show putative receptor-antibody complexes.
Unliganded P2X4R trimers (*) are shown, as well as an unbound antibody (^). The potential
receptor-antibody complex is marked (+). The constituent P2X4R and mAb are distinctly resolved
and have dimensions consistent with control experiments (both are significantly compressed in
height, measuring ~ 2 nm and ~ 2.5 nm respectively in air). Scale bar: 20 nm. Colour scale: 2 nm
to -1 nm, where 0 nm represents the height of the mica substrate.

Our expectation was that high-resolution topography maps of dried complexes (Figure 4.18)
could provide insight into the shape and stoichiometry of complexes (e.g. how many antibodies
could bind to a single receptor at once, or whether a single antibody could interact with a
P2X4R via both Fab regions simultaneously). Our analysis did not yield these insights,
although the biological relevance of such data would be questionable considering the
molecules are dry, static and compressed. Nonetheless, successful visualisation of complexes
was taken as an initial proof that the anti-P2X4R antibodies are able to bind P2X4Rs in solution.

Figure 4.18: A receptor-antibody complex imaged at high-resolution by in-air AFM (3D
render). Fab and Fc regions, and interconnecting structures, are resolved within the antibody. The
position of P2X4R in the complex is marked in grey. Scale bar: 20 nm. Colour scale: 2 nm to -1 nm,
where 0 nm represents the height of the mica substrate.
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Visualising Receptor-antibody Complexes in Solution
In order to probe the dynamics and kinetics of anti-P2X4R mAb binding to P2X4Rs, we must
visualise the complexes in liquid under near-physiological conditions (Figure 4.19). Although
we are unable to resolve ligand-induced conformational changes in P2X4Rs, visualising the
binding of antibodies to receptors at high spatiotemporal resolution could give insight into: the
dwell-time of receptor-antibody complexes (thus koff); the rate of antibody binding (kon); the
dissociation constant (Kd); and finally the stoichiometry and possible cooperativity of antibody
binding. Furthermore, our previously described model membrane systems (see Figure 4.3) as
well as our methods for injecting reagents and imaging dynamic processes (see Chapter 3.2.4
and Figure 4.15) are ideally suited to the study of antibody binding.

Figure 4.19: Illustration of the expected appearance of mAb bound to reconstituted P2X4R.
The main image shows three P2X4Rs at high resolution. The top inset shows an AFM image of
mAb at the same height scale as the main image; this is how a bound mAb could look by AFM if it
was positioned to the side of the P2X4R. A bound mAb that was positioned directly on top of the
P2X4R could look as shown in the bottom inset. This idealised case assumes that mAb would bind
parallel to the membrane; in reality the mAb would be flexibly bound to the P2X4R and therefore
unlikely to be orientated perpendicular to the imaging tip. Scale bar: 20 nm. Colour scales: 15 nm,
as described in Figure 4.2.

4.7.1 Before-and-after Antibody Addition Experiments
Our antibody experiments broadly fall into two categories: before-and-after experiments, with
varied concentration of antibody and incubation time; and direct-injection experiments (see
Chapter 2.3.5). Critically, in both types of experiments we observe disruption of the supported
lipid bilayer at high antibody concentrations, placing a maximum limit on the concentration of
antibody that can be used in antibody binding assays (~250 nM antibody for SLB preparations
used here – formed with 50 mM MgCl2).
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Critically, we do not observe any obvious binding of anti-P2X4R mAb to P2X4Rs. We have
carried out many independent repeats of ‘before and after’ experiments, capturing hundreds
of single trimers (and thousands of receptors in total if considering higher-order assemblies of
P2X4Rs) at resolution ≤ 1 nm/pixel.
The use of a closed-loop scanner allows a large number of P2X4Rs to be imaged before and
after incubating the sample with mAb (Figure 4.20).

Figure 4.20: P2X4Rs imaged at high-resolution after incubation with 250 nM anti-P2X4R
mAb. Ten P2X4Rs before and after a 30 min incubation with 250 nm mAb. No differences in
appearance are observed that would indicate antibody binding. The twenty individual P2X4Rs
shown are chosen from a compiled dataset of hundreds of receptors. Scale bar: 20 nm. Colour
scale: 15 nm, as described in Figure 4.2.

The following key parameters were tested in our attempts to visualise antibody binding by AFM:
o

Four different candidate anti-P2X4R mAbs of varying potency (from electrophysiology [12])

o

Imaging buffer pH of pH 7.0, pH 7.4 (known to be optimal [30]) and pH 8.0

o

Antibody concentrations between 2 nM and 250 nM (upper limit)

o

Incubation times between 10 minutes and ~ 14 hours

o

Incubation temperatures of 4°C (overnight), room temperature and 37°C

o

AFM mode (PeakForce Tapping™ or Tapping) with a range of cantilevers

o

AFM imaging force, scan speed, resolution, scan size and imaging amplitude

In addition, supported lipid bilayers and the AFM fluid cell were incubated with the passivation
agent bovine serum albumin (BSA) to protect against non-specific binding of mAb. It proved
non-trivial to form continuous BSA layers on top of lipid bilayers, and the resulting messy
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background made high-resolution AFM difficult (Appendix Figure 11); no obvious binding
events were observed using BSA blocking. SLBs containing P2X4Rs were also treated with
the fixative agent glutaraldehyde following incubation with mAb; the aim here was to chemically
fix bound antibodies to reconstituted P2X4Rs, however no obvious binding was seen and the
formation of large protein aggregates was common (Appendix Figure 11). SUVs containing
P2X4Rs were also incubated with 250 nM antibody overnight at 4 °C and then deposited on
mica for AFM imaging; however, no appreciable antibody binding was observed using this
approach. P2X4R-SLBs were also incubated with anti-P2X4R mAb and Protein A – Gold
colloid conjugates; Staphylococcal Protein A is capable of binding up to five IgG antibodies
simultaneously, whilst the 20 nm spherical colloid acts as a large and distinct marker when
imaged by AFM. Nonetheless, we observed no obvious formation of specifically bound Protein
A – antibody complexes at the sample surface (Appendix Figure 11).

4.7.2 Direct Injection Antibody Addition Experiments
Many independent experiments were carried out utilising the direct injection of antibody into
the AFM fluid cell during continuous imaging. A high concentration of antibody (~ 250 nM) was
injected into the sample whilst imaging in either PeakForce Tapping or Tapping mode using
FASTSCAN-D cantilevers. However, no obvious antibody binding was observed via the direct
injection approach.
Different methods of injecting antibody were also investigated, including the use of a microliter
syringe fitted with a high-aspect ratio hypodermic needle. In another instance a narrow
capillary, originally purposed for electrospray ionisation in mass spectrometry, was inserted
into the sample for antibody injection; the capillary end was positioned to within ~ 500 µm of
the cantilever using the AFM optics. However, despite optimising the delivery of antibody to
the sample near the cantilever no obvious antibody binding events were observed.
An idealised representation of the expected appearance of a receptor-antibody complex by
AFM is shown in Figure 4.19. Our criteria for spotting complexes is lower than this idealised
image; a change in the appearance of a P2X4R, consistent in size with the binding of an
antibody and definitely not present before antibody addition, would be considered a putative
complex. Nonetheless, despite low criteria, no obvious binding events are seen by direct
injection AFM experiments.

4.7.3 High-speed AFM with Photothermal Actuation
As outlined previously in Chapter 3.2.4 we have successfully applied Tapping mode AFM with
photothermal actuation to visualise dynamic protein-protein interactions at high spatiotemporal
resolution. The photothermal head adaptation for a MultiMode AFM is also designed to allow
the injection of reagents into the sample during continuous imaging. The photothermal head is
therefore well suited for our efforts to visualise the binding of antibody to reconstituted P2X4Rs
in real-time. When pushing the image acquisition rate of AFM, a trade-off exists between the
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scanning speed and the resolution obtained. Many experiments were carried out at varying
scan size, speed and resolution (all of which at a sufficient pixel density that any bound
antibodies would be clearly visible). However, despite significant endeavours to capture
antibody binding by this approach, no obvious binding events are observed.

Figure 4.21: No obvious antibody binding is seen by high-speed tapping mode with
photothermal actuation. The field of view contains > 10 receptors. The dashed white rectangle
marks a region containing one isolated P2X4R trimer and two arrays of two trimers; image
resolution is sufficient to resolve the individual receptors, therefore a bound antibody would also be
visible. The grey line marks the injection of 200 nM antibody (t0) during continuous imaging. The
sample was then imaged every 10s for over 30 minutes. Scale bar: 200 nm. Colour scale: 15 nm,
as described in Figure 4.2.

4.7.4 Energy dissipated from the AFM tip may disrupt complexes
Despite many independent experiments and a thorough investigation of experimental
parameters, we observe no obvious binding of antibody to reconstituted P2X4Rs in our model
system. However it has been robustly demonstrated elsewhere that the candidate anti-P2X4R
mAb binds specifically to P2X4R expressed on cells [30].
As outlined previously in relation to ATP-binding experiments, it is possible that reconstituted
P2X4Rs in our supported lipid bilayers exist in a conformation that is not able to bind the
antibody (perhaps because of interaction with the underlying substrate). However,
fluorescence assays described in Chapter 5.3.3 prove that this is not the case. Therefore, we
hypothesise that reconstituted P2X4Rs are capable of binding mAb, however the receptor140

antibody complexes formed are disrupted by the AFM tip during imaging. An approximate
quantification of the binding energy and the dissipation of energy from the tip supports this
theory:
o

The binding energy of a receptor-antibody complex (in kBT) is calculated as the negative
logarithm of the dissociation constant Kd (in M). If we assume that Kd lies in the range of
10 – 50 nM then the binding energy is ~ 20 kBT (16.8 – 18.4).

o

The energy dissipated from the cantilever into the sample can be approximated from the
Dissipation channel captured in PeakForce Tapping™ mode. A sample was imaged using
a calibrated MSNL-E (k ~ 0.2 N/m, 2 kHz PeakForce frequency, 1 Hz line rate, 512 nm at
256 samples/line). Typical dissipation values of 0.5 – 1 eV (electron volt) were recorded at
each pixel; this is the average dissipation value per oscillation, calculated from all force
curves taken at the pixel. Dissipation in eV can be converted into a thermal energy
component (1 eV = 1.602x10-19 J; 1 kBT = 4.11x10-21 J). The average measured dissipated
energy corresponds to 20 – 40 kBT at every pixel per oscillation. Furthermore, in one
complete line in the AFM image (trace and retrace) there are ~ 8 oscillations per pixel, thus
roughly 160 – 320 kBT of energy could be dissipated from the tip into each pixel on the
timescale of a single second.

In conclusion, in PeakForce Tapping the AFM tip could dissipate > 20 kBT at each pixel per
oscillation, approximately equal to the total binding energy of a receptor-antibody complex.
Note that a typical P2X4R would have an area of 5 pixels by 5 pixels using the aforementioned
imaging parameters. A priori it is not clear how relevant these numbers are, however, since
their effect on the sample will depend on the rate at which it absorbs this energy. That said,
given the here reported difficulty of observing antibodies bound to the reconstituted P2X4Rs,
it is reasonable to conclude that the energy dissipated is sufficient to disrupt a receptorantibody complex. Furthermore, only the dissipation energy in the system is considered here;
elastic energy and the lateral drag forces implicit to AFM imaging, which would also further
destabilise complexes, are not considered.

4.7.5 Time-lapse AFM of Fab fragment Addition
Preliminary data suggests that we are successfully able to visualise the binding of anti-P2X4R
Fab fragments to reconstituted P2X4Rs by AFM (Figure 4.22).
Following injection of Fab fragment during imaging (Tapping mode, Bruker FastScan
Dimension) we routinely observe streaks across the image. We attribute these streaks to freely
diffusing molecules in the field of view that are ‘swept around’ by the tip in the fast-scan axis.
These streaks are not observed in the absence of Fab and furthermore are not seen when
injecting the full antibody; this suggests that Fab fragments are present in the scan area.
Moreover, in several instances we resolve significant changes in the appearance of P2X4Rs
after Fab injection; the observed changes are consistent with the binding of a Fab fragment on
top of the receptor and can be imaged continuously over several minutes, present in trace and
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retrace images. We tentatively propose that these findings represent direct real-time
visualisation of receptor-Fab complexes.

Figure 4.22: Visualisation of the putative binding of anti-P2X4R Fab fragments to P2X4Rs by
AFM. Time-lapse images (a, b, c) show streaks (marked by grey dashed rectangles) on the bilayer
surface following the injection of Fab fragment via a hypodermic needle. Such streaks indicate that
molecules are diffusing on the surface within the scan area. White dashed circles in (a) and (c)
indicate a single P2X4R that may have a bound Fab fragment; ‘streaky’ height density is
intermittently resolved to the side of the receptor, reproduced in both trace and retrace images. d)
Time-lapse imaging of a trimer of P2X4Rs that may show Fab binding; streaks and height density
are transiently resolved on top of the receptors. e) Time-lapse imaging of a single P2X4R that may
have a Fab fragment bound on top; the size of the bound molecule is consistent with the dimensions
of one Fab fragment. Scale bars: 200 nm (a, b, c) and 20 nm (d, e). Colour scale: 15 nm, as
described in Figure 4.2.

Computational docking experiments, for modelling the docked pose of mAb, only used the Fab
fragment to make the modelling feasible. The results suggest that Fab fragments bind across
an epitope formed by two subunits and are parallel to the membrane axis; in this docking pose
there is also the possibility that a salt bridge interaction can form between hP2X4R and the
Fab [12]. It is thus possible that the small Fab fragment (see Appendix Figure 12) forms a tight,
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compact complex with P2X4R. This compact complex could be more resistant to the lateral
forces and dissipation energy exerted by the AFM tip. In contrast we envisage that the bound
mAb forms a large, highly flexible complex with the antibody protruding extensively above the
receptor. We believe this to be the most plausible explanation for why Fab fragment binding
may be more conducive to AFM imaging than mAb binding. Although this preliminary data is
promising, it is important to note that no non-binding Fab fragments were provided by
MedImmune to test by AFM as a negative control for the result.

4.7.6 Alternative sample preparation for Antibody binding assays
No antibody binding is observed by AFM on our clean and simple model membrane systems.
Therefore, several alternative sample preparations were explored. Brief attempts to generate
a 2D crystal of P2X4Rs in a membrane were unsuccessful (varying the protein: lipid ratio and
cycling the temperature during detergent removal, as reported in [165]).
Furthermore, rather than immobilising the P2X4Rs in a bilayer and injecting mAbs, we explored
the immobilisation of mAbs on a mica substrate followed by the injection of detergentsolubilised P2X4Rs. This approach, conceptually similar to an SPR experiment, has been
demonstrated using an IgG engineered to form an ‘immuno-reactive 2D lattice’ that selectively
binds antigens in solution [124]. Figure 4.23 shows that a mica substrate can be completely
covered in IgG at an optimised concentration and volume of MgCl2.
Note that the sample in Figure 4.23 is not a self-assembled monolayer, rather a densely
crowded surface. Nonetheless, preliminary data shows that mAbs at the surface are capable
of binding to P2X4R; the amount of binding also appears to increase as the concentration of
P2X4R in solution increases. Moreover, a surface coated with non-binding antibody (NIP)
shows minimal binding of P2X4R.
Following further optimisation this method could be used as a quick, simple and semiquantitative AFM assay to test the relative affinity of candidate antibodies. Furthermore, the
amount of P2X4R binding observed (from receptor counting, or simply surface area coverage)
could be normalised to the response seen for an antibody of known affinity. Finally, lowthroughput binding isotherms could possibly be carried out on these surfaces to roughly
pinpoint the dissociation constant Kd of the receptor-antibody interactions.
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Figure 4.23: Antibodies densely deposited on mica can specifically bind to P2X4Rs in
solution. Anti-P2X4R mAb can be adsorbed at low (a) and high (b) density on mica. The high
density surface shows a small amount of P2X4R binding when 40 ng of P2X4R is injected and
incubated for 10 minutes. Complete coverage of mica with anti-P2X4R mAb can be achieved (d).
Extensive binding of P2X4R is observed when 1000 ng of P2X4R is added to this sample (e, f). In
contrast, a mica substrate fully covered in non-binding NIP antibody (g) shows minimal binding of
P2X4R when 1000 ng of P2X4R is injected (h, i). This negative control suggests that the binding
seen is predominantly specific. Scale bars: 200 nm (a, b, c, f, i) and 400 nm (d, e, g, h). Colour
scale: 15 nm to -5 nm, where 0 nm represents the height of the mica substrate.

Conclusion
We present a simple, well-characterised model system for studying complex human membrane
proteins under physiological conditions. Reconstituted P2X4Rs are imaged at high-resolution
by AFM and appear to be in a near-native conformational state. We do not resolve
conformational changes in P2X4Rs in response to ATP addition, although analysis of crystal
structures suggests that these changes are perhaps beyond the current resolution limit of AFM.
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Furthermore we do not visualise the binding of anti-P2X4R antibodies to reconstituted
receptors in fluid, despite our significant endeavours and the use of advanced AFM
instrumentation. We postulate that the energy dissipated from the cantilever during AFM
imaging is sufficient to disrupt receptor-antibody complexes. There remains the potential to
investigate this further using a combination of low temperature AFM and high imaging speed.
If the ‘barrier’ to disrupting a complex is purely the binding energy then dropping the
temperature to 4 °C would have minimal effect on the stability of a complex. However, the
antibody may ‘hop’ between different kinetic states on the receptor surface, in which case
reducing the temperature would limit this process and perhaps permit AFM imaging of binding.
Critically, the two prerequisite conditions of our proposed AFM assay (visualising receptor
activation and antibody binding) are perhaps beyond the current capability of AFM imaging (for
this particular receptor-antibody pairing). However, AFM-based force-spectroscopy methods
would be ideally suited for future work and could readily exploit our well-characterised model
system. Future work could also include the use of partially supported lipid bilayers and
alternative methods to tether lipid bilayers to the surface to investigate the effect of the
underlying substrate on receptor function. In the next chapter, we show that our model system
can be easily transferred to glass substrates that are compatible with optical microscopy. The
use of fluorescent methods to visualise receptor-antibody binding is described further in the
following section.
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5

Visualising Receptor-Antibody Interactions with Fluorescence Microscopy
Introduction

As outlined in Chapter 4 we believe that the invasiveness of AFM is the predominant obstacle
for imaging receptor-antibody complexes. Fluorescence microscopy methods have a critical
advantage over AFM in this regard. However, optical methods are not without disadvantages.
Firstly, fluorescent imaging requires the molecule of interest (a monoclonal antibody in our
case) to be modified with a fluorescent molecule that emits detectable light [317]. This labelling
process may alter the structural and chemical properties of the molecule. Furthermore, these
labels have finite fluorescent lifetimes, limiting the time over which a molecule can be detected.
The temporal resolution of fluorescence microscopy is typically orders of magnitude higher
than AFM, whilst the advent of super-resolution imaging (see Chapter 1.6.3) routinely allows
single fluorophores to be positioned with an accuracy that defies the diffraction limit [197].
Fluorescence methods are sensitive to both ‘bulk’ and single-molecule behaviours and can
span across a broad range of length-scales, from hundreds of micrometres to tens of
nanometres [197][198][203].
The principle technique applied in this section is total internal reflection fluorescence
microscopy (known as TIRFM). As previously outlined in Chapter 2.5 the incident laser
illumination is introduced to the sample at the critical angle and is fully reflected from the glass
substrate. This phenomena (called total internal reflection) creates a shallow evanescent wave
at the sample surface; fluorescent molecules in this evanescent wave are excited by the laser
and their fluorescence detected, whilst molecules further away from the surface are not. This
facilitates the detection of labelled molecules at the surface without the background from
fluorophores in the bulk solution [293][318].
The following section describes our application of super-resolution fluorescence microscopy
(principally TIRFM) and single-molecule tracking to investigate the binding of lead anti-P2X4R
monoclonal antibodies (mAbs) to reconstituted P2X4Rs. We present preliminary data
visualising the binding of fluorescent mAbs to P2X4Rs reconstituted into giant unilamellar
vesicles (GUVs). Furthermore, the specific binding of fluorescent mAb to P2X4R reconstituted
in supported lipid bilayers is measured, both at equilibrium and in real-time. Our efforts to use
single-molecule tracking algorithms to extract useful kinetic parameters (including the
dissociation constant, off-rate and on-rate) from TIRFM videos are also described. In addition,
we report preliminary data suggesting that P2X4Rs reconstituted into SLBs on glass can be
activated by ATP stimulation. We utilised atomic force microscopy to check our samples prior
to TIRFM imaging. Our knowledge of the well-characterised SLB system (see Chapter 4.3) is
used throughout to correlate TIRFM and AFM data. Finally, we approximate the dissociation
constant (Kd) and Hill coefficient (α) by carrying out classic antibody-binding isotherm assays
by TIRFM.
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Confocal Giant Unilamellar Vesicle (GUV) Assay
Our initial priority was to confirm that fluorescently labelled anti-P2X4R mAbs could bind
specifically to reconstituted P2X4Rs. To this end we carried out a ‘halo’ assay, visualising the
binding of labelled mAb#151-LO to giant unilamellar vesicles (GUVs) containing reconstituted
P2X4R. We observed significant binding of labelled mAb (monoclonal anti-P2X4R antibody
labelled with Dylight-649 nm dye, herein referred to as mAb, or labelled mAb) to GUVs
containing multiple P2X4Rs (Figure 5.1). A ‘halo’ of bright fluorescence intensity was resolved
at the GUV membrane (n = 20) indicating extensive antibody binding.
Furthermore, no halo of bound mAb was seen when using empty control GUVs (n = 20). GUVs
(prepared as detailed in Chapter 2.4.1) were spherical in form and typically measured 10 – 20
μm in diameter. A negative control, to measure the binding of a labelled non-binding antibody
to P2X4R-GUVs, was not carried out. Nonetheless, the data is sufficient to demonstrate that
anti-P2X4R antibodies labelled with DyLight-649nm dye bind to P2X4Rs. This result confirms
that reconstituted P2X4Rs are in a conformation that is bound by the anti-P2X4R mAb.

a

b

c

d

Figure 5.1: Labelled anti-P2X4R mAb binds to P2X4Rs reconstituted into GUVs. Glass
coverslips were incubated with BSA for 30 mins prior to GUV deposition. The imaging buffer
contains fluorescein labelled Dextran to contrast the buffer inside the GUVs. No antibody binding
is seen for empty control GUVs imaged in the 650 nm channel (a). However, a halo of fluorescence
intensity is observed for P2X4R-GUVs, corresponding to mAb binding (c). Some non-specific mAb
binding to the passivated substrate is shown in (a). False colour images (b, d) show fluoresceinDextran in green and mAb in red. GUVs were DPhPC:Biotinyl-PE (99:1 by mass). Scale bar: 5 μm.
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In addition, time-lapse confocal imaging shows that reconstituted receptors can freely diffuse
around the periphery of GUVs (Figure 5.2). Furthermore, the initial ‘halo’ of bound mAb
eventually photobleaches, allowing us to image the binding of new, fluorescent, antibodies to
receptors in the GUV membrane over time (Figure 5.2).
With further optimisation, this GUV assay could be used for low-throughput screening of
candidate antibodies and could be adapted to detect their functional efficacy. The GUVs used
here settled on the glass surface because they contained the heavy sugar sorbitol. However,
the GUVs also contained 1% biotinylated-PE lipid (by mass) which could be exploited to tether
them to a passivated streptavidin layer on glass. Furthermore, the assay could be adapted to
allow the correlation of antibody binding and function. GUVs could potentially be formed in the
presence of calcium sensitive dyes; the opening of P2X4Rs in response to ATP stimulation
would cause an influx of calcium into the GUV, yielding a fluorescent signal that could be
monitored in the presence/absence of labelled antibodies with inhibitory function.

Figure 5.2: Time-lapse confocal imaging of antibody binding to P2X4Rs reconstituted into
GUVs. The approximate position of the GUV membrane is indicated in red. The initial intensity
‘halo’, corresponding to antibody bound at the GUV periphery, bleaches over tens of seconds. The
subsequent binding of labelled mAb to P2X4Rs is then imaged over time, collecting an image every
~ 15 seconds. White dashed circles indicate examples of antibody binding events. Scale bar: 5 um.
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Total Internal Reflection Fluorescence Microscopy (TIRFM)
To carry out single-molecule assays we used super-resolution total internal reflection
fluorescence (TIRFM) to DyLight-649 nm labelled antibodies. In order to characterise the
specific binding of anti-P2X4R mAb we carried out four different types of experiment using our
SLB model system (Figure 5.3). The binding of anti-P2X4R mAb to P2X4R was visualised at
equilibrium and in real-time. The experiments were controlled by measuring binding of a nonbinding antibody (NIP) to reconstituted P2X4Rs, as well as the non-specific interactions of mAb
and NIP with empty, control SLBs. Bilayers with and without reconstituted P2X4Rs were
prepared on treated glass coverslips as outlined in Chapter 2.2.3. TIRFM imaging was carried
out (as detailed in Chapter 2.5.3) at room temperature using a spinning-mirror to give a more
even field of illumination [297].

Figure 5.3: Schematics of the four major binding experiments carried out using TIRFM.
Experiments adding anti-P2X4R antibody (mAb) or non-binding antibody (NIP) to empty SLBs are
referred to as ‘mAb Control’ and ‘NIP Control’ respectively. Experiments adding anti-P2X4R mAb
or non-binding NIP to SLBs containing P2X4Rs are ‘P2X4R + mAb’ and ‘P2X4R + NIP’ respectively.
All experiments are carried out on glass substrates using antibodies labelled with DyLight-649 nm.

5.3.1 Supported Lipid Bilayers on Glass for Fluorescence Assays
Atomic force microscopy was applied to ensure the quality of supported lipid bilayers adsorbed
directly onto non-functionalised glass surfaces (Figure 5.4). Full coverage of membranes on
the glass was achieved for control SLBs and for SLBs containing P2X4Rs. For certain
experiments, gold nanoparticles were deposited prior to the SLB, to facilitate the correct focus
of the TIRF microscope, and did not affect the formation of full coverage bilayers on glass.
Reconstituted receptors are not mobile in the SLB, indicating that they are interacting with the
underlying glass surface. As expected, reconstituted receptors imaged by AFM on glass have
the same dimensions as observed on mica (see Chapter 4.3); these dimensions are consistent
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with the crystal structure [33] which we interpret as evidence to support our assumption that
P2X4Rs are embedded into the SLB in a near-native conformation.
The use of AFM to characterise samples prior to TIRFM imaging facilitates the analysis and
interpretation of the TIRFM data; fluorescence microscopy techniques are essentially ‘blind’ to
elements of the sample that are not labelled. As a result, critically important factors such as
the coverage of the substrate with bilayer or the cleanliness of the sample could not be
determined by TIRFM alone. In this sense AFM, which detects all aspects of sample
topography irrespective of fluorescent labelling, complements TIRFM in a synergistic manner.

Figure 5.4: Supported lipid bilayers with and without embedded P2X4Rs deposited on glass.
a) An empty control bilayer formed with full coverage. Inset: a gold nanoparticle imaged by AFM is
~ 100 nm in diameter. b) A bilayer containing P2X4Rs formed with full coverage. Holes in the glass
surface, resolved as black spots, are attributed to the manufacturing process of the cover slips.
P2X4R trimers, and higher order assemblies of trimers, are seen. Graphic schematics illustrate the
two different sample preparations (not to scale). Scale bars: 100 nm. Colour scales: 10 nm to -5
nm (main) and 100 nm to -5 nm (gold inset), where 0 nm represents the membrane surface.

High-resolution AFM images can be used to approximate the areal density of reconstituted
P2X4Rs in the membrane (Figure 5.5). Fifty images measuring 1 μm by 1 μm were captured
at 512 samples per line, allowing us to quantify the number of P2X4Rs per unit area. An areal
density of P2X4Rs was determined as 40 ± 9 P2X4Rs per μm2 (mean ± standard deviation,
for a total of 50 images recorded in three independent experiments). This areal density
encompasses all P2X4Rs resolved by AFM, including receptors within higher-order
assemblies. The areal density of P2X4Rs can be used to interpret our real-time TIRF data (see
Section 5.3.3.3 for more detail).
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Figure 5.5: The areal density of reconstituted P2X4Rs is approximated from high-resolution
AFM images. From left to right: A single P2X4R trimer, a dimer-, trimer-, and tetramer-, of P2X4R
trimers. AFM images were rendered in 3-dimensions using NanoScope analysis. Scale bar: 20 nm.

5.3.2 Early TIRF Binding Assays without Gold Nanoparticles
The following section pertains to our early single-molecule TIRFM assays. Labelled antibody
was directly injected into the sample volume (to a final concentration of 500 pM) on the
microscope stage during imaging. The detection of fluorescent antibody on the SLB surface
was then used to localise the surface in the z-axis. Using this strategy, the focal plane of the
sample could only be found after antibody injection; as a result we were unable to follow the
binding of antibodies in real-time. Nonetheless, we visualise extensive binding of anti-P2X4R
mAb to bilayers containing P2X4Rs but not to empty control bilayers (Figure 5.6 and Appendix
Figure 14) reproduced across three independent repeats, imaging at ~ 9 frames per second.

Figure 5.6: Time-lapse TIRFM visualises the binding of anti-P2X4R mAb to reconstituted
P2X4Rs. a) A movie sequence showing the minimal binding of mAb to empty control SLBs. b) A
movie sequence showing the extensive binding of mAb to SLBs containing P2X4Rs. The first image
in each sequence is the first image captured at the focal plane; subsequent images are three
seconds apart. The TIRFM images have been cropped to show a 20 μm region of even illumination.
The loss of fluorescent intensity throughout the image sequence illustrates the photobleaching of
Dylight-649 nm dyes (attached to bound antibodies) on the timescale of seconds. Scale bar: 5 μm.
152

5.3.3 Real-time TIRF Binding Assays
To determine the kinetics of antibody-P2X4R binding, we visualised the process of antibody
binding in real-time. For the experiments in this section, 100 nm gold nanoparticles were
adsorbed onto the glass and SLBs were formed around them (see Figure 5.4). The gold
particles diffract the excitation laser, allowing the focal plane of the glass surface to be located.
As a result, we are able to image the sample surface in focus before and after antibody
injection; antibody binding is therefore imaged in real-time and with a defined start point (time
zero, t0). We are thus able to visualise the dynamics of antibody binding at high temporal
resolution. Figure 5.7 shows the results of our real-time mAb binding and NIP control assays.

Figure 5.7: Real-time visualisation of antibody binding to empty SLBs and P2X4R-SLBs. For
all four experiments, the sample was imaged prior to antibody injection to locate the surface focal
plane and identify the gold nanoparticles (pre-injection, top panel). Deposition of gold nanoparticles
is difficult to control, therefore each sample has a different amount of gold on the surface. The
TIRFM image corresponding to the maximum number of binding events is shown in the bottom
panel (maximum binding). For ‘mAb control’ and ‘NIP control’ experiments, no significant binding of
antibody is observed. However, the ‘P2X4R + mAb’ experiment shows extensive antibody binding
to the surface; this is accentuated by comparison of the pre-injection and maximum binding images.
Note that no significant binding of NIP (non-binding control antibody) is observed in the ‘P2X4R +
NIP’ sample. This confirms that we are visualising the specific binding of labelled anti-P2X4R mAb
to reconstituted P2X4Rs. Insets: schematics of the two sample preparations. Scale bars: 10 μm.

A qualitative measure of the amount of antibody binding can be gained by comparing the field
of view prior to antibody injection (pre-injection) and at the frame containing the maximum
number of fluorescent spots (maximum binding). A small amount of non-specific antibody
binding is seen in the mAb and NIP control experiments on empty SLBs. In both controls using
empty SLBs, we observe the rapid diffusion of antibodies; we interpret these as molecules that
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are in solution above the surface, still in the range of the evanescent wave, but not bound to
the surface. Furthermore, significantly more mAb binding is observed on P2X4R-SLBs relative
to the negative control (mAb Control); in the ‘P2X4R + mAb’ experiment, single antibody
molecules are densely bound across the entire field of view. By comparison, only a low amount
of non-specific NIP binding to P2X4R-SLBs is detected; when viewed in concert with the lack
of binding in the ‘mAb control’, this result confirms that we are successfully visualising the
specific binding of anti-P2X4R antibodies to reconstituted P2X4Rs.

Figure 5.8: TIRFM movie showing specific anti-P2X4R mAb binding to reconstituted P2X4Rs.
We directly image the binding of mAb in real-time. Image contrast is adjusted to accentuate the
signal from bound antibodies, therefore the gold nanoparticles are not clearly visible. Frame 1600
marks the start of the upshift in antibody binding (~ t0). Frame 3442 contains the maximum number
of mAb binding events; the number of bound antibodies decreases over time following this
maximum. One frame corresponds to ~ 100 ms. Scale bar: 20 μm.

Using gold nanoparticles to locate the sample surface prior to antibody injection enables us to
successfully visualise antibody binding in real-time (Figure 5.8). We capture the specific
binding of single anti-P2X4R antibodies to reconstituted P2X4Rs at super-resolution and at ~
100 ms per frame. The result is reproduced across multiple independent repeats. The high
temporal resolution and real-time nature of the data allows us to investigate the dynamics of
the receptor-antibody interaction.
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5.3.3.1 Visualisation of Single-molecule Tracking Data
Our tracking protocol outputs graphics of single-particle trajectories (Figure 5.9). The resulting
images show antibody trajectories mapped in 2D and colour-coded according to time elapsed.

Figure 5.9: Graphic reconstructions of single-particle trajectory data for real-time antibody
binding experiments. Little antibody binding is observed in the mAb control and NIP control
samples. Extensive specific binding is observed in the ‘P2X4R + mAb’ sample. In comparison, a
relatively small amount of non-specific binding is seen in ‘P2X4R + NIP’. Gradual drift is observed
in the mAb control reconstruction; the drift is very slow relative to antibody motions. Scale bar: 12
μm. Colour scale represents time elapsed, from 0 to 30000 frames (~ 55 minutes in total).

Comparison of the reconstructions in Figure 5.9 accentuates the differences in the amount of
antibody binding in the four main TIRFM experiments.
Gradual linear microscope drift can be seen in the reconstructions in Figure 5.9. However, the
drift is slow (< 1 μm per hour) relative to antibody diffusion and to the max displacement
parameter in our tracking algorithm (2 pixels per frame, corresponding to ~ 250 nm in 111 ms).
We therefore conclude that the microscope drift is not affecting the tracking procedure. The
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drift would be problematic if we wanted to analyse single pixels over time (i.e. integrating
fluorescence intensity over time for each pixel to infer antibody binding kinetics). However, the
areal density of P2X4Rs in our SLB system results in more than one receptor per pixel (whilst
each receptor has a maximum of three antibody binding sites) therefore we did not pursue this
avenue of analysis.
Figure 5.10 shows the total number of single-molecule trajectories for each real-time binding
experiment. Quantification of the total amount of antibody binding for each experiment supports
our qualitative inferences drawn from TIRFM movies.

Figure 5.10: Total number of single-molecule trajectories in real-time binding experiments.
These data demonstrate the specific nature of the mAb binding to P2X4 receptors. The error bars
shown correspond to values obtained using the minimum (most strict) and maximum (most lenient)
tracking parameters.

The relative number of antibody binding events for the P2X4R and control samples were also
reproduced across three independent experiments without gold nanoparticles (data not
shown). Note that the quantitative data presented in Figure 5.10 alone would be sufficient to
compare the relative affinities of different candidate antibodies.
In addition to quantifying the total number of particle trajectories, we are also able to interrogate
the properties of each individual trajectory; this allows us to investigate the dynamic behaviour
of single antibodies as they interact with P2X4Rs. The following sections describe our efforts
to determine receptor-antibody complex kinetics by analysis of single-molecule trajectories.

5.3.3.2 Quantifying Track Lifetimes - approximating koff
The rate of receptor-antibody dissociation is defined by the off-rate constant koff (s-1). koff can
be calculated as the reciprocal of the dwell-time (in seconds) of a receptor-antibody complex
[304]. Figure 5.11 shows the distribution of single-molecule trajectory lifetimes for the binding
of anti-P2X4R mAb to reconstituted P2X4Rs. The distribution can be fitted with an exponential
that decays according to the rate constant denoted as kminus here. We overlay the lifetime
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distributions generated using the minimum and maximum tracking parameters, illustrating the
effect of the algorithm inputs on the final tracking data.

Figure 5.11: The distribution of single-molecule track lifetimes gives an estimate of the dwelltime of receptor-antibody complexes. The distribution is shown for the minimum and maximum
tracking parameters, showing the influence of the algorithm parameters on track lifetime. Track
lifetimes decay with the rate constant k minus between 0.27 s-1 (minimum) and 0.50 s-1 (maximum).
We assume that kbleach >> koff (therefore the measured constant kminus is simply equal to kbleach).

From inspection of TIRFM movies, we hypothesised that the majority of antibody binding
events photobleach before they dissociate from the sample surface. This hypothesis is
supported by analysis of the intensity and sigma (standard deviation of the point spread
function) for single molecules over time (data not shown). The intensity of each single molecule
typically decays to a baseline value at a roughly constant rate. Furthermore, we do not observe
an increase in sigma towards the end of any single-molecule tracks; an increase in sigma
would indicate that the antibody was dissociating from a receptor and thus diffusing away from
the surface.
We conclude that the off-rate determined from track lifetimes (kminus) is dominated by
photobleaching of DyLight-649 nm by the excitation laser. As a result, kminus is essentially a
measurement of the rate of photobleaching (referred to here as kbleach), which we assume
occurs on a faster timescale than the dissociation of receptor-antibody complexes (i.e. kbleach
>> koff). Ideally, a control would have been carried out to measure the rate of photobleaching
(kbleach) for labelled antibodies deposited onto glass. If this value of K bleach was similar to that
determined from the ‘P2X4R + mAb’ dataset we could conclude that photobleaching, rather
than antibody dissociation, limits the measurement of track lifetimes. Unfortunately, between
undertaking the P2X4R-mAb binding experiments and this control experiment, both the camera
and laser diode driver within the TIRFM setup had been replaced; this rendered the two
datasets incomparable. Note that an approach using Hazard functions [319] and survival
functions [320] has been applied in the literature in an attempt to compensate for bleaching
[321].
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Our analysis of track lifetime decay (Figure 5.11) yields a rate constant kbleach between 0.27 s1

(minimum) and 0.50 s-1 (maximum). This corresponds to a typical antibody dwell time of 2 to

4 seconds. The mean track lifetime is also calculated for the minimum and maximum tracking
parameters (summarised in Table 5.1). A single antibody binding event lasts on average 2.6
to 5.6 seconds before bleaching out, corresponding to a rate constant kbleach between 0.17 and
0.39 s-1.
Crucially we conclude that, due to photobleaching, our analysis of trajectory lifetimes
underestimates the receptor-antibody dwell-time and subsequently overestimates the off-rate.
The best approximation of koff from this method is 0.18 s-1.
Minimum Parameters

Maximum Parameters

Mean Lifetime (s)

5.6 ± 8.6**

2.6 ± 5.1**

P(lifetime > 5 s)

0.35 (~80,000 events)

0.13

P(lifetime > 10 s)

0.16

0.03

P(lifetime > 30 s)

0.02

0.001 (~ 550 events)

** mean ± standard deviation
Table 5.1: The average single-molecule track lifetimes for anti-P2X4R mAb binding to
reconstituted P2X4Rs. Mean lifetimes are shown for the minimum and maximum tracking
parameters. Note that standard deviation is preferred to the standard error of the mean (SEM); the
SEM for the lifetimes was small, due to the high number of observations, thus did not appropriately
represent the spread in data. The standard deviation assumes that the data is symmetrical about
the mean, although in reality it is impossible to register a negative value for track lifetime. The
probability of any given track lifetime exceeding 5 s, 10 s and 30 s are also shown.

The quenching of organic fluorophores by oxygen is well documented [322] and enzymatic
oxygen-scavenging systems have been applied to prolong fluorescent lifetimes and minimise
blinking [323][324]. The antibody binding assay was repeated in the presence of the oxygenscavenging enzyme Oxyrase, buffered to pH 7.4. A significant increase in the photostability of
green fusion protein (GFP) has been observed in the laboratory using Oxyrase (unpublished
work). During a short preliminary time-lapse experiment, four times more antibody binding
events were observed on SLBs containing P2X4Rs compared to the negative control; this
suggests that buffered Oxyrase does not alter the specific binding of anti-P2X4R mAb.
However, we observe no increase in the average lifetime of the single-molecule tracks (using
identical tracking parameters) therefore Oxyrase does not significantly prolong the
fluorescence lifetime of Dylight-649 nm. To achieve an appreciable increase in fluorescence
lifetime, an alternative labelling methods would be required [325][326].

5.3.3.3 Quantifying the Number of Tracks over Time
The number of single-molecule tracks can be plotted against time for each of the four real-time
antibody binding experiments (Figure 5.12). The curves corresponding to the mAb control and
NIP control experiments (empty SLBs) show minimal fluctuations around < 50 bound
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antibodies at any one time. The curve corresponding to the P2X4R-NIP experiment also
fluctuates around a baseline of ~ 100 bound antibodies. In contrast, the P2X4R-mAb curve
exhibits a sharp rise to plateaux at 1300 – 1600 bound antibodies (minimum and maximum
tracking parameters respectively); this maximum corresponds to an order of magnitude more
antibody binding in the P2X4R-mAb sample relative to the four control experiments.

Figure 5.12: The number of single-molecule tracks plotted against time for the real-time
antibody binding experiments. The mAb control and NIP control data are shown in black and
green respectively. The amount of non-specific binding of NIP to P2X4R over time is shown in dark
blue. The minimum and maximum number of tracks for the ‘P2X4R + mAb’ experiment are shown
in dark grey and light grey respectively; a two-component exponential fit is plotted through the data
from our optimal tracking parameters (memory = 1, max displacement = 2). Note that the P2X4RmAb curve does not plateau but appears to converge towards zero, probably due to bleaching of
free antibodies in solution.

The amount of bound antibody can be converted into an approximate receptor occupancy
using our knowledge of the areal density of P2X4Rs from AFM data (see Section 5.3.1). We
can therefore approximate the dissociation constant of the anti-P2X4R antibody from the
receptor occupancy at 500 pM antibody (~ 0.77%); the dissociation constant is determined as
the concentration of antibody that would cause 50% receptor occupancy at equilibrium
(assuming a 1:1 reaction stoichiometry and no competing side reactions) as per Equation 2.4
(where Kd = [L] * occupied P2X4R / unoccupied P2X4R). This basic correlative approach gives
an estimate of Kd ~ 25 to 45 nM assuming that all P2X4Rs counted by AFM can bind antibody.
Theoretically, a plot of receptor occupancy against time should contain all of the information
required to calculate the on-rate and off-rate of antibody binding. However, it is noted that the
number of bound antibodies in the P2X4R-mAb sample does not plateau as expected (at
equilibrium no net change in the amount of bound antibody would be observed). Instead, the
number of tracks reaches a maximum and then decreases over time. Antibodies bound to the
surface are believed to decay before they dissociate, but upon dissociating we would expect
each antibody to be replaced by a new fluorescing antibody. We postulate that this does not
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occur because the pool of fluorescently active free antibodies in solution is depleted over time
by photobleaching. This depletion process would be stochastic, caused by the random
diffusion of labelled antibodies through the evanescent TIRF wave. The evanescent wave
penetrates several hundred nanometres into the sample volume and the diffusion constant of
IgG in water is ~ 107 cm2 s-1 [325]; it is therefore plausible that over the course of a typical
experiment (~ 60 mins) a freely diffusing antibody might cumulatively reside within the
evanescent wave for sufficient time to photobleach the attached dye molecule(s).
Finally, a two-component exponential fit (Equation 2.6) was applied to the P2X4R-mAb curve
for the number of single molecules against time (the dotted line in Figure 5.12). Theoretically,
in an ideal situation with no photobleaching, the fit should accurately determine the on-rate and
off-rate of antibody binding. However, the two component fit gives kminus ~ 0.0015 s-1 (an
approximate koff) corresponding to a dwell-time of ~ 700 seconds. Furthermore, the fit gives
kplus ~ 0.01619 corresponding to kon ~ 3x107 s-1 M-1. The dissociation constant Kd calculated
from these parameters is ~ 50 pM. This value is orders of magnitude below the expected Kd
value (in the order of 101 - 102 nM). We therefore conclude that this fit is not suitable because
it simultaneously underestimates koff whilst overestimating kon.
In conclusion, the analysis based on the number of bound antibodies over time has several
disadvantages. Firstly, the number of bound antibodies is probably an underestimate because
antibodies bound to the surface that have been bleached are not counted. Furthermore, a
given antibody will bind at the surface, dissociate after a time and then re-bind (a cycle that
can be repeated many times); due to photobleaching we are unable to detect the re-binding of
bleached antibodies, however this process competes with the binding of fluorescently-active
antibodies.

5.3.3.4 Onset Time Analysis - approximating kon
Thus far our approaches for determining the kinetics of mAb binding have been limited by
photobleaching of the DyLight-649 nm fluorophore. To circumvent this limitation, we consider
the ‘onset time’ of each single-molecule binding event. This concept is described in detail in
Chapter 2.5.5.2. Figure 5.13 shows the onset time distribution histogram for the real-time
‘P2X4R + mAb’ experiment. We approximate the rate constant kplus (and therefore kon) by fitting
an exponential decay through the onset time distribution. Crucially, the onset time of a binding
event is not directly influenced by photobleaching. However, at large values of ti the distribution
is affected by the depletion of free labelled antibodies in solution by photobleaching.
Two distinct regions are observed in the onset time distribution that exhibit exponential decay
behaviour (light blue shaded area and green shaded area). Fitting an exponential decay
through the steepest onset time (threshold 1) yields the maximum bound of kplus ~ 0.0034 ±
0.0001 (mean ± range from minimum/maximum tracking parameters). This corresponds to a
maximum rate constant kon ~ 7x106 s-1 M-1 given an antibody concentration of 500 pM. An
exponential decay can also be fitted through the ‘tail’ of the onset time distribution (threshold
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2); this yields a minimum bound for kplus ~ 0.0011 ± 0.0001 which corresponds to a rate
constant kon ~ 2x106 s-1 M-1.

Figure 5.13: Onset time distribution for the real-time ‘P2X4R + mAb’ binding experiment. The
distributions obtained using minimum and maximum tracking parameters are shown. Two different
thresholds are shown, corresponding to ranges over which

h the curves follow exponential

behaviour. The exponential fits shown yield a range of decay constants (k plus) between 0.0011 and
0.0034.

Note that calculating kon involves dividing kplus by the antibody concentration; as a result, the
value of kon is heavily dependent on the concentration. We manually inject the antibody solution
into the sample therefore differences in the amount of bound antibody can be seen between
areas; this is suggestive of heterogeneity in the local concentration of antibody. Our
calculations assume an antibody concentration of 500 pM, although local variation in
concentration could potentially introduce error into our determination of kon (small shifts in
concentration give a significant shift in the kon).
In conclusion, the onset time of antibody binding is not directly influenced by photobleaching
and allows us to determine that kon is on the order of 106 s-1 M-1.

5.3.4 Equilibrium Samples - approximating Kd
Figure 5.14 shows the distribution of single-molecule track lifetimes from multiple independent
equilibrium experiments (see Chapter 2.5.3.2). The mean track lifetimes obtained with the
maximum and minimum tracking parameters are consistent with those measured in the realtime binding experiments. Again, we conclude that the lifetime measurements are dominated
by the rate of dye photobleaching. The mean track lifetime obtained using the minimum
tracking parameters is 6.7 ± 8.8 seconds (mean ± standard deviation; see Table 5.1 for a note
on negative track lifetimes) and the minimum kminus is 0.27 s-1. Note that the minimum and
maximum distributions shown are not from the same sample but rather correspond to the
permutations (of the individual sample and the tracking parameters) that give the largest range
in decay constant.
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Figure 5.14: Distribution of single-molecule track lifetimes from the ‘equilibrium’ samples.
Three independent repeats were carried out. Minimum and maximum distributions are shown here,
corresponding to permutations of sample and tracking parameters that yield the largest range of
decay constants (0.27 s-1 and 0.66 s-1 respectively). Minimum and maximum mean lifetimes are 2.6
± 5.1 s and 6.7 ± 8.7 s respectively (mean ± standard deviation), consistent with the real-time
experiments.

Figure 5.15: The number of single-molecule tracks over time for ‘equilibrium’ samples yields
the receptor occupancy at 500 pM anti-P2X4R antibody. The minimum and maximum number
of tracks, observed across three independent repeats, are shown. The number of tracks decays
over time due to photobleaching. Exponential fits through the decay of tracks over time are
extrapolated back to the initial start of illumination, giving the number of bound antibodies at
equilibrium (1 hour incubation at 16 °C). Between 2000 and 3000 single antibody binding events
are detected in the TIRF field of view (depending on the tracking parameters) which corresponds
to a receptor occupancy between 0.7% and 1.7%, at a mAb concentration of 500 pM.

The number of antibody binding events at equilibrium is calculated by extrapolating the number
of tracks back to the start of evanescent illumination (Figure 5.15). Using Equation 2.4 we can
thus approximate that Kd ~ 30 to 70 nM. Furthermore, the number of bindings events can be
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converted into receptor occupancy (%) using the areal density of P2X4R in the bilayer (see
Figure 5.5). Note that this value is not influenced by photobleaching. Finally, the percentage
receptor occupancy at 500 pM antibody can be used to approximate the dissociation constant
(Kd) for the interaction. This simple approach gives Kd ~ 15 to 35 nM, an approximate value
obtained using samples that are assumed to have reacted to reach equilibrium conditions.

5.3.5 ATP Binding Data
Here preliminary data is presented for the real-time visualisation of anti-P2X4R mAb binding
to reconstituted P2X4Rs in the presence of 1 mM ATP. The mAb used throughout this project
is thought to bind the closed conformation of P2X4R much more favourably than the open
conformation [30]. Interestingly, we observe significantly fewer antibody binding events for a
sample incubated with ATP relative to samples without ATP (Figure 5.16). All other factors
(sample preparation, antibody concentration and labelling) were kept constant. The onset time
distribution and track lifetime distribution for the ATP-treated sample were highly consistent
with untreated samples; the bound antibodies display similar single-molecule behaviours but
are significantly fewer in number (between 40 and 60% of the amount observed in the absence
of ATP). More independent repeats of this experiment would be required in future work to
reinforce these preliminary findings.

Figure 5.16: Preliminary data show the reduction of anti-P2X4R mAb binding to P2X4Rs in
the presence of 1 mM ATP. The error bars represent the tracking algorithm output using the
minimum (strict) and maximum (lenient) tracking parameters. The sample was incubated at 1 mM
ATP for 10 minutes prior to TIRF imaging.

This preliminary result suggests that a significant amount (~50%) of P2X4Rs embedded in
SLBs on glass are able to bind to ATP at 1 mM. Alternatively, if we assume that 100% of
embedded P2X4Rs can bind to ATP, the observation of antibody binding could suggest that
the mAb and ATP are not competing for the same binding site; thus the mAb may be an
allosteric inhibitor. Although preliminary, this data strengthens the case for using simple SLBs
as a model system for testing antibody binding. In future work, antibody binding could be
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measured at a range of ATP concentrations (cellular ATP levels are typically 1 – 10 mM [327]).
Furthermore, there is the potential for future work to explore a multitude of informative
competition assays. The binding of labelled anti-P2X4R mAb could be measured (with and
without ATP) in the presence of: varied amounts of different anti-P2X4R antibodies or Fab
fragments; non-binding antibodies (to measure non-specific interaction); or small-molecule
modulators of ion channel activity. Competing species could be non-labelled, as the amount of
competing binding would be quantified from the relative reduction in labelled antibody binding.
This could be useful for determining the relative affinity of different antibodies, for example.

TIRFM Antibody Binding Isotherm
In order to validate and complement the findings from single-molecule fluorescence
experiments we carried out a series of classic binding isotherm experiments. The amount of
binding of labelled anti-P2X4R antibody to P2X4Rs in our model system was measured as the
total fluorescence intensity at the sample surface (a ‘bulk’ measurement). The following section
details the binding isotherm data and the approximation of informative kinetic parameters from
obtained response curves.

5.4.1 Binding Isotherm
Three independent repeats of an antibody binding isotherm were carried out across multiple
orders of magnitude of antibody concentration (0 nM – 500 nM). The number of repeats was
limited by sample throughput and the rate of reagent usage. Figure 5.17 shows the binding
curve obtained from a single independent repeat (0 nM – 500 nM mAb). All data points are
weighted equally during fitting. The standard deviation of the average pixel intensity is used to
judge the most appropriate intensity value to normalise to (i.e. the maximum binding response).
For the dataset shown, 500 nM was the highest concentration measured and also showed the
lowest spread in pixel intensity; the entire binding curve is therefore normalised to the response
at 500 nM (P(bound) = 1).
The individual dataset shown in Figure 5.17 yields a value of Kd ~ 33 nM and a Hill coefficient
α ~ 1.5 when fitted with Equation 2.7 (R-squared > 0.8). The Kd and α values from the other
independent repeats are similarly determined. Weighted average values for Kd and α can then
be calculated (see Chapter 2.5.6). The weighted average Kd ~ 36 nM (weighted standard
deviation ~ 33 nM; standard error of the weighted mean is ± 7 nM). In addition, the weighted
mean Hill coefficient α ~ 1.33 (weighted standard deviation ~ 0.60; standard error of the
weighted mean is ± 0.39). We attribute the spread in Kd and α to variations in TIRF illumination
and antibody labelling between different experiments.
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Figure 5.17: Binding curve of the probability of total receptor occupancy vs antibody
concentration for one individual dataset. The binding curve is normalised to the binding
response at 500 nM antibody and fitted according to Equation 2.7. This approach yields K d ~ 33 nM
and α ~ 1.5. A Hill coefficient > 1 suggests that the binding of mAb to P2X4 is a cooperative process.

Crucially, all three independent binding curves give a Hill coefficient greater than 1, suggesting
that mAb binding to reconstituted P2X4R is a potentially cooperative process. In other words,
the binding of one antibody to a P2X4R trimer makes the binding of additional antibodies more
favourable, or rather increases the likelihood of further binding. It is thought that up to three
antibodies can bind to a single P2X4R trimer, however the cooperativity at play in this process
was hitherto unknown [30].
It is possible that the binding of one antibody to a P2X4R trimer reduces the conformational
space that the receptor may randomly explore; an increase in conformational stability could
promote the binding of additional antibodies to the receptor. Furthermore, the mAb is thought
to recognise an epitope formed at the interface between two P2X4R subunits (i.e. one Fab
fragment of the antibody binds to residues in the flipper domain of one subunit and to residues
within the head domain of an opposing subunit) [30][73]. The binding of an antibody at one
inter-subunit interface could therefore stabilise the other two binding epitopes; in this scenario
it stands to reason that the binding of up to two additional antibodies would be more favourable
than the initial binding event. It is also possible that binding of one Fab arm to an intersubunit
epitope allows the 2nd arm to readily bind another intersubunit epitope (i.e. an avid interaction).
Future work could utilise force spectroscopy to investigate the effects of stoichiometry and
cooperativity in detail. The implications of cooperative mAb binding are discussed further in
Chapter 6.6.

5.4.2 Intensity Decay for Equilibrium Samples – approximating koff
The binding curve shown in Figure 5.17 is derived from the initial fluorescence intensity
detected on the sample surface after a 1 hour incubation with antibody. The decay of
fluorescence from this initial value is measured over time, at a temporal resolution of 20 frames
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per second. Figure 5.18 shows the rate at which the fluorescence decays for a range of
antibody concentrations (10 nM – 300 nM).
The rate constant for intensity decay over time is determined by fitting an exponential (Equation
2.11) through the curve that corresponds to each concentration. Note that the normalised
curves do not tend to the same baseline value; we attribute this to variation in the levels of
background intensity at different antibody concentrations (typically higher concentrations have
greater background intensity). However, the rate constant for the fluorescent decay (kminus)
does not show significant variation over a large range of concentrations (see Table 5.2). As
previously outlined, we assume that photobleaching occurs on a faster timescale than antibody
dissociation (kbleach >> koff). The measured rate constant kminus is therefore approximately equal
to the rate of photobleaching (kbleach).

Figure 5.18: Normalised Intensity plotted against time for five different antibody
concentrations. The rate of decay can be extracted by fitting with Equation 2.11. The normalised
plots do not decay to the same baseline because the background intensity varies between samples.
The rate constant of fluorescence decay (k minus) is consistent over a range of concentrations and
actually represents the rate of photobleaching (kbleach) at 1.85% laser power and a 35 ms exposure.

The average value of kbleach is 0.058 ± 0.008 s-1 for 1.85% excitation laser power and an
exposure of 35 milliseconds (Table 5.2). Note that the value of kbleach from the isotherm
experiments is an order of magnitude smaller than the Kbleach obtained from our single-molecule
experiments (see Figure 5.11) corresponding to a significantly longer fluorophore lifetime. The
single-molecule datasets were recorded at 5% excitation laser power and an exposure time of
100 ms; as a result, the rate of photobleaching was faster than observed in the isotherm
experiments.
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Concentration (nM)

kminus (s-1)

10

0.05

50

0.07

100

0.06

150

0.06

300

0.05

Table 5.2: Rate constants for the decay of fluorescent intensity observed in isotherm
samples incubated at a range of concentrations. kminus is dominated by photobleaching and is
thus synonymous with kbleach. The mean kbleach is 0.058 ± 0.008 s-1 suggesting a lifetime of ~ 20 s.

Critically, comparison of the rate of photobleaching from isotherm and single-molecule
experiments confirms that photobleaching is the limiting factor in determining the actual dwelltime of receptor-antibody complexes. As a result, the kbleach obtained from the decay of
normalised intensity is the closest approximation of the ‘true’ off-rate as can be feasibly
achieved with our TIRF assay. We therefore determine that koff < 0.05 s-1, corresponding to a
mAb dwell-time of ~ 20 s.

Conclusion
Through the work presented in this chapter we have successfully visualised the specific binding
of fluorescently labelled anti-P2X4R antibody to P2X4Rs reconstituted into intact vesicles and
supported lipid bilayers. Single-molecule localisation microscopy (combining TIRFM and
particle tracking software) allows us to investigate the kinetics of antibody binding at the singlemolecule level.
Through real-time antibody binding TIRFM movies we visualise the extensive and specific
binding of anti-P2X4R mAb to P2X4R-SLBs, whilst minimal binding is observed in control
experiments using empty SLBs. Furthermore, a labelled non-binding antibody (NIP) is used to
quantify the amount of non-specific binding inherent in our model system; we observe
significantly less binding of NIP (an order of magnitude) relative to mAb when injected over
P2X4R-SLBs. Furthermore, we correlate our TIRFM and AFM data to draw informative
inferences from TIRFM binding data; for example, the number of single-molecule binding
events can be converted into a percentage receptor occupancy using the areal density of
receptors in the bilayer, allowing us to approximate Kd ~ 15 to 35 nM.
The determination of kinetic parameters is heavily influenced by the rate of fluorophore
photobleaching. This phenomenon, intrinsic to all fluorescence experiments, places a limit on
the amount of time an antibody binding event can be visualised for before bleaching to
undetectable intensity levels. The rate of bleaching dominates the distribution of track lifetimes,
therefore our measurements of antibody-receptor dwell-times are underestimates; as a result,
values of koff determined from our TIRFM data are likely to be significant overestimates of the
true rate constant. We conclude that the closest approximation of the off-rate from TIRFM data
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is koff < 0.05 s-1 corresponding to a typical dwell-time of 20 seconds. Note that a value of koff
on the order of 10-2 s-1 is several orders of magnitude higher than typical published off rate
constants for high affinity antibodies [91][328][329][330].
Moreover, bleaching influences the distribution of binding events over time in two significant
ways. Firstly, the rate of bleaching is shown to be faster than the rate of dissociation, therefore
the number of binding events at any moment in time is an underestimate of the actual amount
of binding. Furthermore, we postulate that the pool of labelled antibodies in solution is gradually
depleted over time due to stochastic bleaching of diffusing antibodies; this depletion results in
a drop-off in the number of antibody binding events over time, contrasting the plateaux that is
expected from a reaction at equilibrium.
Furthermore, we analyse the onset time distribution of antibody binding to P2X4R-SLBs,
yielding an estimate of the on-rate constant kon ~ 2x106 to 7x106 s-1 M-1 that is not directly
influenced by the rate of photobleaching. Note that an on-rate constant of this magnitude is
feasible for a high affinity mAb [91][330]. In addition, TIRFM binding isotherm experiments yield
an approximate value for the dissociation constant Kd and suggest that the binding of mAb to
P2X4R is a cooperative process.
TIRFM binding isotherms, although rather variable, allow another estimate of the dissociation
constant, Kd ~ 36 ± 33 nM and hint at the cooperativity of the interaction, information that is
informative for the design of assays utilising other techniques (see Chapter 6.4).
Table 5.3 summarises the different kinetic parameters determined from our single-molecule
localisation experiments. The ranges shown in the table represent the minima and maxima
obtained using the different permutations of empirical values.
There are several key advantages of TIRFM as a technique for antibody binding assays,
including: high sensitivity (capable of detecting single labelled molecules at very low
concentration); and high spatiotemporal resolution, allowing the study of processes at the
single-molecule level with high sampling rate. The sensitivity of TIRFM also helps to avoid
over-estimates of antibody affinity due to avid binding (which can occur when using overexpressing cell methods, for example). Finally, single-molecule TIRFM experiments require
low concentrations of fluorophore (pM) which results in very low reagent usage, advantageous
for the screening of candidate antibodies. Notwithstanding, the limitations of TIRFM include
the intrinsic effect of photobleaching and errors arising from: sample heterogeneity; fluid
handling; variations in antibody labelling; and evenness in the evanescent TIRF illumination.
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Total Internal Reflectance Fluorescence
(TIRF)
Kd

Incubations & AFM

Binding Isotherm***

(nM)

(Figure 5.15)

(Figure 5.17)

15 to 35

36 ± 33

Onset Time Distribution

kon = koff / Kd (using isotherm decay kminus)

(Figure 5.13)

(Table 5.2)

kon
-1

-1

(s M )

6

2x10 to 7x10

6

6

1x10 to 3x10

6

Mean Lifetimes**

koff = Kd x kon**

Isotherm Decay kminus**

(Table 5.1)

(Table 5.3)

(Table 5.2)

0.18 to 0.39

0.01 to 0.5

0.05

Dwell-time

Mean Lifetimes**

koff = Kd x kon **

Isotherm Decay kminus**

(s)

(Table 5.1)

(Table 5.3)

(Table 5.2)

2.6 to 5.6

2 to 100

20

koff
-1

(s )

Hill

(Section 5.4.1)

Coefficient

1.33 ± 0.6 ***

Advantages

Very low reagent usage (pM concentrations).
High sensitivity (single-molecule) and high spatiotemporal resolution.

Limitations

Bleaching influences kinetic data.
Labelling may influence antibody binding.
Labelling efficiency (non-labelled antibody competes for binding)
Errors from sample heterogeneity, labelling, illumination and fluid-handling.

** dominated by photobleaching *** weighted mean ± weighted standard deviation
Table 5.3: Kinetic parameters determined from TIRFM data and a comparison of the key
advantages and limitations of our TIRFM assays for investigating antibody binding to
P2X4R. The cross-reference in parentheses refers to the relevant data used to calculate each
parameter. In the instances that Table 5.3 is cited in parentheses, the parameter represents the
range of values possible considering the two most extreme permutations of parameters in the table.

Future work using TIRFM could explore the use of different labelling methods to maximise the
photostability of the labelled antibodies. This may include the use of other organic dyes or
perhaps the conjugation of quantum dots or nanoparticles to antibodies [207][325][326].
Another avenue of future work could use polymer-supported bilayers or partially supported
bilayers to investigate the effect, if any, of the interactions of P2X4Rs with the underlying
substrate [331][228][332]. In addition, we believe unruptured vesicles (potentially GUVs)
containing P2X4Rs are an exciting system for TIRFM assays; the binding of antibody to mobile
receptors can be measured and, with the incorporation of calcium sensitive dyes into the
vesicle, simultaneously correlated with functional consequences [317].
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Future work could also involve labelling P2X4Rs for traditional two-colour correlation
microscopy, as well as competition assays to characterise mAb binding in more detail (e.g.
quantifying binding in the presence and absence of ATP, other antibodies and potentially smallmolecule modulators). Furthermore, competition assays could help elucidate the antibody
mechanism of action.
Another interesting avenue of future data analysis would entail integrating the intensity of single
pixels over time (selecting only pixels where an antibody binding event is recorded) for antibody
binding experiments on P2X4R-SLBs. Once the initial bound antibody in each pixel has
photobleached, another binding event may only occur at the pixel once the initial (bleached)
antibody has dissociated from the receptor. Quantifying the time between the first antibody
binding event and the start of a subsequent event (for each pixel) would therefore provide an
estimate of the apparent antibody dwell time (and thus the off-rate). Such a measurement
would not be directly influenced by photobleaching; the analysis would, however, require driftcorrected data and a density of less than one P2X4R per pixel in the supported lipid bilayer.
Finally, the data obtained using our supported lipid bilayer system has informed the design of
LigandTracer experiments currently being undertaken by MedImmune (Cambridge facility). It
is envisaged that the Kd, koff and kon of labelled anti-P2X4R will be determined on P2X4R-SLBs
and compared to LigandTracer data obtained on cells with elevated expression of hP2X4R.
The kinetic parameters obtained on hP2X4R-expressing cells will also be compared to our
TIRFM data on model membranes. This concept will be revisited further in Chapter 7.
In conclusion, single-molecule TIRFM is a powerful tool for visualising receptor-antibody
interactions. Using TIRFM we have been able to determine (to at least within an order of
magnitude) the values of Kd, koff and kon for the binding of a lead candidate therapeutic antibody
to a recombinant human ion channel. However, our results are somewhat limited by the
photobleaching of fluorophores, an intrinsic characteristic of fluorescence microscopy
methods. We therefore focus our attention on the application of a label-free technique sensitive
to the interactions of biomolecules, namely quartz-crystal microbalance with dissipation
monitoring (QCM-D), as outlined further in the following results chapter (Chapter 6).
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6

QCM-D Binding Assays and Kinetic Analysis
Introduction

As outlined in Chapter 5 the characterisation of antibody-binding kinetics using single-molecule
fluorescence is heavily influenced by the rate of fluorophore photobleaching. Quartz crystal
microbalance with dissipation monitoring (QCM-D) is a label-free alternative technique that is
also highly sensitive to the binding of molecules at the surface of an oscillating quartz crystal
(see Chapter 2.6).
As previously outlined, QCM-D has emerged as a powerful tool to study various biological
samples (see Chapter 1.6.4). It would appear that the majority of studies in the literature
immobilise either the antibody or antigen of interest directly onto the QCM-D sensor (usually
using thiol linkage chemistry). Studies using supported lipid bilayers containing reconstituted
membrane proteins are not common.
The results presented in this chapter document: the transfer of our well-characterised model
membrane system to QCM-D sensors; and subsequent experiments investigating the binding
of anti-P2X4R mAb to reconstituted P2X4Rs at the sensor surface. To the best of our
knowledge, this is the first use of QCM-D for measuring the binding of therapeutic monoclonal
antibodies to human ion channels reconstituted into SLBs.

Formation of Supported Lipid Bilayers on QCM-D Sensors
Our initial objective was to transfer our well-characterised model membrane system, utilised
for by AFM and TIRFM, to QCM-D. Essential to this is the deposition of supported lipid bilayers
on silica QCM-D sensors. After optimising the lipid concentration, the flow rate and the
concentration of divalent cations, we successfully formed empty SLBs and P2X4R-SLBs on
silica sensors (Figure 6.1).
The deposition of phosphatidylcholine (PC) SUVs yields classic QCM-D traces typical of SLB
formation [333]. Upon introducing lipid to the solution phase a large frequency decrease
occurs, coupled with a large upshift in dissipation energy; the vesicles then rupture and the
frequency shift increases to a baseline ~ 25 Hz whilst the dissipation returns to approximately
zero. The resultant baseline (corresponding to a complete SLB) is stable over time.
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Figure 6.1: QCM-D traces show the deposition of supported lipid bilayers on silica sensors.
a) A classic QCM-D trace is observed for the deposition of empty PC SLBs, giving Δf = 24.6 ± 0.7
Hz and ΔD = 0.32 ± 0.31 units (x106). b) The QCM-D trace observed for P2X4R-SLB deposition
shows several striking differences with the trace shown in (a). Nevertheless, after approximately 1
hour the curves reach a stable baseline, giving Δf = 28.1 ± 2.6 Hz and ΔD = 1.41 ± 0.41 units (x106).
Conditions for SLB deposition are: 50 μg ml-1 lipid; 20 μl min-1 flow rate; and 2 mM MgCl2.

The formation of empty supported lipid bilayers gives an average frequency shift (Δf) of 24.6 ±
0.7 Hz and an average dissipation shift (ΔD) of 0.3 ± 0.3 units (x106); these shifts are in close
agreement with literature values for the formation of full coverage SLBs [333]. Similarly, during
the deposition of P2X4R-SLBs, a large frequency downshift (accompanied by an upshift in
dissipation) is observed. However, the frequency value increases from the minimum more
slowly for P2X4R-SLBs than empty SLBs. It is possible that P2X4Rs in the bilayer increase
interactions between the bilayer and SUVs in solution (such that unruptured SUVs persist at
the surface). It is also possible that SUVs containing P2X4Rs rupture more slowly/less
favourably on the silica sensor than empty SUVs. Nevertheless, when lipid is removed from
the solution phase the frequency increases to reach a flat baseline after ~ 1 hour. The formation
of P2X4R-SLBs gives an average value of Δf ~ 28.1 ± 2.6 Hz and an average value of ΔD ~
1.4 ± 0.4 units (x106).
We attribute the difference in Δf and ΔD values between the two samples to the presence of
P2X4Rs in the bilayer. Embedded receptors (150 kDa per receptor) increase the mass of the
bilayer on the sensor surface and thus cause a larger reduction of the resonant frequency. The
increase in dissipation caused by the receptors is less intuitive but is consistent with other
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studies of protein insertion into SLBs [238]. Theory suggests that the receptors (thought of as
solvated particles that protrude ~ 5 nm above the membrane) increase the surface-averaged
thickness and overall water content (thus the dissipation) of the film. Furthermore, the many
surface-receptor interfaces created by reconstituting P2X4Rs theoretically increases the
propensity for the dissipation of energy from the sensor to the film [233].
We can test the P2X4R-SLB samples for coverage and quality by re-introducing lipid into the
solution phase after a stable baseline has been reached (> 4500 seconds). When vesicles are
re-introduced, the frequency decreases (indicative of vesicles settling on the surface but not
rupturing). However, switching to the imaging buffer washes the vesicles away and the
frequency returns to the stable baseline; this suggests that full coverage of SLB has been
obtained. We therefore conclude that the empty SLBs and P2X4R-SLBs formed directly onto
silica QCM-D sensors are suitable for investigating the binding of anti-P2X4R antibodies.

Antibody Addition Experiments
6.3.1 Frequency shifts are small relative to intrinsic drift in the system
Having determined that P2X4R-containing SLBs could be formed on silica QCM-D sensors,
the next objective was to ascertain whether QCM-D could detect the binding of anti-P2X4R
mAb at physiologically-relevant concentrations. Note that for all experiments presented here
the QCM-D chambers and tubing were cleaned and passivated with BSA between experiments
(see Chapter 2.6.2) to minimise the non-specific binding of reagents to these surfaces.
We observe that the intrinsic frequency drift in the QCM-D system is typically on the order of 1
Hz per hour (as measured in the frequency channel). However, the maximum frequency shifts
observed upon addition of excess antibody (concentrations up to 200 nM) are ~ 0.6 Hz. As a
result, for experiments carried out over several hours the frequency shifts in response to
antibody addition are obscured by the rate of systemic frequency creep (Figure 6.2). To correct
for this, 1st or 2nd order polynomial tilt-correction is applied to frequency traces (as detailed
previously in Chapter 2.6.3.1).
Furthermore, instead of testing many different concentrations per sensor, we subdivided the
concentration range of interest into groups of ~ 2 concentrations per sensor; by doing so we
minimise the influence of drift on the frequency shifts recorded as a result of antibody binding.
Moreover, for critical concentrations in the isotherm (those located near the ~ Kd) we carried
out additional measurements using freshly-prepared P2X4-SLBs (quantifying the frequency
shift caused by the direct transition from 0 nM – 30 nM, rather than from 0 nM – 2 nM – 30
nM). In all instances, values of Δf from these ‘direct’ experiments were in close agreement with
drift-corrected data from longer binding experiments.
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Figure 6.2: A QCM-D trace for a long antibody binding experiment demonstrates the need
for tilt-correction. The fifth and seventh frequency overtone are shown (light grey and dark grey
respectively). The original baseline value (set to zero), corresponding to a freshly prepared P2X4SLB, is indicated by the black dashed line. Three concentrations of antibody (0.5 nM, 30 nM and
70 nM) were added, marked by the black arrowheads. By inspection, a significant downshift in
frequency occurs following the addition of 30 nM mAb. However, due to the drift in the system the
measured frequency at 30 nM mAb is actually higher than the original baseline. This illustrates the
suitability for applying a 1st or 2nd order polynomial tilt-correction to the QCM-D data.

6.3.2 Antibody Binding Experiments and Associated Controls
Figure 6.3 shows a selection of QCM-D frequency traces recorded in response to flowing
varying concentrations of anti-P2X4R mAb over P2X4R-SLBs.
In the absence of antibody the frequency traces are stable and fluctuate slightly around the
baseline values. However, when mAb is introduced into the flow (e.g. at 10 nM or 30 nM as
shown) we clearly observe a distinct downshift in the frequency, corresponding to an increase
in mass at the bilayer surface. Furthermore, at concentrations greater than 2 nM
(approximately determined as the detection limit) the Δf values increase with an increase in
the concentration of antibody; for example, Δf ~ 0.32 Hz at 10 nM compared to Δf ~ 0.56 Hz at
30 nM mAb. Antibodies are serially diluted in imaging buffer to nullify the effect of changes in
ionic milieu. A full list of Δf values for mAb binding is shown in Table 6.1.
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Figure 6.3: QCM-D frequency traces show the binding of mAb to reconstituted P2X4Rs. a) A
P2X4R-SLB recorded at 0 nM mAb shows a stable baseline over the timescale of antibody binding
(~ 15 minutes). b) In contrast, a negative frequency shift is observed (by ~0.4 Hz) when 10 nM mAb
is introduced to the P2X4R-SLB surface. Antibody binding increases the mass at the sensor
surface, causing a reduction of the sensor resonance frequency (a negative Δf). Cartoons illustrate
the binding of antibody to reconstituted P2X4Rs. c) Flowing 30 nM mAb over a P2X4R-SLB yields
changed the frequency by ~0.6 Hz, which we interpret as a higher amount of antibody binding than
observed at 10 nM. d) Interestingly, when 200 nM mAb is flowed over a P2X4R-SLB that has been
incubated at 200 nM NIP (non-binding antibody) the Δf recorded is ~ 0.64 Hz. This value is
consistent with the measured Δf observed for a P2X4R-SLB sample where 200 nM mAb is added
in the absence of NIP; this suggests that there is little non-specific binding of NIP to P2X4Rs in our
system, thus the competition between NIP and mAb is minimal. Arrowheads mark the introduction
of antibody into the flow; typically a ‘lag’ time of > 200 s is observed, corresponding to the time
taken for antibodies in solution to traverse the tubing, reach the QCM-D sensor and start to bind to
the P2X4 receptors.

Crucially, the frequency shifts observed for the addition of mAb to P2X4R-SLBs are roughly an
order of magnitude higher than shifts recorded in control experiments (Figure 6.4). We
therefore conclude that our experiments are predominantly measuring the specific binding of
mAb to P2X4Rs reconstituted in SLBs deposited on the QCM-D sensor surface. For a full list
of the Δf values observed in all control experiments please see Table 6.2 and Table 6.3.
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Figure 6.4: QCM-D frequency traces corresponding to different control experiments. a) Small
Δf values are observed for an empty SLB at 100 nM mAb (more pronounced in 3 rd overtone). b) No
significant shift is seen for a P2X4R-SLB at 200 nM NIP. c) A P2X4R-SLB exhibits a stable baseline
at 0 nM mAb. d) Absolute values, before normalisation, of Δf for ‘P2X4R + mAb’, ‘P2X4R + NIP’
and ‘mAb Control’ experiments. Data are mean shifts ± standard deviation (n ≥ 3, n ≥ 2 and n ≥ 2
respectively).

Figure 6.3 also highlights the potential of QCM-D to investigate the competition between
antibodies. When 200 nM mAb is introduced to P2X4R-SLBs that have previously been
incubated with 200 nM NIP (non-binding IgG) the Δf recorded is consistent with the shift seen
in the absence of NIP; this confirms that the binding of mAb is unaffected by the high
concentration of NIP in solution. The implications of this result are twofold: firstly, little nonspecific NIP binding occurs in the system; secondly, the competition between NIP and mAb for
P2X4R binding sites is minimal.
Typically, the deposition of a full antibody monolayer on a sensor surface results in Δf ~ 6 Hz
(empirical standard from the Richter lab). Given the low areal density of P2X4Rs in the model
membranes, small values of Δf are to be expected (we measure a maximum Δf ~ 0.6 Hz at
200 nM mAb).
However, in fluid, frequency shifts are not strictly directly proportional to the amount of binding
to the surface. The factors contributing to Δf values are manifold, including: the mass of
particles at the surface; the orientation of particles at the surface [334]; and the amount of
water molecules displaced by particles at the surface. However, the Δf values observed in our
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antibody binding assays are consistent between independent repeats, and the range of Δf
values recorded is small. Therefore, we assume that the Δf recorded is approximately
proportional to the amount of antibody bound to the model membrane at the silica sensor
surface.
Table 6.1 shows the average frequency shift values recorded for the addition of 0 – 200 nM
anti-P2X4R mAb to supported lipid bilayers containing reconstituted P2X4R.

Concentration

Mean Frequency Shift

Standard Deviation

(nM)

(Hz)

(Hz)

0

0

0

2

0.0241

0.0483

10

0.3241

0.0426

30

0.5616

0.0434

50

0.5092

0.0454

100

0.5805

0.0654

200

0.6363

0.0830

Table 6.1: Frequency shift data for mAb addition to supported lipid bilayers containing
P2X4Rs. The mean Δf and standard deviation were calculated from independent repeats (n ≥ 3 for
each concentration). All frequency traces were tilt-corrected as detailed in Chapter 2.6. Dissipation
values (not shown) typically changed by ~ 0.1 units (10 6) in response to mAb addition. Δf values
were recorded for six resonant overtones of the crystal sensor. Critically, the Δfi values measured
upon antibody binding are highly consistent across the four analysed overtones (i = 3, 5, 7, and 9).

Table 6.2 shows the average frequency shift values recorded for the addition of 0 – 300 nM
anti-P2X4R mAb to empty, control, supported lipid bilayers.

Concentration

Mean Frequency Shift

Standard Deviation

(nM)

(Hz)

(Hz)

0

0

0

100

0.0737

0.0318

300

0.0695

0.0566

Table 6.2: Frequency shift data for mAb addition to empty supported lipid bilayers. The mean
Δf and standard deviation were calculated from tilt-corrected traces (n ≥ 2 for each concentration).

Table 6.3 shows the average frequency shift values for the addition of 0 – 200 nM isotype (NIP)
antibody to supported lipid bilayers containing reconstituted P2X4R.
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Concentration

Mean Frequency Shift

Standard Deviation

(nM)

(Hz)

(Hz)

0

0

0

50

0.0798

0.0174

200

0.0681

0.0156

Table 6.3: Frequency shift data for non-binding antibody (NIP) addition to supported lipid
bilayers containing reconstituted P2X4Rs. The mean Δf and standard deviation were calculated
from independent, tilt-corrected, traces (n ≥ 2 for each concentration). Δf values recorded for NIP
addition are an order of magnitude lower than the values for mAb addition (Table 6.1). This confirms
that minimal non-specific binding occurs between NIP and P2X4Rs, in agreement with TIRFM data.

QCM-D Binding Isotherm
The frequency shift data in Table 6.1 can be used to generate a binding isotherm for the binding
of anti-P2X4R mAb to reconstituted P2X4Rs (Figure 6.5). The binding response (Δf) for each
concentration can be normalised to the maximum response (~ 0.64 Hz at 200 nM mAb)
effectively converting Δf values into the probability of receptor occupancy.

Figure 6.5: QCM-D binding curve plotting the probability of total receptor occupancy against
antibody concentration. The isotherm curve is fitted using Equation 2.12 giving Kd = 10.2 ± 1.8
nM and a Hill coefficient α =1.424 ± 0.3. The value of α > 1 suggests that the binding of mAb to
reconstituted P2X4Rs displays positive cooperativity. The binding response observed upon NIP
addition is also shown; non-specific binding of NIP is an order of magnitude lower than mAb binding.

The binding isotherm curve is then fitted, weighting each data point by the inverse of the
variance (see Chapter 2.5.6). The weighted fit yields a dissociation constant Kd ~ 10.2 ± 1.8
nM and a Hill coefficient α ~ 1.424 ± 0.3 (mean ± standard deviation). Frequency shift values
measured in the NIP controls are also normalised to the maximum response (0.64 Hz),
quantifying the amount of non-specific antibody binding intrinsic to the model membrane
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system. It is worth noting that a small amount of the frequency shift observed after antibody
addition could be caused by subtle changes in the ionic composition of the buffer.
The dissociation constant derived from the QCM-D binding isotherm (Kd ~ 10 nM) is at the
lower end of the range determined by TIRFM (Chapter 5.3.4). Furthermore, the Hill coefficient
> 1 derived from QCM-D is consistent with the value determined by TIRFM and suggests that
mAb binding to P2X4R is a cooperative process. The concept of cooperative mAb binding to
P2X4Rs is discussed further in Section 6.6.

Kinetic Determination from QCM-D Measurements
QCM-D monitors frequency and dissipation changes in real-time, with a time resolution better
than one readout per second. The following section describes the quantification of the kinetic
on-rate and off-rate of mAb binding to P2X4Rs. The influence of the QCM-D flow rate on kinetic
parameters obtained is also discussed.

6.5.1

On-rate

The on-rate constant (kplus) can be quantified by fitting an adjusted exponential, Equation 2.14,
directly through the QCM-D frequency traces (Figure 6.6). The fit is constrained to the region
of the curve corresponding to the frequency shift; the ‘lag’ region, ~ 200 seconds following
antibody injection, is not included in the fitting. The lag time comprises the time taken for
injected antibodies to traverse the tubing, as well as a mass-action limited region wherein the
rate of antibody binding is limited by the rate of antibody ‘delivery’ to the sensor surface. The
rate constant of antibody binding (kplus) may therefore be influenced by the flow rate. To
facilitate proper comparison, the flow rate was kept constant (20 μl min-1) for all experiments.

Figure 6.6: QCM-D frequency traces fitted using Equation 2.14 yield the on-rate constant for
antibody binding. The gradient of the decay is ~ kplus which is divided by [mAb] to yield kon. Three
frequency overtones are shown. The binding curves fit well, with R-squared values typically > 0.75.

Table 6.4 lists the kplus values (s-1) measured for four antibody concentrations. As expected,
the rate constant kplus = kon [mAb] becomes larger as the concentration of antibody in solution
is increased.
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Concentration

kplus

kplus

rd

th

kplus
th

(nM)

(3 Overtone)

(5 Overtone)

(7 Overtone)

10

0.0052 s-1

0.0059 s-1

0.0042 s-1

30

0.0111 s-1

0.0123 s-1

0.0109 s-1

50

0.0161 s-1

0.0148 s-1

0.0183 s-1

200

0.0191 s-1

0.0270 s-1

0.0239 s-1

Table 6.4: Empirical values of kplus as directly determined from fitting QCM-D frequency data.
Frequency traces from ‘direct transition’ experiments at four concentrations (three overtones per
trace) are used. Notably, the Kplus values increase with an increase in the concentration of antibody.

In addition, the obtained values of kplus can be converted to the rate constant kon (Equation
2.14) yielding an average value of kon ~ 3.4x105 ± 1.5x105 s-1 M-1 (mean ± standard deviation).
In addition, roughly consistent kon values are obtained across two orders of magnitude of
antibody concentration. We therefore conclude that the on-rate kinetics for antibody binding
can be reliably approximated using QCM-D; the rate constant is directly, and readily, quantified
from real-time frequency traces.

6.5.2 Off-rate
Furthermore, the off-rate constant (koff) can be quantified by fitting an adjusted exponential,
Equation 2.13, directly through the QCM-D frequency traces. We directly determine the offrate from tilt-corrected frequency curves obtained independently at two concentrations of
antibody. A typical dissociation curve is shown in Figure 6.7.

Figure 6.7: QCM-D frequency traces fitted using Equation 2.13 yield the off-rate constant for
antibody dissociation. The decay constant corresponds to koff. Three frequency overtones are
shown. The dissociation curves fit with R-squared values between 0.7 – 0.9.

We determine a mean value of koff = 0.0044 ± 0.0022 s-1 (mean ± standard deviation) for antiP2X4R mAb binding to reconstituted P2X4Rs. This corresponds to an antibody dwell-time
between 140 and 430 seconds. Theoretically, antibody dissociation is not dependent on the
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flow rate. However a lag-time exists, after the flow of antibody is stopped, before the
concentration of antibody in solution drops significantly. During this lag region, the solution in
the tubing still contains a high concentration antibody, which is subsequently delivered to the
surface and binds to P2X4Rs.
Moreover, because QCM-D is label free, the detected binding response (Δf) also includes
contribution from antibodies that dissociate and then rebind to the surface. The value of koff
measured by QCM-D is therefore the net result of the interplay between: the ‘true’ dissociation
kinetics of receptor-antibody complexes; the lag time required for the concentration of antibody
in solution to be depleted significantly; and the iterative binding and unbinding of antibodies at
the surface.

6.5.3 Kd determination
As previously outlined, the kon and koff determined by QCM-D are influenced by the
experimental flow rate and are therefore approximations of the true kinetics. However, the flow
rate is held constant throughout all experiments, therefore the two rate constants can be
compared relative to one another. We hypothesise that the interplay between fast binding
kinetics and relatively slow unbinding results in a high affinity interaction (nanomolar Kd). In
addition, the common flow rate allows comparison of the relative ratio of kon and koff; this
corresponds to an approximate dissociation constant Kd ~ 13 ± 9 nM (mean ± standard
deviation using error propagation), consistent with our binding isotherm (Figure 6.5). Note that
the Kd determined via this method is influenced by: the experimental flow rate; mass-action
limited kinetics; and iterative binding and unbinding of antibodies.

Conclusion
In this chapter, we have demonstrated that QCM-D can detect antibody binding to P2X4R. We
show that supported lipid bilayers containing reconstituted receptors can be deposited on
QCM-D sensors. Furthermore, SLBs are of sufficient stability to allow small (< 1 Hz) frequency
shifts to be detected upon antibody binding. The frequency shifts observed in response to
antibody addition are of a magnitude similar to the intrinsic creep in the QCM-D system,
therefore 1st or 2nd order tilt-correction is applied to the frequency traces.
The binding of mAb is measured (as a function of the magnitude of frequency shift) over a
range of antibody concentrations (0 nM to 200 nM) in order to generate a classic binding
isotherm curve. In addition, the rate constants kon and koff can be approximated directly from
QCM-D frequency traces; this sheds light on the relative rates of antibody binding and
unbinding whilst allowing quantification of the dissociation constant. The kon and koff constants
obtained by QCM-D are feasible for a high affinity antibody; the kon obtained is particularly
consistent with typical published values [91][330].
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Table 6.5 summarises the different kinetic parameters determined by QCM-D as well as a
succinct list of the major advantages and limitations of the technique relative to our TIRFM
methods.

Quartz Crystal Microbalance with Dissipation Monitoring
(QCM-D)
Kd

Binding Isotherm

Ratio of Off-rate and On-rate**

(nM)

10.2 ± 1.8

13 ± 9
3.4x105 ± 1.5x105 **

kon
-1

-1

(s M )
koff

0.0044 ± 0.0022 **

-1

(s )
Dwell-time

140 to 430 (minimum to maximum) **

(s)
Hill

1.42 ± 0.34

Coefficient
Advantages

Label free (no photobleaching)
Directly measure on-rate and off-rate in a single experiment**
Bulk measurement, under flow (mitigates issues of sample heterogeneity)
Higher throughput than TIRF (parallelisation of experiments)

Limitations

High reagent usage
Lower sensitivity than TIRF (especially at low receptor density)
Influence of flow-rate on kinetic measurements
** influenced by flow-rate

Table 6.5: Kinetic parameters determined from QCM-D data and a comparison of the key
advantages and limitations of our QCM-D assays for investigating antibody binding to
P2X4R. All values shown represent the mean ± standard deviation unless explicitly stated
otherwise.

Our QCM-D experiments indicate that the dissociation constant for mAb binding is
approximately 10 nM, towards the lower bound of the range determined using TIRFM.
Furthermore, the on-rate and off-rate of antibody binding can be approximated directly from
QCM-D frequency traces. Critically, in the same way that TIRFM measurements are impacted
by photobleaching, kinetic measurements from QCM-D are influenced by rate of the flow under
which the experiments are conducted.
The re-binding of antibodies to the surface, and the principle of mass-action limited kinetics,
also influence the values obtained. Nonetheless, we conclude that the interaction between
mAb and P2X4R exhibits relatively fast binding kinetics coupled with relatively slow unbinding
kinetics. Due to influence of the flow rate, both the on-rate and off-rate may be underestimated.
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The ratio of the determined off-rate constant and on-rate constant can be used to approximate
Kd; the value obtained subsequently is in close agreement with QCM-D binding isotherm data.
In addition, analysis of the QCM-D binding curve suggests that antibody binding exhibits
positive cooperativity (Hill coefficient > 1) corroborating our findings from TIRFM assays. It is
proposed that mAb binds at the interface between two P2X4R subunits, therefore a maximum
stoichiometry of three antibodies to one receptor is possible [12]. The binding of mAb at this
inter-subunit epitope is postulated as the inhibitory mechanism. It is known that ATP binding
induces a downward motion of the head domain towards the dorsal fin domain, which pushes
the left flipper outwards. These changes are transmitted into the transmembrane domains,
causing channel opening; it is plausible that the binding of mAb to the head domain of one
protomer and the dorsal fin of an adjacent protomer sterically hinders the downwards motion
of the head domain, preventing the channel from opening upon ATP binding [12]. However the
cooperativity of the binding was hitherto unknown. It is possible that the binding of one antibody
at an inter-subunit interface acts to stabilise the other interfaces, therefore the binding of
additional antibodies (up to a total of three mAbs) to the receptor becomes more favourable.
One of the major advantages of QCM-D relative to TIRFM is that it is a label-free technique;
the effects of photobleaching that dominate kinetic analyses from TIRFM data are therefore
not encountered. Furthermore, QCM-D is carried out under continuous flow; this promotes a
well-mixed, homogeneous antibody solution throughout the chamber, minimising the effects of
sample heterogeneity on results. Moreover, QCM-D is a bulk ‘consensus’ measurement of the
overall binding of antibody to the surface. As a result, QCM-D measurements are less sensitive
to heterogeneities in the amount of binding across the sample. This is both an advantage (from
the perspective of data reliability and reproducibility) and a disadvantage; unlike QCM-D,
TIRFM is capable of detecting heterogeneity down to the single-molecule level which can
reveal interesting nuances of interactions.
Another significant advantage of QCM-D is the relatively high throughput. The initial cleaning
and passivation of chambers, as well as the preparation of supported lipid bilayers, is time
consuming. However, experiments can be run in parallel (with either four or eight chambers
running concurrently depending on the instrument). Parallelised experiments allow real-time
comparison of different experimental conditions, for example the amount of antibody binding
at different concentrations of competing species or for negative control experiments.
Furthermore, if no frequency or dissipation response is observed for a candidate antibody, for
example, one can simply and readily re-use the sample; the same is true for investigating
reversible or short-lived interactions. The combination of parallelised measurements and the
ability to carry out multiple sequential experiments per sensor means that a large amount of
comprehensive data can be generated on a timeframe limited primarily by the reaction of
interest.
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In addition to the influence of the flow rate for kinetic measurements, there are several other
disadvantages of QCM-D as a screening technique. Perhaps the most significant disadvantage
is the high usage of reagents, specifically the antibody analyte of interest. Depositing supported
lipid bilayers typically requires a similar amount of reagent as an AFM or TIRFM experiment.
However, maintaining the continuous flow of antibody can consume a significant amount of a
potentially precious resource; the exact amount used depends on the concentration, the flow
rate (μl min-1) and the length of incubation required in order to detect binding. Furthermore,
instruments capable of carrying out QCM-D and spectral ellipsometry (SE) simultaneously are
available and would be powerful for investigating antibody binding; however, this method
necessitates a typical sample volume of ~ 2 millilitres, therefore reagent usage becomes a
more significant consideration [335].
Another caveat intrinsic to QCM-D is that for non-homogeneous samples (such as an SLB
studded with P2X4Rs at a random areal density) the relationship is not strictly linear between
Δf and the mass of bound molecules at the surface [233]. This non-linearity should be
considered when interpreting the binding isotherm data and, to a lesser extent, kinetic values
determined via QCM-D. However, we reliably observe consistent frequency shifts in response
to antibody addition, leading us to conclude that this caveat has minimal detrimental influence
on our model system.
Moreover, we observe that QCM-D is less sensitive than single-molecule fluorescence
methods. Unlike TIRFM, which can detect the binding of single antibodies at picomolar
concentrations, the empirical detection limit of QCM-D is reached at ~ 1 nM antibody in
solution. Strictly speaking, the detection limit (or noise floor) of the QCM-D is quantified in mass
per unit area (typically in picomoles per cm2). We therefore conclude that the empirical
sensitivity in our experiments is limited by the areal density of P2X4Rs reconstituted in the
SLB. Increasing the areal density of receptors would result in a higher density of bound mass
(picomoles per cm2) and larger Δf values upon antibody addition.
Improving this detection limit would permit binding isotherm experiments for antibodies with
sub-nanomolar Kd values, as well as allowing more accurate comparison of frequency shifts at
different experimental conditions. Secondary antibodies could also be utilised to amplify the
frequency shifts measured upon antibody binding; conjugation of an anti-IgG antibodies to the
therapeutic anti-P2X4R mAb in question would result in significantly larger mass changes (thus
frequency shifts) in response to antibody binding. It is unclear whether secondary antibodies
would be incubated with mAb prior to addition, or whether the two antibodies would be added
to the sample sequentially. Nonetheless, if adequate control experiments were carried out, this
approach could yield a significant increase in the detection sensitivity of antibody binding
experiments despite low areal densities of antigen.
As previously outlined in Figure 6.3, QCM-D can be used to investigate the binding of
antibodies in the presence of competing species. Future work could utilise this approach to
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determine the relative affinities of different antibodies, as well as measuring the concentrationdependent effect of different agonists (including ATP) and antagonists on the binding of
candidate antibodies. It would also be interesting to investigate the capability of QCM-D for
determining the conformational state of ion channels in the presence of different antibodies;
previous publications have measured conformational changes in immobilised proteins,
primarily honing in on subtle changes in the dissipation energy [240], however this may be
overly ambitious.
Finally, future work could explore alternative sample preparations for screening assays. A nonexhaustive list of possible experiments includes: antibody binding to P2X4R-SLBs deposited
on polymer brush supports; antibody binding to tethered vesicles containing P2X4R; and the
binding of vesicles containing P2X4R (copy number of one receptor per vesicle) to a
passivated surface displaying antibodies.
In conclusion, we demonstrate the QCM-D is a useful tool for investigating receptor-antibody
interactions. QCM-D is a label free technique carried out at near-physiological conditions and
under continuous flow. We are able to apply QCM-D to determine approximate values of Kd,
koff, kon and the Hill Coefficient for the binding of a lead candidate therapeutic antibody to a
recombinant human ion channel. Furthermore, the kinetic parameters are mostly in agreement
with our findings using a combination of AFM and TIRFM. As with the techniques utilised in
previous chapters, QCM-D has several drawbacks. However, by utilising multiple different
techniques in concert, each with different strengths and weaknesses, we can develop a
comprehensive understanding of the receptor-antibody interaction.
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Conclusion and Outlook

This thesis presents the combinatorial use of AFM, TIRFM and QCM-D to study the interaction
between human P2X4 receptors and anti-P2X4R antibody-based drugs. A model system,
comprising supported lipid bilayers studded with P2X4Rs in near-native conformation, was
developed and could be readily transferred between different biophysical techniques. In
concert, the methods characterise the kinetics and affinity of antibody binding (see Table 5.3
and Table 6.5). The in vitro binding data gained could aid the development of therapeutic
antibodies with regard to enhancing potency to support desired clinical dosing strategies. The
assays also have the potential to elucidate antibody mechanism of action to support the drug
approval process. Moreover, the here developed methodology can be applied to characterise
the interaction of other antibody-based drugs to cell surface receptors.
In chapter 3 we described several advances in the AFM toolkit available for the study of
biomolecules. A photothermal head adaptation for the commercial MultiMode AFM was
assembled and tested; the head facilitated image acquisition speeds and control of the
cantilever exceeding conventional AFM imaging. Although our attempts to visualise P2X4Rantibody interactions were unsuccessful, we demonstrate the performance of the head by
visualising DNA at double-helix resolution and capturing the assembly of MAC pores, and the
poration mechanism of a novel synthetic antimicrobial peptide, at high spatiotemporal
resolution.
Chapter 3 also describes the design and testing of a home-built multi-parameter stage for use
on the Bruker FastScan AFM. The head facilitates greater environmental control during
experiments via temperature control, microfluidic buffer exchange and the photolytic (UV)
release of reagents. We demonstrate that the noise performance of the heater/cooler, fluid
exchange and UV functions are conducive to the high-resolution imaging of biomolecules.
Preliminary data suggests that the stage did not enhance our study of P2X4R-antibody binding.
Nonetheless, the photothermal head and multi-parameter stage are now fully integrated into
the AFM facility at the LCN, where it is envisaged they will contribute to a variety of projects.
In chapter 4 we describe the characterisation of hP2X4Rs at high-resolution, and anti-P2X4R
IgG at ’25 kDa’ resolution, in fluid using AFM. We report on a simple model system, where
P2X4Rs are reconstituted into supported lipid bilayers that are amenable to AFM imaging.
However, our data suggests that the ATP-induced conformational changes of P2X4R
activation are currently beyond the resolution limit of AFM. We present in-air AFM images of
receptor-antibody complexes, however our attempts to capture complexes in real-time in fluid
were unsuccessful. We suggest that the dissipated energy and lateral forces at play during
AFM imaging are sufficient to de-stabilise and disrupt the transient receptor-antibody
complexes. Interesting avenues of future work in this area are described in Section 4.8. On the
other hand, the AFM characterisation greatly contributed to establishing a well-controlled
experimental system of P2X4Rs embedded in a supported lipid bilayer.
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In chapter 5 we show that TIRFM can be applied to visualise the specific binding of
fluorescently labelled IgG to P2X4Rs reconstituted in model membranes. TIRFM, combined
with particle tracking software, allows us to investigate the kinetics of antibody binding at the
single-molecule level. Through a combination of real-time binding assays and ‘equilibrium’
experiments we quantify the affinity and kinetics of antibody binding. TIRFM experiments also
have the advantage of exquisite sensitivity (picomolar concentrations) and low reagent usage.
Crucially, we observe that TIRFM kinetic measurements are heavily influenced by the rate of
fluorophore bleaching. However, TIRFM allows us to estimate the Kd, kon, koff and cooperativity
coefficient α for the binding of anti-P2X4R IgG to hP2X4Rs (Table 7.1). Potential avenues of
future work using fluorescence microscopy are described in Section 5.5.
Chapter 6 demonstrates the application of QCM-D for measuring receptor-antibody binding
using our simple model membrane system. We show that QCM-D is a sensitive, label-free
technique for investigating the kinetics and affinity of antibody binding in real-time in solution
(Table 6.5). QCM-D experiments are carried out under continuous flow, which introduces the
possibility that kinetic parameters are influenced by the rate of fluid exchange at the surface.
Another drawback is that flow experiments necessitate high reagent usage (compared to AFM
and TIRFM). However, QCM-D allows the parallelisation of multiple measurements and thus
offers significantly higher throughput than typical AFM and TIRFM assays. This QCM-D
approach has yielded estimates for the Kd, kon, koff and cooperativity coefficient α for the binding
of anti-P2X4R IgG to hP2X4Rs (Table 7.1). A number of interesting avenues of future work
using QCM-D are detailed in Section 6.6.
Kd (nM)
TIRFM

36 ± 33 **

kon (M-1 s-1)

koff (s-1)

α

2.5x106

~ 0.05 **

1.33 ± 0.6 **

~

**

(1x106 to 7x106) *
QCM-D

10 ± 2 **

~ 3.4x105 **
(1x105

to

1x106)

(0.01 to 0.5) *
~ 0.0044 **

*

1.42 ± 0.3 **

(0.002 to 0.009) *

*range, **mean ± standard deviation
Table 7.1: Comparison of kinetic parameters determined by TIRFM and QCM-D. The kon and
koff values for QCM-D are shown as determined in Chapter 6.5. The kon for TIRFM is the weighted
mean average combining values from the onset time distribution (Figure 5.13) and alternative
calculations (Table 5.3). The koff value for TIRFM is the mean value from the intensity decay of
isotherm samples (Table 5.2). The Kd and α values given for TIRFM are weighted means calculated
by combining values from three independent binding isotherm experiments (see Chapter 2.5.6)
The range given (*) corresponds to the minimum and maximum values obtained for each parameter.

We anticipate that the AFM methods presented will be transferred to the study of other ion
channels and have potential to be informative if applied to a receptor-antibody pairing more
amenable to imaging. The P2X4R-SLB model system itself has potential applications in other
screening methods, such as LigandTracer (currently under investigation by MedImmune), and
as a clean, tuneable system for antigen presentation in phage display assays. The near-native
188

conformation of P2X4R in model membranes, evidenced by AFM and the TIRFM binding
assays, could be advantageous in screening. Furthermore, there is significant scope to
increase the complexity and functionality of the TIRFM and QCM-D methodologies presented
(see Section 5.5 and Section 6.6) for the advanced investigation of receptor-antibody affinity
and kinetics.
The use of three biophysical techniques in concert represents a combinatorial approach for
investigating receptor-antibody interactions. The quantitative information generated, as well as
the trials and tribulations encountered, have been exchanged with our collaborators at
MedImmune throughout the process. It is envisaged that the methods and knowledge
developed will become a part of the ‘toolkit’ available to MedImmune in the future, and thus
could contribute to other drug development pipelines beyond the targeting of P2X4R-mediated
neuropathic pain.
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Appendix
The Fabry-Perot Interferometer AFM

The following section describes a home-built AFM that utilises a sensitive Fabry-Perot
interferometer system to detect cantilever displacements during imaging.
The Fabry-Perot interferometer uses the multiple reflections of a laser beam between two
closely spaced parallel surfaces to generate an interference pattern. One surface (the top
surface of the cantilever) is reflective and the other surface (a lens) is partially reflective. Every
time the reflected incident beam reaches the lens surface it is partially reflected, creating
multiple offset beams that can interfere.
A full interference pattern is generated by varying the distance (d) separating the two surfaces
and capturing the reflected intensity on a photodiode detector. The distance d is varied using
a very precise piezo stack, referred to as the w-piezo. The interference pattern produced
comprises maxima peaks at points of constructive interference and minima peaks at regions
of destructive interference (peak-peak distance of λ/2 nm). To detect cantilever deflection, an
intensity set-point is chosen on the interference pattern in the region with the steepest peak
gradient; in this steep region, very small fluctuations in d cause large changes in reflected
intensity. A feedback loop holds the w-piezo at the value of d that maintains the chosen
setpoint; the cantilever deflection, and thus surface height, can then be determined from the
w-piezo movement. Appendix Figure 1 shows a basic schematic of the interferometric AFM
described here, as adapted from [276].
In brief, a fibre-coupled 785 nm Thorlabs laser diode (capable of ~ 20 mW output power at the
fibre-end, driven using a Thorlabs Laser Driver fitted with a Newport Temperature Controller)
is passed through a 90:10 x-coupler beam-splitter. At the splitter, 90% of the incident light is
directed towards a reference photodiode (or a beam-dump in this instance) and 10% passes
into the Fabry-Perot interferometer cavity. This 785 nm laser is utilised for ICD. The three-lens
system has a working distance of 0.8 mm and the focused beam has spot size of 3 μm. It is
noteworthy that the interferometer cavity is designed to exhibit a high tolerance to the angular
misalignment of the incident beam and the many reflected, interfering, beams [276].
In addition, the home-built AFM system described here uses a temperature-controlled fibrecoupled 642 nm Thorlabs laser diode (typically at ~ 1 mW output power at the cantilever
surface) to phothermally actuate the cantilever during imaging. This second beam (referred to
as the drive laser) is introduced to the optical path down-stream of the x-coupler using a
wavelength-division multiplexer (WDM; FONT, Surrey, British Columbia, Canada). A single
fibre passes between the WDM and the interferometer cavity; this fibre carries the multiplexed
incident detection beam and drive beam into the cavity whilst transmitting the many reflected,
interfering, beams back to the WDM. The drive laser is focused through the three-lens system
to a spot size of ~ 3 μm on the cantilever.
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Appendix Figure 1: Schematic of the Fabry-Perot interferometer AFM, as adapted from [276].
The 785 nm detection laser path is roughly indicated by the solid red line. The path of the 650 nm
drive laser is shown as a dashed orange line. Regions where the two beams are coupled through
the same optics (i.e. exiting the WDM, traversing the lens system and being focused onto the
cantilever) are indicated by superimposed lines. The angular tolerance of the lens system is
suggested by the two thin, dotted red arrows; the ‘hemi-concentric’ cavity is designed such that a
most of the reflected beams are refocussed on the cantilever. The x-coupler acts as 90:10 beam
splitter; 90% of the incident light is directed onto a beam dump (substituted for a reference
photodiode in [276]). A standard drive piezo, for conventional piezo-acoustic actuation, is shown,
although it was rarely utilised in practice.

9.1.1 Experimental Work
The home-built AFM system described above combines a sensitive detection system, capable
of measuring very small variations in sample topography, with a stable actuation method
suitable for the use of miniaturised high-resonance cantilevers. The system can potentially also
be modified with an ultra-high resonance ‘Pico-cube’ piezo scanner for high-speed ‘video-rate’
imaging. The system is therefore theoretically ideally suited the study of antibody binding to
reconstituted ion channels; it is envisaged that resolving transient, dynamic receptor-antibody
complexes would challenge the spatial and temporal resolution of conventional AFMs.
The complexity of setting up, operating and maintaining the system is an initial obstacle to
progress, as previously documented [336]. Furthermore, once the detection laser is aligned
and focused on the cantilever (as described above) the cantilever actuation requires
optimisation. A caveat here is that the optimal positon of the drive laser, where the largest
amplitude of oscillation is elicited, differs from the ideal position of the detection laser; however,
the two lasers are coupled through the same optics. The detection laser must be focused at
the position giving rise to the largest drive amplitude, which is in turn inherently a sub-optimal
location for detecting cantilever deflections. To compensate for this, the measured amplitude
(zmax) at the focused position can be converted into the oscillation amplitude at the free end of
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the cantilever (zend) using a comparison of the cantilever thermal noise spectra observed at the
two positions on the cantilever [336].
Crucially, we observe marked instability in the amplitude of cantilever oscillation when using
photothermal actuation. Critically, amplitude instability is not observed when switching to
conventional piezo-actuation on the same system. Amplitude modulation AFM (tapping mode)
uses the damping of cantilever oscillation amplitudes to engage and profile the sample surface,
thus amplitude instability is problematic.
We hypothesise that the observed instability is caused by excessive back-reflection of the 642
nm drive laser. The interferometer cavity is known to possess high tolerance to angular
misalignment, possibly allowing many reflected drive beams to couple back into the fibre and
interfere with the original drive beam. Stochastic regions of constructive and destructive
interference in the drive laser beam would manifest in fluctuations in the laser power at the
cantilever surface, causing instability in the resulting photothermal actuation. We postulate that
the high coherence of the drive laser exacerbates this problem. To test whether the amount of
back-coupling of the drive laser correlated with the coherence of the beam, the laser diode can
be substituted for a low-coherence super-luminescent diode (SLED, λ = 650 nm). The SLED
typically generates ~ 0.5 mW output power at approximately the working distance of the
interferometer lens system. When using the SLED for photothermal actuation, the amplitude
stability of the driven cantilever is improved relative to the more coherent original laser diode.
However, the low output power of the SLED at the cantilever surface (relative to the original
laser diode) limits the achievable cantilever amplitudes to < 1 nm, prohibitive for most imaging
applications.
In conclusion, the low cantilever oscillation amplitudes achieved using the SLED, and the
amplitude instability when using a conventional laser diode, restricts the application of the
Fabry-Perot interferometric AFM during this project.
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Minimum and Maximum Parameters for Single-molecule Tracking
The following figure illustrates the process of identifying suitable single-molecule tracking
parameters for analysing data from TIRFM antibody-binding experiments.

Appendix Figure 2: Different permutations of single-molecule tracking parameters yield
varying numbers of tracks when run on an identical dataset. The tracking process was
executed on the ‘P2X4R + mAb’ TIRFM binding data obtained in real-time with the use of gold
nanoparticle markers. The minimum tracking parameters (resulting in the fewest single-molecule
tracks) were memory = 5 and maximum displacement = 4, whilst the maximum tracking parameters
(resulting in the highest number of tracks) were memory = 0 and maximum displacement = 1. These
parameters represent the most and least stringent tracking criteria respectively. The variables are
constrained between 0 – 5 so that the tracking process is computationally feasible. For example,
mem5 maxdisp4 is the most stringent criteria that can be used without triggering an ‘excessive
combinatorics’ error from the tracking algorithm.
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Imaging Dynamic Biological Processes using Photothermal AFM
The main objective for experiments using the photothermal head was to successfully image
P2X4Rs interacting with anti-P2X4R antibodies in real-time; it was envisaged that the increase
in speed and imaging stability offered by the head would be beneficial. However, as outlined
throughout this thesis, we were unable to resolve any clear and obvious receptor-antibody
binding events via AFM in fluid.
In order to improve our understanding of the strengths and limitations of high-speed AFM
imaging using photothermal actuation, we also used the photothermal head to visualise several
dynamic biological processes. As detailed in Chapter 3, such processes include the MAC
assembly and the membrane-poration action of a novel synthetic antimicrobial peptide.
From the perspective of this thesis, such experiments were originally intended to test the
imaging speed, noise performance and invasiveness of the photothermal head. Nonetheless,
our experiments revealed interesting kinetic and mechanistic information pertaining to
medically-relevant biological processes.
The information given in the following section is intended to compliment and contextualise the
AFM data presented in Chapter 3.2.5 and 3.2.6.

9.3.1 The Membrane Attack Complex (MAC)
As briefly outlined in Chapter 3.2.5, the membrane attack complex (MAC) is an oligomeric
pore-forming protein that plays an integral role in the body’s early immune response to
pathogens [310]. The MAC is part of the complement terminal pathway and forms cytotoxic
pores on the surface of microbes. The stepwise assembly of MAC from soluble complement
factors is described in detail in the literature [5][310].

9.3.1.1 High-speed AFM Imaging of the MAC at 3 frames per second
Here, we demonstrate that the final MAC assembly can be imaged at high spatiotemporal
resolution on the surface of a supported lipid bilayer. The MAC is clearly resolved as a circular
pore above the membrane surface, despite the high imaging speed. Images were acquired at
a rate of 3 frames per second using the photothermal AFM head; this demonstrates the
capability of the photothermal adaptation for imaging macromolecular complexes at high
resolution and at imaging speeds exceeding the capability of a conventional Multimode AFM.
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Appendix Figure 3: AFM movie of membrane-inserted MAC imaged at 3 frames per second
using the photothermal head. The circular pore of the MAC can be seen as well as a hint of the
split-washer structure. Images were captured using a FSD cantilever, with a low sampling rate (128
pixels per line) and an aspect ratio of six. Scale bar: 15 nm. Colour scale is enhanced for contrast.

9.3.1.2 The Mechanism of MAC Assembly
Chapter 3.2.5 presents time-lapse AFM image sequences that strikingly capture the stepwise
MAC assembly process. To aid in contextualising this data, Appendix Figure 4 shows a
schematic of MAC assembly and a recent cryo-EM reconstruction of the complete MAC pore.

Appendix Figure 4: The mechanism of MAC assembly and a cryo-EM reconstruction of the
complete pore, adapted from [310] and [5]. a) A schematic of the stepwise assembly of MAC. b)
A recent cryo-EM reconstruction of the complete MAC assembly, colour coded as follows; C5b
(tan), C6 (green), C7 (yellow), C8α (magenta), C8β (dark blue), C8γ (orange) and C9 (light blue).
Axes are included. The CDC/MACPF β-barrel structure and the detergent belt are shown in grey.

In brief, the MAC assembly process is as follows: C5 is cleaved to C5a and C5b by the C5
convertase; C6 then binds to C5b, forming the complex C5b6; C7 then binds to C5b6,
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anchoring the complex to the membrane surface; heterotrimeric C8 then binds to form C5b8,
instigating the first membrane penetration event; finally, multiple copies of C9 bind, forming the
final MAC assembly [310]. The full MAC assembly has a distinct ‘split-washer’ structure [5].
High-resolution time-lapse AFM data of the quality presented here allowed computational
tracking of the assembly of single pores, combined with pore counting over time; as a result,
the apparent kinetic rate of pore initiation (i.e. the first C9 monomer binding to C5b8) and
prolongation (i.e. the subsequent binding of ~ 17 copies of C9 to form the complete MAC
assembly) could be quantified. The oligomerisation rate was found to be an order of magnitude
shorter than the initiation rate; this implies that the average time per addition of each of the
remaining seventeen C9 monomers is > two orders or magnitude shorter than the rate of
initiation. This finding suggests that the initial binding of C9 to C5b8 (and the insertion into the
membrane) is the rate limiting step in MAC assembly; interestingly, this coincides with the
inhibition of MAC formation by CD59 receptors on human cells, supporting the hypothesis that
the slow initiation event provides the maximum time ‘window’ for the protective inhibition of
MAC on the surface of our own cells.
The full manuscript is currently under review at Nature Communications (Parsons et al.).

9.3.2 The Antimicrobial C3-Capsid
Novel approaches for generating potent antimicrobial agents are required to address the
spread of bacterial resistance to antibiotics; in the publication entitled “Antimicrobial peptide
capsids of de novo design” [144] we present a de novo peptide topology that emulates the
capsid architecture commonly deployed by viruses (Appendix Figure 5). The peptides
assemble into discrete 20 nm capsid shells (referred to as HUB or C3-capsids) that show broad
antimicrobial activity with limited cytotoxic effect on human erythrocytes. The viral mimic
capsids are a promising platform for engineering bespoke antimicrobial agents. Similarly to
antimicrobial peptides, but unlike antibiotics, HUB capsids would attack both growing and
mature bacteria. HUB capsids could also be used to combat intracellular pathogens, owing to
an ability to traverse mammalian membranes without cytotoxicity. Finally, due to their cellpenetrating capabilities the capsids have potential as gene and/or drug delivery vehicles [144].
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Appendix Figure 5: The antimicrobial C3-capsid assembly is formed by de novo synthesised
peptides. a) The linear sequences of the peptide subunit. Antimicrobial (C 1 (+) strand) and
antagonist (C1 (-) strand) sequences are in blue and red respectively; crossed arrows mark
electrostatic interactions and + symbols mark unengaged cationic charges. The critical cysteine
residue is shown in yellow. b) A molecular model of the coiled-coil C1 subunit formed by the
antimicrobial (blue) and antagonist (red) strands. c) A molecular model of the C3-triskelion. A single
triskelion can be approximated as an equilateral triangle. The triskelia can assemble as icosahedra
with two distinct geometries: in one geometry (referred to as T = 1) each triangular face of the
icosahedron consists of one triskelion; in the alternative geometry (T = 4) each triangular face
comprises four equilateral triskelia. The different conformations of capsid are resolved in highresolution cryo-EM micrographs. Within the T = 4 capsids note that both five-fold and six-fold
symmetric assemblies are possible; a graphic reconstruction of the capsid assembly with six-fold
symmetry is shown in (d). For clarity, one axis of symmetry is shown in colour. Adapted from [144].

The time-lapse AFM movie shown in Chapter 3.2.6 reveals the mechanism of C3-capsid
poration. In brief, it is proposed that C3-capsids instantly disassemble (in seconds) upon
landing on bacterial membranes. The C3-triskelions then re-assemble into transmembrane
pores in minutes; many C1 (+) strands bind and fold within the lipid, causing profound
membrane disruption and the formation of rapidly expanding pores [144]. Fluorescence-based
‘cell killing’ assays confirm the potent antimicrobial action of the capsid; higher efficacy is
shown for Gram-negative membranes, perhaps because the thicker peptidoglycan layer (rich
in anionic charge) of Gram-positive bacteria causes the premature disassembly of capsids.
The time-lapse AFM movie demonstrates the suitability of the photothermal AFM for studying
dynamic biological processes – in this instance, membrane destruction by synthetic
antimicrobial capsids – at high spatiotemporal resolution. This example also clearly illustrates
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how high-resolution AFM topography data can be used to elucidate a putative mechanism of
action for a biomolecular process.
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The Air-cooled Multi-parameter Stage Prototype
The following section describes the design and testing of the air-cooled first prototype of our
multi-parameter stage.
Appendix Figure 6 shows a schematic of the first prototype of the multi-parameter stage. When
operated in cooling mode, the Peltier element cools the underside of the sample; to achieve
prolonged cooling, an aluminium heat sink absorbs thermal energy from the hot surface of the
Peltier. This approach relies on the dissipation of thermal energy from the heat sink, designed
with high surface area (Appendix Figure 7), into the surrounding air within the AFM enclosure.

Appendix Figure 6: Schematic diagram of the air-cooled prototype of the multi-parameter
stage. The Peltier element is shown in the ‘cooling’ configuration; the cold surface is indicated in
blue, whilst the hot surface is shown in red. Heat transfer from the Peltier to the heat sink (and
undesired transfer from the heat sink into the AFM stage, described further in Appendix 9.5.3) is
indicated using red arrows. The asterisk marks the position of an integrated thermistor for
measuring the sample temperature. The continuous flow of buffer, generated using two
synchronised syringe pumps, is indicated in green.
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Appendix Figure 7: The first (air-cooled) prototype of the multi-parameter stage. a) An
expanded technical drawing of the first prototype assembly, to scale. Generated in SolidWorks
(Dassault Systemes, www.solidworks.com). b) A photograph of the aluminium heatsink being milled
on a CNC (computer numerical control) mill, using carbide bits. All screw holes were manually
drilled (Chester Machine Tools Champion, model 20V) using a CNC-milled plastic template; each
hole was then hand-tapped to accommodate the screw threads. c) A photograph of the first
prototype stage in situ on the AFM stage, setup for a fluid exchange experiment. Buffer solution
can be seen, on top of the mica, within the Teflon fluid cell. The fluid cell was also CNC-milled.
Please note that the structural components for the controller box and the pump assembly were
produced from Perspex using two laser cutters (Universal Laser Systems PLS4.75 and PLS6.75).

9.4.1 Noise Testing the Peltier Element Operation
To measure the noise introduced into the system by the Peltier element, we imaged an
atomically flat mica substrate in liquid with and without operating the Peltier. For this
experiment, the Peltier was set to maintain constant ambient room temperature. No obvious,
periodic noise was observed in the images captured with active Peltier temperature control.
Furthermore, surface roughness measurements (generated in NanoScope Analysis) obtained
with and without Peltier operation show an average roughness on mica of 0.07 nm and 0.09
nm respectively. Surface roughness is often used as a crude proxy of intrinsic noise in an AFM
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system and appears to be unaffected by the Peltier. We therefore conclude that the Peltier
element, when operated in the ‘static on’ (constant current) configuration at room temperature,
does not act as an appreciable source of noise during AFM imaging.

9.4.2 Imaging under Continuous Buffer Flow
To measure the effect of introducing continuous buffer flow during imaging, we visualised
DOPC supported lipid bilayers under a 0.1 ml min-1 flow (of imaging buffer). The surface
roughness (Rq) was measured as ~ 0.182 nm at this flow rate, with no Peltier heating/cooling.
The stability of imaging (with respect to factors such as z-piezo drift, noise and the quality of
force curves) was sufficiently high for routine AFM imaging. We observe that the imaging
stability and noise are improved when the direction of buffer flow is perpendicular to the
cantilever fast-scan axis. We hypothesise that the cantilever has higher torsional stability along
its length than its width; the ‘head-on’ flow of buffer may have less torsional influence on the
cantilever beam than ‘side-on’ flow, thus the AFM imaging stability is less affected.

9.4.3 Low Temperature AFM Experiments
Preliminary experiments with the first prototype test its suitability for low temperature AFM
imaging. The stage is designed to accommodate various types of sample preparation,
including: mica discs glued to glass coverslips using thermally insulating glue (no UV
absorbance); and mica discs glued to the conventional Teflon-steel construct described in the
methods section. The steel disc in the latter decreases the cooling efficiency of the Peltier.
Here, we successfully imaged the binding of Suilysin pore-forming proteins to SLBs at 15°C
(Appendix Figure 8). Please note that the binding of Suilysin to supported lipid bilayers, forming
characteristic arc and ring shaped pores, has been well-characterised by AFM [135].

Appendix Figure 8: Suilysin pore-forming proteins imaged at 15°C using the air-cooled
stage. Suilysin arcs and rings (arrowheads) can be clearly resolved on the membrane surface when
the temperature is controlled at 15°C during AFM imaging. The substrates used were a mica disc
glued onto a glass coverslip (a) and a mica disc glued onto a Teflon-steel construct (b). The amount
of noise introduced by the Peltier cooler when operated with a temperature setpoint of 15°C was
not detrimental to the AFM imaging. Scale bar: 200 nm. Colour scale: 30 nm.
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Despite successfully resolving Suilysin pores at 15°C, we observed a critical flaw in the aircooled prototype. Over time, the temperature of the heat sink (which absorbs heat from the
Peltier element underside) increases. The thermal expansion of the heat sink, and some
unwanted heat transfer into the AFM stage, causes large and fast drift in the AFM z-piezo
during imaging; a full AFM image, at a typical scan rate, was difficult to capture before the drift
exceeded the piezo limit. We therefore focused our attention on developing the water-cooled
2nd prototype multi-parameter stage, which forms the basis of Chapter 3.3.
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Additional AFM Experiments to Support Receptor-antibody Binding Studies
The following figures describe additional experiments carried out in our attempts to visualise
receptor-antibody binding and ligand-induced conformational changes on P2X4Rs using AFM.

9.5.1 ‘Before-and-after’ ATP Injection AFM Experiments
The below figure illustrates a typical ‘before-and-after’ experiment in which the same area on
a sample is scanned before the injection of ATP and prior to the injection of ATP. Zoomed-out
images are used to localise the same region on the surface (Appendix Figure 9a-b) before
high-resolution zoomed-in images (Appendix Figure 9c-d) are then captured at high pixel
density. High-resolution images are then subjected to quantitative single-particle size-analysis.

Appendix Figure 9: Reconstituted P2X4Rs imaged at high-resolution before-and-after ATP
addition. A closed-loop scanner allows the same areas to being imaged before (a) and after (b) a
30 min incubation with > 1 mM ATP. High-resolution, zoomed-in images can then be compared
before (c) and after (d) ATP treatment. Single-particle size analysis (as described in Chapter 2)
shows that P2X4Rs imaged at high resolution do not undergo an appreciable change in dimensions
following the addition of ATP. Furthermore, any apparent changes in P2X4R appearance between
(c) and (d) are consistent with the variations typically observed between different scans of the same
molecule (suggesting that they are not linked to ATP addition). Scale bars: 100 nm (a, b) and 20
nm (c, d). Colour scale: 10 nm to -5 nm, where 0 nm refers to the height of the membrane surface.
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9.5.2 Depositing P2X4-SLBs between Charged Lipid Patches
The use of charged lipids is described briefly in Section 4.4.4 as a potential method to detect
tip artefacts and tip dilation effects over time during AFM imaging. Appendix Figure 10 shows
our preliminary attempts to develop this concept for use in ATP injection experiments. The
concept is interesting and multi-functional; however, in light of the lack of appreciable P2X4R
diameter increase seen in response to ATP injection, the approach was not developed further.

Appendix Figure 10: Stepwise deposition of cationic lipids and neutral DOPC lipids on glass.
A mixture of DDAB:DPPC (1:3) can be adsorbed on glass at ~ 60 °C (a, b). Neutral DOPC lipids,
containing reconstituted P2X4Rs, can then be deposited in gaps in the charged lipid bilayer at room
temperature (c, d). Taller charged lipid patches are visible above the DOPC bilayer (one exemplar
domain is outlined in grey). Individual reconstituted P2X4Rs can be resolved (indicated in white
circles) in the DOPC bilayer. It is envisaged that a DNA sample could be electrostatically attached
to the charged lipid domains; DNA has characteristic height and width [337], therefore it could be
used as a ‘molecular ruler’ to: check the tip geometry and imaging force; and detect tip artefacts/tip
dilation effects. Antibody molecules may also bind to the charged lipid domain; this could be
exploited during antibody-binding experiments to test whether antibodies in solution had diffused
into the scan area. Scale bars: 400 nm (a, c); 200 nm (b); and 100 nm (d). Colour scale: 20 nm.
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9.5.3 Use of Glutaraldehyde, BSA and Gold Colloids in AFM Experiments

Appendix Figure 11: AFM images demonstrating the use of glutaraldehyde, BSA and Protein
A-gold conjugates during AFM experiments. a) A P2X4R-SLB after incubation for 15 minutes at
0.05% glutaraldehyde. We observe an increase in protein aggregation following glutaraldehyde
treatment and no appreciable improvement in the resolution achieved on P2X4Rs (20 nm inset). b)
A P2X4R-SLB incubated with the blocking agent BSA. We observe some disruption of the bilayer.
Furthermore, BSA appears to stick to the cantilever, causing tip artefacts and preventing highresolution imaging. Antibodies would be difficult to resolve above the BSA background. c) Zoomed
out AFM image of a P2X4R-SLB incubated with 50 nM anti-P2X4R mAb, imaged before (c) and
after (d) the addition of Protein A-gold conjugates. Protein A has five IgG binding domains. It was
envisaged that the conjugate would act as a secondary marker for antibody binding; Protein A would
bind to IgG molecules that were bound to P2X4, whilst the large gold colloid would be highly visible.
However, the addition of the conjugate appears to disrupt the supported lipid bilayer (shown in the
dashed white area in (d)). Critically, we observe no binding of the gold conjugate at the side/on top
of reconstituted P2X4Rs, whilst undesired non-specific binding of the gold to the mica substrate is
seen. Scale bars: 100 nm (a), 200 nm (b), 400 nm (c, d). Colours scales: 10 nm to -5 nm (a, b) and
11 to -4 nm (c, d) where 0 nm refers to the height of the lipid membrane surface.
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9.5.4 Submolecular ’25 kDa’ Resolution AFM Imaging of Fab Fragments

Appendix Figure 12: Anti-P2X4R Fab fragments imaged at 25 kDa resolution on Poly-L-lysine
functionalised mica. Fab fragments displaying 25 kDa resolution are marked (asterisks). The inset
shows two Fab fragments, enlarged and visualised at enhanced contrast (high contrast images
generated in FIJI). The bipartite substructure of the Fab fragments can be clearly seen within the
enhanced contrast images, equal to the highest resolution presented on Fab fragments in the
literature. Scale bar: 40 nm. Colour scale: 3 nm to -1 nm where 0 nm represents the height of the
functionalised mica substrate surface.
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9.5.5 Antibody-binding Experiment on Glass (TIRF Control)

Appendix Figure 13: SLBs containing P2X4Rs can be formed on glass coverslips, although
no obvious antibody binding events are observed by AFM when glass is the substrate. a)
Zoomed-out AFM image containing many P2X4Rs. b) Zoomed-in high-resolution image of the area
highlighted in the grey box in (a). Characteristic holes in the underlying glass substrate can be seen.
The same large field of view is continuously imaged over time (c, d) collecting an image every
minute for ~ 90 minutes. Several ‘streaks’ are intermittently observed to the side of P2X4Rs (white
dashed box) that could potentially indicate antibody binding and subsequent disruption of the
complex by the AFM tip. Such streaks are transient and rarely reproducible between consecutive
images. We conclude that we are unable to capture antibody binding by AFM; no clear and obvious
binding events are observed in this control experiment, starkly contrasting the large amount of
antibody binding observed using TIRFM (Figure 5.7). Scale bars: 100 nm (b) and 400 nm (a, c, d).
Colour scale: 10 nm to -5 nm where 0 nm represents the height of the lipid membrane surface.
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Additional TIRFM Experiments and Analysis
9.6.1 Visualisation and Analysis of Single-molecule Tracking Data
The following results pertain to our early single-molecule TIRFM assays. Labelled antibody
was directly injected into the sample volume (to a final concentration of 500 pM) on the
microscope stage during imaging. The detection of fluorescent antibody on the bilayer surface
was then used to localise the surface in the z-axis.
Time-lapse movies of antibody binding were processed using our single-molecule tracking
protocol (described in Chapter 2.5). Briefly, single fluorescent particles in the movies are
localised and their trajectories are determined over time by constrained tracking algorithms.
Analysis of the number of single-molecule trajectories (~ equal to the number of single antibody
binding events) confirms that markedly more anti-P2X4R antibody binding is observed on SLBs
containing P2X4Rs than on control SLBs (Appendix Figure 14). Approximately seven times
more binding events occurred in the ‘P2X4R + mAb’ sample (115984) compared to the ‘mAb
control’ sample (17049). We primarily attribute the number of counts in the ‘mAb control’ to
non-specific interaction of the anti-P2X4R mAb with the supported lipid bilayer, perhaps due
to electrostatic interactions with spontaneously-induced charges in the membrane.

Appendix Figure 14: The number of single-molecule tracks recorded for different antibody
binding experiments. Markedly more antibody binding events were seen in the ‘P2X4R + mAb’
sample, compared to the ‘mAb control’ sample. The data shown is for the average tracking
parameters (memory = 1, max displacement = 2). The total number of singe-molecule track
recorded is approximately representative of the total number of receptor-antibody binding events in
the field of view. The relative number of antibody binding events for the P2X4R and control samples
was reproduced across three independent experiments.

As demonstrated in Chapter 5, the output of our single-molecule tracking algorithms can be
visualised in the form of graphic reconstructions. The trajectories of all single-molecules
throughout the binding assay are mapped onto a single plot (the x and y axes represent lateral
coordinates and the colour denotes elapsed time). Appendix Figure 15 shows two typical maps
of single-molecule trajectories for our early TIRFM antibody binding experiments. The
235

alignment and motion of the spinning mirror is not fully optimised in these experiments,
manifesting as an uneven field of illumination. Nonetheless, the visualisations clearly illustrate
the difference in the number of antibody binding events between control SLBs and bilayers
containing P2X4Rs. Furthermore, by inspection, the majority of binding events in the ‘P2X4R
+ mAb’ sample are present at the start of image acquisition (trajectories which are dark blue in
colour). In contrast to this, binding events in the ‘mAb control’ seem to occur more evenly over
time; many more green trajectories (indicating more elapsed time) are seen. This observation
is consistent with the rapid, specific binding of mAb to SLBs containing P2X4Rs and the
stochastic, non-specific interaction of mAb with control SLBs. Appendix Figure 15 also
accentuates the difference in the typical single-molecule behaviours between the two samples;
the majority of trajectories in the ‘P2X4R + mAb’ experiment were static, whereas many mobile
trajectories are observed in the ‘mAb control’ image.

Appendix Figure 15: Visualisation of single-molecule trajectories accentuates the
differences in antibody binding to SLBs containing P2X4Rs and to control SLBs. Many more
trajectories are present in the ‘P2X4R + mAb’ sample when compared to the ‘mAb Control’. The
trajectories in the ‘P2X4R + mAb’ sample also appear predominantly static, whereas numerous
mobile trajectories are observed in the control. Scale bar: 20 μm. The colour scale represents 0
minutes (blue) to 45 minutes (green).

The qualitative observation that antibodies imaged in the control sample are typically more
mobile (see Appendix Figure 15) can be quantified by calculating the net displacement (in nm)
for each single-molecule trajectory (see Chapter 2.5.4.4). The average net displacement
calculated for the sample containing P2X4Rs is 160 nm ± 180 nm (note that one pixel is ~ 115
nm wide). In contrast, the average net displacement for the control sample is 430 nm ± 603
nm. Furthermore, 60% of all trajectories in the control sample are static (net displacement ≤ 1
pixel) whereas 90% of the trajectories in the P2X4R sample are static (Appendix Figure 16).
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Appendix Figure 16: Quantification of track net displacement (nm) correlates with graphic
representations of singe-molecule trajectories. a) Normalised histogram of track net
displacement for control (blue) and P2X4R (grey) experiments. A higher proportion of the
trajectories in the control experiment are mobile (with a net displacement > 500 nm) relative to
trajectories in the P2X4R sample. b) Illustrations of typical single-molecule trajectories observed for
the two experiments provide qualitative evidence to support this quantitative observation.

Appendix Figure 16 demonstrates how the analysis of single-molecule mobility, made possible
due to our use of single-molecule tracking algorithms as opposed to simpler approaches, can
reveal information regarding the underlying intermolecular interactions.
During our real-time experiments using gold nanoparticles (see Chapter 5.3.3.1) we did not
observe the same pronounced difference in the net displacement (in nm) of single-molecule
trajectories between control and P2X4R samples. In other words, fewer long and highly mobile
tracks were observed in the real-time ‘mAb Control’ experiments (Figure 5.9) than in the control
experiments depicted above in Appendix Figures 15 – 16. We primarily attribute this difference
to an improvement in the labelling and aggregation (measured using a Nanodrop
spectrometer) of the antibody used; more specifically, we observe a decrease in the number
of large aggregates (comprising antibody and dye molecules) which in turn leads to fewer long,
mobile trajectories on the bilayer surface. It is also plausible that the real-time samples (see
Chapter 5.3.3.1) were imaged in a more optimal focal plane, therefore less of the random
antibody diffusion above the sample surface was detected. Comparison of histograms of net
displacement (nm) and track lifetime (ms) for the real-time ‘mAb control’ and ‘P2X4R + mAb’
samples therefore provide no additional insight into the intermolecular interactions at play.

9.6.2 Unruptured Vesicles containing P2X4Rs: a potential TIRFM assay platform
In several instances during the TIRFM binding isotherm experiments we observed un-ruptured
vesicles on the sample surface. This is known to occur when the concentration of divalent
cations is not optimal (usually too high) or when vesicles from solution settle down on top of
an SLB without subsequently fusing with the bilayer. These vesicles are typically several
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microns in diameter, suggesting that they are formed by the fusion of P2X4R-SUVs in solution;
we would therefore expect these vesicles to contain reconstituted P2X4Rs. Using TIRFM we
were able to visualise the binding of single labelled anti-P2X4R antibodies at the periphery of
the vesicles over time (Appendix Figure 17).

Appendix Figure 17: Time-lapse TIRFM shows antibody binding to P2X4Rs reconstituted in
an unruptured vesicle at the sample surface. A TIRF movie shows the binding of labelled antiP2X4R mAb to an unruptured vesicle. In the first frame, a bright ‘halo’ of intensity is seen at the
vesicle periphery; subsequent images show that this ‘halo’ bleaches over time. The white arrows
indicate regions of interest, where the binding of labelled antibodies can be monitored over time.
The image acquisition rate was 20 frames per second. Note that the images shown are not
consecutive frames. Scale bar: 30 pixels (3.5 μm).

We believe that, with optimisation, the large unruptured vesicles shown above (or GUVs, as
shown in Figure 5.1) could be a powerful model system for TIRFM antibody-binding assays.
The vesicles shown in Appendix Figure 17 were visualised serendipitously, however the
sample preparation could be adapted to intentionally generate vesicles tethered to the sample
surface. As outlined previously for the GUV assay, a small amount of a suitable ‘click chemistry’
lipid moiety (e.g. biotinylated phospholipid) could be incorporated into the lipid vesicles, whilst
the sample surface could be functionalised with the corresponding binding partner (in this case
streptavidin). This would yield immobilised vesicles, on a passivated substrate, containing
P2X4Rs that are not interacting with the underlying substrate. Cation-sensitive dyes could also
be incorporated into the vesicles to measure cation flux through the ion channels upon ligand
binding, allowing simultaneous monitoring of antibody binding and function (specifically the
modulation of P2X4R response to ATP in the presence/absence of antibodies and/or smallmolecular channel modulators) via two-colour TIRFM.
Finally, we show that data obtained on the unruptured vesicles is compatible with our singlemolecule tracking process (Appendix Figure 18) emphasising the potential of this type of assay
platform for future antibody-binding experiments.
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Appendix Figure 18: Graphic reconstruction of single-molecule trajectories visualised for
anti-P2X4R mAb binding to P2X4Rs in the membrane of an unruptured vesicle. The outline of
the vesicle is clear due to the number of antibody binding events at the vesicle membrane. Multiple
long, mobile, trajectories are observed around the vesicle periphery, indicating that P2X4Rs retain
some mobility when embedded in the vesicle membrane. Antibody binding to receptors in the SLB
around the vesicle is also seen. Scale bar: 2 μm. The colour scale shows elapsed time (10 minutes).
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