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Abstract

Mechanics has an important effect on tissue morphology during development
and regeneration, influencing how efficiently a tissue repairs itself. The liver is
an organ with striking regenerative abilities that has been widely studied at a
molecular and genetic level, however, the mechanical aspect remains unclear.
While the study of such processes has recently been facilitated by the devel-
opment of liver organoids that recapitulate a ductal regenerative response in
vitro, the main focus has remained on the underlying molecular and genetic
details. Nonetheless, the importance of tissue morphology and mechanics has

become more apparent.

The aim of this project is to better understand the role mechanics play in
liver regenerative morphogenesis using mouse organoids. I first characterise
organoid morphology, which starts as a spherical and translucent cell mono-
layer that either remains spherical or becomes more complex and multi-layered
upon differentiation. I then provide evidence that the final morphology of dif-

ferentiated liver organoids correlates with their cell composition.

Interestingly, complex morphologies also emerge without chemical differentia-
tion. Since the mechanoenvironment has been shown to induce and regulate
cell differentiation, I investigate the effect of substrate mechanical properties
(i.e. stiffness) on liver organoids. The data suggests substrate stiffness does

have an important effect on organoid morphologies and their cell profile.



Finally, I examine the mechanical properties of the organoids themselves, how
they change as they differentiate, and how this affects their ability to respond
to further damage. The results show the fluid state of progenitor organoids

changes after differentiation, impacting how the cells respond to injury.

By studying the mechanical aspect of liver regenerative morphogenesis in
organoids, we hope to contribute to a better understanding of how and why
the injured tissue chooses one mechanism over another amongst the numerous

ways in which the liver can respond to injury.



Impact Statement

Since the introduction of organoids as a new model system, they have been
used to study and replicate, to an extent, the composition and physiology of
organs at different stages: development, homeostasis, and disease [1, 2, 3, 4, 5].
In recent years, there have been more efforts in developing tools to manipulate
the mechanical environment in which organoids grow to control and improve
their organisation, morphology, and physiology. These advances are bringing
organoids closer to what it is observed in vivo and are working towards their

used in medical applications, in particular personalised medicine [6, 7, 8, 9.

The overarching goal of this dissertation is to study the role mechanics in
liver organoid formation and repair. An important step towards better un-
derstanding and improving organoid systems, as well as the bio-mechanical
characteristics of liver regenerative morphogenesis and injury responses. The
findings of this work will contribute to broaden the basic knowledge and un-
derstanding of tissue biophysics and liver repair, as well as potential future

medical applications for organoid systems and liver regeneration.
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Chapter 1

General introduction

1.1 Tissue mechanics

The components of inert and living systems, whether a particle or a cell, exhibit
the same set of mechanical properties (e.g. viscosity, elasticity, plasticity, stiff-
ness) and are constrained by the same physical factors. Both types of systems
are exposed to the same physical forces that can affect them in different man-
ners depending on their mechanical properties. Living tissues are composed of
cells, the basic unit of multicellular systems, and an extracellular substrate or
matrix. These two main elements are in constant interaction, influencing each
other’s composition, architecture, and mechanical properties (see section 1.3);
all of which can change through time and space. Consequently, the mechanical
properties of a tissue are dynamic and emerge from the properties of its cells,

its substrate, and their coupling. [10, 11, 12]

Tissues and cells are in the constant presence of both internal and exter-
nal forces that originate from numerous sources (figure 1.1). For example,
from the cytoskeleton and its contractile properties, cell-cell and cell-substrate
adhesion and interaction, substrate stiffness, osmotic pressure, compression
from the microenvironment, shear stress, etc (see section 1.3) [14, 13]. Cells

are able to sense and respond to such forces by integrating mechanical sig-

18
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Figure 1.1: External and internal forces experienced by cells. (a.) Cell components
can induce and transmit forces. (b.) Intrinsic and extrinsic forces from neighbouring cells
induce mechanical stress. (c.) Extracellular sources of forces and mechanical stress. Figure
from [13], reproduced with permission of the rights holder (Elsevier).

nals into biochemical and genomic pathways. This ability, known as mechan-
otransduction, has been of increasing interest and shown to play a key role
in many biological processes. Through mechanosensing and mechanotrans-
duction, forces can regulate cell shape, growth, proliferation, movement, and
cell identity /differentiation (figure 1.2). At a multicellular level, they can regu-

late tissue morphology, its organisation and even function (see section 1.2) [15].

It is essential that all these dynamic forces and mechanical properties are prop-
erly regulated during development and kept in equilibrium in order to achieve
and maintain homeostasis. If mechanosensing and mechanotransduction abili-
ties are disrupted and forces unbalanced, it can lead to developmental defects,

neurological disorders, cardiovascular diseases, cancer, and other pathologies

11, 15, 16, 17].
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Figure 1.2: Cell mechanotransduction. Transduction process of a mechanical stimu-
lus into chemical and physiological responses across different timescales. Figure from [15],
reproduced with permission of the rights holder (Springer Nature).

1.1.1 Tissue fluidity

Inert systems (e.g. soft and granular materials) can sometimes behave as
solids, with a more stable shape and elastic stresses, or loose these features
and behave as fluids. Changing from one state to the other is known as jam-
ming/unjamming transitions. Living multicellular systems can also exhibit
such transitions depending on the ability of cells to move, exchange neigh-
bours and rearrange [11, 18]. Cell jamming can be explained theoretically
through energy barriers that are partially set by junctional tension and im-
pede cell rearrangements in a tissue [19, 20, 21]. Junctional tension consists
of two competing components: a positive contractile energy and a negative
adhesive energy. When the net tension is positive (i.e. low adhesive energy
or high contractility), cells are unable to move relative to each other and the
system jams. However, the energy barriers disappear when tension is negative
(high adhesive energy or low contractility), unjamming the system and allow-

ing cells to rearrange [20, 22, 23].

Both cell adhesion and contractility have been shown to modulate tissue flu-

idity and cell jamming in epithelia. Relevant molecules have been suggested
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to play an important role, including E-cadherin and components of the ac-
tomyosin network. Regarding cell adhesion, precise regulation of junctional
E-cadherin turnover modulates tissue fluidity as observed during wing and eye
morphogenesis in the Drosophila pupa [24, 25]. Concerning cell contractility,
tuning myosin activity affects tension levels in a tissue and thus its fluid state

as described in the Drosophila wing disc [23].

Furthermore, many other factors that are seemingly independent of these two
main factors have been observed to also affect the fluid state of a tissue: crowd-
ing (i.e. cell density), motile forces, cell size, volume, cell and substrate stiff-
ness, proliferation and cell death (figure 1.3a) [20, 26, 11, 27, 28, 18]. Modu-
lating a few of these factors can trigger a jamming/unjamming transition. For
example, increasing cell density, or lowering motile forces, can lead to a more
jammed solid state. Conversely, a jammed cell layer can be pushed towards a
more fluid state by increasing motile forces or reducing cell crowding, size or

stiffness [11, 18]

Tissue fluidity is a complex dynamic property with a significant effect on col-
lective cell behaviours. Its impact has been observed in cell monolayers grown
in wvitro [11]; tissue morphogenesis of multiple organisms, such as the process
of body axis elongation in zebrafish [29] (see figure 1.3b for example) and fly
[30] embryos, as well as during frog and chick development (reviewed in [31]);
tissue repair [27, 23]; and in some diseases including asthma [22] and cancer
[32, 33, 34]. The importance of tissue fluidity in morphogenesis and repair is

of particular interest for this work and is further discussed in section 1.2.2.
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Figure 1.3: Tissue fluidity. (a.) Example of some of the factors that influence the
fluid/solid (unjammed/jammed) state of cell monolayers. Arrowheads represent speed and
direction of cell movement, higher in unjammed monolayers. (b.) Jamming transition in
zebrafish body axis elongation. Extracellular spaces in the fluid region (light blue) allow
cell-cell contact fluctuations, resulting in increased cell movement and rearrangements (red
tracks). Cell in the solid region (dark blue) have smaller extracellular spaces and limited
cell movement. (a.) adapted from [11] and (b.) from [29], with permission of the rights
holder (Elsevier and Springer Nature, respectively).

1.2 Tissue morphology and repair

All multicellular structures have a well-defined morphology and spatial or-
ganisation that contributes to their particular functions. Any morphological
anomalies can be detrimental, compromising their correct functioning and even
survival. Hence, it is essential that tissue morphology is robustly regulated
during development, maintained throughout the lifespan of an organism and,
importantly, restored when damaged. Many of the mechanisms and signalling
pathways that regulate tissue morphogenesis in development have been found
to also play an important role in the repair process of both embryonic and adult
tissues [35, 36, 37, 38]. By studying how tissue morphology is either estab-

lished or recovered, we can better understand both processes at the same time.

Repairing damaged structures is a fundamental ability in order to prevent
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infections, maintain homeostasis, and recover tissue integrity, as well as its
original size, shape and/or function [39, 40]. Injury and repair can take place
at multiple scales [41, 38|, from simpler cellular structures (e.g. cell membranes
or junctions [42]) to more complex multicellular ones (e.g. organs, body parts
[43, 44, 45]). However, the ability to repair varies not only between species
but also within the same individual and even in the same tissue, depending
on the conditions at the time of injury and on the type of damage (see section
1.4.1). Some organisms can completely regenerate the damaged structure(s)
while others can only close the wound to restore tissue continuity, either in a

seamless or scarred manner [46, 47, 48, 49, 50, 51, 52].

1.2.1 Repair processes and mechanisms

Sealing the wounded area is a crucial first step of tissue repair, regardless of
the extent and type of injury [48, 50]. The processes involved in this first step
replenish lost cell populations, through oriented cell proliferation [53, 54, 27]
and re-differentiation [47, 55, 56], and reduce the damaged area. To achieve
the latter, cells at the wound edge come together through different mechanisms
including shape changes (flattening and elongation), cell crawling or migration,
and cell intercalations [57, 58, 27, 59, 23|. All these cell behaviours have been
observed across different systems, which has helped to describe some of the
common signalling pathways and molecular components necessary for tissue

repair.

One of the most immediate responses to injury is the production of reactive
oxygen species (ROS) and calcium waves. These signals activate different sig-
nalling pathways and trigger multiple cell responses essential for repair [60, 37].
The Rho kinase (Rock) and Jun N-terminal kinase (JNK) signalling pathways
coordinate actomyosin-dependent cell rearrangements (i.e. radial cell inter-

calations, cell flattening, migration and elongation), the formation of actin
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cables and filopodial extensions [61, 58, 51, 59]. The JNK pathway also regu-
lates cell proliferation, induces tissue remodelling by activating matrix metal-
loproteinases, and promotes cellular reprogramming and re-differentiation by
downregulating several genes from the Polycomb-group (PcG) [61, 62, 63]. Fat
(Ft) and Crumbs (Crb) are two polarity genes that guide growth in the correct
direction, by reorienting cell division, and act as sensors to prevent tissue over-
growth, by controlling the levels of the Hippo pathway effector Yorkie (Yki or
Yes-associated protein (YAP) in vertebrates) [53, 54]. Other important path-
ways regulating cell proliferation and reprogramming are JAK/STAT, Wnt,
Hedgehog, and Notch signalling [61, 62, 54, 37]. Furthermore, the actomyosin
cytoskeleton is an essential component of the repair process due to its role
in cell processes regulated by Rock and JNK, and in gap closure through the
assembly and contraction of an actomyosin supracellular cable (i.e. ’purse-
string’) [64, 65, 54]. The roles of the actomyosin cytoskeleton during repair
and its more recently described mechanical functions have highlighted the im-
portance of tissue mechanics and some of the mechanisms through which it

can regulate tissue repair (see section 1.2.2).

1.2.2 Mechanics of repair

While some mechanosensitive pathways have started to be described at the
molecular level (e.g. Rock and Hippo pathways, see previous section), the
mechanisms for transmitting and interpreting mechanical signals remain un-
clear. Nonetheless, there is an increasing understanding of the mechanoregu-

lation of cell behaviours in the context of development and repair.

Mechanical forces are implicated in the regulation of many processes that are
essential for tissue morphogenesis (reviewed in [66, 67, 68] across a wide variety
of systems), such as cell migration [16], cell differentiation [16], cell intercala-

tion [31], cell division rate [69, 70] and orientation [26], etc (figure 1.4). As
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previously mentioned, in addition to playing an important role in shaping
tissues during development, all these processes are also involved in repairing

injured multicellular structures and restoring their functional morphology [13].
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Figure 1.4: Morphogenetic processes driven by mechanical forces. Figure adapted
from [68].

Some studies have provided evidence on how the mechanical properties of
a tissue and its environment can influence its ability to repair. Tension is a
particular property that has been shown to impact repair at multiple scales
[38]. At higher scales, it has been shown that hypertrophic scars tend to occur
in skin areas that are under increased mechanical stress. Studies performed in
pig and human skin showed that scarring can be significantly reduced by pro-

tecting the injured area from being under constant high tension. Conversely,
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when exposed to increased tension scarring was worsened [71, 72] (figure 1.5a).
At the tissue level, epithelial tension affects the repair process in similar man-
ners; as demonstrated in the Drosophila imaginal wing disc [23], where an
overall increase of junctional tension jams the tissue and hinders repair, whilst
lowering basal tension levels fluidises the tissue (see section 1.1.1). Increased
fluidity allows cells at the wound edge to intercalate more, which accelerates
closure and efficiently restores the original cell morphology and packing with-
out leaving a ’scar’ (multicellular rosette) behind [23] (figure 1.5b). Another
example is the Drosophila embryo, where a local increase of tension is required
only at the wound edge to stabilise the actomyosin purse-string during wound
closure [73]. This is a conserved mechanism for gap closure observed in many
in vitro and in vivo systems (reviewed in [74]); e.g. cell culture, mouse corneal
epithelium, fly embryo and larvae, beetle embryos [75], etc. The actomyosin
purse-string pulls together the wound edge cells and induces cell shape changes

that result in the formation of multicellular rosettes [76, 57, 54, 77].

Moreover, epithelial cell junctions (see section 1.3.1) have important mechani-
cal functions during repair. Septate junctions (SJs) impact epithelial mechan-
ical properties and are involved in regulating wound closure in the Drosophila
embryo [78]. Adherens junctions (AJs) are required to stabilise the actomyosin
purse-string and link it intercellularly, as seen in fly [40] and chick [79, 80] em-
bryos, cell culture [81]. Even after an epithelium has been repaired, tension is

still required for new cell junctions to form and mature [82].

While mechanical forces regulate the response to injury, they can also cause
damage and spread it across a larger area. Hence, tissues need to protect their
morphology and cellular organisation from the internal and external forces
acting on them. It has been shown both in vitro and in vivo that mechanical
stress tends to accumulate at the cell-cell junctions, making them prone to

breakage [83, 84, 85, 42]. Several mechanisms involving Rho signaling [85, 42]
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Figure 1.5: Examples of mechanical forces influencing repair efficiency. (a.) The
mechanical tension sensed by the skin affects cutaneous scar formation. Tension-shielding
polymers are now used for scar therapy. (b.) In the Drosophila wing disc, low tension
increases efficiency of wound closure driven by cell intercalations (bottom row). Higher
tension and no intercalations result in slow/unsuccessful closure. (a.) adapted from [72] and
(b.) from [23], with permission of the rights holder (Mary Ann Liebert, Inc. and Springer

Nature, respectively).
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and repolarisation of the actomyosin network [84, 86, 87] are known to buffer
mechanical stress, prevent and/or contain cell damage, and maintain tissue
integrity. It has also been shown that repolarisation of the actin cable helps
protect cell packing and prevent scarring during gap closure in the Drosophila
embryo [88], while thicker actin belts help preserve cell topology and tissue

architecture in the mice cochlear epithelium [89].

As mentioned in section 1.1, it is important that internal and external forces
are properly regulated and balanced. Any injury event perturbs this balance
and changes the state of a tissue. The forces acting on a tissue and its initial
mechanical properties influence how the tissue responds and how efficiently it

can repair itself.

1.3 Epithelial tissues

Epithelial tissues are continuous sheets of cells lining organs, glands, cavities
and the outer surface of an organism (i.e. the skin). They can form a simple
cell monolayer, the first multicellular structure to appear, or more complex tis-
sues with multiple specialised cell layers (known as pseudostratified and strat-
ified epithelia). Epithelia can be further categorised into squamous, cuboidal,
and columnar based on cell shape. Regardless of the classification, the main
function of an epithelium is to act as a physical and permeable barrier that
separates the inside from the outside. Epithelial tissues are constantly exposed
to environmental bacteria, toxins, chemical and physical stress. It is therefore
essential for an epithelium to be able to overcome damage in order to main-

tain and restore their barrier function as well as tissue homeostasis [90, 66, 91].
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1.3.1 Epithelial organisation
Cell polarity

All epithelial cells have a common organisation and characteristic polarisation
that allows them to form continuous sheets of tissue and carry out their func-
tion. The typical polarisation of an epithelial cell consists of three domains
that are molecularly and functionally different: apical, lateral, and basal (figure
1.6). The apical domain contains micro-villi, sometimes cilia, and is exposed
to a lumen. The lateral and basal domains are in contact with and adhere to
other surfaces through different molecular complexes. The lateral domain faces
neighbouring epithelial cells and it is essential for cell-cell adhesion (see below).
The basal domain usually faces and interacts with a basement membrane (see
section 1.3.2). Apico-basal polarity is necessary to determine the external and
internal surfaces of a tissue, maintain cell shape, guide molecular trafficking,

and organise the cytoskeleton and other intracellular organelles [92, 93].

Epithelial cell polarity is tightly regulated by an evolutionarily conserved
molecular machinery (figure 1.6, reviewed in [94, 93, 95, 96]). The Partitioning
defective (Par) and Crumbs (Crb) complexes establish the apical domain and
correctly position cell junctions [97]. PAR-1/MARK serine/threonine kinases
and the Scribble group proteins define the basolateral domain by excluding
apical proteins from it; and can also modulate polarised protein trafficking
[97]. This regulation is crucial as any changes in cell organisation and polarity
can propagate at the tissue scale, affecting both the structure and function of

epithelial tissues [84, 85].

Cell junctions

There are two important protein complexes at the border of the apical and
lateral domains (figure 1.6): the adherens junctions (AJs) and occluding junc-

tions (OJs), also known as tight junctions (TJs) in vertebrates or septate
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Figure 1.6: Epithelial cell polarity and junctions. Adapted from [98].

junctions (SJs) in invertebrates. AJs are highly conserved across all meta-
zoans as they are essential for cell-cell adhesion and the maintenance of tissue
integrity [99, 100, 101, 102]. The three main proteins forming an AJ are E-
cadherin (E-cad), a— and f—catenin. E-cad establishes cell-cell adhesion by
forming extracellular homodimers with neighbouring cells, and it couples the
cytoskeletal network intercellularly by binding to the cell cortex through a—
and J—catenin [103, 104, 105, 106]. OJs keep apical and basolateral compart-
ments segregated and seal cells together at their apical side. They are crucial
for controlling diffusion through the epithelial layer and its function as a per-

meable barrier [84, 42].

Increasing evidence has shown that cell-cell junctions have an important role
in mechanosensing and mechanotransduction. Normal cell behaviours (e.g.
cell division, shape changes, movement) can generate mechanical stress that
accumulates at the cell junctions and makes them susceptible to breakage
[83, 84, 85, 42] (see section 1.2.2). Therefore, junction maturation and main-
tenance is important for preventing cell damage and protecting epithelial in-
tegrity. High tension at the AJs [85] or the TJs [42] activates Rho signalling,
promoting accumulation of actomyosin and recruitment of junctional proteins

to prevent or restore any ruptures while also strengthening the junction. In
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addition, intercellular coupling of the actin cytoskeleton through the AJs al-
lows tension to be sensed and transmitted throughout the tissue, which can

affect its morphology, function, and cell behaviours [20, 107, 108].

Epithelial cells are also connected through a third type of protein complex
known as desmosome (figure 1.6). This complex couples intermediate fila-
ments intercellularly through desmosomal cadherins, in a similar manner to
AJs coupling actin filaments. Through this coupling desmosomes contribute
to the mechanical strength of epithelial tissues, helping maintain their architec-
ture and integrity. Desmosomes have also been shown to have an effect on cell

behaviours and tissue morphology during development and repair [109, 110].

1.3.2 Role of Extracellular Matrix (ECM)

The extracellular matrix (ECM) is an organised, complex, and highly dynamic
macromolecular network present in all tissues and organs. While there are dif-
ferent types of ECM, epithelial tissues are usually in direct contact with a
particular sheet-like matrix called basement membrane. This type of ECM
covers the basal surface of epithelia, providing physical support to the tissue
and a platform for signalling [111, 112]. The basement membrane primar-
ily consists of collagen, laminin, nidogen and heparan sulphate proteoglycans
[112]. However, its exact composition and architecture is tissue and context
specific [113, 114]. Since epithelial tissues are the main interest for this work,

ECM and matrix are henceforth used as synonyms for basement membrane.

Cells adhere to their ECM through receptors that link the matrix to the cy-
toskeleton and enable them to communicate reciprocally [115, 116, 114] (see
below). Through these connections the ECM can regulate cell signalling and,
in turn, cell identity and behaviours [117, 115]. Simultaneously, cells can re-

model both the composition and organisation of their matrix, two important



32

characteristics that determine its mechanical properties [113, 114]. The ECM
is a key source of both chemical and mechanical signals for the tissue they are
in contact with [113, 111]. It has been shown to have an important mechanical

role in development, repair, cancer, etc [118, 119, 116, 111, 112].

Cell-ECM interaction

Interaction between epithelial cells and their ECM is mediated through mechanosen-
sitive cell-matrix adhesion complexes (CMACs). Focal adhesions and hemidesmo-
somes are the two main CMACs that couple the matrix to the actin-cytoskeleton
and intermediate filaments, respectively [120, 98| (figure 1.6). The principal
components of these complexes are integrin receptors, transmembrane het-
erodimers formed by « and S subunits that allow them to recognise and bind
to various ECM components [121]. The amino acid sequence RGD is the first
and best described integrin binding motif that promotes strong cell adhesion
[98]. Variations of the RGD peptide have been widely used for biomaterials
(see section 4.1.1). Intracellularly, integrins bind to protein adaptors that can
have a scaffolding, structural and/or catalytic function (e.g. paxillin, kindlin,
talin, tensin, focal adhesion kinase (FAK), etc). Catalytic adaptors are re-
sponsible for signal transduction and propagation, while structural adaptors

directly link integrins to the cytoskeleton [120].

Integrins and their adaptors are mechanosensitive proteins susceptible to me-
chanical forces inducing reversible conformational changes and exposing pre-
viously concealed binding sites. These changes are important for integrin
activation, CMAC formation, cytoskeleton coupling and signal transduction
[122, 123]. Integrins are therefore involved in both biochemical and mechan-
ical bidirectional signalling, due to the wide variety of subunits and adaptor
proteins [121, 112]. This ability is crucial for reciprocal cell-matrix communi-

cation, through which cells can influence ECM remodelling and the ECM can
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influence cell identity and behaviours.

Morphogenesis and repair

The strength of cell adhesions as well as the stiffness of a substrate can have
an effect on cell shape, tension, and substrate deformation. Stiffer substrates
induce cell spreading and attachment, whereas softer substrates and strong
cell-cell adhesion can lead to substrate reshaping around the cells. Thus,
variations on strength and stiffness can result in multiple configurations of
cell and tissue shapes [124, 125, 126]. Furthermore, the dynamic composition
and mechanical properties of basement membranes provide cues to direct cell
behaviours and tissue growth during development, homeostasis, disease, and
injury. The ECM is involved in the regulation of essential processes for tissue

morphogenesis, such as cell growth, proliferation, polarisation, migration, dif-

ferentiation, and shape changes [127, 113, 47, 128, 111, 129].

Polarised matrix deposition directs cell polarisation in embryoid bodies and
epithelial cysts and tubes [130, 131, 132, 111]. Oriented matrix fibres can
also regulate tissue shape by providing patterned physical constriction in the
Drosophila egg chamber [133], mouse salivary gland [134] and other tissues
[111, 129]. The ECM is also involved in maintaining tissue architecture as
observed in the Drosophila wing discs [135] and the C. elegans gonad [136].
Unexpected changes of ECM chemical and mechanical properties can severely
impact tissue development [111, 129], impair repair [127, 119], and contribute
to cancer development [118, 137] and disease (e.g. in the case of liver fibrosis

[138, 139], see section 1.4.2).

The importance of the ECM for successful tissue repair has additionally been
demonstrated in the field of tissue engineering and regenerative medicine. De-

cellularised scaffolds (tissue specific isolated matrices that preserve their orig-
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inal components and architecture) have been used to grow and differentiate
embryonic stem cells (ESCs) into functional organs that can be transplanted
in rats and replicate rudimentary functions [140]. This technique has also
highlighted the specificity of ECMs as ESCs can only differentiate into cell
types that correspond to the original tissue from which the scaffold has been
isolated (i.e. cardiomyocyte differentiation possible in scaffolds from heart and

not from liver tissue [141]).

Cell fate determination

ECM properties not only influence overall cell shape and behaviours, they can
also determine cell identity through chemical and mechanical regulation of cell
differentiation pathways. As previously mentioned, a matrix isolated from a
particular tissue induces differentiation of ESCs towards cell types that con-
stitute that specific tissue only [141]. Remarkably, the use of artificial in vitro
matrices has shown that mechanical cues alone can trigger cell differentiation
into specific lineages, as well as other cell behaviours [6, 142, 143, 144]. Mes-
enchymal stem cells (MSCs) grown on matrices of low, intermediate, and high
stiffness promotes differentiation towards neurons, myoblasts and osteoblasts,
respectively [117] (figure 1.7). Similarly, softer gels promote MSC adipogenesis
while stiffer gels favour osteogenesis [145, 146, 147].

While most of these studies have tried to manipulate the characteristics of
matrices and test their effect at the cell and tissue level, it is difficult to isolate
specific matrix properties and independently change them without affecting
others. In recent years, more sophisticated tools have been developed to allow
independent manipulation of both chemical and mechanical characteristics of
2D and, importantly, 3D matrices. One interesting example is a new synthetic
hydrogel that can undergo degradation and softening at predefined regions

through photopatterning. Intestinal stem cells grown on these gels acquired
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spatial variations in cell shape, YAP and Notch signalling, specifying crypt-like
domains with Paneth cells to the softened areas and villus-like domains with no
stem cells elsewhere [148]. Synthetic matrices used in vitro, in particular for 3D

cell culture, are further described and discussed in chapter 4 (see section 4.1.1).

da.
Factors regulating stem cell fate
Soluble .
factors | Mesenchymal Substrate stiffness
stem cell
| 1 kPa (soft) 10 kPa 100 kPa (rigid)
o e
S .
& (D
& of
Q
NS
dE
Lineage: neuronal muscle bone

Figure 1.7: Substrate stiffness regulates stem cell fate. See [117] for experimental
work. Figure from [149], reproduced with permission of the rights holder (Elsevier).

1.4 Regenerative ability of the liver

The liver is one of the most important organs with over 500 functions, includ-
ing detoxification, bile production, metabolism, storage, etc. Even though the
adult liver has a low cell turnover in homeostatic conditions, it has a surprising
regenerative capacity as it can overcome almost any kind of damage through-
out the lifespan of an individual. It is able to repair repeated microinjuries
and mild damage from toxins, drugs and physical lesions. The liver can also
regenerate after severe damage and fully recover its morphology and function
even after removal of up to 70% of its mass (figure 1.8a). While its regenerative

abilities have been widely studied, it is still highly debated which cell types
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can respond to damage and how. Multiple mechanisms have been described

depending on the location, source, and severity of injury (figure 1.8b) [150, 55].

[ Progenitor ; / n

Figure 1.8: Liver repair responses. (a.) Liver regeneration (right) upon severe damage
(left). (b.) Reported repair responses of different cells within the ductal and hepatocyte
compartments. Top to bottom: hepatocyte proliferation, hepatocyte de-differentiation into
bipotent cells, and re-activation of quiescent stem cells. See text in section 1.4.1 for more
information.
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1.4.1 Repair responses

The liver consists of mainly epithelial cells (hepatocytes and ductal cells, see
section 1.4.3) and, to a lesser extent, of blood vessels (liver sinusoids), hepatic
macrophages (Kupffer cells) and hepatic stellate cells (HSCs) [151, 152]. All
cells present in the hepatocyte and ductal compartments (i.e. mature epithelial
cells, progenitors and quiescent stem cells) have been reported to contribute

to liver repair and regeneration in their own manner (figure 1.8b) [150, 55].

Hepatocytes are the most abundant cells and are the first ones to respond
to most types of damage. Mature and immature cells from the hepatocyte
compartment can re-enter the cell cycle and increase their proliferation rate
to replenish lost hepatocytes [153, 154, 155]. Upon a larger loss of cell mass,
they can also de-differentiate into ductal-like progenitor cells, proliferate, and
re-differentiate into hepatocytes and ductal cells [156, 157]. Cells in the ductal
compartment also contribute significantly to repair when damaged or when
severe injury depletes the majority of the hepatocyte compartment. Ductal
cells increase proliferation and quiescent stem cells within the compartment
can be activated through epigenetic remodelling. These cells rapidly divide,
expand, and differentiate into both hepatocytes and ductal cells to restore their
respective compartments [158, 159, 160, 161, 162, 163, 164, 55, 63]. It is likely
that this variety of cellular plasticity and injury responses is what makes the
adult liver highly regenerative. Any alterations of cellular plasticity can lead

to impaired regenerative abilities, liver disease and carcinogenesis [165].

1.4.2 ECM and liver repair

The ECM of a healthy liver is scarce compared to other epithelial tissues (<3%
on a liver section). It is restricted to a few areas (i.e. portal tracts, sinusoid
walls, and central veins) where it forms part of the border between these tis-

sues and the blood flow [138]. The strategic and limited arrangement of ECM
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within the liver mean that any changes in its properties (i.e. density, stiffness,
flexibility, localisation) rapidly affect the structure, function and regenerative

capacity of the liver [138, 166, 139], which can have deleterious consequences.

Repeated and chronic damage induce long-term activation of HSCs, a small cell
population that has also been reported to play a role in liver repair. These cells
regulate myofibroblast differentiation and thus fibrogenesis [150]. Prolonged
HSC activation results in excessive ECM accumulation and fibrosis, character-
istics that take place in most types of chronic liver diseases. Although it can
be reversible, there is no standard treatment for liver fibrosis. Its progression
is variable between individuals and the only successful cure is transplantation.
If untreated, advanced fibrosis can lead to cirrhosis, morbidity and eventually

mortality [138, 166, 139].

1.4.3 Liver epithelium

Up to ~85% of the liver volume consists of epithelial tissue formed by two cell
types: hepatocytes (~80%) and cholangiocytes (3-5%), also known as ductal
cells [167, 168]. Hepatocytes are the most abundant epithelial cell type that
carry out many important functions such as bile formation, metabolic func-
tions, detoxification, etc [150, 55]. Cholangiocytes form the intrahepatic bile

duct network responsible for bile secretion and transportation [168].

Both cell types exhibit the typical polarisation of epithelial cells: an apical
domain facing a lumen, lateral domains contacting neighbouring epithelial
cells, and a basal domain usually facing a basement membrane (see section
1.3.1). Cholangiocytes form a monopolar epithelium with an apical domain
forming the inside of bile ducts, and a basal domain resting on a basement
membrane [169]. In contrast, hepatocytes tend to have more than one apical

and basal domains [167, 170] (figure 1.9d). They form capillary-sized lumina
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(called canaliculi) with multiple neighbour hepatocytes, making up a branched
network that spans across the liver epithelium and eventually integrates into
the bile duct network (figure 1.9b-c). Hepatocytes can also form multiple basal

domains that face the liver sinusoids instead of a basement membrane.

Ductal cells Hepatocytes

Figure 1.9: Composition and organisation of liver epithelium. (a.) Diagram of
the liver and its intrahepatic bile duct network (dark orange). (b-c.) Liver epithelium
consisting of a ductal compartment (dark orange cells forming ducts) that transitions into
the hepatocyte compartment (dark blue cells forming a canaliculi network, illustrated as
cream dots and thin branches in (b.)). (d.) Polarity of both epithelial cell types: apical
(green), lateral (yellow), and basal (pink) domains. Liver sinusoids are in grey. Each panel
is a more detailed representation of the dashed regions in its previous panel.

The hepatocyte compartment is divided into 3 zones: the periportal (zone
1), midlobular (zone 2), and pericentral region (zone 3, also called perive-
nous). Hepatocyte sub-populations have been described based on their posi-
tion, morphology, maturation, function, polyploidy, and gene expression pro-
files [171, 151, 152, 172, 173]. The periportal region and the ductal compart-
ment transition into each other throughout the biliary tract (figure 1.9b-c)

[167]. Ductal cell sub-populations also exist with different levels of maturation,
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proliferation, and gene expression profiles [168, 151, 152]. This heterogeneity
of hepatocyte and cholangiocyte sub-populations gives the liver its character-

istic cellular plasticity and variety of injury responses (see section 1.4.1).

1.5 Organoids as a model system

Organoids are in wvitro multicellular 3D structures that recapitulate some of
the characteristics and functions of a particular organ. They are derived from
different kinds of stem cells: embryonic (ESCs), adult or induced pluripotent
stem cells (iPSCs). Protocols for organoid culture exploit the intrinsic ability
of these cells to self-assemble and organise into ordered multicellular structures
from an (almost) homogeneous starting condition when grown in a 3D culture
system (see section 4.1.1). Depending on the type of organoid, they can be
differentiated in vitro into one or more cell types, or further developed through

transplantation and engraftment in vivo. [174, 175, 1, 2, 3, 176]

This relatively new system has become popular due to its ability to better
replicate the in vivo physiology of an organ, compared to regular 2D cell
culture systems, while retaining most of the advantages of in wvitro culture
[4, 177]. Organoids can be expanded for long time periods without losing
their genetic stability, differentiation potential and commitment to the tissue
of origin [1, 178, 179, 2]. Manipulation techniques normally used for 2D cell
culture can also be applied to organoid systems, such as genetic editing and
engineering, chemical and physical perturbations, live imaging, etc. Because
of the conditions in which organoids are grown, dynamical cell behaviours are
preserved in a 3D tissue context [4, 177] and can be studied live with higher

temporal resolution, unlike in vivo systems.

The field has rapidly grown and numerous types of organoids have been gen-
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erated thus far, recapitulating tissues from the three main germ layers (e.g.
retina, brain, heart, lung, intestine, liver, stomach, etc.) [1], and from mul-
tiple organisms other than mouse and human (e.g. apes [180], rhinoceros
[181], snakes [182], etc). In translational research, they are being used to
study disease and cancer progression, test new treatments, drug screening,
and to advance personalised medicine by deriving organoids from human pa-
tients [175, 1, 3, 5]. In basic research they are being used to study multicellular
coordination and behaviours, embryonic developmental processes, and the evo-
lutionary differences between multiple species [3, 183, 180, 181]. Organoids can
help us understand how tissues are shaped, how they respond to injury, and
what dynamical processes take place during tissue repair. Furthermore, this
in vitro system is an excellent tool to independently test and study the role of

mechanical properties on tissue morphogenesis and repair.

1.5.1 Liver organoids

Various liver cell types derived from embryonic tissue, ESCs, iPSCs or adult
stem cells have been used to establish 2D in vitro cultures: hepatoblasts, hep-
atocytes, and ductal cells. Bipotential hepatoblasts or hepatoblast-like cells
have the potential to form hepatocytes and cholangiocytes, albeit immature
ones [184, 185, 186]. Despite their regenerative ability, hepatocytes are a dif-
ficult cell type to grow in wvitro as they develop and expand slowly, fail to
retain their main functions, and have low survival [187, 188]. Adult stem and
progenitor cells expressing ductal markers have been the most successful in
vitro cultures with high expansion potential, differentiation towards hepato-

cyte and cholangiocyte lineage, and in vivo engraftment after transplantation

[158, 184, 185).

In the past decade, several groups started to grow these cell types as 3D

culture systems, uncovering the importance of 3D environments to better pre-
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serve correct liver function and tissue organisation [189, 176]. While hepa-
tocyte organoids have been successfully derived [190, 191], their growth rate
and expansion potential remain limited. Conversely, liver organoids derived
from ductal progenitor cells have a high population doubling rate (48-60 h),
prolonged self-renewal capacity, high expansion potential (up to 1 year), re-
markable genomic stability (only one synonymous base substitution detected
in 3 months), and differentiation potential into mature ductal cells and hepa-
tocytes [161, 162, 163, 176]. These characteristics have made them a popular
system in the field.

1.5.2 Intrahepatic cholangiocyte organoids (ICOs)

One of the most commonly used protocols for growing liver organoids from
ductal progenitors is the one published by Broutier et al, 2016 [161, 192],
where they isolate intrahepatic ducts and/or cholangiocytes from the adult
liver through mechanical and enzymatic disruption. This process triggers a
regenerative response to acute injury in which cholangiocytes go through a
transient epigenetic reprogramming in order to re-enter a proliferative progen-
itor state [63]. This remodelling is necessary for the cells to divide and initiate
organoid formation in a 3D culture setup (see section 2.1.2 and figure 1.10a).
Once formed, organoids can be passaged and cultured for over 5 months or

frozen for long-term storage [161, 163, 192].

These intrahepatic cholangiocyte organoids (ICOs) [176] are a promising and
convenient system to study the cellular plasticity of tissue repair. They can be
maintained and clonally expanded as cholangiocytes or they can be differenti-
ated into hepatocytes (see section 2.1.3 and figure 1.10b). Furthermore, when
transplanted into mice with liver damage and impaired regeneration, ICOs can

engraft and differentiate in vivo to regenerate the injured tissue [161, 163, 63].
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Figure 1.10: mICO isolation, culture, and differentiation processes. (a.) mICO
isolation from adult mouse livers. (b-c.) mICO culture for maintenance, expansion, and
experiments in expansion medium (EM, shown in light orange). Hepatocyte differentiation
can be induced on day 4/5 by culturing mICOs in differentiation medium (DM, shown in
light to dark blue). For more details on these protocols, see methods 2.1 and 2.1.3.
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1.6 Questions and aims

Tissue mechanics has an important role on developmental and regenerative
morphogenesis, influencing the repair efficiency of a tissue. The liver is an or-
gan with striking regenerative abilities, even in adult individuals. While there
is a general understanding of the underlying molecular and genetic processes,
the mechanical aspect remains unclear due to limitations of in vivo systems.
Similarly, since their establishment as a new model system, organoids have
been mainly studied at the molecular and genetic levels. The importance of
cell and tissue morphology has become more evident [193, 117, 147, 194, 195,
126, 186, 180, 144] and some groups have started to characterise organoid mor-

phology and organisation [196, 197, 198, 199, 200, 201].

The main goal of this work is to characterise the morphological phenotypes
of liver organoids recapitulating regenerative morphogenesis, and how this is
affected by their mechano-environment. Furthermore, to explore the differ-
ences in mechanical properties (i.e. tissue tension) and how they influence the

organoid repair response to injury.
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The specific questions and aims addressed in this thesis are:

1. How does morphology change as organoids grow and differentiate? (Chap-

ter 3)
1.1 To characterise morphological changes of liver organoids as they dif-
ferentiate

1.2 To describe the correlation between morphological phenotypes and

gene expression

2. How is the mechano-environment affecting organoid morphology and dif-

ferentiation? (Chapter 4)

2.1 To test the effects of substrate properties on morphological pheno-

types and cell identity of liver organoids

3. Is tissue tension changing as organoids differentiate? And does it affect
how organoids respond to microinjury? (Chapter 5)
3.1 To characterise tissue tension of progenitor and differentiated organoids

3.2 To characterise the repair response to microinjury of liver organoids

through live-imaging



Chapter 2

Materials and methods

2.1 Organoid 3D culture

Mouse Intrahepatic Cholangiocyte Organoid (mICO) [176] lines were cultured
at 37°C, in an atmosphere of 5% CO,, and supplemented with the appropriate

media (table 2.1) for all conditions and experiments.

The protocols for all methods regarding organoid culture are published by
Broutier et al, 2016 [192]. In this section, I summarise the methods I have
used and include any differences or details that are specific to the work pre-

sented in this thesis.

2.1.1 Isolation, growing frozen cultures and cryopreser-

vation
Newly isolated or frozen mICOs were embedded in 100% matrigel and cultured
in isolation medium for 2-3 days. Isolation medium was then exchanged for

expansion medium (EM), in which organoids were cultured for 5-6 days before

splitting for maintenance and/or expansion (see sections 2.1.2).

46
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Components Stock Medium Final Cat. No.
(2x) - 25 ml concentration (1x)

Advanced DMEM/F12 23 ml - Invitrogen 12634010

GlutaMax (100x) 0.5ml 1x Invitrogen 35050-038

Hepes (1 M) 0.5ml 1x (10 mM) Invitrogen 15630-056

N2 supplement (100x) 0.5ml 1x Invitrogen 17502048

B27 supplement (50x) 1ml 1x Invitrogen 12587010

n-Acetylcystein (NAC) 0.1ml 1uM Sigma A9165-5G

Pen/Strep (100x) 0.5ml 1x Invitrogen 15140122

TS Isolation Medium | Expansion Medium | Differentiation Medium Final Cat. No.
-10 ml (EM) - 10 ml (DM) - 10 ml concentration

Stock medium 5ml 5ml 5ml 1x -
Advaned DMEM/F12 4.936 ml 4,947 ml 4.96 ml 1x Invitrogen 12634010
Nicotinamide 10 pl 10 ul - 10 mM Sigma N0636
Gastrin 10 pul 10 pul - 10 nM Sigma G9145.
HGF 10 ul 10 ul - 50 ng/ml Peprotech 100-39
FGF10 0ul 10 ul 10ul 100 ng/ml Peprotech 100-26
EGF 10 pl 10 pl 10 pl 50 ng/ml Sigma E4127.
R-spondin-1 (Rspo) 2.5l 2.5ul - 500 ng/ml Peprotech 120-38.

R&D 4645-RS-250.
Noggin 10 ul - - 100 ng/ml Peprotech 250-38
Peprotech 315-20.

Wnt3a 0.5 ul - - 100 ng/ml R&D 5036-WN-010.
Rock inhibitor (10

mM) 1l 10 uM Tocris 1254
A8301 - - 10pl 50 nM Tocris 2939
DAPT - - 10 pl 10 pM Sigma D5942

Table 2.1: mICO media composition. Detailed composition and concentrations for the
three main media mentioned in this chapter for mICO culture.

Organoid isolation

Some organoid lines were isolated from adult mouse livers received from Dr.
Luigi Aloia (LMCB-UCL then. AstraZeneca, Cambridge now) and Dr. Bethan
Lloyd-Lewis (University of Bristol).

Livers were received in a 50-ml centrifuge tube with PBS up to a day af-
ter collection from the animal. They were then minced with fine scissors and
subjected to several rounds of digestion (Ad DMEM/F12 + 1% FBS and 1%
penicillin/streptomycin + collagenase (Sigma-Aldrich C9407) and dispase II
(Life Technologies 17105-041) at a concentration of 0.125 mg/ml) with wash
steps in between. Once clean duct structures were observed under a stereo-
scope, 50-200 of them were hand-picked with a 200 pl pipette and transferred
to a 15-ml centrifuge tube with fresh digestion medium. These where then cen-
trifuged at 100-200 g for 5 min at 8°C, medium was removed and wash step

was repeated at least once. After all supernatant was removed, the pellet was
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resuspended in 100% matrigel (Corning 356238) (50 ducts per 50 ul). Duct
structures were plated as described in section 2.1.2 and cultured as previously

mentioned (figure 1.10a).

Newly isolated mICOs were passaged twice (see section 2.1.2) to get clean
ductal cell cultures before expanding, freezing, and using for experiments. For

passages 1 and 2 a couple of cryovials were frozen as backup only (section 2.1.1).

Growing frozen cultures

Most of the organoid lines used in this thesis were frozen cultures kindly gifted
by the laboratories of Prof. Trevor Dale (Cardiff University, Wales), Prof.
Meritxell Huch (Gurdon Institute, Cambridge then. MPCIG, Dresden now)
and Dr. Luigi Aloia.

Frozen organoids were quickly thawed by gently swirling the cryovial around
for 1-2 min in a water bath set at 37°C. The vial contents were transferred
to a 15-ml centrifuge tube with prewarmed Ad DMEM/F12. The tube was
centrifuged at 100-200 ¢ for 5 min, medium was removed, and wash step was re-
peated 1-2 times (pipetting carefully to avoid disrupting organoid fragments).
The supernatant was removed as much as possible and the pellet resuspended
in 100% matrigel (double the volume that was originally frozen (ul of matrigel
mounds), see section 2.1.1). This was then plated as described in section 2.1.2

and cultured as previously mentioned.

Cryopreservation

To cryopreserve mICOs, organoids were grown for 5-6 days before mechanically
disrupting the matrigel mounds. This was done following the same protocol

for splitting (see section 2.1.2) except in this case the pellet was resuspended
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by gentle pipetting to preserve organoids as much as possible. After wash
steps, the pellet was resuspended in cold freezing medium (500 pl for 20-60 pl
of matrigel mounds) and transferred to cryovials (500 ul per vial). Each vial
was placed in a pre-cooled cell freezing container and kept in —80°C for 24 h
minimum. They were then transferred from the container to liquid nitrogen

for long-term storage.

Name/ID Genotype Source
*2301-1 male WT Cardiff University
Balbc male WT Cardiff University
0105 Axin2CRE R26-LSL-Tom Cardiff University
*MmTmG ACTB-tdTomato,-eGFP Gurdon Institute
MHCZ Prom1-CreERT2/ZsGreen Gurdon Institute
ecad-CFP E-cadherin-mCFP University of Bristol
*Female 40W female WT UCL
*Male 25W male WT UCL

Table 2.2: mICO lines. * indicates lines used to acquire the images and data presented
in this thesis.

2.1.2 Splitting organoids for maintenance, expansion,

and experiments

mlICOs were passaged when fully grown (usually every 6 days) at a splitting
ratio that ranged from 1:7 to 1:15, depending on organoid density. Matrigel
mounds were mechanically disrupted by adding cold Ad DMEM/F12 to the
well and pipetting up and down with a 1,000 ul pipette. This was transferred
to a 15-ml centrifuge tube with more cold Ad DMEM /F12 and centrifuged at
100-200 ¢ for 5 min. Medium was removed and wash step repeated twice to
get rid of any matrigel left. In between wash steps the pellet was vigorously
resuspended with a 1,000 ul pipette in order to break the organoids as much

as possible until large cell clusters were no longer visible.

The pellet was then resuspended in the appropriate volume of 100 % matrigel

based on the initial number of mounds and splitting ratio. The resuspended
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cells were plated by pipetting 20 ul mounds into 24-well plates (up to 3 mounds
per well) for maintenance and expansion of cultures, gene expression assays
(section 2.5), morphology classification (section 2.6), and synthetic hydrogel
experiments (section 2.2). For confocal imaging (section 2.3.3), tension mea-
surements (section 2.7), and injury experiments (section 2.8), cells were plated

on &well chambered slides as described in section 2.3.1.

Finally, the plates and/or slides were incubated for 10-15 min before adding
expansion medium (550 ul for 24-well plates, 350 ul for 8-well slides). This
medium was exchanged for fresh one every 2-3 days (500 ul and 300 pl, respec-
tively) until they were ready for splitting, freezing, experiments or to begin the

differentiation protocol (section 2.1.3).

2.1.3 Ductal organoid culture and hepatocyte differen-
tiation

mICOs were grown in expansion medium (EM, table 2.1), which promotes duc-
tal cell growth and expansion, before starting the hepatocyte differentiation
process on day 4-5 (depending on how fast/slow organoids had grown because
differentiating when they are too small can kill a high percentage). To induce
differentiation, expansion medium was completely removed and exchanged for
differentiation medium (DM, table 2.1). mICOs were then cultured for 12
more days in this differentiation medium, which was exchanged for fresh one

every 2 days (figure 1.10Db).

Consequently, experiments comparing "young’ progenitor (EM) and differenti-
ated (DM) conditions correspond to organoids on day 4/5 (referred to as day
0 (EM 0d) in all figures and result chapters, see figures 1.10b and 3.1a), and
day 16/17 (referred to as day 12 (DM 12d)), respectively. For experiments

including the 'old’ progenitor condition, organoids were cultured in expansion
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medium for 16/17 days; exchanging it for fresh medium every 2 days (EM 12d,
see figure 3.3a).

2.2 Organoid encapsulation in PEG-hydrogels

The synthetic hydrogel system used for this project was generated by the lab-
oratory of Dr. Eileen Gentleman (KCL, London). We have been collaborating
with her group for this part of the project and they have provided both the
knowledge and the material needed for the experiments in this thesis (mainly
PEG conjugates). The materials and protocols for making these hydrogels,
and encapsulating organoids, are published in Jowett et al, 2021 [202] and
Norman et al, 2021 [9]. Here I transcribe the protocols that were used with

specific details for the experiments in this thesis.

2.2.1 Calculation of conjugates and organoids
PEG conjugate calculation

The appropriate weights of each PEG conjugate were calculated based on their
molecular weight; the desired stiffness of the hydrogels (solid content, s.c.);
and the ratios of inert (KDWERC), adhesive (CYAD) and degradable (DEG)
PEG-peptide conjugates (figure 4.1a). To easily calculate weights and volumes,
Eileen Gentleman’s group generated an excel file to use as template (table 2.3
for an example). All PEG conjugates are custom ordered and conjugated by
our collaborators. They provided the correct aliquots for each conjugate for

every experiment, which were kept at —20°C until used.
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KDWERC CYAD DEG
Total
Solid
solid e mmol of Molecula Molecula Molecula lecul lecul
C— Volume of final T Toral PEG4NPC r Weight M(mg, Da— r Weight Mimg, . r Weight M(mg, r Weight M(mg, r Weight M(mg,
added to . or1/a of Purity of |PEGANPC: of . [cYAD] of . of . of Purity of
Con. of reaction After molecular - ge N Peptide) needed N Peptide) | [DEG] N Peptide) PEG4VS)
Gel the mold volume Purificati  weight peptide PEGANPC PEGANPC| 10K) + KDWERC Peptide +10% um (mg) Peptide +10% Peptide +10% PEG4AVS PEGA4VS +10%
w/v% (ul) () on& or (mg/mm 10% (mg/mm (mg/mm (mg/mm (mg/mm
- PEGAVS o) ol) ol) ol) ol)
Reaction
)
sc2 2 30 33 0.66 38500.97 1.7E-05 10275  89.00% 0.20 0.00% | 876.972 0.00 1000 50.00% | 1848.95 0.06 50.00% | 1872.03 0.06 20784 97.4% 0.37
sc2.5 25 30 33 0.825 38500.97 2.1E-05 10275  89.00% 0.25 0.00% | 876.972 0.00 1000 50.00% | 1848.95 0.08 50.00% | 1872.03 0.08 20784 97.4% 0.46
sc3 3 30 83] 0.99 38500.97 2.6E-05 10275 89.00% 0.30 0.00% | 876.972 0.00 1000 50.00% | 1848.95 0.10 50.00% | 1872.03 0.10 20784 97.4% 0.55
Solid Volume
Content ellits of final Mime, M(mg,
added to . PEGANPC:
Con. of reaction KDWERC  CYAD DEG  PEGA4VS)
the mold 10K) +
Gel volume X +10%
w/ve (ul) () 10%
sc2 2 30 33 0.198 0.000 0.063 0.064 0.366
sc2.5 p25) 30 33 0.247 0.000 0.079 0.080 0.457
sc3 3 30 33 0.297 0.000 0.095 0.096 0.549
Con. (mg/. 1 Con. (mg/. 0.02641:Con. (mg/uf 0.02674:iCon. (mg/i 0.15242
Volume
M(mg) of of PEG- M(mg) of Volume M(me) of Volume M(me) of Volume Total
Gels PEG- KDWERC PEG- | of PEG- PEG-DEG of PEG- PEGAVS of Cells HEPES = volume
KDWERC ) CYAD CYAD (ul) DEG (ul) PEGAVS (ul)
sc2 0.000 0.0 0.063 2.4 0.064 2.4 0.366 2.4 6.0 19.8 33.0
X6 0000 "~ 00 0380 " 144 o385 " 144 2195 " 144 360 " 1188 198.0
sc2.5 0.000 0.0 0.079 3.0 0.080 3.0 0.457 3.0 6.0 18.0 33.0
x2 0000 "~ 00 0158 " 6.0 0160 " 60 0914 " 6.0 120 " 360  66.0
sc3 0.000 0.0 0.095 3.6 0.096 3.6 0.549 3.6 6.0 16.2 33.0
X6 0000 "~ 00 o571 " 216 o578 " 216 3202 " 216 360 972  198.0
Batches xL (2 gels
mg volume each)
KDWERC
sc2 0.000 0.00
sc2.5 0.000 0.00
sc3 0.000 0.00 kdwerc
0.000 0.00 0.000
CYAD
sc2 0.380 14.4)
sc2.5 0.158 6
sc3 0.571 21.6] cyad
1.109 42| 1.109
DEG
sc2 0.385 14.4
sc2.5 0.160 6
sc3 0.578 21.6] deg
1.12319 42| 1.1231915,
Vs Need Weighed  Volume
sc2 2.195
sc2.5 0.914
sc3 3.292 Vs
6.40148 6.4014814

1S

t. For th

immen
example experiment, mg of each PEG conjugate are calculated for 3 stiffness conditions (s.c.

le for hydrogel exper

ion examp

PEG conjugate calculati

Table 2.3

2, 2.5, and 3) with 50% adhesiveness (CYAD) and 50% degradability (DEG). 2 replicates

per condition (x2).
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Organoid calculation

Because the PEG-hydrogel reaction takes place at pH 8, organoid viability is
50-60% [202, 9]. In order to have enough organoids growing in the hydrogels,
they need to be passaged at a lower ratio (1:2-1:3) and kept as large fragments

rather than vigorously breaking them, as in section 2.1.2.

mICOs were always grown in 20 ul matrigel mounds (see section 2.1.2). How-
ever, the minimum volume for consistent crosslinking of PEG-hydrogels is 30
pl due to the properties of the system. To estimate how many organoids were
needed and expand them accordingly, the following calculation was done for

each experiment.

Buffer (ul) to
Hydrogel type | #of gels | pl/gel | Total pl g @S
PEGs 6 33 198 36
mat 6 30 180 36
Total 12 378 72

Standard matrigel mound =20 pl
378 pl /20 pl = 18.9 mounds

19 matrigel mounds of 20 pl needed for 12 gels

Split 8 matrigel mounds minimum. Split ratio 1:2.4

Table 2.4: Example of organoid calculation for PEG hydrogel experiment.

Organoids were then passaged and expanded once to make sure there was
more than enough starting material. After 5-6 days, these mICOs were ready

to be used for a hydrogel experiment.
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2.2.2 Hydrogel formation and organoid encapsulation
Material setup

Before starting (or during wash steps whilst preparing the organoids, see be-

low), the following materials were prepared.

All PEG conjugate aliquots to be used were place in a rack on ice together with
sterile 1.5 ml low-binding reaction tubes; one for every hydrogel condition as
this is the reaction tube were all hydrogel conjugates and organoids are mixed.
The appropriate volume of cold Hepes/HBSS buffer pH8 was added to each

reaction tube (based on the calculation from section 2.2.1).

24-well plates or 8-well slides were kept on a heating block (37°C) to speed up
the hydrogel reaction whilst all gels were being plated. A Sigmacote (Sigma,
SL2-25ML) pre-treated 6 mm diameter glass ring was placed in the centre of

a well to use as a mould for each 30 ul hydrogel.

Preparing organoids

mlICOs were prepared as detailed in section 2.2.1. Once they were ready to be
passaged, organoids were split following the same protocol described in section
2.1.2. To increase cell survival, organoids should remain as large fragments,
instead of being broken down into small clusters of cells. Thus, the pellet was
resuspended using mild to moderate force when pipetting. Wash steps were
done with cold 1x HBSS solution and the pellet was kept in 0.5-1 ml on ice
whilst preparing the PEG conjugates.
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Hydrogel reaction

Low-binding 200 ul tips and tubes were used according to the protocols pub-
lished in [202, 9]. For all volumes mentioned here see section 2.2.1, and tables

2.3 and 2.4.

All PEG conjugate aliquots were first spun down with a microcentrifuge and
the corresponding volume of Hepes/HBSS buffer pH8 was added without pipet-
ting up and down. Each aliquot was resuspended by vortexing for 1-2 minutes
and spun down. Any powder that remained stuck to the walls and lid was
collected by pipetting the buffer around, vortexing, and centrifuging. This

was repeated until fully resuspended.

The organoid pellet, that was kept on ice until now, was centrifuged (100-
200 g, 5 min) and the supernatant removed as much as possible. The pellet
was then resuspended in the appropriate volume of Hepes/HBSS buffer pHS.
6 wl of the cell suspension were added to 27 ul of matrigel and plated on a well
(no glass ring) to check cell density was high enough to proceed. If density
was lower than expected, 1x HBSS was added to the cell suspension to pre-
vent cell damage whilst more organoids were split and prepared. Once density
was right, at least two 30 ul matrigel mounds were plated as positive controls

before exposing cells to the reaction buffer.

The next steps for hydrogel formation and encapsulation have to be done as
fast as possible, one hydrogel condition at a time, since the cells are in a pH 8
buffer and the hydrogel reaction initiates immediately upon mixing PEG-4VS
with PEG-peptide conjugates. Each component (cells, KDWERC, CYAD, and
DEG) was added to the reaction tube in the appropriate volume, pipetting up
and down in between. PEG-4VS was then added and mixed by pipetting only.
30 pl of this hydrogel-cell suspension were pipetted inside each coated glass

ring, being careful not to move or knock it over to prevent the suspension
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from leaking out. The plate/slide and reaction tube were kept on the heating
block whilst proceeding with the next hydrogel conditions (if more than one)
or the matrigel negative controls, for which only the cell suspension was mixed

with matrigel and plated directly on the well without a glass ring (figure 4.1b).

After all the replicates (minimum 2 per condition) and conditions were done,
the plate/slide was carefully placed in the incubator together with the reaction
tubes, which were used to determine when the hydrogels were fully formed.
The leftover hydrogel-cell suspension in the reaction tubes was checked with a
pipette tip 30 min after completing the first condition. If the hydrogels were
not properly formed yet, they were kept in the incubator and checked every 10
min up until 1 h. When the hydrogels were ready, the plate/slide was placed
back on the heating block, the rings were carefully removed with forceps and
expansion medium was added (750/400 ul to cover the hydrogels). If there was
more than one hydrogel condition, the time difference was considered before
adding media to the rest and the matrigel controls (+ and -). After 2-3 days
it became clear whether enough organoids had survived to proceed with the

experiment.

2.2.3 Image and data analysis
Organoid survival

Organoid formation efficiency is usually calculated from the initial cell den-
sity or the number of cell clusters that formed organoids after several days.
However, using these methods for this PEG-hydrogel system is not ideal due
to a couple of reasons: (1) initial cell density cannot be reliably determined
because mICOs are broken down into cell clusters; (2) one cell cluster does
not necessarily equal one organoid as two or more cell clusters that are close
to each other can fuse during the first days in culture (in matrigel and PEG

hydrogels). Therefore, the total number of organoids in each gel (obtained
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from the classification described in methods 2.6.3) were normalised to positive
matrigel controls for each experiment. This total number includes organoids

that were able to form even if they died later on.

Organoid size (area)

The OrganoSeg software [197] was designed to segment brightfield images of
organoids and quantify morphometric features in an automated manner. While
its segmentation is not clean enough for a clearer morphological classification

(see section 2.6.3), it is good enough to quantify organoid area.

After optimisation with images from different conditions, the segmentation
settings for all images were: 0.5 for intensity threshold, 80 for window size,
and 250 for size threshold. Since organoid segmentation cannot be manually
corrected in this software, four morphometric features were used to clean up
merged organoids, debris, etc. using a custom R script. The features are:
size threshold > 1000, eccentricity < 0.75, solidity > 0.48, and extent > 0.31.
Organoid area was then extracted for each condition and imported into Graph-

Pad Prism 7 for statistical analysis and plotting.

Morphology classification and gene expression analysis

Analysis of morphologies and gene expression were carried out as described in

sections 2.6.3 and 2.5, respectively.

Data analysis

Data was analysed using custom R scripts or directly analysed and plotted

with the help of GraphPad Prism 7.
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2.3 Organoid imaging

2.3.1 Live sample preparation (matrigel sheet culture)

For brightfield imaging, cells were plated as matrigel mounds on 24-well plates
(described in section 2.1.2). However, this set up is not the most suitable for
confocal microscopy with higher resolution imaging since the working distance
of the 40x objective is limited to 620 pum (section 2.3.3). Matrigel mounds are
significantly taller and very few organoids end up close enough to the bottom
of the plate for them to be imaged but not too close that they end up attaching
to it and compromising organoid structure and cell identity. I therefore opti-
mised a method for plating mICOs on chambered cover glasses to maximise
the number of organoids located within the objective’s working distance while

preventing them from touching the glass bottom.

| «——1 | [P, PO %P (i:ijﬁl
L

Matrigel mound Coating Matrigel sheet

Figure 2.1: Matrigel sheet culture for live confocal imaging. (a.) Side view diagram
of cells embedded in a regular matrigel mound in one well of a 8-well chambered cover glass.
(b’.) Top view of the initial coating with a thin layer of matrigel (pink). Dotted line with
arrowheads represents the pipetting motion and direction to create an even coat. (b”.) Side
view of matrigel sheet culture with the cell layer on top of the thin coat (purple arrow).

Before plating the cells, 8-well chambered cover glasses (IBL Baustoff+Labor
GmbH 220.140.082) were first coated with a thin layer of matrigel. This was
done by carefully pipetting 1-1.5 pl of matrigel per well, first around it to
outline a rectangle without touching its walls and then slowly going around

towards the centre to fill it in and create an even coat covering most of the



29

surface of the well (figure 2.1b"). The cover glass was then incubated for 3-4
minutes at 37 °C to set the coat, after which 14 pul of the cells resuspended in
matrigel were plated by going over the coated region. To prevent any matrigel
flow and achieve an even sheet with a homogeneous cell distribution, the 14
ul were slowly dispensed starting from the outside, re-drawing the outline of
the first rectangle and finishing at its centre (figure 2.1b’, b”). This method
was used to set up mICOs for confocal imaging (section 2.3.3), tension mea-

surements (section 2.7), and injury experiments (section 2.8).

2.3.2 Brightfield microscopy

To capture organoid morphologies, both in matrigel and synthetic hydrogel
conditions, these were live-imaged using a Nikon GFP3 widefield time-lapse
microscope with an incubation chamber for sample viability (37°C, 5% COy)
and a 4x air objective (Plan Fluor, N.A.:0.13, working distance: 17.1 mm).
Four tiles (a z-stack each) were acquired per gel in order to image the entire
surface of a hydrogel or most of a 20-30 pl matrigel mound. Images were taken
every day, every other day or at the final timepoint only, depending on the

experiment.

2.3.3 Confocal microscopy

Higher resolution images were taken using a Zeiss LSM 880 NLO microscope
with an incubation chamber (37°C, 5% COs) for live samples. Both live
and fixed samples were imaged with a 40x oil objective (Plan Apochromat,
N.A.:1.3, working distance: 0.21 mm). This microscope is equipped with a
Coherent Chameleon Vision II Titanium Sapphire Multiphoton laser, tuneable
from 680 nm to 1080 nm. This laser was tuned to 760 nm to perform ablations

for tension measurements (see section 2.7) and injury experiments (section2.8).
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Fixed samples were stained as described in section 2.4. Live samples were
prepared as detailed in section 2.3.1 and stained usually with CellMask and
Hoechst. Details for these and other dyes are specified in table 2.6 and in the

appropriate figures.

To optimise membrane signal, in particular for injury experiments (section
2.8), organoids were incubated for 20-30 min with CellMask diluted at 1:2000-
2500 (or for 10-15 min, 1:1500) in the appropriate medium. When Hoechst was
used, it was added during this incubation period at 1:25000. After incubation
and before live-imaging, media was changed for fresh one with only CellMask

at a lower concentration (1:25000-3000).

2.4 Immunostaining

Fixing and staining organoids can be troublesome for a couple of reasons.
Organoid morphology is usually compromised, mildly or severely, depending
on the fixation process. Additionally, since organoids are grown embedded in
matrigel, some antibodies have a harder time penetrating this matrix to reach
the cells. I tried different fixing protocols to attempt to overcome these prob-
lems. Each is described below, with its specific advantages and drawbacks.
Solutions, dyes, and antibodies used for fixing and staining are detailed in ta-

bles 2.5 and 2.6.

2.4.1 Protocol 1: taking organoids out of matrigel

As reported by Broutier et al, 2016 [192], matrigel can be removed and washed
away in order to have mICOs in suspension, free of any matrix that can inter-
fere with immunostaining. They recommend working with smaller organoids

and gently handling them throughout all the steps for washing, fixing, and
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staining to conserve their morphology. While this protocol allows antibodies

to easily reach the cells, it has several disadvantages.

Small free organoids in suspension are harder to handle as they tend to float.
Exchanging solutions becomes a finicky process, required volumes are higher,
and the overall protocol is considerably longer compared to others. Moreover,
matrigel cannot be fully removed without damaging the organoids and they
often remain connected by a string of matrix. There are too many steps dur-
ing which organoids are exposed and have to be moved around, leaving them
prone to damage and even causing loss of organoids. Lastly, because mICOs
are in suspension, they still need to be mounted after they have been stained.
This limits the number of organoids that can be mounted and imaged in one
session, as well as adding another step during which their morphology is can

be damaged.

2.4.2 Protocol 2: fixing organoids in 100% matrigel

To overcome the problems that come with handling exposed organoids, I tried
fixing and staining mICOs while keeping them in the same 8-well slide they
were growing in (see section 2.3.1), without removing matrigel. This required
some optimisation as it is a combination of the protocol used in our group to
stain wing discs and the one by Broutier et al, 2016 [192]. The final protocol

is described below.

Samples were incubated overnight at 4°C with primary antibodies diluted at
the appropriate concentrations in PBS-BSA 0.1% (see table 2.6). Organoids
were then rinsed five times in PBS-BSA 0.1% (10 min washes), incubated for
2.5 h RT with secondary antibodies diluted in PBS-BSA 0.1% (covered from
light), and washed again 2-3 times. If using dyes, these were diluted in PBS-
BSA 0.1% and incubated for 20 min RT, followed by two 10 min wash steps.
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Fluoromount G mounting medium (SouthernBiotech 0100-01) was added to
each well to preserve fluorescence. Organoids were finally imaged by confocal

microscopy (see section 2.3.3).

This protocol was used for all mICO stainings as it is more straightforward
than others and uses the same setup established for confocal live-imaging (sec-
tion 2.3.3) without having to mount the sample at the end. It takes less time
and, even though bigger organoids do suffer some changes, morphology is bet-

ter preserved overall without getting damaged.

Troubleshooting

I tried two more fixing strategies hoping to better preserve organoid morphol-
ogy: (1) fixing with 0.25% Glutaraldehyde in Ad DMEM-F12, or PBS, for
5 min RT followed by 4% PFA for 15 min; and (2) fixing with 0.25% Glu-
taraldehyde + 2% PFA + 0.3% Triton in Ad DMEM/F12, or PBS, for 20
min. Samples were stained following the protocol above. However, there were

no clear improvements or benefits from using these alternative fixing protocols.

Most antibodies against cell markers (cholangiocytes and hepatocytes) did
not seem to work after several trials. The staining was not clear and there was
a lot of background signal on the outside of the organoids. This could be due
to different reasons such as matrigel being partially degraded and becoming
messy when fixing and washing the sample, which could interfere with cell
permeabilisation and accessibility for some antibodies. It could also be that
the antibodies that were tested did not work properly, as antibodies against
liver cell markers are often problematic and unstable. To solve this issue, I am
currently trying a third protocol for fixing and staining recommended by Prof.
Prisca Liberali (FMI for Biomedical Research, Switzerland) as well as trying

other antibody options against the same or similar targets.
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Solution

Dilutions

Cat. No.

Paraformaldehyde (PFA) 4%
Glutaraldehyde (GA) 0.25%

PFA 16% 1:3 in PBS
GA 5% 1:1000 in PBS -
GA 5% 1:1000 + PFA 2% 1:6 + Triton 0.3% -

TAAB Laboratories FO17/3

PBS-BSA 0.1% BSA 0.01 g in 10 ml PBS Sigma A4503

PBS-BSA 2% BSA 0.2 gin 10 ml PBS -
PBT 0.3% Triton X-100 3 plin 1 ml PBS Sigma T8787

PBT-BSA PBT 0.3% + PBS-BSA 2% -

Table 2.5: Solutions used for fixing mICOs.
Dyes Stock Dilution Cat. No.
CellMask 5 mg/ml 1:2000-1:2500 ThermoFisher Scientific
C10046, C10045
Hoechst 50 mg/ml (in water) 1:25000 Sigma B2261
Phalloidin 200 units/ml (in methanol) 1:20-1:60 Molecular probes A34055
Life Technologies A22287
SiR Actin 1mM (in DMSO) 1:1000 Cytoskeleton Inc SC001
DAPI 1 mg/ml (in water) 1:1000 Sigma D8417-1MG
Primary antibodies Host Dilution Cat. No.
ve-cadherin Rabbit 1:300 Abcam ab33168
phospho-myosin light chain 2 Rabbit 1:50 Cell Signalling 3671S
Z0-1 Rat 1:300 DSHB R26.4C
phospho-histone H3 (PH3) Mouse 1:1000 Millipore 05-806
alpha tubulin Mouse 1:300 Sigma T8203
EpCAM Rat 1:300 DSHB G8.8
oval cell marker (MIC1-1C3) Rat 1:100 Novus Biologicals NBP1-18961
mouse osteopontin (OPN) Goat 1:100 R&D Systems AF808-SP
Sox9 Rabbit 1:100 Sigma AB5535
human serum albumin (Alb) Mouse 1:100 R&D Systems MAB1455-SP
Secondary antibodies Host Dilution Cat. No.

anti-Mouse Alexa Fluor 488 Goat 1:300 Molecular Probes A11029
anti-Rabbit Alexa Fluor 488 Goat 1:300 Molecular Probes A11034
anti-Rat Alexa Fluor 488 Goat 1:300 Abcam ab150161
anti-Mouse Rhodamine red X Donkey 1:200 JacksonlImmunoResearch 715-295-151
anti-Mouse Cy5 Donkey 1:300 JacksonImmunoResearch 715-175-151
anti-Rabbit Cy5 Donkey 1:300 JacksonlmmunoResearch 711-175-152
anti-Rat Cy5 Donkey 1:300 JacksonImmunoResearch 712-175-153

Table 2.6: Dyes and antibodies used for staining mICOs.




64

2.4.3 EdU staining and quantification
Staining

As an indicator of cell proliferation, EdU incorporation experiments were per-
formed using the Click-iT EdU Alexa Fluor 647 Imaging Kit (Invitrogen,
C10340), following a protocol optimised for the fly wing disc by Dr. Alice
Roycroft, a previous postdoctoral fellow in our lab. This protocol was based
on the manufacturer’s instruction, only optimising the fixing, blocking and
permeabilisation steps (described in Protocol 2). mICOs were first incubated
for 1 h with EdU stock solution diluted 1:1000 before washing it away with
PBS-BSA 0.1% for 5 min. Organoids were then fixed with PFA 4% for 25
min RT followed by two 5 min wash with PBS-BSA 2%. Samples were perme-
abilised with PBT 0.3% for 20 min, washed again twice with PBS-BSA 2%,
and incubated in freshly prepared 1x Click-iT reaction cocktail for 30 min
RT. After incubation, samples were washed once with PBS-BSA 2%, three
times with PBT 0.3% for 10 min, and three more with PBT-BSA for 10 min.
Organoids were ready for further staining with antibodies and/or dyes as de-

scribed in 2.4.2.

Quantification

EdU" and EAU™ cells were manually counted using the multi-point and coun-
ters tool on Fiji [203]. Percentage of positive cells [EAUT / (EAUT + EAU™)]
was calculated and plotted on RStudio [204] and GraphPad Prism 7.
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2.5 Gene expression assay (rt-qPCR)

2.5.1 Sample preparation

For organoids grown in matrigel, mICOs were passaged as described in sec-
tion 2.1.2 and plated as 20 pl matrigel mounds in 24-well plates (3 mounds
per well). Every condition had at least 2 replicates (2 wells) per experiment.
For experiments where organoids were sorted by morphology, see section 2.6.1.
PEG-hydrogels are harder to dissociate and RNA yield is usually quite low,
probably due to PEG molecules interfering with the extraction process. Sorting
organoids by morphology was impossible for these experiments and replicates

had to be pooled together in order to extract enough RNA.

2.5.2 RNA extraction

PicoPure RNA Isolation Kit (Applied Biosystems KIT0204) was used for all
experiments in this thesis since it is able to give a reasonable yield even when
working with a few organoids. All samples were disassociated with the ex-
traction buffer from the kit (50 wpl for 2 wells with matrigel mounds or for
2 hydrogels), transferred to 1.5 ml tubes and homogenised by continuously
pipetting up and down. Each tube was then flash frozen in dry ice sprayed
with 70% ethanol and kept at —4°C, this step helps reduce RNase activity

and improve RNA stability.

For matrigel conditions, wells were rinsed with PBS for 5-10 min before adding
the extraction buffer. For experiments where organoids were sorted by mor-
phology, samples were processed as described in section 2.6.1 before extraction
buffer and flash freezing. PEG-hydrogels were also rinsed with PBS before
adding Trypsin-EDTA (50 ul for 2 gels) to dissociate them, as recommended
by Eileen Gentleman’s group. Gels were transferred to a 1.5 ml tube and

incubated at 37°C for 20-30 min, pipetting up and down every 10 min with
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a 200 pl tip to help break the gels down. After incubation, extraction buffer
was added to each tube (50 ul for 2 gels) and mixed by pipetting to dissociate

hydrogels as much as possible. These were then flash frozen as described above.

All frozen samples were thawed in a water bath at 37°C and processed ac-

cording to the manufacturer’s instructions for RNA extraction.

Initial attempts

When first implementing these experiments, I tried two other kits for RNA
extraction. RNeasy Plus Mini Kit (QIAGEN 74134) had a very low RNA
yield, which was probably due to low organoid numbers and their Micro Kit
might have worked well. The second one, PureLink RNA Micro Kit (Invitrogen
12183016) using Trizol for the extraction, was recommended by a neighbouring
lab (Alison Lloyd group). This kit worked well but took longer and required
more additional reagents compared to PicoPure, which gave similar or even

better yields.

2.5.3 Reverse transcription quantitative real-time PCR
(rt-qPCR)

c¢DNA was synthesised from 100 ng to 1 ug of extracted RNA using the Super-
Script IT Reverse Transcriptase kit (Invitrogen 18064-014) and random primers
(Invitrogen N8080127), according to the manufacturer’s protocol. The cDNA
was then amplified using MESA Blue qPCR MasterMix Plus kit (Eurogentec
RT-SY2X-03+NRWOUB) and specific primer pairs (see table 2.7) on a CFX
Connect Real-Time PCR Detection System (Bio-Rad). The cycling conditions
used were (1) 95°C for 5 min; (2) 45 cycles of 95°C for 15 sec, 60 °C for 20 sec
and 72°C for 40 sec; (3) 95°C for 10 sec; and (4) a melting curve from 65°C
to 95 °C with an increase of 0.5°C. The housekeeping gene Hprt1l was used as



67

a control for all conditions and negative controls using water instead of cDNA

were added for every primer pair. All conditions and primer pairs had at least

2 replicates.

Gene Forward Reverse Reference
Housekeeping
Hprt AAGCTTGCTGGTGAAAAGGA TTGCGCTCATCTTAGGCTTT Aloia et al, 2019.
Broutier et al, 2016.
Progenitor / Stem cells
AXin2 TGTCCAGCAAAACTCTTC CTTCTCTTGAAGGACCTGA Aloia et al, 2019.
Ki67 CCTTTGCTGTCCCCGAAGA GGCTTCTCATCTGTTGCTTCCT Aloia et al, 2019,
Lgrs ATTCGGTGCATTTAGCTTGG CGAACACCTGCGTGAATATG Sorrentino et al, 2020.
Sox9 CTCCTAATGCTATCTTCAAG GCTTCAGATCAACTTTGC Aloia et al, 2019.
Trop2 (Tacstd2) CACGGCTCAGAGCAACTGTA AATACCTGTGAGCCCATTGC Aloia et al, 2019.
Cholangiocytes
Hnf6 (Onecutl) AGCATCCCACAGGCCATCTT CCCGTGTTCTTGCTCTTTCC Broutier et al, 2016.
Epcam GACGACGTGGACATAGCTGA GCTCTCCGTTCACTCTCAGG Aloia et al, 2019.
Hepatocytes

Albumin GCGCAGATGACAGGGCGGAA GTGCCGTAGCATGCGGGAGG Broutier et al, 2016.
Sorrentino et al, 2020.

Cyp3all CCTTCCAGCCTTGTAAGGAA CCGTGGCACAACCTTTAGAA Aloia et al, 2019.
G6pc GAATTACCAAGACTCCCAGG TGAGACAATACTTCCGGAGG Aloia et al, 2019.
Glul CAAGTGTGTGGAAGAGTTACCTGAGT TGGCAACAGGATGGAGGTACA Sorrentino et al, 2020.
Hnfda GCTAAGGCGTGGGTAGGG AGGCTGTTGGATGAATTGAGG Broutier et al, 2016.
Ttr ATGGTCAAAGTCCTGGATGC AATTCATGGAACGGGGAAAT Broutier et al, 2016.

Sorrentino et al, 2020.

Data analysis

Table 2.7: Primers used for rt-qPCR.

Gene expression levels (Ct values) were normalised to the expression of the

housekeeping gene Hprtl and analysed using a custom R script.

2.6 Morphology classification

2.6.1 Sample preparation

Organoids were grown either in matrigel (as described in section 2.5.1) or PEG-

hydrogels (see section 2.2). Samples were imaged using a widefield microscope

(section 2.3.2) and/or processed for gene expression analysis (section 2.5) when

mICOs were ready to be collected (section 2.1.3).
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In order to collect and process organoids, each condition was rinsed with
PBS for 5-10 min before digesting matrigel with collagenase (Worthington
L.S004194, 0.0208 g/ml, 1:5 dilution) for 10 min at room temperature, gently
pipetting up and down a couple of times with a sterile Pasteur pipette (cut tip).
Once organoids were released form the matrix, all wells for each condition were
pooled together in a 90 mm petri dish filled with Ad DMEM/F12 to dilute
collagenase and stop digestion. mICOs were then hand sorted by morphology
(see section below) into three 1.5 ml tubes using a Pasteur pipette (cut tip)
under a stereoscope (figure 3.6a). All tubes were spun down to remove as much
media as possible before adding 50 ul of extraction buffer and proceeding as

described in section 2.5.2.

2.6.2 Classification criteria

mlICOs were classified by morphology into 3 main categories for gene expression

analysis (see figures in chapter 3 for representative images):

1. Spherical: translucent organoids with a clear big lumen enclosed by a
cell monolayer; mostly of spherical shape, sometimes with a more elon-
gated ellipsoid-like morphology but still smooth and translucent. Darker,
less translucent, organoids that remained smooth with a big lumen and a
spherical/ellipsoid shape were also included. When an organoid of these
characteristics had a small, almost negligible bulge or wrinkle, it was also
considered as spherical. All organoids from a ’young’ progenitor condi-
tion (EM 0d) had a spherical morphology, except for a few that were

unclear and not enough to separate and extract RNA from.

2. Folded: these organoids were not translucent anymore and did not have
one clear big lumen. They were darker with cell layers folding into the
previous luminal space, sometimes forming bilayered bridge-like struc-

tures. The cell layer outlining the organoids looked thicker and irregu-
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larly folded instead of smooth.

3. Unclear(mix): for gene expression experiments, when a cluster of
organoids was not properly disassociated and had a mix of morpholo-
gies, all of them were included in this category. Organoids that had as
many characteristics of spherical as well as folded morphologies were also
classified as unclear/mix. For both gene expression and image analysis,
organoids that were too small to determine whether the outlining cell
layer was thicker because it was folded or because it was too small in size
were also considered as unclear. For image analysis, organoid that were

not entirely visible within the image were also counted as unclear.

For image analysis, three more categories were added for further specificity.
Categories 4 and 5 were quantified separately but grouped together as inter-
mediate to facilitate analysis and comparison across conditions. Similarly,
categories 3 and 6 were grouped as unclear for analysis since they are signif-
icantly different from folded and spherical organoids. Representative images

of these morphologies are included throughout chapter 3.

4. semi-Spherical: any organoid that had a clear lumen and was mostly
spherical except for a couple folded features such as an obvious bulge,
wrinkle or any 'imperfection’ that compromised the spherical shape but

was insufficient to consider the organoid as folded.

5. semi-Folded: any organoid that was mostly folded except for a couple
small regions with clear spherical characteristics such as a smooth sur-
face, a lumen considered big for the organoid size and/or more translu-
cent but with a highly wrinkled/folded surface. Any spherical feature
that compromised the folded shape but was insufficient to consider the

organoid as spherical.
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6. Bulging: this category included organoids that retained a translucent
morphology but had several bulges protruding, resembling a blebbing
cell. They had no cell layers folding in and the outlining layer remained
thin and smooth even though it was bulging. These organoids were a

minority and not always present.

7. Dead: dead organoids were easy to distinguish as both cells and luminal
space darken significantly and their outline becomes fuzzy with debris
on the outside, as if they were disintegrating. Spherical organoids have
an almost black cell outline and a very dark lumen filled with dead cells.
Folded organoids turn black overall and it is almost impossible to dis-
cern their complex internal structures (i.e. folds and bridges). For gene

expression experiments, dead organoids were discarded.

2.6.3 Image and data analysis
Manual classification

As described in section 2.3.2, four z-stacks per gel were acquired. These were
stitched together using a custom Fiji macro. The multi-point and counters
tool on Fiji [203] was used to manually classify organoids into the categories
described above. The points were marked and saved on the average projection

of every stitched image but its z-stack was used as reference.

Semi-automated classification

The software OrganoSeg [197] was designed to segment brightfield images of
organoids and quantify morphometric features in a more automated manner.
Initial data from mICO images ran through this program seemed promising.
However, more optimisation needs to be done in order to obtain reliable data.

In addition, all the morphometric information needs to be analysed more care-



71

fully to be able to interpret it. This is work in progress.

Data analysis

Data acquired from manual classification was analysed using a custom R script
and plotted with the help of GraphPad Prism 7. Data acquired through semi-

automated classification was preliminary analysed using a custom R script.

2.7 Tissue tension measurements

2.7.1 Sample preparation

mlICOs were plated on 8-well slides as described in section 2.3.1. When ready
for experiments (section 2.1.3), organoids were stained with CellMask for live-

imaging and ablation (see section 2.3.3).

2.7.2 Laser ablation

Organoids were imaged on a confocal microscope equipped with a 2-photon
laser for ablation. Digital zoom was set to 5x, using a 40x oil objective, and
laser power to 35-45% after optimisation (see section 2.3.3 for details). Only
one junction per organoid was ablated by drawing a thin perpendicular ROI
across it. A timelapse was acquired for every junction, starting prior to abla-
tion and finishing up to 5 min after ablation with a pixel size of 83.0266 nm

(for x and y), and a time interval of 0.64 sec.
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2.7.3 Image and data analysis

Junction displacement was measured in Fiji [203] by drawing a straight line
from the centre of each vertex right before and after ablation. The first was
subtracted from the latter and divided by the time interval to calculate the
instant recoil (i.e. initial velocity). Microsoft Excel was used for this calcula-

tion and the data was plotted on RStudio [204] and GraphPad Prism 7.

Plateau curves were obtained by measuring junction displacement every 3.2
sec for 1.5 min. However, junctions would often heal and shrink beyond their
initial length, making curves hard to interpret. As a result, curves were not

included here and instant recoil was used to compare conditions.

2.8 Injury experiments

2.8.1 Sample preparation

mlICOs were plated on 8-well slides as described in section 2.3.1. When ready
for experiments (section 2.1.3), organoids were stained with CellMask and

Hoechst for live-imaging and injury (see section 2.3.3).

2.8.2 Laser ablation

Organoids were imaged on a confocal microscope equipped with a 2-photon
laser, which was used to induce injury following a similar protocol to the one
established by Dr. Robert Tetley, a previous postdoctoral fellow in our group
[31]. Cells chosen for ablation were targeted by drawing small circular ROIs
around their tricellular junctions (10-12). This ensures cell death of only the
targeted cells while avoiding autofluorescence and cavitation issues induced by

large ROIs. Ablation was also restricted to a single Z-plane in the sub-apical
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region. Digital zoom was set to 1%, using a 40x oil objective, and laser power

was set to 70-80% after optimisation (see section 2.3.3 for details).

A timelapse was acquired for 1-4 h, starting prior to ablation/injury, with
a pixel size of 0.2 um (for x and y), and a time interval of 1-6 min (longer
intervals after 1 h post-injury). To avoid phototoxicity when using Hoechst,
the blue channel was only acquired at the beginning of a timelapse and at the
end as a final Z-stack for reference. Z-stacks were defined with a 0.4-0.75 um

depth resolution.

2.8.3 Image processing and analysis

Timelapses were first reduced to a more manageable size by choosing time-
points at the following intervals to keep them as uniform as possible (depend-
ing on the initial acquisition intervals): the first 2 timepoints are right before
and after ablation, subsequent timepoints were taken every 4 min from 4-60
min, every 8 min from 68-108, and 12 min from 120 until the end of the movie.

These substacks were then used for the following analyses.

Wound closure time

Reduced timelapses were manually checked to determine the timepoint at
which the wound had closed. Recently, evidence has shown that apical and
basal surfaces of epithelia can behave differently and even independently [205].
Therefore, to gain insight into apical vs. basal behaviour of injured mICOs,
two final timepoints were registered for each movie: apical (¢,) and basal ()

closure time.
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Pipeline for wound closure and tissue dynamics

I tried several pipelines to optimise processing and analysis of injury movies
and extract information about wound and tissue dynamics. These pipelines
included different software such as Imaris, Huygens, Ilastik [206], and EpiTools
[207]. This optimisation, together with the help of other lab members (Dr.
Robert Tetley, James Van-Hear, and Dr. Pablo Vicente-Munuera), led to the
pipeline now used in our group as the current standard for analysing organoid

injury movies:

a. Cleaning/prepping movie (Fiji): background subtraction, gaussian
blur, and 3D registration on reduced timelapses. A custom Fiji macro
(written by James Van-Hear) splits and inverts every single timepoint to

prepare them for the next step.

b. Peeling layer of interest (Fiji): surface peeler plugin (from

https://github.com/DaleMoulding/SurfacePeeler) identifies the upper

surface of the 3D structure on the image, which can then be moved
along the Z-axis to extract a particular layer with a specific thickness.
For injured mICOs, the surface was moved to the sub-apical layer for ex-
traction, which allows removal of most of the unwanted membrane and
debris signal from other planes. This is an important step for a clearer

2D adaptive projection, downstream analysis and tracking.

c. Projecting curved layer of interest in 2D (Fiji): localZprojector
plugin [208] generates a cleaner adaptive 2D projection by calculating
a height-map and only incorporating the signal of interest. This results
in sharper cell outlines that make segmentation less prone to errors and

therefore reduces the time spend on manual corrections.

d. Image segmentation (Fiji): Tissue Analyzer plugin [209, 210] seg-
ments cell membranes for all images in a timelapse in a semi-automated
way. The resulting skeletons were then manually corrected to remove

any mistakes.
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e. Timelapse tracking (ICY): 2D-projected timelapses and their hand-
corrected skeletons were then imported into ICY for cell tracking using
EpiTools plugins [207]. The 'CellGraph’ module was run with the ’sta-
ble_marriage’ algorithm, a propagation limit of 5 frames, cutting 0 bor-
der lines, and using ICY-SwimmingPool. Any tracking mistakes were
corrected using the "Test” tool in the ’CellOverlay’ module. Further
information and detailed instructions on these modules and tools can be
found in the Icy Plugins section from EpiTools Wiki Pages
(https://epitools.github.io/wiki/) and the supplementary information
from Tetley et al, 2019 [23].

f. Data extraction (ICY): CellOverlay’ and CellExport’ modules were
used to extract relevant data , which was then exported as Excel files for

analysis (details below).

Wound closure dynamics

Because the analysis pipeline is very time-consuming, an initial analysis was
done to look at the wound dynamics only. Steps d-f were performed focusing
only on the wound and the first cell row around the wound. Wound area and
polygon number (i.e. number of cells around the wound) were extracted for
every timepoint to look at wound closure dynamics and wound-edge cell inter-

calations as an indicator of tissue fluidity [23].

Tissue dynamics

For tissue dynamics, steps d-f from the analysis pipeline were performed in-
cluding at least the first two rows of cells around the wound. So far, only
cell elongation and polygon number have been properly analysed to look at

tissue behaviour. However, a lot more data can still be extracted from tracked
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timelapses and analysed to collect more information.

2.8.4 Data analysis

For wound closure dynamics, wound area was expressed as a percentage of the
total area of ablated cells. Wound-edge cell intercalations were also expressed
as a percentage of the initial number of cells (polygon number) around the

wound.

For tissue dynamics, spatial distribution of cell elongation was calculated using

the distance between the centres of the wound and each cell (custom R script).

Pre-injury timepoints were easier to process and segment. Thus, polygon num-
bers can be extracted from all visible cells to use as indicators of cell packing

distribution and tissue fluidity [211, 212, 20].

All data was analysed using custom R scripts and plotted with the help of
GraphPad Prism 7.

2.9 Data and statistical analysis

Data analysis

Specific details regarding image and data analysis are provided in the appro-
priate sections within this chapter. All data was processed and analysed using
Microsoft Excel, custom R scripts, and/or GraphPad Prism 7. Custom Fiji

macros and R scripts are all available upon request.



7

Statistical analysis

Statistical tests were performed in either RStudio [204] or GraphPad Prism
7. Specific details and p-values are provided in the corresponding figures and

tables throughout chapters 3, 4, 5, and appendix A.



Chapter 3

How does morphology change as

organoids grow and

differentiate?

3.1 Introduction

Research on liver organoids has mostly been at a molecular and cellular level,
comparing changes in gene expression and cell identity to a developing or
regenerating liver in vivo (reviewed in [176] and discussed in 1.5). Although
morphology and cell organisation has been generally overlooked in the organoid
field, they have become of increasing interest in recent years in other organoid

systems [196, 197, 198, 199, 200, 201].

The aims of this chapter are (1) to characterise the morphological changes
of liver organoids as they go from progenitor cells to a mature/differentiated
state; and (2) to describe the correlation between changes in morphology and

cell identity.
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3.2 Organoid morphology becomes more com-

plex as they differentiate

3.2.1 Morphological changes in differentiated cultures

mlICOs are initially grown and maintained as progenitor cells in expansion
medium (EM) (see methods 2.1.3 and [192]), where they normally form ep-
ithelial cysts with a spherical morphology. When hepatocyte differentiation is
induced by exchanging EM for differentiation medium (DM) for 12 days, I no-
ticed these spherical structures often acquire a more complex 'folded’” morphol-
ogy (figure 3.1). Some of the features organoids develop are: turning darker;
their cell monolayer enclosing a big lumen becomes thicker and/or wrinkled;
cell bilayers appear, sometimes bridging opposite ends of an organoid across
its lumen; the main lumen is reduced in size and small lumina form within

multilayered regions (figure 3.1b” and 3.2).
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Figure 3.1: Morphological changes upon differentiation. (a.) Differentiation proto-
col for mICOs. Expansion Medium (EM) in orange, Differentiation Medium (DM) in blue.
(b’.) Brightfield images of representative matrigel domes. 500 pm scale bars. (b”.) Indi-
vidual organoids from b’ (red arrows) showing morphological variety. 100 um scale bars. S:
spherical, I: intermediate, F: folded. (c.) Quantification of morphology frequencies. n=4
independent matrigel mounds (456 organoids) for EM 0d. n=7 mounds (254 organoids)
for DM 12d. Error bars represent mean and s.d. See table A.1 for statistical analysis and
p-values.
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Quantification of these morphologies per matrigel mound (figure 3.1c) shows
that progenitor organoids, before differentiation is induced (EM 0d), are ~90%
spherical (S) with a minority starting to acquire folded features (intermediate,
I). After the differentiation process (DM 12d), less than 50% remain spheri-
cal and over 50% of organoids have folded characteristics to varying degrees.
While ~40% exhibit a mix of spherical and folded features (I), around 10%
acquire a distinct folded (F) morphology.

[ Spherical-EM0d || Folded - DM 12d I{ Folded - DM 12d |

/
\

Membrane Membrane Membrane

Figure 3.2: Representative confocal images of spherical and folded morpholo-
gies. XZ (top) and XY (right) views, as well as 3 different XY views for each organoid.
Spherical organoid from progenitor conditions (EM) is representative of spherical organoids
in differentiated conditions (DM). Folded organoids in DM show cell thickening, multilay-
ered regions and multiple big and small lumina (labelled in green with Phalloidin). 50 um
scale bars.
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3.3 Changes in morphology and gene expres-
sion profiles take place without chemical

differentiation

3.3.1 Morphological changes in older cultures

Interestingly, mICOs kept in EM for longer than 6 days also start to acquire a
complex folded morphology even though chemical differentiation has not been
induced and fresh EM being replenished every 2 days (figure 3.3a and b). In
order to compare these changes in morphology to differentiated conditions, I
cultured mICOs in EM for the same amount of time (12 days) and quantified
the frequency of each category as in section 3.2. Similar to DM 12d, organoids
in older EM cultures (EM 12d) are ~60% spherical, less than 40% show folded
features, and ~10% are distinctly folded (figure 3.3c).
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Figure 3.3: Morphological changes in older organoid cultures. (a.) Culture pro-
tocol for mICOs. Expansion Medium (EM) in orange. (b’.) Brightfield images of rep-
resentative matrigel domes. 500 pm scale bars. (b”.) Individual organoids from b’ (red
arrows) showing morphological variety. 100 pm scale bars. S: spherical, I: intermediate, F:
folded. (c.) Quantification of morphology frequencies. n=4 independent matrigel mounds
(456 organoids) for EM 0d. n=7 mounds (281 organoids) for EM 12d. Error bars represent
mean and s.d. See table A.1 for statistical analysis and p-values.
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The fact that these proportions are a lot more variable than those in dif-
ferentiated cultures, and that comparable morphologies have been observed in
other studies using mICOs [161, 213, 163, 192], raise two questions. The first
one is whether older cultures are differentiating despite being kept in progen-
itor medium (EM), which I address in the next section. The second question
is if these morphological changes are related to successful hepatocyte differen-

tiation, addressed in section 3.4.

3.3.2 Gene expression profiles

To answer the question of ’spontaneous’ differentiation taking place in older
expansion cultures, I first quantified cell proliferation through EdU staining
of organoids in young progenitor/expansion conditions (EM 0d), chemically
differentiated cultures (DM 12d), and expansion cultures of the same age (EM
12d) (figure 3.4a and ¢). EAU+ cells per organoid show that proliferation levels
are higher in young organoids and are significantly lower in both differentiated
and older organoids (figure 3.4c). I then examined changes in gene expression
across the same 3 conditions by measuring mRNA levels of canonical markers
for progenitor/stem cells, cholangiocytes, and hepatocytes through RT-qPCR
(figure 3.4b).

Gene expression profiles of EM 0d and DM 12d agree with what has been
reported before for mICOs [161, 163, 192, 63] (figure 3.4b). Lower expression
of markers for cell division (Ki67), stem cells (Lgr5, Sox9, Axin2 (n.s.)), and
cholangiocytes (Epcam (n.s.)) in DM 12d compared to EM 0d. Conversely,
DM 12d organoids have significantly higher expression of hepatocyte markers:
albumin, a protein expressed throughout the entire hepatocyte compartment
with highest levels in zone 1 hepatocytes (periportal region) [172] (see section

1.4.3); Hnfda, a transcription factor that antagonises [-catenin to promote
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zone 1 hepatocytes [171, 173]; and Cyp3all, an important enzyme involved
in drug metabolism, produced by mature hepatocytes in zone 3 [214, 172].
Trop2 expression, a conventional proliferative marker, is also higher in DM
12d. However, while Trop2 is known as an oncogene with a role in cell pro-
liferation [215], it is normally expressed in healthy liver tissue and there is
evidence showing decreased expression of this gene in liver carcinomas. Trop2
is also expressed in the bile duct and it is associated with bipotent hepatic
stem cells and organoid formation (reviewed in [216]). These changes in gene
expression confirm that hepatocyte differentiation is taking place in DM 12d
mlICOs to an extent, as it has been shown that in vitro hepatocyte differen-
tiation of mICOs is not 100% efficient. Ductal phenotypes remain present,
hepatocyte markers are expressed in up to 30-40% of cells, and only ~1% fea-

ture hallmarks of mature hepatocytes [161, 192].

In addition to being less proliferative (EdU in figure 3.4c and Ki67 in fig-
ure 3.4b’), organoids from older cultures (EM 12d) have lower expression of
cholangiocyte markers (Hnf6 (n.s.), Epcam). Even though Hnf4aw and Cyp3all
levels are not that different from EM 0d, Albumin expression is 10x higher, a
ubiquitous marker for all hepatocytes. Similar to DM 12d, EM 12d also shows
higher expression of Trop2 indicating the presence of potential bipotent hepatic
stem cells. These observations are evidence that, as the culture grows older,
some organoids start to 'spontaneously’ differentiate into hepatocytes. Differ-
ences between DM 12d and EM 12d are expected as differentiation is more
directed when chemically induced (using differentiation medium, see methods

2.1.3) instead of occurring 'spontaneously’.
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Figure 3.4: Changes in gene expression profiles of older and chemically differen-
tiated cultures. (a.) mICOs growth conditions for gene expression analysis. (b.) mRNA
levels of (b’.) progenitor/stem cell markers, (b”.) cholangiocyte/mature ductal cell mark-
ers, and (b”’.) hepatocyte markers. All mRNA levels are shown in log scale and relative to
EM 0d. n=2 for all conditions. Unpaired two-tailed multiple t-tests with False Discovery
Rate approach (FDR using the two-stage linear step-up procedure of Benjamini, Krieger
and Yekutieli, with Q=1%) to compare 12d conditions against EM 0d. (c.) Quantification
of cell proliferation from EdU stainings. n=4 for all conditions. One-way ANOVA analysis
with Tukey’s multiple comparisons test to compare all conditions against each other. Colour
labels on the bottom right are the same for all panels. Error bars represent mean and s.d.
p-values are * <0.05, ** <0.01, *** <0.001, and **** <0.0001. n.s. are not shown.
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3.4 Gene expression profiles of organoid mor-
phologies confirm differences in cell com-

position

3.4.1 Morphological features suggest differences in cell

composition

Organoid morphology can vary depending on the tissue and cell type they are
derived from. In the past decade, several studies on liver organoids from ei-
ther hepatocyte or biliary duct origin have been published (see [161, 213, 163,
192, 217, 190, 191, 218, 219, 220, 221, 222]). Even if not directly addressed,
these studies provide evidence that ductal and hepatocyte organoids tend to
have different morphological features that somewhat resemble their in vivo
anatomy. At the cell level, ductal and hepatocyte polarisation have significant
differences (figure 3.5¢). These differences allow ductal cells/cholangiocytes to
form biliary ducts with tubular structures, and hepatocytes to form a network
of bile canaliculi that spreads throughout the liver epithelium (see section 1.4.3

and [186]).

All of this indicates that organoid morphology is likely to be determined by its
cell composition. Since in vitro differentiation of mICOs towards hepatocytes
is heterogeneous and up to 30-40% efficient (as discussed in 3.3.2), I propose
the following hypothesis to explain the morphological differences observed in
sections 3.2 and 3.3. The organoids that remain spherical upon differentiation
retain a ductal phenotype and cell identity (figure 3.5b,c, top panels), those
which acquire a complex folded morphology are the organoids that are able to
progress further in the hepatocyte differentiation process and are mostly com-
posed of immature and/or mature hepatocytes (figure 3.5b,c, bottom panels,

and a).
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Figure 3.5: Different organoid morphologies resemble organisation of ductal cells
or hepatocytes. Morphology hypothesis: Spherical (S) organoids (b) result from ductal
polarity, resembling ductal structures (c, top panels). Folded (F) organoids (b) result
from hepatocyte-like polarity (c, bottom panels), resembling morphologies of hepatocyte
derived organoids (a). (a.) 3D culture of primary mouse hepatocytes as organoids. Image
from Peng et al, 2018 [191], reproduced with permission of the rights holder (Elsevier). (b.)
Brightfield images from figures 3.1 and 3.3. 100 um scale bars. c. Confocal images zoomed
in from figure 3.2 showing cell organisation in spherical (top) and folded (bottom) mICOs.
10 um scale bars. Diagrams indicate polarity of both epithelial cell types in the liver: apical
(green), lateral (yellow), and basal (pink) domains. Liver sinusoids are in grey. L, lumen.
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3.4.2 Gene expression profiles of organoids sorted by

morphology

To test the proposed hypothesis, I cultured mICOs as in section 3.3 and man-
ually sorted organoids from EM 0d, EM 12d, and DM 12d into 3 categories:
spherical, folded, and mix (to include organoids that did not clearly belong to
the first two, see methods 2.6 for details). I then quantified gene expression
levels of markers for ductal cells (Ki67, Sox9 for proliferative; Hnf6 for mature)

and hepatocytes through RT-qPCR (figure 3.6).

Overall, the 3 conditions follow a similar trend to that observed in section
3.3.2. DM 12d organoids have lower levels of ductal genes and higher levels
of hepatocyte markers compared to EM 0d and EM 12d. Further interest-
ing differences are observed when comparing spherical vs. folded morpholo-
gies across all conditions (figure 3.6b). Folded DM 12d (solid blue) have de-
creased expression of Hnf6 and an increase in Hnf4a and Albumin compared
to spherical DM 12d (blue outline); suggesting folded morphologies do have a
more hepatocyte-like profile than spherical morphologies. On the other hand,
folded and spherical organoids from older cultures (solid and outlined orange,
respectively) have seemingly similar levels for most genes, except for Sox9 and
Cyp3all. While it is possible that both organoid morphologies in EM 12d
might have the same number and type of ductal cells vs. hepatocytes, these
results could also be explained by the contribution of four factors consider-
ing expansion medium (EM) is not actively inducing differentiation: (1) the
total numbers of each cell type; (2) whether similar cell types always express
these genes at the same or varying levels; (3) the state of cells along the hep-
atocyte differentiation/maturation process; and (4) the presence of bipotent
cells and/or the natural gradual transition observed in vivo between ductal
and hepatocyte compartments, with ductal sub-populations expressing some

hepatocyte markers and vice versa (see section 1.4.3).
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The fact that gene expression profiles of EM 12d spherical and folded mICOs
are so similar despite having very different morphologies is intriguing. An ad-
ditional explanation could be that morphological changes precede gene expres-
sion changes that eventually take place in a permissive chemical environment,
which might be delayed or absent in EM 12d given that cell maturation and
differentiation are ’passive’ and unregulated compared to DM 12d. It would
be interesting to look at these gene expression profiles when folded organoids
first appear in DM 12d conditions, as well as 1-2 days later, to test whether
organoid morphology changes before hepatocyte markers are clearly expressed.
To further confirm this hypothesis, the effect of a possible heterogeneous start-
ing population would need to be ruled out as these organoids are not grown
from single cells. This could be done following a similar protocol to Serra et al.
[199], where they grow intestinal organoids from truly single cells and follow
them individually until they form cystic or budding structures. Although the
starting heterogeneity should be much lower in liver compared to intestinal
organoids due to differences inherent to each organ, the number of epithelial

cell types each is normally comprised of and the way in which they are isolated.

Moreover, spherical DM 12d organoids remain more hepatocyte-like compared
to both spherical and folded EM 12d. This could be due to the four factors
discussed above, as well as the chemical conditions in DM driving cell differ-
entiation in a more regulated manner while EM promotes ductal progenitors
(with a constant supply of Rspol triggering the Wnt pathway). In addition,
hepatocytes present in spherical DM 12d mICOs could be closer to those found
in zone 1 in vivo, which tend to show a more ductal-like morphology, unlike

hepatocytes from zone 2 and 3 (described in section 1.4.3).

Complementary approaches are therefore needed to further distinguish be-
tween ductal and hepatocyte sub-populations within organoids of different

morphologies, as RT-qPCR is limited by the number of genes that can be tested
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at once and the overlap between cell sub-populations. I have tried antibody
stainings of different markers to visually confirm folded regions correspond to
hepatocytes; however, these stainings have not been successful and are pos-
sibly more limited than RT-qPCRs for similar reasons. Electron microscopy
could provide more information at the cellular level since there are distinctive
characteristics that identify ductal cells from hepatocytes. This is a technique
that I am currently testing and seems promising, although at the moment
there are no results that can be included in this thesis as preliminary. Further-
more, bulk and/or single-cell, as well as fluorescent in situ, RNA sequencing
would be powerful tools to discern cell sub-populations within organoids of
specific morphologies in more detail. These would also help identify the type
of hepatocytes in spherical and folded DM 12d organoids, and whether they

correspond to zone 1 and zones 2-3, respectively, as discussed above.



90

a.
EM 0d
EM 12d Matrigel Organoid RNA Expected
degradation sorting extraction profile
DM 12d

Spherical —— ~

_ Folded

\1@

Mix ~
b b" e
w104 k% * w» 1005 N
- . j 2 . e
2 e [ . 3 1o ﬁ'
E 1_1_1 *k - T i B ’—| §
DE: IL|* ﬂEf 14 T, L _ Ll ]
s 8 7
o o
& 0.01 x 0.01 Ill
Ki67 Sox9 Hnf6 Hnfda Cyp3at1 Alb
Ductal cells Hepatocytes
cl cll
0 o o 1007 : )
= Ao | & = ; % 17
g At 2 % 1 | A1
: 1Rl Sl B B |
E A7 ¥ E 3 % % 72h’
g 70 97 2 2 2 A0
= 717 717 = 0413 7 7 717
g 217 5 % 4 A7
2 27000 g 10 7y
Ki67 Sox9 Hnfé Hnfda Cyp3al1 Alb
Ductal cells Hepatocytes
EM 0d =1 EM12d-S =1 DM 12d-S Za EM12d-M
s EM12d-F = DM 12d-F Za DM 12d-M

Figure 3.6: Morphological phenotypes have different gene expression profiles.
(a.) Experimental procedure. (b.) mRNA levels of spherical and folded organoids, as well
as (c.) organoids with mixed morphologies for (b’,c’.) ductal cell markers (proliferative
(Ki67, Sox9) and mature (Hnf6)), and (b”,c”.) hepatocyte markers. All mRNA levels are
shown in log scale and relative to EM 0d. n=2 for all conditions. Unpaired two-tailed
multiple t-tests with False Discovery Rate approach (FDR using the two-stage linear step-
up procedure of Benjamini, Krieger and Yekutieli, with Q=1%) to compare all conditions
against each other. Colour labels at the bottom are the same for all graphs. Error bars
represent mean and s.d. p-values are * <0.05, ** <0.01, *** <0.001, and **** <0.0001. n.s.
are not shown.
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3.5 Discussion

In this chapter I focused on two main aims. The first one was to characterise
changes in morphology of mICOs as they go from a progenitor to differenti-
ated state; for which I grouped organoid morphologies into 3 main categories:
spherical, folded, and intermediate. At first (EM 0d), ~90% of organoids have
a clear spherical morphology, with none being properly folded. After 12 days
of chemical induction of hepatocyte differentiation (DM 12d), the 3 morphol-
ogy categories repeatedly appear (figure 3.1). This takes place not only in DM
12d, but also in older cultures grown in progenitor conditions for the same
number of days (EM 12d) (figure 3.3). When examining these older cultures
in more detail, I observed they are less proliferative, they have lower levels of
ductal markers and start expressing Albumin, a classical hepatocyte marker

for hepatocytes (figure 3.4).

The second aim was to determine the correlation between changes in morphol-
ogy and cell identity. Morphological features of spherical and folded organoids
resemble characteristics of ductal and hepatocyte cells, respectively (figure 3.2
and 3.5¢). Folded morphologies are also very similar to those formed by hep-
atocyte derived organoids (figure 3.5a,b). Additionally, evidence from other
groups working with different types of liver organoids (reviewed in [176] and
discussed in section 3.4.1) support the hypothesis that spherical mICOs are
mostly composed of ductal cell types, and folded mICOs are mainly composed

of hepatocyte-like cells and/or differentiated hepatocytes.

To address this hypothesis, I quantified changes in gene expression of spherical
and folded organoids from actively differentiated (DM 12d) and older cultures
(EM 12d). While results show that folded DM 12d organoids have a more
hepatocyte-like profile than spherical DM 12d, they are less clear for the other
categories. This uncertainty can be explained by the high variability in spon-

taneous’ or passive differentiation of older cultures (comparing figure 3.4 and
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3.6, as well as 3.1c and 3.3c). As discussed in section 3.4.2, the presence of
immature and other sub-populations of each cell type due to the gradual tran-
sition of ductal and hepatocyte gene expression in vivo also make it difficult
to fully distinguish between sub-populations with a single technique. These
results and potential interesting explanations are discussed in depth in the
same section, as well as additional experiments and alternative approaches
to gather more detailed information on the differences between spherical and

folded organoids.

Nonetheless, we can conclude from the work in this chapter that actively differ-
entiated folded organoids (DM 12d) display a more hepatocyte-like phenotype;
and that hepatocyte differentiation can happen 'passively’ as mICOs are grown
for longer periods of time, even in conditions that favour progenitor cells (EM
12d). The latter suggests other mechanisms must be inducing morphological
changes and cell differentiation independent of medium composition, which I

seek to better understand in chapter 4.



Chapter 4

How is the
mechano-environment affecting
organoid morphology and

differentiation?

The synthetic PEG hydrogel system used in this chapter was developed by our
collaborators from Dr. FEileen Gentleman’s group at King’s College London
[202, 9]. They have provided the material and background knowledge needed
for these experiments. Shirine Merlo-Nikpay, a then summer student in our

group, helped with initial hydrogel experiments and morphology quantification.

4.1 Introduction

In chapter 3, I showed that differentiated mICOs exhibit a wide range of mor-
phologies that seem to correspond to the main cell type present in the organoid.
However, this is a variable phenotype that is not fully regulated by the con-
trolled composition of the media and thus must be influenced by other factors.

It is generally known that the substrate of a tissue has an important mechano-
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chemical role in morphogenesis and differentiation (see section 1.3.2 for more
detail). The liver is particularly susceptible to changes in ECM levels and
composition due to its strategic and limited arrangement in vivo, practically
absent in the hepatocyte compartment (see section 1.4.2). Hence, changes in
the mechanoenvironment of liver organoids can potentially affect their mor-

phology and induce cell differentiation.

Organoids are usually grown in matrigel, a natural soft hydrogel that can
be degraded and remodelled by the cells. While there are many benefits of
using matrigel, its composition is highly variable and its mechano-chemical
properties cannot be independently controlled, making it a significant source
of heterogeneity in organoid culture. Moreover, when growing mICOs for
maintenance and experiments, I noticed that the matrigel domes slowly get
degraded after a week in culture, becoming looser and possibly softer. These
observations, together with the results from chapter 3 and previous evidence
of substrate stiffness regulating cell differentiation (discussed in section 1.3.2),
hint at the prospect of changes in the substrate properties influencing organoid
morphology and cell composition. Matrigel heterogeneity and irregular degra-
dation could also be contributing to the variability in organoid morphologies

and gene expression profiles in older mICO cultures.

The aim of this chapter is to test the effects of substrate properties on the
morphology and cell identity of liver organoids. To overcome the disadvantages
of matrigel and address this, I make use of a synthetic PEG-hydrogel system
[202, 9] that permits independent manipulation of its mechano-chemical prop-
erties. These experiments are discussed in this chapter after an introduction

on synthetic matrices (section 4.1.1) and PEG hydrogels (section 4.1.2).



95

4.1.1 Synthetic Matrices

An important component of in wvitro cell culture is the substrate provided for
the cells to grow. The plastic or glass surfaces of a culture dish are a common
and simple substrate that enables cell attachment and growth. However, their
non-physiological chemical and mechanical properties (i.e. lack of ECM com-
ponents and high stiffness) affect cell behaviours, growth rate, morphology, and
identity (see section 1.3.2 and [117, 6, 223, 142, 143, 144]). To overcome this
problem and replicate some of the physiological characteristics of substrates in
vivo, ECM proteins have been used to coat these stiff surfaces (e.g. collagen,

fibronectin, laminin, matrigel, etc.).

Matrigel is a ‘natural’ hydrogel with a rich mixture of ECM proteins and
growth factors that mimic the extracellular environment of many tissues in
vwo. It provides a more physiological in vitro 3D microenvironment in which
cells can have complex behaviours and form complex 3D structures. Its liquid
state at 4°C' facilitates cell embedding before polymerising at 37°C'. Because
of these characteristics, matrigel has been established as the standard natural
gel for 3D cell culture and organoid growth. Although there are many benefits
of using natural gels, there are also several drawbacks that limit the potential
and applications of organoids. In particular, matrigel is produced by a mouse
sarcoma cell line, which results in compositional and structural variability from
batch to batch, in addition to making it unsuitable for therapeutic use. Fur-
thermore, its physical characteristics cannot be independently manipulated.
Matrigel is already a soft substrate (20450 Pa, depending on protein concen-
tration and temperature conditions [224, 225]) that cannot be softened nor

stiffened without simultaneously changing its biochemical properties.

To address some of the limitations of natural gels, synthetic ones have been
developed from inert polymers that can be functionalised with ligands, pep-

tides, or ECM proteins to control cell-substrate interaction. Polyacrylamide
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and polydimethylsiloxane (PDMS) hydrogels have been mostly used for 2D
cell culture [117], while polyethylene glycol (PEG) hydrogels have become of
interest for 3D culture in recent years [6, 8, 202]. In addition to the advantages
of synthetic gels discussed below, their optical properties make them suitable

for live cell imaging.

4.1.2 Polyethylene glycol (PEG) hydrogels

Polyethylene glycol (PEG) is a biocompatible hydrophilic polymer that can
be synthesised in multiple geometries (i.e. linear, branched, Y-shaped, and
multi-arm) with a broad range of molecular weights. PEGs are inert polymers
resistant to biodegradation and protein adhesion, a perfect ’blank canvas’ that
can be modified with reactive functional end groups to conjugate them with dif-
ferent ligands that allow interaction with the cells. After being functionalised,
PEGs are physically or covalently crosslinked to form hydrogels consisting of
polymer networks with well-defined molecular architecture, biochemical com-

position, and physical properties. [6, 226, 7, 223]

Multi-arm PEG hydrogels (typically 4, 6, or 8 arms) are commonly used for
drug delivery and tissue engineering. More recently, new PEG based hydrogels
have been developed for 3D cell culture due to their high modularity, which
allows independent manipulation of their physical and biochemical properties.
For example, the molecular weight of the chosen PEG molecules determine
the mesh size and network architecture; changing either PEG size or polymer
density controls hydrogel stiffness and elasticity; the shear modulus is affected
by the degradation rate, which can be manipulated via polymer density (pas-
sive, long-term, degradation) or the type of degradable peptides used (active,
short-term, degradation) [226, 202, 227, 9].

The biochemical properties of a hydrogel are defined by the ligands used
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to functionalise the polymer, which are usually known to play a role in cell
signalling (e.g. growth factors, receptor ligands), cell-cell interaction (e.g.
transmembrane or junctional proteins) or cell-substrate interaction (e.g. ad-
hesive (RGD) or degradable peptides). These ligands can be modified to re-
act passively, via enzymatic reactions or user-directed methods (e.g. light
exposure). More advanced techniques (such as photopatterning, bioprint-
ing and microfluidics) have allowed ligands activation or incorporation in a
specific spatial micropattern before or after hydrogel crosslinking and poly-
merisation, further controlling and manipulating the cells microenvironment.

[6, 228, 226, 7, 229, 230]

4.1.3 Tetra-PEG hydrogel system for culture of mICOs

The synthetic hydrogels used in this project consist of two PEG molecules: a
PEG-peptide conjugate (A4) and a PEG-4VS (B4). This A4;+Bj system was
developed and characterised by Dr. Eileen Gentleman’s group [202, 9] with
the purpose of avoiding primary looping to increase crosslinking efficiency and
network connectivity. The inert PEG-4ANPC is functionalised with a degrad-
able (DEG), adhesive (CYAD) or non-functional (KDWERC) peptide. These
PEG conjugates are then combined with PEG-4VS in a 1:1 ratio to trigger
crosslinking and polymerisation (see methods 2.2). Thus, stiffness is deter-
mined by total polymer concentration (characterised through AFM by Dr.
Michael Norman [9]), while degradability and adhesiveness are independently
controlled by adjusting the ratio of the corresponding conjugates. [202]. Stiff-
ness and mesh size can also be altered with bigger or smaller PEG molecules,
however this was kept constant for the experiments of this chapter, using only

20 kDa PEGs.
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4.2 Characterisation of substrate properties that

affect organoid growth and morphology

4.2.1 PEG system and experimental setup

To investigate how substrate properties affect mICO morphology and cell iden-
tity independently from medium composition, I cultured organoids in synthetic
PEG hydrogels with varying mechano-chemical characteristics while keeping
medium composition constant (i.e. expansion medium, EM) and organoids

grown in matrigel as controls (see methods 2.2 and figure 4.1).
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Figure 4.1: PEG hydrogel system and experimental setup. (a.) Representation
of the components and the reaction that takes place to form PEG hydrogels. Graph shows
hydrogel stiffness when varying PEG polymer concentration (log scale). Diagrams and graph
from Jowett et al, 2021 [202], reproduced with permission of the rights holder (Springer
Nature). (b.) Experimental pipeline for growing mICOs in PEG hydrogels (grey) and their
corresponding matrigel control (pink). See methods 2.2 for detailed protocols.
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There are four main mechano-chemical characteristics that can be indepen-
dently tuned with this PEG system: stiffness, mesh size, adhesiveness, and
degradability (figure 4.1a). Through discussions with our collaborators and
running a couple of test experiments, it was reasoned that the most relevant
variables are stiffness and adhesiveness. Thus, I explored a matrix with 3 dif-
ferent levels of each variable without changing mesh size, degradability, and

culture medium.

Stiffness is determined by PEG polymer concentration as tested and estab-
lished by the Gentleman lab [202, 9] (figure 4.1a, right panel). The three
stiffness levels I explored are 2% = 0.5 kPa, 2.5% = 1.6 kPa, and 3% = 4 kPa.
The reasoning behind these conditions is that 0.5 kPa is the softest gel we can
make with this system without compromising its crosslinking efficiency and it
is similar to what has been reported for matrigel (up to 0.45 kPa, see section
4.1.1). 1.6 kPa falls within the range of what has been reported as physiological
liver stiffness (1.3-1.7 kPa [231, 232]). Finally, 4 kPa is the stiffest condition
that can be still considered as physiologically healthy in some studies [233],
although others have reported it as a diseased condition [231, 232].

Adhesiveness is controlled by changing the percentage of the PEG conju-
gate with adhesive peptides (RGD). We decided to test 0%, 25%, and 50%
as the highest RGD concentration in order to avoid compromising degradabil-
ity, which was kept constant at 50% for all 9 conditions. Organoid survival
and morphology frequencies were quantified for all conditions; the results are

discussed in the following sections.
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Figure 4.2: Matrix of PEG hydrogel conditions. Representative brightfield images
of every hydrogel condition. Each row represents 3 independent experiments with their
corresponding matrigel control on the left. Stiffness is indicated in grey at the top and
adhesiveness in teal on the right. 500 um scale bars. n=3 for 50%. n=2 for 25% and 0%.

4.2.2 Effects of hydrogel adhesiveness
Organoid survival

The chemical reaction to form these hydrogels requires a buffer with pHS8 to
take place. This non-physiological pH is unfavourable for cell survival and
already reduces organoid viability regardless of the characteristics of the hy-
drogel [202, 9]. To discern the effects of the pH from hydrogel conditions,
positive and negative matrigel controls were included; in which organoid frag-
ments were embedded before (M+) and after (M-) resuspension and exposure

to the buffer, respectively.
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Quantification of organoid survival (figure 4.3a) shows the gelling reaction
has a variable effect, decreasing viability by 40-80% (M- in 0% and 25% adhe-
siveness). Nevertheless, substrate adhesive levels clearly have a high impact on
mICO survival and growth. Only ~15-20% of organoids grown in non-adhesive
hydrogels (0%) are able to form without growing in size (figure 4.3a-b and 4.2,
bottom panels). Organoid formation improves in 25% adhesive gels, although
their growth remains compromised in comparison to their matrigel control
(middle panels). 50% adhesive levels seem to be the most optimal for organoid
formation; up to 60%, similar to 50-60% survival reported by our collaborators
[202, 9]. Even though some small organoids are still present, others are able
to keep growing and reach bigger sizes similar to those grown in matrigel (top

panels).

Organoid morphologies

Overall, higher substrate adhesion seems to support spherical organoid mor-
phologies; going from being absent in non-adhesive gels to over 40% in high
adhesive levels (50%) (figure 4.3). A possible explanation is that a clear basal
surface adhering to the substrate is an important feature for normal epithelial
cells to polarise and form spherical or ductal/tubular morphologies [169, 213].
In contrast, epithelial cells with atypical polarity (such as hepatocytes) have
reduced basal surfaces and favour increased cell-cell interactions in order to
form other types of morphologies and structures [167, 170, 186]. These char-
acteristics can be some of the reasons behind non-spherical morphologies (i.e.
intermediate, folded, and unclear) being the most prevalent in low and medium

adhesive hydrogels.

Non-spherical organoids dominate even in 50% adhesive conditions when com-
pared to matrigel (figure 4.3c, top panel). This could be due to a considerable

difference in the abundant and varied adhesive proteins within matrigel and



102

the lower concentration of a single adhesive peptide (RGD) in these PEG gels.
These differences would result in matrigel allowing more cell-ECM interac-
tions, which could be tested through antibody stainings of focal adhesions
in matrigel and PEG gels. Moreover, it would be interesting to test hydro-
gels with higher adhesiveness (75-100%) to compare focal adhesion formation
and to potentially increase the ratio of spherical morphologies; albeit hydrogel
degradability would be compromised and its effect on mICO growth and mor-
phology would need to be further investigated. Embedding fluorescent beads
in matrigel and hydrogels to track their movement as the organoids form and
grow would also provide some insight into how the cells are interacting with
the different substrates and remodelling them. Other possible experiments are
discussed in the section below (4.2.3, Organoid morphologies) as they pertain

to substrate stiffness compensating for substrate adhesiveness.

4.2.3 Effects of hydrogel stiffness

Organoid survival

Survival is at least 10% higher in soft and medium gels with 25% and 50%
adhesiveness (figure 4.3a). The trend is reversed in 0% hydrogels, where sur-
vival is ~5% higher in stiff gels. As discussed in the previous section, organoid
survival is severely affected in 0% adhesiveness, making any subtle effects of
stiffness hard to interpret. Considering the effects of 25% and 50% gels, in-
creased substrate stiffness does seem to have an impact on organoid formation;

however, this is less apparent than the effect of hydrogel adhesiveness.

Organoid morphologies

Once again, the effect of 0% adhesiveness on organoid survival and growth
limit any interpretations regarding organoid morphology despite the signifi-

cant reduction of spherical organoids for all stiffness levels (figure 4.3, bottom
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Figure 4.3: Organoid survival, size, and morphology quantifications. Graphs cor-
respond to the images shown in figure 4.2. They indicate (a.) organoid survival, (b.) area
distribution representing organoid size shown in log scale, and (c.) morphology frequencies
in soft, medium and stiff hydrogels for each of the 3 adhesive % conditions. Adhesive levels
are indicated in teal on the left. Stiffness levels are indicated in light to dark grey and ma-
trigel in pink (bars in (a.) and background colours in (c)). Colour labels on the top right
correspond to all graphs in (c.). F=folded, I=intermediate, S=spherical. (a.) Organoid
survival statistical analysis using 2-way ANOVA with Dunnett’s multiple comparisons, com-
paring all conditions to M+. Error bars represent mean and s.d. (b.) 1-way ANOVA with
Tukey’s multiple comparisons, comparing all conditions to each other. Error bars represent
median and the interquartile range (IQR). (c.) See table A.2 for statistical analysis and
p-values. Error bars represent mean and s.d. p-values are * <0.05, ** <0.01, *** <0.001,
and **** <0.0001. n.s. are not shown. n=3 for 50%. n=2 for 25% and 0% as in figure 4.2.
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row). Nevertheless, substrate stiffness does have a significant effect on organoid
morphologies in 25% and 50% adhesive hydrogels (figure 4.3c, top and mid-
dle panels). A similar trend is observed for both adhesive conditions, where
non-spherical morphologies are dominant in soft gels with less than 10% of
spherical organoids. This percentage increases to ~20% and ~35% in medium
and stiff gels for 25% adhesiveness, and up to 40% in 50% adhesiveness. Con-

sistently, folded organoids are less prevalent in stiff gels compared to soft ones.

While no condition resembles the morphology ratios observed in matrigel, stiff
hydrogels are surprisingly the closest. A recent study on hPSC-derived hepa-
tocytes grown in wvitro, in 2D and 3D, provides evidence for cells being able to
sense both stiffness and adhesive ligand concentration through S-1 integrins;
suggesting that higher substrate stiffness can compensate for low adhesive
levels to an extent [234]. This could be an explanation for the observed mor-
phologies in matrigel, soft and stiff gels. Even though matrigel is the softest
substrate (<0.5 kPa), it consists of multiple adhesive proteins in higher con-
centrations that support cell-substrate interactions and spherical morphologies
(as discussed in section 4.2.2. Conversely, PEG hydrogels have a lower concen-
tration of only one adhesion ligand. Stiff gels, however, provide an additional
variable for the cells to sense and interact with their substrate, contributing
to an increase in spherical morphologies with a clear basal outer surface. Soft
gels, similar to low adhesive gels (section 4.2.2), would favour cell-cell inter-
actions instead, promoting non-spherical organoids. This could be confirmed
through immunostainings of polarity markers in soft and stiff gels and their lo-
calisation within organoids of different morphologies. In addition, it would be
worth testing hydrogels with even higher stiffness and adhesiveness to further
explore these effects and try to replicate matrigel conditions and morphology

frequencies.
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4.3 Substrate stiffness induces gene expression
changes in progenitor organoids

The effects of substrate stiffness on organoid morphology and the results from
chapter 3 led to further inspection of any changes in gene expression that might
be happening. From the hydrogel conditions I explored in section 4.2, it was
clear that 50% adhesiveness was the most optimal for mICO growth. Thus, I
focused on this set of soft, medium and stiff gels to isolate mRNA and look at

expression of relevant markers (also used for experiments in section 3.4).

Unfortunately, using this PEG hydrogel system has two big limitations. The
first one is that organoids cannot be removed from the gels without harsh
treatments that disintegrate both, making it impossible to sort organoid mor-
phologies for RNA extraction as it was carried out in section 3.4. The second
limitation is that the chemistry of the gels interferes with RNA extraction pro-
tocols, resulting in low yields. As a consequence, from the 8 genes that were
tested through RT-qPCR, only 4 had Ct values that could be analysed and

compared. These are shown in figure 4.4 and discussed below.

Compared to matrigel controls, organoids in soft gels (where non-spherical
morphologies are more abundant) have lower levels of the proliferation marker,
Ki67, and mature ductal marker, Hnf6; which agrees with similar observations
in figures 3.4 and 3.6. Conversely, stiff gels with ~45% of spherical organoid,
express Ki67 and Hnf6 at higher and lower levels, respectively. Surprisingly, all
hydrogels have increased expression of Ttr, a robust marker of early hepato-
cyte specification [235]; with soft and medium conditions having higher levels
than stiff gels. Trop2, a stem cell marker, follows a similar trend with lower

levels in the stiff condition.
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Figure 4.4: Gene expression in PEG hydrogels. (a.) Close up images from figure
4.2 showing spherical and folded morphologies. 100 pm scale bars. (b.) mRNA levels of
relevant genes relative to matrigel condition (shown in log scale). n=2 for graph on the
left. n=1 for graph on the right. Unpaired two-tailed multiple t-tests with False Discovery
Rate approach (FDR using the two-stage linear step-up procedure of Benjamini, Krieger
and Yekutieli, with Q=1%) to compare all conditions against matrigel (M+). Colour labels
on the right are the same for all graphs. Error bars represent mean and s.d. p-values are *
<0.05, ** <0.01, *** <0.001, and **** <0.0001. n.s. are not shown.

While these experiments are currently being repeated with more replicates
to extract enough RNA and provide more conclusive results, these preliminary
results suggest that substrate stiffness does affect gene expression in mICOs.
Organoids start to express a hepatocyte specification marker and its levels fol-
low the same trend as the percentage of non-spherical morphologies in soft,

medium and stiff gels.
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4.4 Discussion

The main objective of this chapter was to test the effects of substrate prop-
erties on mICO growth, morphology, and cell composition. Using a synthetic
PEG hydrogel, 1 first explored a set of conditions where I manipulated two
mechano-chemical characteristics of the substrate in which organoids are grow-
ing: stiffness and adhesiveness (figure 4.2). The results from this exploration
demonstrate that mICO survival and growth are severely affected by low sub-
strate adhesiveness and possibly, to a minor extent, by stiffness (figures 4.2

and 4.3).

Concerning morphology, non-spherical organoids are highly abundant (over
90%) in softer gels; whereas high adhesive and stiffness levels are required to
support spherical morphologies. As discussed in section 4.2, this could be due
to cell-cell interaction and adhesions being favoured in soft or low adhesive gels,
allowing cells to form more complex folded morphologies; a requisite that has
been observed in hepatocyte in vitro culture [186]. Conversely, substrates with
high stiffness or adhesion levels stimulate cell-substrate adhesion, promoting
typical epithelial apico-basal polarity [129] and supporting a ductal-like spheri-
cal morphology [169, 213, 186]. In the same section (4.2) I proposed additional
experiments that can help confirm these ideas and validate the differences in

adhesive levels between matrigel and PEG hydrogels.

Although the results from gene expression analysis (section 4.3) are not yet
conclusive, they do suggest mICOs profile begins to change with decreased
expression of a stem cell marker and increased expression of a marker for
early hepatocyte specification (figure 4.4). Furthermore, folded morphologies
resemble those observed in chapter 3 and of hepatocyte derived organoids (fig-
ure 3.5). Morphology frequencies in stiff gels are similar to those in older and
differentiated mICO cultures (sections 3.2 and 3.3), while soft gels have a more

homogeneous non-spherical population. These findings provide promising sub-
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strate conditions with reproducible characteristics (unlike matrigel) that can
be further explored in conjunction with media composition to make mICO in

witro differentiation more efficient, homogeneous, and reproducible.

It is worth highlighting that all experiments in this chapter were carried out
in progenitor conditions. All gel conditions were grown in expansion medium
(EM) for only 8 days since organoids do not grow and survive in PEG hydro-
gels as efficiently and for as long as they do in matrigel. Hence, the effects
on morphology and gene expression described in this chapter are taking place
earlier than those described in chapter 3. Morphological changes are partic-
ularly early as folded organoids appear after only a couple of days of culture
in hydrogels, when it takes >5 days in matrigel (figures 3.1a and 3.3a). This
is an interesting observation as it could suggest that substrate stiffness (a me-
chanical cue) has an initial considerable effect on organoid morphology before

triggering changes in gene expression and cell identity.

In this chapter I focused on exploring the effects of the mechanoenvironment
on mICOs. However, the mechanical properties of the organoids themselves
can change as they differentiate and form complex morphologies. The next
chapter begins to elucidate tissue mechanics of mICOs and how it can affect

cell behaviours.



Chapter 5

Is tissue tension changing as
organoids differentiate? And
does it affect how organoids

respond to injury?

Three group members have contributed to the analysis of some of the ex-
periments included in this chapter. Shirine Merlo-Nikpay, summer student,
helped with quantification of junction ablations. James Van Hear, PhD stu-
dent, helped improve the image analysis pipeline for cell segmentation, wound
and tissue dynamics. Jing Ying Lin Quan, master student, has been and is

currently helping with processing and analysing injury movies.

5.1 Introduction

In chapter 4, I investigated the effects of two properties of the microenviron-
ment (i.e. substrate adhesiveness and stiffness) on mICO morphology and
potentially cell composition. However, the mechanical properties of the tis-

sue itself are extremely important and typically change during morphological

109
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transformations and differentiation processes. Moreover, previous work from
our group [31] and others (covered in sections 1.1.1 and 1.2) has shown that
tissues with lower tension, in a fluid-like state, repair more efficiently than

those with higher tension.

The fact that the mechanical characteristics of a tissue influence its ability
to repair is particularly relevant for mICOs as the liver is a highly plastic and
regenerative organ with the ability to respond in various manners to different
types of damage (covered in section 1.4.1). Understanding the dynamics and
details of liver repair responses is still a challenge due to the limitations of
in vivo models. Organoids are a good system that escapes those limitations

and allows us to study regenerative responses in vitro (see section 1.5 and [63]).

In this chapter I set to determine tissue tension of progenitor and differen-
tiated mICOs (sections 5.2 and 5.3). Subsequently, I characterise their repair
response to injury through live-imaging to test whether differences in ten-
sion correlate with distinct responses (section 5.4). Due to the wide variety
of organoid morphologies (described in chapter 3), I first focus on spherical
organoids from progenitor and differentiated conditions (EM 0d and DM 12d).
In the last section (5.5), I look into what might be happening in folded differ-

entiated organoids.

5.2 Tissue tension increases in differentiated
organoids

To directly measure tension in the tissue, I used a 2-photon laser to ablate
individual cell junctions at the sub-apical level in progenitor (EM 0d) and dif-
ferentiated (DM 12d) organoids with spherical morphologies (one junction per

organoid, see methods 2.7). Quantification of the instant recoil after ablation
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indicates progenitor mICOs have almost no junctional tension in the tissue

and that this increases upon differentiation (figure 5.1a).

Actin stainings confirm this increase in junctional tension given that its or-
ganisation and localisation is different in organoids from EM 0d and DM 12d
conditions (figure 5.1b). Actin forms a clear mesh network and what seem
to be supra-cellular cables in progenitor organoids. However, in differentiated
organoids the mesh network disappears and actin localisation becomes junc-

tional, labelling the cell outlines more clearly.
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Figure 5.1: Tension in progenitor vs differentiated spherical organoids. (a.)
Junction ablations for measuring tension. (a’.) Representative kymographs and (a”.) instant
recoil of ablated junctions. n=7 for EM 0d. n=6 for DM 12d. Unpaired two-tailed t-test
to compare EM 0d against DM 12d. Error bars represent mean and s.d. p-values ** <0.01.
(b.) Representative confocal images of actin staining in spherical organoids. 50 um scale
bars.
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Tissue tension is a common indicator of its fluidity state (covered in section
1.1.1). Fluid tissues tend to have lower tension while higher tension is ob-
served in solid tissues. It can therefore be concluded from these results that
mICOs undergo a fluid to solid (jamming) transition during the differentiation
process. Additional essays that could complement these results are stainings
against phospho-myosin and cell adhesion proteins (e.g. e-cadherin, see sec-
tion 1.1.1), as well as AFM measurements to probe organoid stiffness at the
tissue level. Another complementary characteristic that is often used to deter-
mine jamming/unjamming transitions in epithelial tissues is their cell packing

[211, 212, 20], which is quantified and discussed in the following section.

5.3 Cell packing transitions from fluid to solid-
like state in differentiated organoids

Image acquisition and analysis

Pre-wound images from injury movies (section 5.4) were used for cell segmenta-
tion and quantification of cell packing. Processing and analysis of these images
is not a straightforward procedure due to the curvature of spherical organoids
and the nature of the membrane dye used to stain them (see methods 2.8.3).
The dye binds to and labels membranes lipids, which means cell vesicles and
any debris inside or outside the organoids are also labelled. This adds noise to
the acquired image and, together with the curvature of the tissue, complicates
normal 2D projection and segmentation of the 3D image stack as all the signal
from the apical, lateral, and basal membranes are included. Organoid lines
expressing an endogenous membrane marker had similar problems. I tried iso-
lating and imaging an mICO line expressing Ecad-CFP, which would mainly
label the apical domain. However, its expression and signal were too weak and

impossible to use for segmentation.
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After optimising membrane staining to minimise vesicle labelling, and trying
several software and plugins, a processing and analysis pipeline was established
to generate cleaner projections, segmentations, and to reduce hand-corrections.
The entire protocol is described in detail in methods 2.8.3. At the end of this
pipeline, many cell characteristics can be extracted and analysed. For the pur-

pose of this section, I focus on polygon class.
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Figure 5.2: Cell segmentation and packing distribution of spherical organoids.
(a.) Examples of cell segmentation. (b.) Cell packing (polygon class) distribution. n=124
cells for EM 0d, mean=>5.855. n=212 cells for DM 12d - S, mean=>5.929. (c.) Diagram
representation of tension and contractility determining soft or hexagonal cell packing. Image
from Farhadifar et al, 2007 [20], reproduced with permission of the rights holder (Elsevier).
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Cell packing

It has been shown that epithelial tissues tend to have a hexagonal packing
when looking at the polygon distribution of the cells [211, 212]. Any devia-
tions from this distribution are due to perturbations such as changes in cell
division, apoptosis, or even cell tension and contractility [212, 20]. Hexagonal
distributions correlate with tissues in solid-like states and pentagonal distri-
butions with softer, more fluid-like tissues [20] (figure 5.2c), which is what I
observe in mICOs. Progenitor organoids have a pentagonal distribution that
becomes hexagonal in differentiated organoids (figure 5.2b) as actin relocalises
to the cell junctions and tension increases (section 5.2). There is a caveat,
however, to using cell shape to infer the fluid state of a tissue. This readout
has usually been used for cells with straight edges, normally epithelial cells
with a junctional instead of a membrane marker [212, 20, 21]. Cells or mark-
ers than look "messier” do not tend to correlate with the established cell shape
index [21], for example, and polygon shape distribution might face a similar
issue. While this result does suggest EM 0d organoids are more fluid than DM
12d, junctional tension measured through laser ablations is the main readout

for the fluid state or these organoids (section 5.2).

5.4 Organoids with different tension levels re-
spond differently to injury

As already covered in sections 1.1.1, 1.2, and 5.1, it is known that tension lev-
els in a tissue impact its ability to repair. Tetley et al, 2019 [23] demonstrated
in the Drosophila wing disc that changing tension affects healing rates by al-
tering the cells ability to intercalate away from the wound edge, an important

mechanism driving fast and seamless wound closure.

Since differentiated organoids have higher tension than progenitor ones, I
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tested whether they also respond differently to injury by inducing targeted
cell death with a 2-photon laser (methods 2.8). Acquisition and analysis of
injury movies exhibited the same problems encountered and described in sec-
tion 5.3, with the additional issue of dying cells interfering with the signal of
the wound edge cells as they are being extruded and even after wound clo-
sure. Thus, a simpler initial quantification of wound closure times was done
before looking at wound and tissue dynamics using the pipeline described in
methods 2.8.3 with manual optimisation of steps b-c, as well as more exten-

sive hand-correction for clean segmentation of the wound and wound edge cells.

5.4.1 Wound closure time

To have a general idea of the differences in repair abilities between progenitor
and differentiated organoids, apical and basal wound closure times were man-
ually recorded. Closure times of individual organoids vary greatly within the
same condition: 65-115 min (¢,) and 35-85 min (¢;) for differentiated, 70-140
min (¢,) and 25-105 (t,) for progenitors (figure 5.3a”). There were no signifi-
cant differences between conditions, which could be due to a couple of reasons:
(1) Variations in initial wound area. Even though the number of targeted tri-
cellular junctions was maintained between 10-12 to account for variability in
cell size across organoids, this range might not have been enough for those with
significant differences or high variability of cell sizes. Similarly, while the size
of injured organoids was kept within a range of 200-250 um in diameter, cell
size variability could have resulted in a bigger organoid with a smaller wound
or vice versa. These initial differences might not be obviously different but
could still affect the total time it takes for a wound to close in organoids of the
same condition. (2) Cell heterogeneity within and across organoids. Although
all injured organoids have a spherical morphology, cell composition can still
be heterogeneous with different ductal and hepatocyte sub-populations; even

more so since hepatocyte differentiation is 30-40% efficient (see section 3.3.2)



116

and variable each time [161, 192]. This is probably the main reason behind
closure time variability as repair responses could differ depending on the type

of cells within the injured region.

To circumvent the first complication, wound area can be set by an ROI that is
proportional in size to organoid diameter and the laser targeted to the tricel-
lular junctions that are found within this determined area. Alternatively, the
range for organoid diameter can be narrowed down and an ROI of constant
area can be used to determine the cells targeted for ablation. The problem with
cell heterogeneity is harder to resolve. Live reporters of stem cells, cholangio-
cytes, and/or hepatocytes would be ideal but I have struggled to find organoid
lines or mice with a reversible marker that could reliably label specific cell
types. Another option would be to generate a specific reporter and transfect
wild type mICOs. However, adult stem cells are notoriously hard for gene
editing and cell types would not be as well defined given the natural overlap in
gene expression of ductal and hepatocyte sub-populations (see section 1.4.3).
Organoids grown from single cells could also be an option to work around or

at least minimise cell heterogeneity, as discussed in section 3.4.2.

Apical vs. basal wound closure

Curiously, for most of the movies from both organoid conditions, wound clo-
sure is first observed basally before apically with a few exceptions closing at
the same time as the apical domain but never after. This is an interesting
observation as differences between apical and basal closure rates and tissue
dynamics have not been described in detail, at least to our knowledge. Al-
though several studies have indeed described molecular mechanisms that take
place in the basal (cell crawling through lamellipodia and filopodia) or apical
(contraction of a supracellular actomyosin ring) domains of epithelial cells, si-

multaneously or independently [79, 236, 81, 237]. Thus, wounds would first
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Figure 5.3: Injury of spherical organoids and wound closure times. (a’.) Confocal
images of spherical organoids before injury (top), 31 min into wound closure (middle), and
after repair (bottom). 50 pum scale bars. (a”.) Apical (¢,) and basal (t) closure times. n=4
for EM 0d and DM 12d - S. One-way ANOVA analysis with False Discovery Rate approach
(FDR using the two-stage linear step-up procedure of Benjamini, Krieger and Yekutieli,
with Q=1%) to compare t, and t; closure across all conditions against each other (EM 0d
and DM 12d - S in this figure and DM 12d - F in figure 5.6). Error bars represent mean and
s.d. p-values n.s., not shown.
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close on either surface depending on the context and the mechanisms involved,
similar to single cells being able to extrude apically or basally [238]. Recent
evidence confirms that apical and basal behaviours of epithelial tissues are
uncoupled [239, 205] and more groups are now looking at the basal surface
in detail, comparing it to what it is already known about the apical surface
during morphogenesis and repair. Hence, it would be worth further examining
the differences between basal and apical cell behaviours during wound closure
in mICOs. Actin dyes could also be used during live imaging to determine if
cell crawling and/or an actomyosin ring are behind wound closure in EM 12d
and DM 12d organoids. For now, the work discussed in the following sections

focuses only on apical closure and apical tissue dynamics.

5.4.2 Tissue dynamics

To examine the dynamics of repair beyond just closure times, I quantified
wound edge intercalations, cell movement, and elongation ratios throughout
the wound closure process (figure 5.4). It is important to point out that due
to the laborious process of analysing injury movies and extracting this type of

data, the results discussed here are preliminary.

When examining these cell behaviours, progenitor and differentiated organoids
do seem to respond differently to injury. Wound edge cells of injured progenitor
organoids intercalate out into the tissue as the wound closes, a key characteris-
tic of fluid tissues [23]. Cells also seem to respond in a local manner with those
closer to the wound moving towards it and elongating more whereas the cells
further away do not elongate as much or at all (figure 5.4a and c, left panels).
On the contrary, differentiated organoids respond in a collective manner with
all cells moving towards the wound (figure 5.44b). They also elongate to a
lesser extent until the wound is almost closed, when the cells closer to it sud-

denly become more elongated, which correlates with wound edge intercalations
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taking place at the end of the repair process to resolve and close the wound

(100 min, figure 5.44b and c, right panels).
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Figure 5.4: Wound and tissue dynamics of spherical organoids during repair.
(a.) Movement of cell centres during wound closure. (b.) Wound closure dynamics. Red
dashed line represents wound area. Solid lines represent wound edge intercalations. (c.)
Elongation ratios of cells close to the wound (solid lines), further away (dashed lines), and
most outer cells (dotted line). n=1 for EM 0d and DM 12d - S.
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Although more movies need to be included in this analysis, the preliminary
wound and tissue dynamics are in line with the observation of progenitor ml-
COs having lower tension and being more fluid while differentiated mICOs are
more solid, preventing cells from leaving the wound edge until the end when it
is almost closed. Additional preliminary results shown and discussed in section

5.5.3 further support these observations.

5.5 Injury of differentiated organoids with dif-
ferent morphologies

Since differentiated organoids can remain spherical or acquire folded morpholo-
gies that seem to have different cell composition (chapter 3.4), I performed the
same experiments and analysis detailed in sections 5.2, 5.3, and 5.4, on differen-
tiated folded organoids and compared them to spherical ones. The complexity
of these morphologies poses an additional challenge, requiring more manual
intervention throughout the processing and analysis protocols. The results
discussed in this section are therefore preliminary and more experiments and
analysis are needed to further explore these observations. With the help of a
master student in our group, I am currently working on more movies to quan-

tify the wound and tissue dynamics of folded organoids.

5.5.1 Junctional tension and cell packing

Instant recoil of junctional ablations in differentiated organoids with a folded
morphology (DM 12d - F) reveal that tension is lower than in spherical ones
(DM 12d — S), comparable to progenitor organoids (figures 5.5a and 5.1a”).
However, actin localisation and packing distribution of folded organoids re-
semble those of differentiated spherical organoids. Actin stainings show it is

localised at the cell junctions rather than forming a mesh network (figures 5.5b
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and 5.1b) and cell packing is also hexagonal (figure 5.5¢), yet tension is low.
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Figure 5.5: Tension and cell packing of folded organoids. (a.) Instant recoil
of ablated junctions. n=9 for DM 12d - S. n=7 for DM 12d - F. Error bars represent
mean and s.d. Unpaired two-tailed t-test to compare S against F. p-values * <0.05. (b.)
Representative confocal image of actin staining in folded organoids. 50 um scale bar. (c.)
Cell packing (polygon class) distribution. n=212 cells for DM 12d - S, mean=>5.929. n=113
for DM 12d - F, mean=6.

As all organoids start with a spherical morphology, it is possible that increased
cell tension due to differentiation is released through folding without drastically
affecting actin localisation and cell packing. Moreover, given that hepatocytes
tend to have multiple smaller apical and lateral domains (see section 1.4.3),
it is probable that junctional actin does not contribute to higher tension as

in ductal cells with a larger apico-lateral domain. Regarding polygon shape
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distribution, its limitations have been discussed in section 5.3 and should there-

fore be cautiously interpreted.

5.5.2 Wound closure time

The mean closure time of folded organoids is lower than spherical ones, al-
though the difference is not statistically significant with closure times varying
from ~55 to 95 min. This could also be due to variations of the initial wound
area and, more likely, due to cell heterogeneity within and across organoids,

as discussed in section 5.4.

Folded organoids acquire their complex morphology in a seemingly random
manner. Even though they all share similar features at a whole organoid scale
(see methods 2.6 and section 3.2), they are highly heterogeneous regarding
cell size, composition, organisation, and the structures cells form within each
organoid (figure 3.2). Their complexity makes folded organoids difficult to
image, ablate (for tension measurements and inducing injury), and analyse.
Thus, most (if not all) tension measurements and injury experiments were
done on the flattest region available, which is usually facing a big lumen and

has a more 'ductal-like’ phenotype (chapter 3.4).

The morphological characteristics of the injured region, i.e. flat facing a big
lumen, a region with a small or no lumen, or a folded section with cell layers
and bridge like structures (figure 3.2), will inevitably impact how cells respond
to injury. It is therefore even more important for folded organoids to keep in-
jury conditions (e.g. wound size, organoid size, injured region characteristics,

etc.) as consistent as possible before drawing any conclusive interpretations.
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Apical vs. basal wound closure

Earlier wound closure at the basal surface before apical closure was also ob-
served in folded organoids, supporting previous observations of uncoupled api-
cal and basal cell behaviours that would be worth studying further (see section

5.4.1 and [205]).

5.5.3 Tissue dynamics

A simple preliminary analysis of the number of cells around the wound at
specific timepoints throughout wound closure (figure 5.6b) shows the wound
edge cell intercalation trend for spherical and folded differentiated organoids
(in light and dark blue, respectively) in addition to progenitor organoids (in
orange). Even though a more thorough analysis is needed, in addition to the
limitations of the wounding assay described in section 5.4.1, interesting dif-
ferences can already be noticed. Progenitor organoids intercalate faster and
down to ~50% of the starting number of wound edge cells at the time of injury.
Unlike differentiated spherical organoids, where only ~25% of the wound edge
cells slowly intercalate and the other ~75% remain in contact once the wound

has closed.

Finally, folded organoids (DM 12d - F) fall in between, with ~40% of the
wound edge cells intercalating faster than DM 12d - S but slower than EM
0d. These trends are consistent with tension measurements and the results
described in previous sections (in particular section 5.4.2) regarding progeni-
tor mICOs being in a more fluid state and differentiated organoids in a solid
state. Furthermore, the differences between differentiated mICOs with differ-
ent morphologies (S and F) suggest spherical organoids behave even more as a
solid tissue compared to folded organoids. Since spherical morphologies seem
to correspond to ductal-like organoids and folded morphologies to hepatocyte-

like mICOs (results from chapter 3), these dynamic behaviours would help
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Figure 5.6: Injury of folded organoids and wound closure times. (a’.) Confocal
images of spherical organoids before injury (top), 31 min into wound closure (middle), and
after repair (bottom). 50 um scale bars. (a”.) Apical (t,) and basal (t,) closure times.
n=4 for DM 12d - S. n=2 for DM 12d - F. One-way ANOVA analysis with False Discovery
Rate approach (FDR using the two-stage linear step-up procedure of Benjamini, Krieger
and Yekutieli, with Q=1%) to compare ¢, and t; closure across all conditions against each
other (EM 0d in figure 5.3 and DM 12d - S and F in this figure). Error bars represent mean
and s.d. p-values n.s., not shown. (b) Preliminary analysis of wound edge cell intercalations
Manual quantification of number of cells around the wound. Time in X axis corresponds
to quarters of the total closure time for each movie, i.e. 50 means half way through wound
closure for all organoids regardless of how many minutes each took to heal. This was done
in order to be able to compare all organoids across all 3 conditions. n=>5 for EM 0d. n=4
for DM 12d - S. n=3 for DM 12d - F. Error bars are not shown for clarity.
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understand from a mechanics perspective what has been described in vivo,

where hepatocytes are the first main response to most damage (see section

1.8).

5.6 Discussion

In this last chapter I characterised tension levels in progenitor and differen-
tiated organoids of spherical morphologies, determining that they transition
from a fluid to solid state with higher junctional tension, actin localisation at
the cell junctions, and cell packing acquiring a hexagonal polygon distribution
(sections 5.2 and 5.3). These differences in the mechanical status of mICOs
raised the question of whether organoids would respond differently to injury,
potentially reflecting some of the repair responses that have been observed in

vivo (covered in section 1.4.1).

To investigate this, I performed live-imaging of liver organoids to induce tar-
geted injury using a 2-photon laser and capture the repair response of pro-
genitor and differentiated mICOs. At a first glance, there were no significant
differences in the time it takes organoids from each condition to close the
wound. I have discussed possible explanations for this result and suggested
alternatives to improve these experiments. Nonetheless, two intriguing obser-

vations surfaced when analysing injury movies in more detail (section 5.4).

While closure times showed no significant differences across conditions, all
wounds healed basally first before closing apically. As discussed in section
5.4.1, it would be worth exploring these differences further and the cell be-
haviours taking place during wound closure a the basal and apical domains.

As a first step, analysis of cell behaviours on the apical surface reveal that pro-
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genitor organoids with lower tension exhibit a more fluid response to injury
with the wound edge cells intercalating as the wound closes. Unlike differen-
tiated organoids with higher tension and a more solid-like state in which cells
respond collectively to reduce wound area, intercalating only at the end of the
repair process when the wound is nearly closed and the wound edge cells are
much closer to each other (figure 5.4). These observations agree with what

was previously shown by Tetley et al, 2019 [23].

In the last section of this chapter I also explored tension levels and repair
times of differentiated organoids with folded morphologies, as these are likely
to be composed of mostly hepatocytes over ductal cells (from chapter 3) and
thus must have different characteristics and responses to injury. Interestingly,
folded organoids seem to have lower tension than spherical ones despite pre-
senting junctional actin and a clear hexagonal polygon distribution (figure 5.5).
While analysis of more folded organoids is necessary, this reduction in junc-
tional tension could be due to its release through folding and buckling of the

tissue.

Furthermore, an initial quantification of injured folded organoids suggests they
heal faster (although not significantly) than spherical differentiated and even
progenitor organoids. Another simple analysis of wound edge cells shows that
folded organoids are also able to intercalate more easily during wound closure
than spherical differentiated but not progenitor organoids. These results are
very preliminary and more analyses are currently being done to conclusively
prove any differences. If these trends are correct, this would be a powerful
system to understand the cell behaviours and tissue dynamics that take place
during different repair responses reported in the liver tissue in vivo; as it is

known that hepatocytes are the first main response to injury (see section 1.4.1).



Chapter 6

General discussion and outlook

6.1 General discussion

This work aimed to characterise the morphological changes that occur in liver
organoids recapitulating regenerative morphogenesis in vitro and their correla-
tion with cell identities (6.1.1); to describe how this is affected by the properties
of the mechanoenvironment (6.1.2); and finally, to characterise the mechanical
changes of liver organoids at the tissue level and the effect this might have in
subsequent damage (6.1.3). In the following sections I recapitulate the main
conclusions from the evidence and/or preliminary results detailed in previous
chapters with the purpose of addressing the questions and aims of this disser-

tation.

6.1.1 Morphological changes and cell composition in liver

organoid regenerative morphogenesis
I first examined the morphological differences between progenitor and differen-
tiated organoids, showing that the first ones normally have a very clear spher-

ical or cystic morphology while differentiated organoids acquire more complex

and more varied morphologies, which I refer to as folded or non-spherical (to
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include those in between spherical and folded phenotypes) (figure 3.1).

I then found that similar morphologies appear even without actively induc-
ing chemical differentiation for 12 days and only letting organoids grow for the
time period in progenitor conditions (referred to as old cultures, figure 3.3).
By examining organoids from old cultures, I observed they are less prolifera-
tive and express hepatocyte markers, which means they are differentiating (to
an extent) in a passive or spontaneous manner without any specific chemical
signals (figure 3.4). This is further investigated in chapter 4 and discussed in

section 6.1.2.

Specific features of spherical organoids resemble characteristics of cholangio-
cytes/ductal cells, whereas features of folded organoids look very similar to 3D
hepatocyte cultures (figures 3.2 and 3.5). These observations, together with
evidence from other groups ([176] and section 3.4.1), suggest cell composition
of spherical organoids is of ductal identity and that of folded organoids is of
hepatocyte (or at least hepatocyte-like) identity.

To confirm this correlation between organoid morphology and cell composi-
tion, I looked at expression levels of specific cell markers in manually sorted
spherical and folded organoids from chemically differentiated and older culture
conditions. Differences in gene expression are not clearly observed for older cul-
tures, probably due to higher variability of passive differentiation and several
other reasons discussed in chapter 3. However, it is clear that in chemically
differentiated cultures, folded organoids have a more hepatocyte-like profile

than spherical organoids (figure 3.6).
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6.1.2 Effects of substrate mechano-chemical properties

A lot of studies have provided evidence that the mechanical properties of a
substrate can induce and regulate differentiation (covered in section 1.3.2). To
determine what non-chemical signals are causing older cultures to differentiate
and change their spherical morphology, 1 cultured mICOs in synthetic PEG
hydrogels [202, 9] in order to independently vary substrate stiffness and adhe-

siveness.

By exploring a set of 9 gel conditions with low, medium, and high levels of both
variables (figure 4.2) I found that organoid survival and growth are severely
compromised in substrates with low adhesiveness without being significantly
affected by its stiffness (figure 4.3). Organoid morphology is also affected by
substrate adhesiveness but mainly by stiffness. Spherical organoids require
high adhesive and stiffness levels while non-spherical morphologies are domi-
nant in soft gels. This can be due to cell-substrate interactions and adhesion
being facilitated in gels with high stiffness or adhesiveness (the first potentially
compensating for the lack of the latter [234], see section 4.2.3 for more detail),
promoting establishment of apico-basal polarity and forming ductal-like mor-
phologies [169, 213, 186, 129]. In soft gels cell-cell adhesion are favoured,

enabling them to form complex structures [186].

To test whether cell composition is also changing along with morphology, I
looked at gene expression of liver cell markers in organoids grown in gels with
high adhesiveness and 3 stiffness levels. Even though these results are not
conclusive, they hint towards early gene expression changes taking place. It
is likely that organoids in soft gels, abundant in folded morphologies, start
expressing a marker for hepatocyte specification (figure 4.4). While further
confirmation of these results is required, these observations could be evidence

for shape changes taking place before any clear changes in gene expression.
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Independently, the hydrogel matrix has provided substrate conditions with
reproducible mechano-chemical features that result in organoids with less mor-
phological variability. Moreover, since these organoid cultures are even younger
than chemically differentiated ones (8 vs 12 days), it worth further exploring
gel conditions together with chemical differentiation (DM) in order to improve

and homogenise hepatocyte differentiation of mICOs.

6.1.3 Mechanical properties of liver organoids and re-

pair responses

While the effects of the mechanoenvironment are important and interesting,
tissue mechanical properties are also relevant as tissues undergo morphological
changes and differentiation processes. Therefore, I characterised tissue tension
of progenitor and differentiated organoids by examining several outputs (fig-
ures 5.1 and 5.2), discovering that organoids transition from a fluid-like to

solid-like state even though their morphology remains spherical.

Given that mICOs grown wn wvitro are replicating a regenerative liver response
[63], and that fluid to solid transitions are known to influence how a tissue
might respond to injury [23], I examined how organoids respond to injury and
if there are any differences in cell behaviours during repair. Closure times were
similar between progenitor and differentiated organoids (figure 5.3). However,
cell behaviours taking place in progenitor organoids correspond to those ob-
served in more fluid tissues, i.e. gradual wound edge cell intercalations as
the wound closes. On the contrary, differentiated organoids behave like solid
tissues with wound edge cell intercalations only taking place towards the end
when the wound is almost closed (figure 5.4). Similar to what was shown be-

fore in the Drosophila wing disc by Tetley et al, 2019 [23].

Finally, I also provided preliminary results on tension, closure times, and tissue
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dynamics of differentiated folded organoids. While definite conclusions cannot
be drawn yet, these hepatocyte-like organoids have lower tension and seem to
close slightly faster that spherical organoids (although not significantly, figures
5.5 and 5.6) while undergoing more wound edge intercalations, a hallmark of
more fluid tissues (see section 1.1.1). More detailed analysis are needed but
the repair response of all these different conditions are worth studying in more
detail as they can provide some insights into the varied regenerative mecha-

nisms that have been described in the liver.

6.2 Outlook

While there is no conclusive answer yet for all of the questions asked at the
beginning of this work (section 1.6), there is enough progress and evidence
to confirm some aspects and re-direct experiments to further investigate and
understand the others. The next steps that are currently being worked on and

some new ones are discussed in detail in each chapter and summarised here.

To confidently say that spherical and folded organoids are of ductal and hepa-
tocyte composition (1) more RT-qPCR repeats are needed, testing a larger set
of genes; and (2) electron microscopy images would confirm which organoids
and/or organoid regions are composed of ductal cells and hepatocytes. These
experiments are currently being carried out for older and chemically differen-
tiated cultures, as well as for PEG hydrogel conditions to confirm if folded

morphologies are in fact differentiated in these synthetic substrates.

Immunostainings for polarity markers could help test the hypothesis of PEG
gels favouring cell-cell or cell-substrate interactions, depending on their stiff-
ness and adhesiveness, and whether this results in folded or spherical organoids.

Additionally, it would be worth exploring gel conditions that are even stiffer
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and more adhesive to try and replicate the abundance of spherical morpholo-
gies observed in matrigel. Finding hydrogel conditions that can grow organoids
in a reproducible manner is a highly valuable tool with many potential appli-
cations in basic and applied research; for example, it can facilitate the use and
further study of 3D culture systems and the role of the mechanoenvironment,

as well as enabling their therapeutic use in humans in a more controlled way.

Regarding injury experiments, more movies are being analysed to extract more
information on cell behaviours during wound closure of progenitor and differ-
entiated organoids (spherical and folded), despite being difficult to process and
segment. Moreover, the difference in wound closure times between apical and
basal surfaces is very interesting and it should definitely be investigated as it

would provide information on 3D cell behaviours during repair.

In general, all organoid systems have similar limitations. They can be highly
variable and they are a simplified version of any given organ, replicating the
epithelium but lacking other non-epithelial components such as mesenchymal
and immune cells that would normally be present in vivo. Nonetheless, collec-
tive progress is being made to overcome this limitations and improve organoid
culture (e.g. single-cell studies, development of synthetic substrates and co-
culture systems [240], discussed in the relevant sections throughout this thesis).
Furthermore, organoids are closer to replicating the architecture and 3D con-
text of a tissue compared to 2D cell culture. Their reductionist nature is still
useful to focus, in this case, on the mechanical properties of the system and
its environment; to test them without the influence of other components that

could mask their importance.

mlICOs are a great tool to examine the role of mechanics of liver repair since
they inherently recapitulate a regenerative response from mature ductal cells,

which is triggered through the isolation process [63]. As a result, studying
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mICO formation, growth, and differentiation (chapters 3 and 4) can already
contribute to our understanding of these processes in the context of liver re-
generation. The additional injury induced by laser ablation can help us under-
stand the wound healing response of liver cells in the context of micro damage
(chapter 5). This targeted laser ablation technique, together with the syn-
thetic hydrogels 1 have used, are a powerful combination to investigate liver
organoids in the context of chronic disease. Repeated controlled injury can be
performed to test the effect of long-term damage and how the liver epithelium
manages or fails to cope with it; whereas stiff PEG gels can be used to mimic

fibrotic conditions [232].

Other models that would complement the observations from this work are
hepatocyte derived organoids (see [176] and section 1.5) in order to compare
them to the non-spherical hepatocyte-like organoids described in chapter 3. It
would also be interesting to investigate the mechanical properties of organoids
isolated from diseased livers (e.g. fibrotic) and how they form, grow, and
respond to injury in comparison to the healthy mICOs I have used for this
project. Regarding the mechanoenvironment, synthetic hydrogels with differ-
ent characteristics could be tested to explore the role of other parameters,
including viscoelasticity [143], and even control substrate stiffness and ligand

patterns in a more precise manner [228, 229, 230].

Studying the mechanical properties of mICOs (progenitor vs. differentiated
of different morphologies) and how they relate to their different responses to
injury is a powerful tool that can contribute to a better understanding of the
liver repair responses that have been observed in wvivo. It can also help un-
derstand what happens in diseased conditions, such as fibrosis, and shed some
light on how and why liver cells respond in diverse manners to different types
of damage; an intriguing characteristic that makes the liver one of the most

regenerative organs.



Appendix A

Tables of p-values for relevant

experiments

A.1 Morphology classification

‘ Adjusted p-value ‘ Significant
Spherical
EM Od vs. EM 12d <0.0001 ook
EM 0d vs. DM 12d <0.0001 ook
EM 12d vs. DM 12d 0.0101 *
Intermediate
EM O0d vs. EM 12d 0.0003 *kk
EM 0d vs. DM 12d <0.0001 ok
EM 12dvs. DM 12d 0.0011 *ok
Folded
EM Od vs. EM 12d 0.0782 ns
EM Od vs. DM 12d 0.2256 ns
EM 12d vs. DM 12d 0.8037 ns
Dead
EM Od vs. EM 12d 0.8287 ns
EM 0d vs. DM 12d 0.8708 ns
EM 12d vs. DM 12d 0.9948 ns

Table A.1: Organoid morphology frequencies in EM 0d, EM 12d, and DM 12d.
Two-way ANOVA analysis with Tukey’s multiple comparisons test to compare morphologies
of all culture conditions against each other (EM 0d n=4, EM 12d n=7, and DM 12d n=7).
Data corresponds to figures 3.1 and 3.3.
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Adjusted p-value Significant

Adjusted p-value Significant

Adjusted p-value|Significant

0% adhesiveness

Spherical
M+ vs. M- 0.9926 ns 0.0311 * - -
M+ vs. 0.5 kPa <0.0001 Ak <0.0001 ok <0.0001 ook
M+ vs. 1.6 kPa <0.0001 Ak <0.0001 Ak 0.0005 oAk
M+ vs. 4 kPa <0.0001 ook <0.0001 ook 0.0051 ok
Intermediate
M+ vs. M- 0.7064 ns 0.2278 ns - -
M+ vs. 0.5 kPa 0.0001 Ak 0.0001 Ak 0.107 ns
M+ vs. 1.6 kPa 0.019 * 0.0007 ok 0.9604 ns
M+ vs. 4 kPa 0.0024 *l owa 0.3678 ns @ 0.4944 ns
Folded g c
M+ vs. M- 0.9733 ns| 2 0.782 ns| 2 - -
M+ vs. 0.5 kPa 0.2339 ns m <0.0001 Hokxk m <0.0001 kK
M+ vs. 1.6 kPa 0.0002 *kx .m <0.0001 Ak E .m 0.0008 kK
M+ vs. 4 kPa <0.0001 *kxk % <0.0001 Ak % 0.1603 ns
Dead ol e
M+ vs. M- >0.9999 ns >0.9999 ns - -
M+ vs. 0.5 kPa 0.9871 ns 0.9977 ns 0.7552 ns
M+ vs. 1.6 kPa 0.9976 ns 0.9997 ns 0.8535 ns
M+ vs. 4 kPa >0.9999 ns >0.9999 ns 0.9472 ns
Unclear
M+ vs. M- 0.9985 ns 0.9999 ns - -
M+ vs. 0.5 kPa 0.001 ok 0.8231 ns 0.9952 ns
M+ vs. 1.6 kPa 0.0096 *x 0.7384 ns >0.9999 ns
M+ vs. 4 kPa 0.3113 ns 0.5964 ns >0.9999 ns

Table A.2: Organoid morphology frequencies in PEG hydrogels and matrigel

Two-way ANOVA analysis with Dunnett’s multiple comparisons to compare

morphologies of gel conditions against positive matrigel controls (M+) within each set of

experiments (0% n=2, 25% n

controls.

3). Data corresponds to figure 4.3.

2, and 50% n
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